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The two-component alkanesulfonate monooxygenase system utilizes reduced 

flavin as a substrate to catalyze a unique desulfonation reaction during times of sulfur 

starvation.  The flavin reductase (SsuE) provides reduced flavin for the monooxygenase 

(SsuD) reaction.  The mechanism of reduced flavin transfer was analyzed in these 

studies.  The results from affinity chromatography and cross-linking experiments support 

the formation of a stable complex between SsuE and SsuD enzymes. Interactions 

between the two proteins did not lead to overall conformational changes in protein 

structure, as indicated by the results from circular dichroism spectroscopy in the far-UV 

region. However, subtle changes in the flavin environment of FMN-bound SsuE that 

occur in the presence of SsuD were identified by circular dichroism spectroscopy in the 
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visible region. These data are supported by the results from fluorescent spectroscopy 

experiments, where a dissociation constant of 0.002 ± 0.001 µM was obtained for the 

binding of SsuE to SsuD. A 1:1 stoichiometric ratio for monomeric binding between 

SsuE and SsuD supports a structural model involving four dimers of SsuE bound to a 

tetramer of SsuD. 

 The results from cross-linking experiments using a zero length cross-linker 

suggest that protein-protein interactions might occur between a negatively charge amino 

acid residue such as aspartate or glutamate of SsuE with a positively charge amino group 

of SsuD (arginine, lysine, or histidine).  However, MALDI-TOF MS failed to determine 

the exact residues involved in protein-protein interactions due to the low amount of cross-

linking products. 

Rapid reaction kinetic analyses were performed to investigate the effect of 

protein-protein interactions between SsuE and SsuD on SsuE-catalyzed flavin reduction 

and charge transfer formation.  The results showed that in the presence of SsuD the rate 

of the third phase of flavin reduction increased approximately 200-fold compared to the 

reaction by SsuE alone.  Furthermore, in a coupled-enzyme system monitored at 550 nm, 

the rate for the second phase representing the charge transfer formation between FMNH2 

and NADP+ showed 10-fold increase compared to FMN reduction by SsuE alone.  Taken 

together, these results suggest that SsuD is essential for efficient reduced flavin transfer.  

In this case, the reduced flavin may be rapidly transferred from SsuE to SsuD through a 

channeling mechanism.  In addition, the results also suggest that SsuE-catalyzed flavin 

reduction is affected by the SsuD-catalyzed reaction through allosteric communication. 
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CHAPTER ONE  

LITERATURE REVIEW 

 

 

1.1 The role of sulfur in organisms 

Sulfur is a primary element required for metabolic processes in all organisms.  In 

bacteria, sulfur is one of the essential components that makes up of 0.5-1% of the cell dry 

weight [1].  Although sulfur belongs to the same group as oxygen, it has different 

physical characteristics.  Sulfur is less electronegative, therefore, any molecules 

containing sulfur will have different redox properties compared to those containing 

oxygen.  For example, sulfur-containing amino acids differ from hydroxyl-containing 

amino acids in several physicochemical properties, such as polarity, acidity or basicity, 

and chemical reactivity.  Sulfur-containing amino acids are involved in a host of 

biological functions and their roles will be explained in more detail in the following 

section.     

Sulfur plays an important role as an obligatory element of sulfur-containing 

amino acids.  There are four sulfur-containing amino acids commonly found in 

organisms; cysteine, methionine, homocysteine, and taurine (Figure 1.1).  Cysteine and 

methionine play critical roles in biological systems, not only as building blocks of 

proteins, but also as metabolites in a wide range of metabolic processes.  There are some 
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Figure 1.1. Structures of the sulfur-containing amino acids.
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unique characteristic associated with sulfur-containing amino acids, which distinguish 

these types of amino acids.  For example, methionine and N- formylmethionine serve as 

the initiating amino acid for protein sysnthesis in all eukaryotic and prokaryotic cells, 

respectively.  Methionine is also one of the most hydrophobic amino acids; therefore 

many methionine residues are buried in the hydrophobic core of soluble globular 

proteins.  In non-polar environments methionine is found to interact with the lipid bilayer 

in membrane-spanning protein domains [2].  In some proteins, methionine residues are 

exposed on the surface of proteins and thus accessible to oxidation and serve as so-called 

endogenous antioxidants for the proteins [3].  In glutamine synthetase from Escherichia 

coli, the methionine residues are arrayed around the active site cavity and are believed to 

protect the active site from being oxidized by reactive oxygen species.  Interestingly, the 

oxidation of these methionine residues often has little effect on the catalytic activity of 

the enzyme [4].  

Sulfur-containing amino acids play a critical role in the stabilization of protein 

structures.  Cysteine is involved in protein stability by forming inter- and intrasubunit 

disulfide bonds with other cysteine residues.  In some proteins, proper protein folding is 

dependent on the formation of disulfide bonds leading to suitable protein structure-

function relationships.   In addition to its stabilizing role in protein structures, cysteine is 

a substrate for a variety of anabolic and catabolic enzymes.  Cysteine serves as a 

precursor of coenzyme A, glutathione (GSH-γ-glutamyl-cysteinyl-glycine), and its 

catabolic products taurine and inorganic sulfur [5-11].  Therefore the cellular 

concentration of cysteine must be properly maintained [5].  In mammalian organisms, the 

concentration of cysteine is primarily regulated by hepatic cysteine dioxygenase (CDO).  
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The level of CDO is upregulated in a cysteine-responsive manner by a decrease in the 

rate of polyubiquitination and degradation by the 26S proteasome [5].  Thiol groups of 

cysteine and its derivative, by virtue of their ability to undergo reversible oxidation, are 

involved in redox sensitive reactions and are also recognized as key elements involved in 

the maintenance of redox balance.  Under normal cellular conditions, most biological 

environments both cellular and extracellular, are maintained in a reduced state.  When 

there is a perturbation to the environment such as an oxidative stress, reduced thiol 

compounds such as glutathione, act as an antioxidant to remove reactive oxygen species 

[5].  This defense mechanism allows the cell to remove, repair and control the normal 

reducing environment [6].          

Taurine, 2-aminoethane sulfonic acid, is an amino acid which is not incorporated 

into proteins, however its role in metabolism is essential.  Taurine is an essential nutrient 

and the most abundant free β-amino acid in mammalian tissues [2,12].  Taurine is 

synthesized from cysteine via the sequential actions of CDO, which gives rise to 

cysteinesulfinate, and cysteinesulfinate decarboxylase (CSD), which decarboxylates 

cysteinesulfinate to hypotaurine. Hypotaurine is further oxidized to taurine via an 

enzymatic reaction catalyzed by hypotaurine dehydrogenase [12]. The conversion of the 

cysteinesulfinate to hypotaurine/taurine is minimized by the active transamination of 

cysteinesulfinate to pyruvate and inorganic sulfur [5,13].  In mammalian cells, it has been 

established that taurine concentration is extremely high in the developing brain, liver, 

intestines, and skeletal muscles [14,15].  Taurine plays a wide range of physiological 

roles, therefore taurine deficiency leads to a variety of diseases [16-23].          
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Homocysteine is another amino acid which is not directly incorporated into 

protein but serves as a precursor for cysteine and methionine biosynthesis.  In bacteria, 

the major route to methionine biosynthesis is through homocysteine and cysteine [24].  In 

higher organisms [25], the level of methionine is controlled by homocysteine, since 

methionine and homocysteine are readily interconvertible in the transsulfuration pathway 

[24].  A high amount of methionine is toxic whether derived from the diet or due to liver 

dysfunction [24].  Therefore, the levels of homocysteine are controlled to maintain proper 

methionine levels.  Homocysteine is catabolized through an accelerated γ-cystathionase 

reaction when methionine is in excess, and homocysteine is re-methylated when 

methionine is needed [26].   

 In addition to the role of sulfur as a sulfur-containing amino acid, sulfur is also an 

essential component of a variety of enzyme cofactors such as Coenzyme A, Coenzyme 

M, biotin, lipoate, and as a component of iron-sulfur clusters.  Coenzyme A is notable for 

its role as an acyl group carrier in the synthesis and oxidation of fatty acids [27,28], and 

the oxidation of pyruvate in the citric acid cycle [29].  Coenzyme M is a C1 carrier in 

methanogenesis, that assists in the conversion of 2-methylthioethanesulfonate to methane 

gas in microbial methanogens [30].  Biotin plays an important role as a carbon dioxide 

carrier in carboxylation reactions.  It is an important prosthetic group of pyruvate 

carboxylase, an enzyme that catalyzes the ATP-dependent carboxylation of pyruvate to 

oxaloacetate in the gluconeogenesis pathway [31-33].  Lipoic acid or lipoate, the 

common form of lipoic acid under physiological conditions, is a cofactor that functions as 

an acyl carrier in enzymatic reactions [34].  In the pyruvate dehydrogenase complex, 

lipoic acid is a cofactor of dihydrolipoyl transacetylase (E2) that catalyzes the transfer of 
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the acetyl group from acetyl-dihydrolipoamide to CoA to form acetyl-CoA and 

dihydrolipoamide.  Sulfur, in the form of inorganic sulfide, is also incorporated into iron-

sulfur clusters.  More than 120 distinct types of enzymes and proteins are known to 

contain iron-sulfur clusters [35].  By virtue of their structural elasticity and versatility of 

their electronic and chemical properties, they are involved in a variety of biological 

processes.  Some biological functions of iron-sulfur clusters include electron transfer, 

substrate binding and activation, iron-sulfur storage, and regulation of gene expression 

[35,36].  Considering the critical role of sulfur, the presence of sulfur is mandatory for all 

organisms either for cell growth or to perform various metabolic processes.  In other 

words, the lack of sulfur can simply lead to the death of any organism.   

 

1.2 Primary sulfur sources and their assimilation in bacteria  

Cysteine and inorganic sulfate are two primary sulfur sources in bacteria [1].  

However, in E. coli and many other bacterial species, cysteine is the preferred sulfur 

source, since the presence of cysteine in the medium represses the enzymes involved in 

sulfur assimilation from sulfate [37].  In bacteria, there are two major enzymatic routes 

for incorporation of sulfate into cysteine (reductive assimilation of sulfate): the APS 

(adenosine 5′-phosphosulfate) pathway (Figure 1.2, left pathway) and the PAPS 

(adenosine 3′-phosphate-5′-phosphosulfate) pathway (Figure 1.2, right pathway) [12].  In 

the APS assimilation pathway, ferredoxin and glutathione (GSH) react with APS to yield 

thiosulfate, GSSO3
− (a Bunte salt), which is converted to GSS− via a thiosulfate reductive 

reaction; GSS− then reacts with O-acetylserine to yield L-cysteine.  In the PAPS pathway, 

the convertion of PAPS to sulfite (HSO3
−) requires thioredoxin-dependent PAPS 
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Figure 1.2. Two major route for sulfur assimilation in microorganisms [12]. 
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reductase [37,38].  NADPH-dependent sulfite reductase converts HSO3
− to sulfide (HS−).  

Reaction of HS− with o-acetylserine to form cysteine is catalyzed by o-acetylserine 

(thiol)-lyase or cysteine synthase [37,39-41]. 

 

1.3 Defense mechanism against sulfur starvation in bacteria 

Sulfur starvation is defined as a condition when the amount of sulfate or cysteine 

is limiting in the environment [1].  Under these conditions, bacterial organisms are able to 

utilize alternative sulfur sources for their growth.  This finding was first reported in 1955 

when E. coli was able to grow when cysteine and inorganic sulfur were both absent from 

the growth medium but taurine was provided as a source of sulfur [42].  However, the 

enzymes responsible for the utilization of taurine and other aliphatic sulfonates were only 

identified four decades later [43].  The specific proteins that are synthesized only in the 

absence of primary sulfur sources are known as sulfate starvation-induced (Ssi) proteins   

[1,37,44-46].  Ssi proteins have been found in a wide variety of bacterial organisms.  The 

Ssi proteins from E. coli and Pseudomonas aeruginosa have been identified by both N-

terminal sequencing and mass spectrometric fingerprinting (Table 1.1) [1,44,46-48].  The 

Ssi proteins that have been identified can be categorized as follows: 1) enzymes and 

transport systems involved in utilizing alternative sulfur sources from the environment; 2) 

important cellular proteins with low-sulfur content, in which cysteine or methionine 

residues which are not critical for function have been replaced by other amino acid 

residues; 3) enzymes involved in mobilization of intracellular sulfur storage compounds 

[1].  In E. coli, the total sulfur content is reduced by half during sulfur starvation [42].  

Ssi proteins are commonly found in aerobic bacteria and to date it is still unclear if
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Table 1.1.  Sulfate-regulated proteins of E. coli and P. aeruginosa [1]. 

Protein Gene locus Function 

 

E. coli   

TauA, TauD tauABCD taurine desulfurization 

SsuE, SsuD ssuEADCB alkanesulfonate desulfurization 

Sbp sbp periplasmic sulfate binding protein 

FliY fliY periplasmic cystine binding protein 

AhpC ahpC alkylhydroperoxide reductase subunit 

 

P. aeruginosa   

PA1 sbp periplasmic sulfate binding protein 

PA2, PA11, PA13 ssuEADCBF, msuEDC alkanesulfonate desulfurization 

PA11 lsfA thiol-specific antioxidant 

PA9 tauABCD taurine desulfurization 

PA7 nlpA lipoprotein 

PA4 atsK unknown 

PA19 similar to E. coli fliY putative amino acid transport protein 

PA17 similar to P. putida asfC 
putative periplasmic sulfonate binding 
protein 

PA14 similar to E. coli ahpC alkylhydroperoxide reductase subunit 

AtsA atsA arylsulfatase 

AtsRBC atsR, atsBC transport of sulfate esters 

   

 



 

10 

   

similar proteins are found in strict anaerobes [49].       

 

1.4 Alternative sulfur sources for bacteria during sulfate starvation 

Since their identification, a large number of organosulfonates have been found as 

alternative sulfur sources for bacteria during sulfate starvation [1,37,42,46,49].  

Organosulfonates, which include naturally occurring or xenobiotic sulfate esters are 

widespread in nature and are commonly subjected to desulfonation for sulfur acquisition 

by bacteria (Table 1.2) [1,49].  Xenobiotic sulfonates enter the environment through 

waste water and can be detected in rivers and soils.  Some sulfonates in the environment 

are generated biologically from non-sulfonated xenobiotic compounds [49].  However, it 

is not clear whether all bacterial enzymes involved in desulfonation reactions have been 

identified.  

 The assimilation of organosulfonates into bacterial cells employs a different set of 

enzymes and biochemical pathways from the assimilation of inorganic sulfate (Figure 

1.3) [37].  These differences are due to the expression of Ssi proteins during sulfur 

starvation (Figure 1.3, upper left and right pathways), and the repression of proteins 

expressed under normal environment conditions (Figure 1.2 and Figure 1.3, bottom left 

pathway).    

 

1.5 Gene clusters responsible for sulfate-starvation induced proteins in bacteria 

 The gene clusters responsible for the synthesis of some Ssi proteins share a 

common operon and genetic organization (Figure 1.4) [1].  Both the ssu and tau operons 

are found on the E. coli and P. aeruginosa chromosome.  An additional operon, msu, is 
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Table 1.2.  Natural and synthetic sulfonates and sulfate ester [49,1]. 

Natural sulfates and sulfonates 

Structure 

 

Compound Source 

HOOC
SO3H

NH2

 

 

cysteate wool 

HS
SO3H

 

 

coenzyme M methanogenic archaea 

H2N
SO3H

 

 

taurine mammals 

SO3H
(CH2)nR  

 

alkanesulfonate oil-contaminated soil 
(natural oil) 

HO3SO
NH2

COOH

 

 

tyrosine sulfate eukaryotic proteins 

N

N+ SO3HH3N
+

CH2

COOH  

aeruginosin Pseudomonas 

aeruginosa 

Xenobiotic sulfates and sulfonates 

    

SO3H

m(H2C) (CH2)n

SO3H

CH3

C12H25 OSO3H

SO3H

  

  
Linear 

Alkylbenzenesulfonate 
(LAS)   

Toluenesulfonate 
 (surfactant) 

Dodecyl sulfate 
(surfactant) 

Naphthalenesulfonate 
(substituted compounds) 
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Taurine

(external)

Taurine

(internal)

tauABC

Sulfite

Taurine
dioxygenase

tauD

Sulfide

Cysteine

Alkanesulfonate

(external)

Alkanesulfonate

(internal)

Alkanesulfonate 
monooxygenase ssuD

FMN reductase ssuE

O-Acetyl-L-serine

O-Acetylserine 
(thiol)-lyase 
cysK cysM

Acetyl-CoA

Serine

Serine 
acetyltransferase

cysE

ssuABC

 

 

 

Figure 1.3. Assimilation of sulfur from different sources in normal environment condition 

and during sulfate-starvation in E. coli [37]. 
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  E. coli  

tauA                 tauB         tauC        tauD 

ssuE           ssuA                      ssuD                  ssuC        ssuB  

B. subtilis  

ssuB               ssuA             ssuC        ssuD 

P. putida  

ssuE           ssuA                      ssuD                  ssuC        ssuB      ssuF 

P. aeruginosa  

ssuE           ssuA                      ssuD                  ssuC        ssuB      ssuF 

msuE             msuD                      msuC        

msuC homologue           tauA                tauB        tauC        tauD       

tauABCD

ssuEADCB

ssuBACD

ssuEADCBF

ssuEADCBF

msuEDC

msuC homologue and tauABCD  

 

Figure 1.4. Gene clusters responsible for the synthesis of Ssi proteins in several bacterial 

species [1]. 
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also found in P. aeruginosa [1].  In general, enzymes encoded in these operons are 

oxygenases and/or NAD(P)H-dependent FMN reductases.  The ssu and tau operons also 

encode an ABC (ATP binding cassette)-type transporter, which includes periplasmic 

solute binding proteins, ATP binding proteins, and permease proteins.  This type of 

transporter is one of the largest of all paralogous protein families.  In E. coli, the genes 

encoding components of these transporters occupy almost 5% of the genome, and they 

are also commonly found in all species from microbes to human [50].   

The tauABCD gene cluster in E. coli is responsible for the expression of the 

TauABC proteins, an ABC (ATP-binding cassette)-type transport system, and TauD, an 

α-ketoglutarate-dependent dioxygenase [51,52].  The ssuEADCB gene cluster in E. coli 

encodes SsuABC proteins, another ABC-type transport system, an FMN reductase 

(SsuE), and monooxygenase (SsuD) [53,54].  The ssuF gene that encodes a protein 

related to clostridial molybdopterin-binding proteins is uniquely found in Pseudomonas 

sp.  The TauABC and SsuABC proteins appear to constitute an uptake system for their 

corresponding substrates (Figure 1.5).  Taurine is exclusively transported into the cell by 

TauABC and desulfonated by TauD (solid line), while longer-chain aliphatic sulfonates 

(alkanesulfonates) are taken up by SsuABC and desulfonated by SsuED (large dashed 

line).  Interestingly, in the SsuEADCB system, the SsuD-catalyzed reaction is dependent 

on SsuE.  SsuE provides reduced flavin that serves as a cosubstrate for the SsuD-

catalyzed desulfonation of substrates (Figure 1.5) [37].  Due to the type of substrates 

utilized by SsuD, this particular enzyme is referred to as alkanesulfonate 

monooxygenase.  A wide range of substrates for both TauD and SsuD proteins from E. 

coli have been identified (Table 1.3).  However, the mechanism on how different 
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R-CH2-SO3

OOC

O

COOFMNH2 O2
O2

Fe2

CO2
H2OFMNNAD(P)

+

OOC
COO

TauD

R-CHO + H  + SO3
2

SsuD

NAD(P)H + H
+

SsuE

R-CHO  +  H+ +  SO3
2

+

Taurine

 

 

Figure 1.5. Substrate uptake from different sulfur sources by TauABC and SsuABC 

transporters in E. coli during sulfate starvation condition [37].  

 

 

    

 

SsuA

Alkanesulfonate Taurine
External

TauA

SsuC SsuC TauC TauC

SsuB SsuB TauB TauB

Periplasm

Cytoplasm



 

 

 

Table 1.3.  Substrate for alkanesulfonate monooxygenase SsuD and 

taurine dioxygenase TauD [34]. 

Sulfonated substrate

Taurine 
N-Phenyltaurine 
4-Phenyl-1-butanesulfonic acid
HEPES 
MOPS 
PIPES 
2-(4-Pyridyl)ethanesulfonic acid
1,3-Dioxo-2-isoindolineethanesulfonic acid
Sulfoacetic acid 
L-Cysteic acid 
Isethionic acid 
Methanesulfonic acid 
Ethanesulfonic acid 
Propanesulfonic acid 
Butanesulfonic acid 
Pentanesulfonic acid 
Hexanesulfonic acid 
Octanesulfonic acid 
Decanesulfonic acid 
Dodecanesulfonic acid 
Tetradecanesulfonic acid 
a -, not determined.  
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Table 1.3.  Substrate for alkanesulfonate monooxygenase SsuD and 

taurine dioxygenase TauD [34].  

Sulfonated substrate 

Relative activity 

SsuD

65.6
butanesulfonic acid 42.4

10.6
36.4
29.2

Pyridyl)ethanesulfonic acid 87.4
isoindolineethanesulfonic acid 100.0

19.8

14.3

14.0
17.8
40.4
43.8
46.3
43.2
20.1

 

Table 1.3.  Substrate for alkanesulfonate monooxygenase SsuD and -KG-dependent 

Relative activity  
 

SsuD TauD  

%  

0.0 100.0  
65.6 0.0  
42.4 2.5  
10.6 5.0  
36.4 34.2  
29.2 3.1  
87.4 0.5  

100.0 30.1  
19.8  -a  
0.0 0.0  

14.3 1.2  
0.7 0.0  
5.2 0.8  

14.0 2.3  
17.8 8.4  
40.4 22.5  
43.8 11.3  
46.3  -  
43.2  -  
20.1 3.3  
2.9  - 
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enzymes utilize a diverse range of substrates is not well characterized.   

As previously mentioned there are three operons responsible for the expression of 

sulfur assimilation proteins under sulfate starvation conditions in P. aeruginosa, the ssu, 

tau, and msu operons.  While the first two operons express Ssu and Tau proteins that are 

similar to the proteins expressed in E. coli, the msu operon is responsible for the 

expression of FMNH2-dependent methanesulfonate sulfonatase [1].  This enzyme 

catalyzes the desulfonation of alkanesulfonates, requiring oxygen and FMNH2 for the 

reaction, and showed the highest activity with methanesulfonate [1].   

 

1.6 Regulatory proteins of sulfur assimilation in E. coli 

In E. coli, the expression of the tau and ssu genes requires a regulatory protein, 

Cbl [37,55].  CysB and Cbl proteins are classified as LysR-type transcriptional 

regulators, the largest family of prokaryotic transcription factors [56].  It was shown that 

the binding of both Cbl and CysB to the promoter region of the tau operon are required 

for expression [55].  In contrast to the tau operon system, the expression of the ssu 

operon is regulated only by the transcriptional activator Cbl [53].  Although the ssu 

promoter region contains binding sites for the CysB protein and for integration host 

factor, removal of these binding sites did not have a strong effect on expression from the 

ssu promoter [53].  However, the synthesis of Cbl itself is under control of the CysB 

protein [55].  It has been shown that CysB protein positively regulates the expression of 

the genes encoding the assimilatory sulfate reduction pathway [56].  CysB protein in the 

presence of the inducer N-acetylserine is a transcriptional activator and required for full 
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expression of the cys genes involved in cysteine biosynthesis [53,56].  The CysB protein 

may be regarded as the master regulator for sulfur assimilation in E. coli, while the Cbl 

protein functions as an accessory element specific for utilization of sulfur from 

organosulfur sources (Figure 1.6) [37]. 

Sequence alignment studies showed that Cbl has 45% sequence identity with 

CysB, and many of the residues in the binding pocket are conserved [57].  This suggests 

that the structure of the coinducer recognized by Cbl could be very similar to o-

acetylserine, the coinducer for CysB [37].  However, in contrast to binding of CysB to the 

cys promoter regions, binding of Cbl to the tau and ssu promoter regions is not influenced 

by o-acetylserine, and the identity of the coinducer of Cbl is still unknown [37,52,53].  

Despite the differences in how each operon is regulated, both operons are expressed 

under sulfur limitation conditions [1].  The presence of sulfur-containing molecules such 

as sulfate, sulfide, sulfite, L-cysteine, and L-cystine will significantly repress the 

expression, while their absence leads to induction of these enzymes [56,51]. 

 

1.7 The alkanesulfonate monooxygenase system from E. coli 

As mentioned, the E. coli ssu operon is responsible for the synthesis of proteins 

involved in sulfur assimilation [53,54].  Two of the enzymes expressed from this operon 

are responsible for the desulfonation reaction of alkanesulfonates.  For their role in sulfur 

acquisition and specificity for alkanesulfonates, they are known as a two-component 

alkanesulfonate monooxygenase system.  The first enzyme is a NAD(P)H-dependent 

FMN reductase (SsuE) that catalyzes the reduction of FMN by NAD(P)H.  The second is  

a monooxygenase (SsuD) that utilizes the reduced flavin (FMNH2) provided by SsuE for 
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N-acetylserine

cysB

CysB

N-acetylserine +

sulfide 
thiosulfate

cys genes
N-acetylserine +

sulfide 
thiosulfate

cbl

Cbl

tauABCD

N-acetylserine  
thiosulfate + + ? +? +

N-acetylserine  
thiosulfate

ssuEADCB

  

 

 

Figure 1.6.  Model for the regulation of sulfur assimilation by CysB and Cbl in E. coli 

[37]. 
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the desulfonation of alkanesulfonates to their corresponding aldehydes in the presence of 

dioxygen (Figure 1.7) [53].  Therefore, this enzyme system is also known as the flavin-

dependent alkanesulfonate monooxygenase due to the absolute flavin requirement.  

Interestingly, in this enzyme system, flavin does not function as a cofactor, but serves as 

a cosubstrate [37,53,54]. 

The interesting features of flavins including a historical perspective, their 

physicochemical properties, the enzymes associated with the flavins, the reactions 

catalyzed, and their important roles in biological systems are the topics of the following 

section.      

 

1.8 Flavins and flavoproteins 

 

1.8.1 Flavins 

First mention of the term lactochrome in the scientific literature dates back to 

1879 when work on the composition of cow’s milk resulted in the isolation of a bright 

yellow pigment [58].  This same pigment was then isolated from a range of sources and 

chemically characterized as a component of the vitamin B complex in the 1930s.  Two 

different groups were able to determine the structure of this compound at nearly the same 

time in 1934 and it was renamed riboflavin, a name derived from the ribityl side chain 

and yellow color of the conjugate ring system [59,60].  Since then, flavin has been 

recognized as an agent that is capable of one- or two-electron transfer processes [61-63].  

There are three common forms of flavins found in nature that are distinguished 

from one another by the functional group on the ribityl side chain; riboflavin, flavin 
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Figure 1.7.  Overall reactions in the alkanesulfonate monooxygenase system from E. coli 

[53].
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Figure 1.8.  Structures of Riboflavin, FMN, and FAD.
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mononucleotide (FMN), and flavin adenine dinucleotide (FAD) (Figure 1.8).  They are 

usually found as prosthetic groups, which are either covalently or tightly bound to the 

enzymes.  The three types of flavins have been found as cofactors in a wide range of 

enzymes and play essential roles in catalytic reactions.  They play a critical role in 

aerobic metabolism by virtue of their ability to catalyze two-electron dehydrogenations of 

numerous substrates and to participate in one-electron transfer to various metal centers 

through their free radical states.  In this regard, they are often found in multi-redox-center 

enzymes, such as in succinate and NADH dehydrogenase, xanthine oxidase or 

dehydrogenase, cytochrome P450 systems, and nitric oxide synthase and the electron 

transport system [63].  In addition to their roles as enzyme cofactors, flavins have 

recently been identified as substrates as opposed to strict prosthetic groups in some 

enzymes.     

The versatility of flavins derives from their ability to exist in three different 

oxidation states, oxidized (yellow color), semiquinone (1 eˉreduced) (light blue color or 

red color), and fully reduced states (2eˉreduced) (colorless) (Figure 1.9) [64].  The 

structures of flavin in different oxidation states have been elucidated using both 

experimental and theoretical studies [63-65].  The structure of oxidized flavin is planar 

regardless of its protonation states or whether it participates in hydrogen bonding.  The 

structures of flavin semiquinone radicals are planar or close to planar, but the reduced 

flavin is bent with a ring puckering angle of 27.3° along the N-5 and N-10 axis [65].  In 

free solution when the flavin is not bound to the protein, a mixture of oxidized flavin and 

reduced flavin rapidly sets up an equilibrium with a flavin radical (Eq. 1.1) [63]:  
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Figure 1.9.  The structures of flavin in three different oxidation states.
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F     +     FH2 2FH
.
                   (Eq. 1.1) 

where F refers to oxidized flavin, FH2 refers to 2e¯reduced flavin, and FH. refers to flavin 

semiquinone.  At neutral pH, the equilibrium lies to the left, so that only about 5% of the 

radical is stabilized in an equimolar mixture of oxidized and reduced flavin.  There are 

two forms of flavin semiquinone, neutral and anionic (Eq. 1.2). 

F    +     HFH
. .

               (Eq. 1.2) 

 The equilibrium for the semiquinone can shift significantly when the flavin is 

bound to a specific protein.  Some enzymes almost completely destabilize the 

semiquinone, while others give nearly 100% stabilization.  In some cases, the proteins 

may stabilize the neutral radical species over the range of pH values at which the enzyme 

is stable, that is the pKa is shifted up from 8.5.  In other cases, the enzyme stabilizes the 

semiquinone anion due to a decrease in the pKa value from 8.5.   

 Different chemical characterizations of flavin structures have shown that the 

redox active center of the flavin coenzyme is the isoalloxazine ring system.  The nitrogen 

atom in the 5 position (N-5) of the isoalloxazine ring is involved in determining some of 

the properties of the semiquinone radical form of the coenzyme [66].  Independent 

experiments have shown that the nitrogen atom at the 10 position (N-10) which is 

attached to the ribityl side chain, is typically involved in flavin-protein interactions [63].  

In the oxidized form, flavin is yellow in color and has a strong absorbance at 450 nm 

(Figure 1.10).  Upon a one electron reduction, the yellow color disappears to give a flavin 

semiquinone either neutral (light blue color) or anionic (red color).  The neutral flavin 

semiquinone has a characteristic wide absorbance band at about 500-650 nm with a 



 

 

 

 

 

 

 

Figure 1.10.  The spectra of flavin in different oxidation states [62,63]. 

Reprinted with permission from the American Chemical Society.
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Figure 1.10.  The spectra of flavin in different oxidation states [62,63]. 

Reprinted with permission from the American Chemical Society.

 

Figure 1.10.  The spectra of flavin in different oxidation states [62,63].  

Reprinted with permission from the American Chemical Society. 
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maximum at 580-600 nm.  In contrast, the anionic semiquinone has very low absorbance 

above 550 nm, and a maximum at about 370 nm.  Due to the color of their concentrated 

solutions, neutral and anionic semiquinones are also called blue and red, respectively [64] 

(Figure 1.10).  Upon further electron reduction (2e−), the semiquinone is converted to a 

colorless reduced flavin that correlates with disappearance in absorbance at 450 nm 

(Figure 1.10).  The yellow color will resume when the flavin is reoxidized by dioxygen.  

The complete reduction process usually involves the addition of two hydrogen atoms in a 

1,4 addition reaction [63].  The broad spectral differences of the flavin forms at different 

oxidation states (Figure 1.10), make this compound a perfect reporter agent to monitor 

the events occurring in catalysis [62,63].   

 

1.8.2 Flavoproteins 

Every protein that contains a nucleic acid derivative of riboflavin as a cofactor, 

flavin adenine dinucleotide (FAD) or flavin mononucleotide (FMN), is considered a 

flavoprotein [65].  However, it is not easy to classify this family of proteins due to a large 

difference in their biological functions.  The classification of this enzyme family is a 

more dynamic process rather than a rigid conceptual matter.  This is simply because 

flavoproteins are continually being identified with different properties. 

Enzymologists have classified different types of flavoproteins based upon the type 

of chemical reactions catalyzed, the nature of the substrates, the physicochemical 

properties of the proteins, their structural motifs, and their electron acceptors [63,66].  

For simplicity, this review is limited to the classification of flavoproteins closely related 

to the topic of this study.  Two sub-families of flavin-dependent enzymes, the flavin 
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reductases and monooxygenases will be explained in more detail in the following 

sections.  The nomenclature or classification of flavoproteins described in this section has 

been proposed by several groups. 

 

1.8.3 Flavin reductases 

Flavin reductases (FRs) or NAD(P)H-dependent flavin oxidoreductases are 

generally referred to as enzymes that are capable of catalyzing the reduction of oxidized 

flavin to generate reduced flavin in the presence of NAD(P)H (Eq. 1.3):   

F    +    NAD(P)H    +    H+ FH2    +     NAD(P)+
           (Eq. 1.3) 

where F refers to flavin substrate (FMN or FAD) and FH2 refers to the corresponding 

reduced flavin products. 

 A large number of flavin reductases from different organisms have been 

identified.  However, the true physiological functions of reduced flavin has not been well 

established for many flavin reductases.  This might be due to the nature of the reduced 

flavin species which is unstable and very reactive towards dioxygen.  Therefore, the 

discussion of the role of reduced flavin in biological systems is often associated with the 

enzyme acceptor of this unstable intermediate.  The first function of reduced flavin in 

biological systems is as an effective reducing agent or electron-transfer mediator [67].  

This has been shown in the reduction of ferric complexes or iron proteins by flavin 

reductases via their reduced flavin product, as found in ribonucleotide reductase of 

microbial systems [68,69].    Another function of flavin reductases is to provide a reduced 

flavin as the substrate for monofunctional flavin-dependent oxygenases.  Since they are 

only capable of catalyzing the oxidative-half reaction, their dependence on reduced flavin 
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must be provided by flavin reductases [53,65].                    

Flavin reductases are primarily found in bacterial enzymes, however, several have 

been identified in mammalian systems [65].  They are named based on the preferred 

substrate utilized by the enzymes [65].  The flavin reductases that prefer NADPH for 

their substrates are NADPH-preferring flavin reductases (FRP), and those that utilize 

NADH as their preferred substrates are NADH-preferring flavin reductases (FRD).  The 

name FRG refers to flavin reductases that utilize both NADPH and NADH with similar 

efficiencies.  Flavin reductases are further classified as flavoprotein (Class I) and non-

flavoprotein (Class II) reductases [65,70,71].  Class I flavin reductases refer to enzymes 

that contain bound flavin as a cofactor, and Class II flavin reductases refer to those that 

use flavin as cosubstrate rather than a cofactor.  Therefore, the classification for the flavin 

reductases is based on the preferred pyridine nucleotide and flavin content such as FRP-I 

(e.g. Vibrio harveyi flavin reductase), FRG-I (e.g. V. fischeri flavin reductase), and FRD-

II (e.g. Streptomyces coelicolor flavin reductase) [65].  Many of the flavin reductases 

have not been fully characterized, and it is often unclear whether the flavin serves as a 

substrate or a prosthetic group [65].  For the flavin reductases that have not been 

characterized in regard to their pyridine nucleotide and flavin specificity, the general term 

“FR” is used [65].  

 

1.8.4 Flavin monooxygenases      

The flavoprotein monooxygenases are a class of flavin-dependent 

monooxygenases that typically contain a tightly bound flavin cofactor [72,63].  These 

enzymes are also referred to as bifunctional oxygenases due to the ability of this group of 
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enzymes to catalyze the reduction of the flavin cofactor by NAD(P)H in the reductive 

half-reaction and subsequently oxidize the reduced flavin to generate oxidized flavin and 

the product in the oxidative half-reaction [72,65].  Another group of monooxygenases, 

monofunctional flavin-dependent monooxygenases, do not contain a flavin cofactor and 

do not have the ability to reduce flavin by NAD(P)H [65,54,53].  The reduced flavin 

required for the oxygenation reaction is provided by a separate flavin reductase [54,53].   

Flavin-dependent monooxygenases are involved in the activation of dioxygen 

through reduced flavin, forming several reactive intermediates (Figure 1.11) [63].  The 

initial reaction is a one-electron transfer reduction of a dioxygen molecule by the reduced 

flavin (I) to form a caged radical pair of neutral flavin radical and superoxide (II).  This 

radical pair has several possible routes.  It can either form a C4a peroxyflavin (IV), or a 

nucleophile, which on protonation becomes the electrophilic hydroperoxyflavin (V).  

Both peroxyflavin (IV) and hydroperoxyflavin (V) have the potential to eliminate 

hydrogen peroxide to yield oxidized flavin (VI), or there may be a second one-electron 

transfer from the radical pair to yield the same product.  Alternatively, peroxyflavin 

species can be involved in the oxidative cleavage of a carbon-carbon bond adjacent to a 

carbonyl group (The Baeyer-Villiger oxidation reactions), while hydroperoxyflavin 

species are involved in hydroxylation reactions of aromatic compounds.  The third 

alternative route is the uncoupled dissociation of the radical pair into its components, 

flavin radical and superoxide anion (upper right pathways).  The superoxide can then 

react with peroxide to form hydroxyl radicals.   
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Figure 1.11. Reactive by products generated from reaction between reduced flavin and 

molecular oxygen [63]. 
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1.8.5 Two component oxygenase systems 

Oxygenases catalyze a variety of biological reactions, from the production of 

bioluminescence to the oxygenolytic reactions of a broad range of organic compounds 

[65].  Most oxygenases are single-component flavoenzymes capable of catalyzing 

reduction and oxidation reactions with tightly bound flavin as cofactor [65,73].  

However, several oxygenases have also been identified as two component systems.  In 

general, two-component oxygenases are composed of two distinct proteins with different 

activities, a flavin reductase and a monooxygenase [65].  An increasing number of 

FMNH2-dependent oxygenases enzymes have been identified and characterized 

[53,54,65,72].  These enzymes are also referred to as two-component flavin-dependent 

monooxygenases due to their dependence on the flavin for catalytic activity [64].    

During the last decade a large number of two-component flavin monooxygenases 

have been identified.  They are involved in a variety of biological processes including 

biodegradation of organosulfurs and aromatic compounds in the environment, 

biosynthesis of antibiotics, and drug detoxification.  These systems have been identified 

in a diverse range of bacterial organisms.  In general, the two-component monooxygenase 

is composed of a flavin reductase that catalyzes the reductive half-reaction and a 

monooxygenase that catalyzes the oxidative half-reaction separately.  Reduction of the 

flavin by flavin reductase is a critical control point for catalysis by flavin 

monooxygenases.  Thus, this control prevents the wasteful use of NAD(P)H or the 

production of reduced flavin that would produce reactive oxygen species such as H2O2 

[74].  In addition to the alkanesulfonate monooxygenase system, a two-component 

flavoenzyme, 4-hydroxyphenylacetate-3-monooxygenases, has been identified in E. coli, 
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P. aeruginosa, P. putida, and Acinetobacter baumannii [53,54,65,74-78].  This enzyme is 

involved in the hydroxylation reaction of all aromatic compounds.  Two-component 

flavin-dependent monooxygenases from S. coelicolor and S. pristinaespiralis are 

involved in the biosynthesis of the natural occurring antibiotic actinorhodin and 

pristinamycin, respectively [75,76].  A two-component flavoenzyme monooxygenase 

from V. harveyi catalyzes the production of bioluminescence by the oxidation of reduced 

flavin and a long-chain aliphatic aldehyde [65].  A two-component enzyme, the 

NADH:flavin adenine dinucleotide oxidoreductase (TftC) and the chlorophenol 4-

monooxygenase (TftD) of Burkholderia cepacia AC1100 are responsible for the 

degradation of the environmental pollutant 2,4,5-trichlorophenoxyacetic acid [77].  

Interestingly, in these enzyme systems flavin does not function as a cofactor but serves as 

a cosubstrate for their catalytic activity.  The unique features of the flavin-dependent two-

component monooxygenase system from E. coli, including the nature of the enzymes, the 

substrates utilized, the reactions catalyzed, and applicational aspects of this enzyme 

system are the main subject of this literature study.  The term alkanesulfonate 

monooxygenase system will be used to refer to this two-component system.   

    

1.9 The Alkanesulfonate monooxygenase proteins 

1.9.1 The flavin reductase (SsuE)  

 NAD(P)H-dependent FMN reductase SsuE (UniProtKB accession number 

P80644) catalyzes the reduction of FMN by NAD(P)H to generate FMNH2 as the product 

[54].  SsuE is also capable of reducing FAD or riboflavin with lower catalytic efficiency 

[54,53].  Native SsuE was first characterized as a homodimeric protein with a monomeric 
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molecular weight of 25.4 kDa [54].  However, further investigation by analytical 

ultracentrifugation and electrospray mass spectroscopy analyses verified that the actual 

molecular weight for monomeric SsuE is 21.3 kDa in closer agreement with the 

calculated molecular weight [78].  Because SsuE does not possess a flavin cofactor, it 

cannot be classified as a flavoprotein reductase (Class I flavin reductases), instead it is 

classified as a non-flavoprotein reductase (Class II flavin reductases).  SsuE is then 

named FRP-II based on its substrate specificity for NAD(P)H, although SsuE was able to 

oxidize NADH with much lower efficiency [54,78].   

Interestingly, SsuE does not contain any sulfur-containing amino acid residues, 

except one initiation methionine residue.  This indicates the efficiency of the bacteria in 

sulfur utilization when sulfur is limiting in the environment.  Results from amino acid 

sequence alignment showed that SsuE has no significant amino acid homology with other 

flavin-dependent reductases [79,54].  However, several flavin reductases or flavoproteins 

from different bacterial species, such as NADH:FMN oxidoreductase from P. aeruginosa 

(MsuE_Pseae), iron-sulfur flavoprotein from Methanosarcina thermophila (ISF_Mette), 

and putative iron-sulfur flavoproteins from Methanococcus janaschii (ISF_Metja and 

ISF2_Metja), showed a small conserved motif at the N terminus with over 40% identity 

within a 45-amino acid internal region (Figure 1.12) [54].  Amino acid residues identical 

in all proteins are indicated with an asterisk.  Amino acid residues identical in four or 

three proteins are indicated with a semicolon or a dot.  Cysteine residues involved in the 

iron-sulfur cluster of flavoproteins are indicated in white on a black background.  Despite 

the low amino acid sequence identity among the flavin reductases, they show a notable 

structural similarity.  The crystal structure of E. coli flavin reductase, Fre, showed that the  
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ISF_Mette        MKITGISGSPRKGQNCEKIIGAALEVAKERGFETDTVFISNEEVAPCKAC 50 

ISF2_Metja       MKVIGISGSPRPEGNTTLLVREALNAIAEEGIETEFISLADKELNPCIGC 50 

ISF_Metja        MKVFGISGSPRLQG-THFAVNYALNYLKEKGAEVRYFSVSRKKINFCLHC 49 

SsuE_Ecoli       MRVITLAGSPRFPSRSSSLLEYAREKLNGLDVEVYHWNLQNFAPEDLLYA 50 

MsuE_Pseae       MLVVSIGGSPSTRSRSGVLLERSRQWLQDRGVEVVSFQVRDFPAEDLLHA 50 

                 * :  :.***         :  : :     . *.    :          . 

 

ISF_Mette        GACRDQDF-CVIDDDMDEIYEKMRAADGIIVAAPVYMGNYPAQLKALFDR 99 

ISF2_Metja       NMCKEEGK-CPIIDDVDEILKKMKEADGIILGSPVYFGGVSAQLKMLMDR 99 

ISF_Metja        DYCIKKKEGCIHKDDMEEVYENLIWADGVIIGTPVYQGNVTGQLKTLMDR 99 

SsuE_Ecoli       RFD---------SPALKTFTEQLQQADGLIVATPVYKAAYSGALKTLLDL 91 

MsuE_Pseae       RFD---------SPQVQHFQQLVAQADGLVVATPVYKASFAGALKTLLDL 91 

                                :. . : :  ***:::.:*** .  .. ** *:*  

 

ISF_Mette        S-VLLRRKNFALKNKVGAALSVGGSRNGGQEKTIQSIHDWMHIHGMIVVG 148 

ISF2_Metja       S-RPLR-IGFQLRNKVGGAVAVGASRNGGQETTIQQIHNFFLIHSMIVVG 147 

ISF_Metja        CRAILAKNPKVLRGRVGMAIAVGGDRNGGQEIALRTIHDFFIINEMIPVG 149 

SsuE_Ecoli       LPERALQGKVVLPLATGGTVAHLLAVDYALKPVLSALKAQEILHGVFADD 141 

MsuE_Pseae       LPERALEHKIVLPIATGGSIAHMLAVDYALKPVLSALKAQETLQGIFADD 141 

                            *   .* :::     : . : .:  ::    :: ::  . 

 

ISF_Mette        DN---SHFG--GITWNP------AEEDTVGMQTVSETAKKLCDVLELIQK 187 

ISF2_Metja       DNDPTAHYGGTGVGKAPGD----CKNDDIGLETARNLGKKVAEVVKLIKK 193 

ISF_Metja        GGSFGANLGATFWSKDRGKK--GVEEDEEGLRVLRKTLNRFYEVLKEKRG 197 

SsuE_Ecoli       SQVIDYH--HRPQFTPNLQTRLDTALETFWQALHRR-DVQVPDLLSLRGN 188 

MsuE_Pseae       SQIAYGEGAKPAQLAPALEERLHDSLETFHVALARRPRPVAPGVLNER-- 189 

                 .     .                   :        .       ::.     

 

ISF_Mette        NRDK---------- 191 

ISF2_Metja       -------------- 

ISF_Metja        L------------- 198 

SsuE_Ecoli       AHAENTERRPASTE 202 

MsuE_Pseae       ---LISARWSI--- 197 

 

 

Figure 1.12.  Sequence alignment of E. coli SsuE (SsuE_Ecoli) [54]. 
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enzyme structure is similar to the structures of the ferredoxin reductase family [79].  

Ferredoxin-NADP+ reductase (FNR) catalyzes the two-electron reduction of NADP+ by 

pairing electrons coming through ferredoxin (a one-electron carrier) in the photosynthetic 

electron transport chain of chloroplasts [80].  Although SsuE shows a low amino acid 

sequence identity with other flavin reductases, a conserved RXXS motif found in Fre and 

FNR, which is believed to be involved in flavin binding, is also found in SsuE [79].    

 

1.9.2 The alkanesulfonate monooxygenase (SsuD) 

The flavin-dependent alkanesulfonate monooxygenase SsuD (UniProtKB 

accession number P80645) catalyzes the oxygenolytic of C-S bond cleavage of 

alkanesulfonates in the presence of FMNH2 and dioxygen [81,54].  The monomeric 

molecular weight for SsuD was 45.3 kDa by gel filtration chromatography [54,81].  

However, the corrected monomeric molecular weight for SsuD protein was later 

determined to be 41.6 kDa by analytical ultracentrifugation and electrospray mass 

spectroscopy [78].  The homotetrameric structure of SsuD is uncommon among flavin-

dependent monooxygenase where most exist as heterodimeric or homodimeric proteins.  

For instance, all known bacterial luciferases are αβ dimers with the active site located in 

the α subunit [65,82].  The monooxygenase component of pristinamycin IIA synthase 

(SnaA) was also shown to be an αβ heterodimer, whereas component A of the 

nitrilotriacetate monooxygenase (NtaA) was a homodimeric enzyme [82,83].  

Functionally, SsuD is categorized as a monofunctional monooxygenase that can only 

catalyze the oxidative half-reaction and does not contain any bound flavin cofactor.  The 

term flavin-dependent for this enzyme is due to the absolute requirement for the reduced
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flavin substrate provided by the SsuE-catalyzed reaction.   

The three-dimensional structure of SsuD in the absence of substrates has been 

solved to 2.3 Å resolution (PDB accession file 1M41) [81].  The monomeric structure of 

SsuD is shown in ribbon diagrams (Figure 1.13).  Secondary structural elements are 

colored in red for α-helices, green for β-strands, and white for loops.  It has dimensions of 

60 Å x 50 Å  x 40 Å and consists of a single domain. Each subunit of the homotetrameric 

enzyme is composed of an eight-stranded β/α (TIM)-barrel motif enlarged by four 

insertion regions that contribute to intersubunit interactions.  The TIM barrel fold motif is 

commonly found in enzymes that contain a flavin binding pocket [84].   

Sequence alignment studies have shown that there are conserved residues among 

flavin-dependent monooxygenases.  The Cys54, Phe7, His11, His333, Tyr331, His228, 

Arg297 and Arg226 amino acid residues are believed to form the putative binding pocket 

and catalytic center of SsuD as shown in the diagram (Figure 1.14A).  The space filling 

model shows the cavity of SsuD with Arg297 (green color) protruding on the surface of 

the structure.  The Arg297 residue may function as gate for reduced flavin transfer or 

substrate binding during catalysis (Figure 1.14B) [81,84].  A random mutation of the Arg 

residue to Cys in the initial cloning of SsuD showed that the enzyme activity had been 

disrupted completely [54].  Several other amino acids residues such as His228, Tyr331, 

His11, His333, and R226 along with Cys54 form an enzyme cavity at the C-terminal end 

of the TIM barrel (Figure 1.14B).  Further analysis has shown that many of the conserved 

residues that were shown to be directly involved in catalysis in bacterial luciferase are 

also found in the putative active site of SsuD.  Amino acids Cys54, His 228, and Tyr331 

of SsuD are found in a similar location and spacially resemble the Cys106, His44, and
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Figure 1.13.  Three dimentional structure of the alkanesulfonate monooxygenase 

monomer [81]. 



 

 

             

        

       

 

Figure 1.14.  The active-site pocket of alkanesulfonate monooxygenase in stick and 

space-filling model [81].
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Tyr110 residues in LuxA bacterial luciferase [85,81].  The Cys54 amino acid was also 

suspected to be involved in enzyme activity, since cysteine-labeling with methylmercury 

destroyed SsuD activity [81]. 

 Several SsuD homologs that are present in Bacillus sp., Pseudomonas sp., Yersina 

sp., Klebsiella sp., and Mycobacterium sp. share over 50% amino acid sequence identity 

with E. coli SsuD and are suspected to be involved in sulfur assimilation in these 

organisms [37].  Amino acid sequence alignments between SsuD and related FMNH2-

dependent monooxygenases shows that Arg297, Cys54, His 228, Tyr331 are conserved in 

SsuD homologs as well as in the monooxygenase component of pristinamycin IIA 

synthase (SnaA), component A of the nitrilotriacetate monooxygenase (NtaA), and 

component A of thiosulfate-oxidizing periplasmic multienzyme system (SoxA) (Figure 

1.15) [37,81].  Residues conserved in all five proteins are indicated with an asterisk.  

Residues conserved in at least three proteins are indicated with a semicolon or a dot.  

Dotted lines indicate the missing regions of the SsuD structure. 

 Results from amino acid sequence analyses showed that SsuD contains only one 

cysteine and four methionine residues including the methionine at the initiation sequence.  

This again indicates the efficiency of the bacteria in sulfur utilization, and is consistent 

with the low sulfur amino acid content observed in SsuE.  The low content of sulfur-

containing amino acids in both enzymes provides direct evidence on how the bacterial 

species survives by limiting the use of sulfur in the production of proteins needed for 

sulfur assimilation. 

The SsuD enzyme utilizes a wide range of substrates from C-2 to C-10 

alkanesulfonates, as well as N-phenyltaurine, 4-phenyl-1-butanesulfonic acid [54]. 
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Figure 1.15.  Sequence alignment of SsuD from E. coli with its Bacillus subtilis 

homologue SsuD_Bs, C. heintzii nitrilotriacetate monooxygenase NtaA, S. 

ristinaespiralis pristinamycin synthase subunit A SnaA, Rhodococcus sp. IGTS8 

dibenzothiophene desulfurization enzyme SoxA [81]. 

 NTAA_CHEH      MGAN-KQMNLGFLFQISGV--HYGGWRYPSAQPHRATDIQYYAEIVRTAE 47 

 SNAA_STRP      MTAPRRRITLAGIIDGPGG--HVAAWRHPATKADAQLDFEFHRDNARTLE 48 

 SOXA_RHOS      MTQQ-RQMHLAGFFSAGNVTHAHGAWRHTDASNDFLSG-KYYQHIARTLE 48 

 SSUD_BACS      -------MEILWFIPTHGD-----ARYLGSESDGRTADHLYFKQVAQAAD 38 

 SSUD_ECOL      -----MSLNMFWFLPTHGD-----GHYLGTEEGSRPVDHGYLQQIAQAAD 40 

                      : :  ::   .      .      .     .  :  . .:: : 

 NTAA_CHEH      RGKLDFCFLADSIAAYEGSADQQDRSKDALMAAEPKRLLEPFTLLAALAM 97 

 SNAA_STRP      RGLFDAVFIADIVAVWG-------TRLDSLCRTSRTEHFEPLTLLAAYAA 91 

 SOXA_RHOS      RGKFDLLFLPDGLAVEDSYGDNLDTGVG--LGGQGAVALEPASVVATMAA 96 

 SSUD_BACS      RLGYTGVLLP-----------------------TGRSCEDPWLTASALAG 65 

 SSUD_ECOL      RLGYTGVLIP-----------------------TGRSCEDAWLVAASMIP 67 

         *     ::.                             :.    ::    

 NTAA_CHEH      VTEHIGLVTTATTTYNEPYTMARLFASLDHITNGRAGWNVVTSANLAEAH 147 

 SNAA_STRP      VTEHIGLCATATTTYNEPAHIAARFASLDHLSGGRAGWNVVTSAAPWESA 141 

 SOXA_RHOS      VTEHLGLGATISATYYPPYHVARVFATLDQLSGGRVSWNVVTSLNDAEAR 146 

 SSUD_BACS      ETKDLKFLVAVRPGLMQPSLAARMTSTLDRISDGRLLINVVAGGDPYELA 115 

 SSUD_ECOL      VTQRLKFLVALRPSVTSPTVAARQAATLDRLSNGRALFNLVTGSDPQELA 117 

                 *: : : .:  .    *   *   ::**:::.**   *:*:.    *   

 NTAA_CHEH      NFGRDGHVEHGDRYARAEEFINVVFKLWDSIEDGAYLRDKLAGRYGLSEK 197 

 SNAA_STRP      NFGFPEHLEHGKRYERAEEFIDVVKKLWDS-----------DGRP----- 175 

 SOXA_RHOS      NFGINQHLEHDARYDRADEFLEAVKKLWNSWDEDALVLDKAAGVFADPAK 196 

 SSUD_BACS      GDG--LFISHDERYEATDEFLTVWRRLLQG-------------------- 143 

 SSUD_ECOL      GDG--VFLDHSERYEASAEFTQVWRRLLQR-------------------- 145 

                . *   .:.*. **  : **  .  :* :                      

 NTAA_CHEH      IHFINHIGEHFKVRG-PLNVPRPPQGHPVIVQAGSSHPGKELAARTAEVV 246 

 SNAA_STRP      ---VDHRGTHFEAPG-PLGIARPPQGRPVIIQAGSSPVGREFAARHAEVI 221 

 SOXA_RHOS      VHYVDHHGEWLNVRG-PLQVPRSPQGEPVILQAGLSPRGRRFAGKWAEAV 245 

 SSUD_BACS      -ETVSYEGKHIKVENSNLLFPPQQEPHPPIYFGGSSQAGIEAAAKHTDVY 192 

 SSUD_ECOL      -ETVDFNGKHIHVRGAKLLFPAIQQPYPPLYFGGSSDVAQELAAEQVDLY 194 

                  :..  *  :.. .  * ..   :  * :  .* *  . . *.. .:   

 NTAA_CHEH      FTAQQTLADGKAFYSDVKGRMAKYGRSSENLKVLPGVVVYVAETESEAKA 296 

 SNAA_STRP      FTRHNRLSDAQDFYGDLKARVARHGRDPEKVLVWPTLAPIVAATDTEAKQ 271 

 SOXA_RHOS      FSLAPNLEVMQATYQGIKAEVDAAGRDPDQTKIFTAVMPVLGESQAVAQE 295 

 SSUD_BACS      LTWGEPPEQVKEKIERVKKQAAKEGR---SVRFGIRLHVIARETEQEAWE 239 

 SSUD_ECOL      LTWGEPPELVKEKIEQVRAKAAAHGR---KIRFGIRLHVIVRETNDEAWQ 241 

                ::        :     :: .    **   .  .   :      ::  *   

 NTAA_CHEH      KYETVSNLVPPDFGLFMLSDLLGEIDLKQFDIDGPLPEDLPEAKGS--QS 344 

 SNAA_STRP      RLQELQDLTHDHVALRTLQDHLGDVDLSAYPIDGPVP-DIPYTNQS--QS 318 

 SOXA_RHOS      RLEYLNSLVHPEVGLSTLSSHTG-INLAAYPLDTPIKDILRDLQDRNVPT 344 

 SSUD_BACS      AAERLISHLDDDT------IAKAQAALSRYDSSGQQRMAVLHQGDR---T 280 

 SSUD_ECOL      AAERLISHLDDET------IAKAQAAFARTDSVGQQRMAALHNGKR---D 282 

                  : : .    .          .   :                        

 NTAA_CHEH      RREVIINLARRENLTIRQLYQRVSGASGHR-SIWGTPKQIADQFEQWVYE 393 

 SNAA_STRP      TTERLIGLARRENLSIRELALRLMGD-----IVVGTPEQLADHMESWFTG 363 

 SOXA_RHOS      QLHMFAAATHSEELTLAEMGRRYGTNVGFVPQWAGTGEQIADELIRHFEG 394 

 SSUD_BACS      KLEISPNLWAGIGLVRGGAGT----------ALVGDPQTIADRIAEYQAL 320 

 SSUD_ECOL      NLEISPNLWAGVGLVRGGAGT----------ALVGDGPTVAARINEYAAL 322 

                  .          *                    *    :* .:       

 NTAA_CHEH      EAADGFNILPPYLPESMNDFVNFVVPELQRRGIFRTEYEG-STLRDHLGL 442 

 SNAA_STRP      RGADGFNIDFPYLPGSADDFVDHVVPELQRRGLYRSGYEG-TTLRANLGI 412 

 SOXA_RHOS      GAADGFIISPAFLPGSYDEFVDQVVPVLQDRGYFRTEYQG-NTLRDHLGL 443 

 SSUD_BACS      GIESFIFSGYPHLEEAY-YFAELVFPLLPFENDRTRKLQ--NKRGEAVGN 367 

 SSUD_ECOL      GIDSFVLSGYPHLEEAY-RVGELLFPLLDVAIPEIPQPQPLNPQGEAVAN 371 

                   . .    ..*  :   . : :.* *          :  .     :.  

 NTAA_CHEH      ARPKNSVAKPS 453 

 SNAA_STRP      DAPRKAGAAA- 422 

 SOXA_RHOS      RVPQLQGQPS- 453 

 SSUD_BACS      TYFVKEKNA-- 376 

 SSUD_ECOL      DFIPRKVAQS- 381 
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Among the substrates that have been tested, decanesulfonic acid (C-10), octanesulfonic 

acid (C-8), and 1,3-dioxo-2-isoindolineethanesulfonic acid were the best substrates based 

on catalytic efficiencies (Table 1.4) [34].  There was no activity observed when taurine, 

methanesulfonic acid, L-cysteine, L-cysteic acid, ethanedisulfonic acid, and aromatic 

sulfonates were tested as the substrates for SsuD (refer to Table 1.3).  The ability of SsuD 

to cleave the C-S bond of alkanesulfonates is not a commonly observed enzymatic 

mechanism.  The enzymatic mechanism involving C-S bond cleavage in bacterial 

systems is found for the utilization of carbon as energy sources instead of sulfur  

acquisition [37,87].  However, a different set of enzymes and metabolic pathways from 

SsuD are used to obtain carbon.  Therefore, the enzymatic mechanism of C-S bond 

cleavage for sulfur utilization by SsuD may be distinct from the enzymatic mechanism of 

C-S bond cleavage for utilization of carbon as energy sources.  This assumption is based 

on the observation that the alkanesulfonate monooxygenase system does not play a role 

in carbon metabolism, and its synthesis is under the regulation of sulfur availability [88]. 

 

1.10 Reduced flavin and reduced flavin transfer in biological systems 

1.10.1 Reduced flavin 

 Reduced flavin refers to the product from the reduction of FMN or FAD catalyzed 

by NAD(P)H-flavin reductases.  Free reduced flavin is a very unstable species, and its 

function in biological systems has not been fully characterized.  Recent findings suggest 

that reduced flavin, as an intermediate product, is required as a substrate for certain 

enzymes that are not part of a strict two-component complex.  The flavin in its fully 

reduced form is an effective reducing agent or electron-transfer carrier.  For example, 



 

 

Table 1.4. Kinetic parameters of alkanesulfonate monooxygenase with various 

substrates [34]. 

Sulfonated substrate

Decanesulfonic acid (25

Octanesulfonic acid (33

1,3-Dioxo-2-isoindolineethanesulfonic acid 

(33-500 µM) 

2-(4-Pyridyl)ethanesulfonic acid (33

µM) 

Hexanesulfonic acid (50

N-Phenyltaurine (50-500 µM)

4-Phenyl-1-butanesulfonic acid (70

Pentanesulfonic acid (70

MOPS (70-1000 µM) 

Butanesulfonic acid (250

PIPES (333-3000 µM) 
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Table 1.4. Kinetic parameters of alkanesulfonate monooxygenase with various 

Sulfonated substrate Km Vmax k

µM 

units/m

g min

(25-500 µM) 35 1.4 

Octanesulfonic acid (33-666 µM) 44 1.6 

isoindolineethanesulfonic acid  

114 4.1 

Pyridyl)ethanesulfonic acid (33-500 

139 3.8 

Hexanesulfonic acid (50-500 µM) 95 2.3 

500 µM) 237 4.6 

butanesulfonic acid (70-500 µM) 110 1.8 

Pentanesulfonic acid (70-500 µM) 189 2.0 

 617 4.1 

Butanesulfonic acid (250-1000 µM) 870 3.3 

 1110 2.4 

Table 1.4. Kinetic parameters of alkanesulfonate monooxygenase with various 

kcat/Km  

1
 µM

1
  

6.7  

6.1  

6.0  

4.6  

4.0  

3.2  

2.7  

1.8  

1.1  

0.6  

0.4 
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ferric complexes or iron proteins can be reduced by the reduced flavin product of flavin 

reductases [67,89].  Flavin reductases from E. coli have been shown to stimulate the 

production of superoxide radicals by supplying reduced flavin for reactivation of 

ribonucleotide reductase [90].  Several other studies have shown that microbial systems 

also effectively utilize reduced flavin in reducing the iron center of ribonucleotide 

reductase [65,91,92,93].  The absolute requirement of flavin reductases for the activation 

of these processes suggests that the reduced flavin is essential in biological functions.  

The majority of flavoprotein-reducing substrates are dehydrogenated in a two-

electron reduction step generating reduced flavin, and reduced flavin is then re-oxidized 

by its oxidizing substrate.  In many flavoenzymes, dioxygen is the oxidizing 

physiological substrate, therefore when reduced flavin is uncoupled from a catalytic 

reaction it leads to deleterious effects to the system.  Oxidation of reduced flavin can 

occur either in a two-electron step, or in single one-electron steps, in which the flavin 

semiquinone would be observed as an intermediate  [63,94].  It has been fully established 

that reduced flavin is a highly reactive intermediate and is easily oxidized in the presence 

of dioxygen generating various toxic species (Eq. 1.5-1.8) [95].  In air-saturated solution, 

the FMNH2 for example, has a half-life of only ~25 ms [65]. 

FH2    +    O2 F    +    H2O2                                 (Eq.  1.5) 

FH2    +    F 2FH
.
                                            (Eq. 1.6)  

FH
.
    +    O2 F    +    O2

.
    +    H+

                             (Eq. 1.7) 

FH
. 

   +    O2
.

F    +    H2O2               (Eq. 1.8) 
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Autoxidation of biomolecules would generate reactive by-products, such as 

hydrogen peroxide (H2O2), superoxide anion radical (O2
-), and the highly reactive 

hydroxyl radicals (.OH) [96].  The autoxidation of reduced flavin by molecular oxygen 

typically yields a mixture of hydrogen peroxide (H2O2) and superoxide anion radical   

(O2
-) [73,97].  Electron transfer to dioxygen only occurs in two one-electron steps in 

which initial electron transfer generates O2
- and flavosemiquinone ( FH .

) (Figure 1.16) 

[94].  The flavosemiquinone can react with another dioxygen molecule to generate O2
- 

(Figure 1.16, left pathway).  Typically either the generated O2
- or the semiquinone 

species undergoes a spin inversion before the O2
- can depart, permitting orbital overlap 

and the formation of a peroxy adduct at position C4a on the isoalloxazine ring.  The 

hydroperoxyflavin (FlOOH) intermediate will be generated, and the reaction of this 

intermediate with a proton (H+) will release H2O2 (Figure 1.16, right pathway).   

The rate of the reaction between enzyme-bound reduced flavin and dioxygen vary 

over several magnitudes depending on the protein [94,98,99].  Part of the variation may 

be due to differences in the extent at which the isoalloxazine ring is exposed to solvent 

[94].  Considering the reactivity of reduced flavin towards dioxygen, the fate of reduced 

flavin will be critically dependent on the mechanism of the transfer of this unstable 

intermediate in biological systems. 

 

1.10.2 Reduced flavin transfer in biological systems 

Because reduced flavin can be rapidly oxidized generating oxygen radicals, the 

mechanism involving direct transfer of the reduced flavin would likely be more favorable 

in a cellular system. Therefore, in the alkanesulfonate monooxygenase system the
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Figure 1.16.  Autoxidation reaction of reduced flavin with molecular oxygen [86]. 
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transfer of FMNH2 may be tightly controlled through protein interactions and specific 

channeling between SsuE and SsuD.  Alternative results describing the transfer of 

reduced flavin have been reported depending on the system being studied.  From the 

enzyme systems that have been studied, the mechanism of reduced flavin transfer fall into  

three categories: a) free diffusion; b) direct channeling; and c) mixed flavin transfer.   

 

1.10.2.1 Reduced flavin transfer by free diffusion 

In the free diffusion mechanism, the reduced flavin product diffuses between two 

proteins without any interactions between the reduced flavin donor and acceptor proteins 

(Figure 1.17).  This type of mechanism has been reported in the NAD(P)H-flavin 

oxidoreductase (HpaC) and 4-hydroxyphenylacetate 3-hydroxylase (HpaB) coupled assay 

from E. coli.  Using in vitro kinetic and fluorescence analyses, there was no substantial 

change in the apparent Km value for FAD in the coupled-enzyme reaction.  These results 

suggest that protein-protein interactions between HpaC and HpaB do not play a role in 

the coordinated production and utilization of FADH2 in E. coli [100].  Similar results 

were observed in the two-component flavin-dependent p-hydroxyphenylacetate 

hydroxylase (HPAH) from P. aeruginosa [75,101].  The mechanism of reduced flavin 

transfer by free diffusion has also been reported in a two-component flavin-dependent 

monooxygenase (ActVB flavin reductase and ActVA-ORF5 monooxygenase) involved in 

actinorhodin biosynthesis in Streptomyces coelicolor [102].  Affinity chromatography 

and fluorescence spectroscopic studies showed no protein-protein interactions between 

the ActVB and ActVA are necessary for efficient transfer of reduced flavin.  In this 

enzyme system, reduced flavin transfer occurs by a rapid-diffusion process.  The reduced 
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Figure 1.17. Mechanism of reduced flavin transfer through free diffusion between 

flavin oxidoreductase and flavin monooxygenase. 
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flavin then reacts with dioxygen to generate a flavin-peroxide intermediate.  Although the 

mechanism of reduced flavin transfer by free diffusion is found in several enzyme 

systems, this mechanism is inefficient considering reduced flavin is highly reactive with 

dioxygen generating reactive oxygen intermediates.  Moreover, under certain conditions 

such as physiological stress, the deleterious effects from the reaction of free reduced 

flavin with dioxygen may severely impact the cell.   

 

 1.10.2.2 Direct reduced flavin transfer 

 Because of the lability of reduced flavin, the protection of this intermediate from 

solvent contact or from side reactions is required during transfer.  This can be achieved 

through the formation of a protein complex or molecular channel between the flavin 

reductase and the monooxygenase (Figure 1.18).  Molecular channels will protect the 

reduced flavin from autoxidation by dioxygen.  This reduced flavin transfer mechanism 

has been identified in several enzyme systems and they all showed similar kinetic 

properties.  An altered kinetic mechanism for SsuE has been observed in the presence and 

absence of SsuD and the alkanesulfonate substrate [78].  In single-enzyme kinetic assays, 

SsuE follows an ordered sequential mechanism, with NADPH as the first substrate to 

bind and NADP+ as the last product to dissociate.  However, in the presence of SsuD and 

octanesulfonate the kinetic mechanism of SsuE is altered to a rapid equilibrium ordered 

mechanism.  Studies described herein have shown that SsuE and SsuD proteins are able 

to form stable protein-protein interactions in a 1:1 molar ratio [103].  Direct transfer of 

reduced flavin has been demonstrated through kinetic analyses between NADPH-

dependent flavin reductase (FRP) and bacterial luciferase.  The mechanism of FRP is 
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Figure 1.18. Direct reduced flavin transfer through protein-protein interactions between a 

flavin reductase and flavin monooxygenase. 
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altered from a ping-pong to a sequential kinetic mechanism in the luciferase-coupled 

assay providing strong support for complex formation as shown by fluorescent 

spectroscopy studies.  These experimental results are further maintained by the observed 

decrease in the Km values for both FMN and NAD(P)H in the luciferase-coupled assay 

when compared to the single FRP assay [104,105,106]. 

The mechanism involving direct transfer of the reduced flavin would likely be 

more favorable in a cellular system due to the instability of reduced flavin.  In this case, 

and in similar enzyme systems, the transfer of reduced flavin may be tightly controlled 

through protein-protein interactions and specific channeling between SsuE and SsuD to 

avoid deleterious effects of toxic products generated by autoxidation of  reduced flavin. 

 

1.10.2.3 Mixed mechanism of reduced flavin transfer 

Numerical simulations from steady-state kinetic studies of styrene 

monooxygenase (SMO) from Pseudomonas putida S12 supports an alternative 

mechanism for flavin transfer (Figure 1.19).  The observed coupling of NADH to styrene 

oxidation can be best explained by a model that includes both the direct transfer and 

passive diffusion of reduced FAD from the NADH-specific flavin reductase (SMOB) to 

the FAD-specific styrene epoxidase (SMOA). The mechanism involves the formation of 

a transient protein complex with both the reductase and monooxygenase enzyme 

associated with the flavin [107].  In this enzyme system, the isoalloxazine ring of the 

oxidized FAD may be sufficiently accessible such that the NADH can provide electrons 

in the SMOB-catalyzed reductive half-reaction while the AMP portion of FAD is still 

associated with SMOA.  The AMP moiety of FAD may remain accessible to SMOA 
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Figure 1.19. Mixed mechanism of reduced flavin transfer between NADH-specific flavin 

reductase (SMOB) to the FAD-specific styrene epoxidase (SMOA) from Pseudomonas 

putida S12 [107].   
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during binding and reduction of the isoalloxazine ring of free FAD by SMOB. 

 

1.11 Basic principles of protein-protein interactions 

Protein-protein interactions are essential in many biological processes.  Any 

major biochemical process such as DNA replication, transcription, and translation, 

vesicle transport, and signal transduction rely on protein-protein associations [108-111].  

The vast majority of proteins bind to other proteins at some time in their existence in 

order to perform various functions [110-115].  While numerous studies have addressed 

protein-protein interactions, the principles governing such interactions are not fully 

understood.  From a structural point of view, there is no general pattern observed in the 

motif of binding sites.  One of the reasons is because similar proteins structures can 

associate in different ways, or conversely  proteins with globally different structures can 

associate in similar ways [116].   

Contacting residues are those responsible for the interactions across interfaces.  

Two residues are defined to be contacting if the distance between any two atoms from 

different chains is less than the sum of their corresponding van der Waals radii plus 0.5 Å 

[117,118].  Residues are defined as nearby if the distance between its Cα atom and a Cα 

atom of any contacting residue is less than 6 Å [116].  Protein-protein interactions may be 

mediated by a small region of one protein fitting into a cleft in another protein or by two 

surfaces interacting over a large area [109].  Most interfaces are composed of two protein 

surfaces with both shape and electrostatic complementary [119,108].  Almost of all these 

interfaces bury more than 600 Å2 of total surface area and it is often assumed that the 

energy protein-protein binding is directly related to the buried hydrophobic surface 
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area [108,120-122].  

 

1.11.1 Hot spots of protein-protein interfaces  

Alanine-scanning mutagenesis has shown that there is little correlation between 

buried surface area and free energy binding.  A highly uneven distribution of energetic 

contributions of individual residues is found across each interface with certain residues 

responsible for the bulk of the binding energy [123,124].  These critical residues are 

called hot spots and are defined as a residue that when mutated to alanine, gives rise to a 

distinct increase in the absolute binding energy (∆∆G) of more than 2 kcal/mol.  These 

hot spots are enriched in tryptophan, tyrosine, and arginine with the percentage of 

appearance at more than 10% [110,123,124].   

It is well established that most hydrophobic residues are found in the interior of 

proteins, while polar and charged residues are found on the surfaces.  Interestingly, 

tryptophan is found in interiors and on surfaces with nearly identical frequencies, the only 

hydrophobic residues for which this is true [125].  A data set of as many as 2325 alanine 

mutants of 25 monomer and dimer structures have been analyzed by using this 

experimental approach for which the change in free energy of binding upon mutation to 

alanine was measured [110].  These hot spots are surrounded by energetically less 

important residues that most likely serve to exclude bulk solvent from the hot spot by 

forming hydrogen bonds between residues.  Exclusion of solvent is found to be essential 

for highly energetic interactions [116,110].  To a lesser extent, conservation of 

phenylalanine and methionine also signify a potential binding site.  There is a positive 

correlation between energy hot spots and structurally conserved residues [126].  
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Computational analysis on hot spot residues indicate that hot spots are not randomly 

spread along the protein-protein interfaces, but tend to be clustered and are located within 

dense regions.  Within an assembly, the tightly packed hot spots form networks of 

interactions.  These assembly areas are called hot regions, and an interface may contain a 

single, or a few hot regions.  The regions contain residues that are moderately conserved 

and further demonstrate the crucial role of the conserved interactions in the local densely 

packed environment [116]. 

 

1.11.2 Parameters in measuring protein-protein interfaces   

 Protein-protein interfaces are defined based on the change in their solvent 

accessible surface area (∆ASA) when going from a monomeric to a dimeric state [108].  

The interface residues (atoms) are defined as those having ASAs that decrease by >1 Å2 

on complexation [127,128,108].  There are several fundamental properties that 

characterize a protein-protein interface, which can be calculated from the coordinates of 

the complex [108].   

 

1.11.2.1 Size and shape 

The size and shape of protein interfaces can be measured simply in absolute 

dimensions (Å) or in terms of the ∆ASA on complexation.  The ∆ASA is often used, 

since there is a correlation between the hydrophobicity free energy of transfer from a 

polar to a hydrophobic environment and the solvent ASA [129].  Calculating ∆ASA may 

provide a measure of the binding strength.  The shape of the interfaces can also be 

analyzed and is relevant in designing molecular mimics.  Two protein subunits may 
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interact and form a protein-protein interface with relatively flat surfaces or form a twisted 

interface.  A term “planarity”, which is a measure of how far the interface residues 

deviate from a plane,  is commonly used to assess how flat or how twisted the protein-

protein interfaces are.  A term “circularity” is often used to provide a rough guide to the 

shape of the interface.  An interface with a circularity ratio of 1.0 indicates an 

approximately circular interface.   

 

1.11.2.2 Electrostatic and shape complementary 

Electrostatic and shape complementary between surfaces of the interacting 

proteins have been used for characterization of protein-protein interfaces.  Different 

methods have been used to evaluate the electrostatic and shape complementary of the 

interacting surfaces including the evaluation of gap indices in protein-protein interactions 

[130,131].  Gap index is measured according to the following equation (Eq. 1.9): 

  Å = Å3/ Å2Å =
Å

�

Å
�                             (Eq. 1.9) 

where Å is gap index, Å3 is gap volume between molecules, and Å2 is interface ASA (per 

complex).  Based on gap index values from different types of protein complexes, the 

interacting surfaces of homodimers, enzyme-inhibitor complexes, and permanent 

heterocomplexes are the most complementary, whereas the antibody-antigen complexes 

and other nonobligatory heterocomplexes are the least complementary [108].  
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1.11.2.3 Residue interface propensities 

The relative importance of different amino acids residues in the interfaces of 

complexes can give a general indication of the hydrophobicity, that can only be 

interpreted if the distribution of residues occuring in the interface are compared with the 

distribution of residues occuring on the protein surface as a whole.  Residue interface 

propensities for each amino acid is defined as the fraction of ASA that an individual 

amino acid contributes to the interface compared with the fraction of ASA that an 

individual amino acid contributes to the whole surface (exterior residues plus interface 

residues) [108].  A propensity of >1 denotes that a residue occurs more frequently in the 

interface than on the protein surface.  The propensities for hydrophobic residues, with the 

exception of methionine, show a greater preference for the interfaces of homodimers than 

for those of heterocomplexes.  The lower propensities for hydrophobic residues in the 

heterocomplex interface is balanced by an increase propensity for polar residues.   

 

1.11.2.4 Hydrophobicity and hydrogen bonding 

The mean hydrophobicity value of residues involved in protein-protein complexes 

will vary depending on the subunit composition of the protein complexes [132].  Studies 

have indicated that when the hydrophobicity values of the interface are compared 

between the homodimers and the heterocomplexes, the interfaces of the heterocomplexes 

are less hydrophobic than those of homodimers and are positively correlated with the 

residue propensities [108].  Major polar interactions between the components in the 

complexes can be predicted from the mean number of hydrogen bonds per 100 Å2 of 

∆ASA.  Studies have shown that the heterocomplexes that exist as both monomers and 
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complexes have more intermolecular hydrogen bonds per ∆ASA.  This is positively 

correlated with the residue propensities in which the transient complexes (those with 

components that occur as both monomers and complexes) contained more hydrophilic 

residues in their interfaces than the permanent complexes [108]. 

 

1.11.2.5 Binding constants 

The strength of protein-protein interactions can be measured through binding 

constant values that can be expressed in three different ways [109].  1). Dissociation 

constant (Kd), the most commonly used binding constant is defined by the following 

equations (Eq. 9-10): 

PLLP ff ↔+           (Eq.9) 

][

]][[

PL

LP
K

ff

d =                     (Eq.10) 

with the bound protein P, the bound ligand L, and the protein-ligand complex PL, while 

[Pf] and [Lf] refer to the concentration of unbound P and L, respectively.  A smaller Kd 

value represents stronger binding.  2). Affinity constant (Ka), with Ka = 1/ Kd.  3). A ratio 

of two rate constants, that is between the rate of formation of PL and the rate of 

breakdown of PL.  The rate of formation of PL is ka [Pf] [Lf], where ka is the association 

rate constant.  The rate of breakdown of PL is kd [PL], where kd is the dissociation rate 

constant.  At equilibrium, the rate of formation of PL equals the rate of breakdown of PL, 

and Kd = kd/ka. 

 The order of magnitude of Kd values for protein-protein interactions varies 

between 10-3 M to 10-16 M [109].  A Kd value for protein-protein interactions in the 
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nanomolar to micromolar range is considered a relatively strong interaction, and the 

protein-protein interactions are considered too strong when the Kd value is less than 10-12 

M [109].  Protein-protein interactions that are too strong are usually generated from the 

association of multisubunit proteins.  Any protein composed of three or more subunits 

can have significant interactions among individual pairs of the component protein.  Thus, 

complicated structures might effectively lock the proteins together in undissociable units 

[109].  Examples of very strong protein-protein interactions have been found between 

human placental RNase inhibitor (PRI) with both angiogenin (Kd = 7 × 10-16 M) and 

human placental RNase (Kd = 9 × 10-16 M) [133-135].  

                

1.11.3 The role of protein-protein interactions in metabolic processes 

Protein-protein interactions play important roles in various biological processes.  

Such interactions may or may not lead to physicochemical changes of the interacting 

proteins.  Nevertheless, any protein association has its unique function in cellular 

systems.  Due to the diverse involvement of protein-protein interactions in living systems, 

the discussion of their roles will be limited to the formation of molecular channels and 

allosteric communication in enzymatic reactions.   

Substrate channeling (or tunneling) is an important mechanistic process for the 

direct delivery of an intermediate from one active site of an enzyme to the active site of a 

second enzyme or within an enzyme with multiactive sites [136-138].  Substrate 

channeling has many advantages over free diffusion of reaction products within the bulk 

solvent.  First, the transit time for the movement of reaction products from one active site 

to the next is reduced [139,140].  Second, chemically labile intermediates can be 
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protected from decomposition by the aqueous external environment [141].  Third, 

unfavorable equilibria can be circumvented and reaction intermediates can be segregated 

from competing enzymatic transformations [142,143].   

Examples of substrate channeling have been found in different enzyme systems 

from various organisms, such as in multisubunit carbamoyl phosphate synthetase from E. 

coli [144].  Site-directed mutagenesis and structural analyses studies on this enzyme have 

shown the existence of a molecular channel as an escape route for the ammonia 

intermediate.  The formation of molecular channels have been reported not only in 

multifunctional or multisubunits enzymes, but also in protein complexes between two 

separate proteins such as thymidylate synthase (TS) and dihydrofolate reductase (DHFR) 

[144].  These enzymes catalyze sequential reactions of thymidine 5′-monophosphate 

(dTMP) and 7,8-dihydrofolate (DHF) biosynthesis and in bacteriophage, bacteria, fungi, 

and mammals [144].  The kinetic evidence for substrate channeling of DHF between TS 

and DHFR has been reported for the TS-DHFR complex from E. coli and Leishmania 

casei (L. casei) [144,145].  In these enzyme systems, the production of NADP+ displayed 

a lag when TS was limiting and the overall time course closely matched the one predicted 

theoretically in a coupled system of two noninteracting enzymes [144].              

The formation of a molecular channel may alter the physical and chemical 

properties of the interacting proteins.  Depending on the nature of the proteins and the 

experimental approaches used, these alterations can be used to support the existence and 

importance of a channeling mechanism in certain enzymatic reactions.  The reaction at 

one active site is affected by the reaction or substrate-enzyme interactions at another 

active site of the multisubunit enzyme or multienzyme complexes through a process 
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known as allosteric communication.  The existence of allosteric communication between 

active sites is usually indicated by the alteration of kinetic properties of the enzymes 

[146,147].  For example, in tryptophan synthase from Salmonella typhimurium a reactive 

indole intermediate is channeled from the α subunit to the β subunit through a 25 Å long 

channel [146].  The α-subunit catalyzes the cleavage of indole 3-glycerol phosphate to 

produce indole and D-glyceraldehyde 3-phosphate.  The β-subunit is involved in the 

formation of L-tryptophan from L-serine and indole intermediate.  In the process, the 

formation of indole intermediate at the α-site is increased more than 30-fold by the 

formation of the α-aminoacrylate aldimine at the β-site [147]. 

Evidence of allosteric communication between the active sites of multisubunits 

enzyme has also been shown by the three catalytic sites of carbamoyl phosphate 

synthetase.  Rapid-quench experiments indicated that during the assembly of carbamoyl 

phosphate, the formation of carboxy phosphate triggers a conformational change that is 

transmitted to the small subunit where the hydrolysis of glutamine is stimulated 

[144,148].  The observed enhanced ATPase rate in the presence of glutamine reflects the 

faster rate of attack on the carboxyl phosphate by the ammonia intermediate relative to 

water.  Here, ammonia is not released until carboxy phosphate is ready to form carbamate 

[148].        

 

1.12 Research objectives 

 Reduced flavins play important roles in biological systems.  Due to its reactive 

properties, especially under aerobic conditions, the concentration level of free reduced 

flavin should be tightly controlled to avoid the generation of toxic molecules to living 
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cells.  The mechanism of reduced flavin transfer in biological systems is still poorly 

understood.  Therefore, studies of reduced flavin transfer become critical to fully 

understand the fate and function of this important intermediate.  Varied results in the 

mechanism of reduced flavin transfer have been reported depending on the system being 

studied.  In this study, the mechanism of reduced flavin transfer in the alkanesulfonate 

monooxygenase system, a two-component enzyme from E. coli is investigated.  In this 

enzyme system,  the NAD(P)H-dependent FMN reductase (SsuE) generates reduced 

flavin (FMNH2) and the SsuD monooxygenase utilizes the reduced flavin for 

desulfonation of aliphatic sulfonates to sulfite and their corresponding aldehydes in the 

presence of molecular oxygen [37,54]. 

 Due to the reactivity of reduced flavin with oxygen, direct reduced flavin transfer 

through a channeling mechanism is favored.  A channeling mechanism would protect the 

reduced flavin from futile oxidation before catalysis can occur.  The focus of these 

studies was to determine if protein-protein interactions occur between the alkanesulfonate 

monooxygenase proteins.  The effect of these interactions on the mechanism of FMN 

reduction by SsuE and the amino acid residues involved in protein-protein interactions 

were also studied.  Determination of amino acid residues involved in protein-protein 

interactions is very important to fully understand the mechanism of reduced flavin 

transfer.  Two-component systems involving reduced flavin transfer have been identified 

from a large number of bacterial species.  Therefore, the results from these studies will 

contribute to the establishment of the reduced flavin transfer mechanism in two-

component bacterial systems.          



 

63 

  

CHAPTER TWO 

MATERIALS AND METHODS 

 

 

2.1 Bacterial strains and plasmid vectors 

 Various E. coli strains including XL-1, BL21(DE3), BL21(DE3)pLysS, Origami, 

Tuner, and Tuner pLysS were purchased from Stratagene (La Jolla, CA) (Table 2.1).  

Plasmid vectors pETDuet-1 and pET21a were obtained from Novagen (Madison, WI).  

 

2.2 Biochemical and chemical reagents   

Ampicillin, dithiothreitol (DTT), FMN, glucose, glucose oxidase, glycine, 

lysozyme, 2-morpholinoethanesulfonic acid (MES), β-mercaptoethanol, NADPH, 

potassium phosphate (dibasic anhydrous and monobasic anhydrous), silver nitrate, 

sodium chloride, sodium thiosulfate, streptomycin sulfate, trifluoroacetic acid, trypsin, 

and Tris base were purchased from Sigma-Aldrich (St. Louis, MO).  The chemical cross-

linking reagents ProFound Label Transfer Sulfo-SBED Protein:Protein Interaction Agent, 

1-ethyl-3-(3-dimethylaminopropyl) carbodiimide hydrochloride (EDC), N- 

hydroxysulfosuccinimide (sulfo-NHS), bis(sulfosuccinimidyl) suberate (BS3), ethylene 

glycol bis(succinimidylsuccinate) (EGS), and mass spectroscopy matrices were from 

Pierce (Rockford, IL).  Absolute ethanol, acetonitrile, agarose, ammonium bicarbonate, 
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Table 2.1. Bacterial E. coli strains used for protein expression. 

Bacterial Strain Description Source 

XL-1 XL1-Blue cells are endonuclease (endA) deficient, which greatly 

improves the quality of miniprep DNA, and are recombination 

(recA) deficient, improving insert stability. The hsdR mutation 

prevents the cleavage of cloned DNA by the EcoK endonuclease 

system. The lacIqZ∆M15 gene on the F´ episome allows blue-

white color screening. 

Stratagene 

BL21(DE3) DE3 lysogen contains T7 polymerase upon IPTG induction. This 

strain is defficient of lon and omp-t proteases and is therefore 

suitable for expression of non-toxic genes. 

Novagen 

BL21(DE3)pLys DE3 lysogen expresses T7 polymerase upon IPTG induction.  The 

pLysS plasmid produces T7 lysozyme to reduce basal level 

expression of the gene of interest. Thus it is suitable for  

expression of toxic genes [pLysS contains the p15A origin. This 

origin allows pLysS to be compatible with plasmids containing the 

ColE1 or pMB1 origin (i.e. pUC- or pBR322- derived plasmids)]. 

Requires chloramphenicol for growth. 

Novagen 

Origami Origami host strains are K-12 derivatives that have mutations in 

both the thioredoxin reductase (trxB) and glutathione reductase 

(gor) genes, which greatly enhances disulfide bond formation in 

the cytoplasm. Requires kanamycin and tetracyclin for growth. 

Novagen 

Tuner  Contains a mutation in the lac permease (lacZY) gene. This 

enables adjustable levels of protein expression throughout all cells 

in a culture. The lac permease (lacY) mutation allows uniform 

entry of IPTG into all cells in the population, which produces a 

concentration-dependent, homogeneous level of induction. By 

adjusting the concentration of IPTG, expression can be regulated 

from very low levels up to the robust, fully induced levels 

commonly associated with pET vectors. Lower level expression 

may enhance the solubility and activity of difficult target proteins. 

Novagen 

Tuner pLysS  Contains the pLysS plasmid (tighter control over expression) in 

addition to the lac permease mutation.  Requires chloramphenicol 

for growth. 

Novagen 
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ammonium sulfate, ethidium bromide, formaldehyde, glacial acetic acid, isopropyl-β-D-

thiogalactoside (IPTG), 2-propanol, glycerol, sodium carbonate, and sodium phosphate 

were purchased from Fisher Biotech (Pittsburgh, PA).  Octanesulfonate was from Fluka  

(Milwaukee, WI). LB-agar and LB-medium were from BIO 101 Systems (Carlsbad, CA).  

Streptavidin agarose column matrix was obtained from Invitrogen (Carlsbad, CA).  

Phenyl Sepharose column matrix was from Amersham Biosciences (Piscataway, NJ).  

Acrylamide/Bis solution, sodium dodecyl sulfate (SDS), and Macro-prep High Q Support 

were from Bio-Rad (Hercules, CA).  All buffers and media solution were prepared using 

water purified at a resistance of 18.2 MΩ/cm through a Millipore system (MilliQ, QPAK 

II).  Standard buffer solution contained 25 mM potassium phosphate (pH 7.5) and 10% 

glycerol unless otherwise noted. 

 

2.3 Construction and expression of double cloning expression system 

 The T7 RNA polymerase-dependent expression vector pETDuet-1 containing two 

multiple cloning sites (MCS1 and MCS2) (Figure 2.1) was utilized for sub-cloning His-

tagged ssuE (0.6 kb) and ssuD (1.1 kb) genes.  The pETDuet-1 vector was PCR amplified 

using the primers 5′ TGA CGT CTC TTC CCT CGA GTC TGG TAA AGA AAC C 3′ 

and 5′ AAT TGA CTC TTC CCA TAT GTA TAT CTC CTT CTT ATA C 3′.  The ssuD 

gene carried by pET21a vector was PCR amplified using the primers 5′ AAG GAA CTC 

TTC TAT GAG TCT GAA TAT GTT CTG G 3′ and 5′ GCC ATT CTC TTC TGA GTT 

AGC TTT GCG CGA C 3′.  The ssuD gene was subcloned into pETDuet-1 vector at 

MCS2 utilizing the SeamLess® Cloning Kit (Stratagene, La Jolla, CA).  The plasmid 

construct containing the ssuD gene was PCR amplified using primers 5′ AAG GAG CTC                           
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Figure 2.1. The pETDuet-1 vector expression system containing two multiple cloning 

sites (MCS1 and MCS2).   
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TTC CAT GGG CAG CAG CAG CCA TCA CCA TCA TC 3′ and 5′ TGG CTG CTC 

TTC ATG GTA TAT CTC CTT CTT AAA G 3′.  The pET21a vector containing the C-

terminally His-tagged ssuE gene was constructed by mutation of the native ssuE stop 

codon using primers 5′ TTA TAA CTC TTC ACC ATG CGT GTC ATC ACC CTG 3′ 

and 5′ CAG TTT CTC TTC GCA TCG CAT GGG CAT TAC CTC G 3′ with the 

QuickChange site-directed mutagenesis kit (Stratagene, La Jolla, CA).  The His-tagged 

ssuE construct was then PCR amplified using primers 5′ ATA AGG CTC TTC TAT 

GCG TGT CAT CAC CTG 3′ and 5′ CAG TTT CTC TTC CGA GTT ACG CTG GGC 

ATT 3′.  The His-tagged ssuE gene was subcloned into pETDuet-1/ssuD at MCS1 vector 

gene utilizing the SeamLess® Cloning Kit (Stratagene, La Jolla, CA).  All generated 

constructs were verified by sequence analysis at Davis Sequencing (University of 

California, Davis). 

 The plasmid construct was transformed and expressed in E. coli strains 

BL21(DE3), BL21(DE3)-pLysS, Origami, Tuner, and Tuner pLysS.  The plasmid 

construct was also transformed into XL-1 strains for bacterial culture storage at -80 °C.  

Each cell culture was grown separately on LB medium containing the appropriate 

antibiotic (Table 2.1) in addition to ampicillin to select for the pET-Duet-1 or pET21a 

plasmid constructs.  The concentrations of ampicillin, chloramphenicol, kanamycin, and 

tetracycline used in the growth media were 100, 50, 50, and 50 mg/mL, respectively.  A 

single colony containing the plasmid construct was used to inoculate 5 mL LB-Amp 

medium, and incubated overnight at 37 °C. A 1% inoculum of the 5 mL cell culture was 

used to inoculate 100 mL LB-Amp, and the culture was incubated at 37 °C until the A600 

reached 0.4.  The flask was then transferred from 37 °C to 18 °C, and the proteins were 
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expressed by the addition of IPTG to a final concentration of 400 µM.  The incubation 

was continued for 6 h, and cells were harvested by centrifugation at 5,000 rpm for 15 min 

at 4°C and stored at -80°C.  Each protein was purified according to a previously 

published protocol [78].      

    

2.4 Construction and expression of recombinant proteins 

The T7 RNA polymerase-dependent expression vector pET21a carrying either the 

native ssuE or ssuD gene was utilized for protein expression and purification as 

previously described [78].  The concentrations of SsuE or SsuD proteins in solution was 

calculated using the molar extinction coefficients of the two proteins (20.3 mM−1 cm−1 

and 46.9 mM−1 cm−1 at 280 nm, respectively) or the previously determined molecular 

masses of SsuE and SsuD proteins (21.3 kDa and 41.6 kDa, respectively) [54, 78].   

The pET21a vector containing the C-terminally His-tagged ssuD gene was 

constructed by mutation of the native ssuD stop codon with the QuickChange site-

directed mutagenesis kit (Stratagene, La Jolla, CA).  The native construct was PCR 

amplified using the primers 5′ CGT AAA GTC GCG CAA AGC GCG CTC GAG CAC 

CAC CAC 3′ and 5′ GTG GTG GTG CTC GAG CGC GCT TTG CGC GAC TTT ACG 

3′.  The generated mutation was verified by sequence analysis at Davis Sequencing 

(University of California, Davis). 

The His-tagged SsuD protein was expressed in E. coli BL21(DE3).  A single 

colony of E. coli BL21(DE3) containing the His-tagged ssuD gene was used to inoculate 

5 mL LB medium containing 100 mg/mL ampicillin (LB-Amp) with incubation 

overnight at 37 °C.  A 1% inoculum of the 5 mL cell culture was used to inoculate 100 
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mL LB-Amp, and the culture was incubated at 37 °C until the A600 reached 0.4.  The flask 

was then transferred from 37 °C to 18 °C, and the protein was expressed by the addition 

of IPTG to a final concentration of 400 µM.  The incubation was continued for 6 h, and 

cells were harvested by centrifugation at 5,000 rpm for 15 min at 4 °C and stored at -80 

°C.  Cells from the 100 mL growth were resuspended in 50 mL standard buffer 

containing 4 µg/mL lysozyme. Cell lysis was performed by sonication, followed by the 

addition of 1.5% streptomycin sulfate to precipitate nucleic acids.   

 

2.5 Affinity chromatography binding assay   

A 50 mL cell lysate containing the expressed His-tagged SsuD protein was loaded 

onto a column containing Ni-nitrilotriacetic acid (NTA) Superflow resin (QIAGEN, 

Valencia, CA), and the column was washed with 100 mL standard buffer to remove 

unbound protein prior to loading the cell lysate containing native SsuE.  The column was 

then washed again with 100 mL standard buffer after loading the native SsuE protein.  

The unbound protein was eluted from the column with 100 mL standard buffer 

containing 125 mM imidazole, followed by elution of the His-tagged SsuD protein with 

100 mL standard buffer containing 300 mM imidazole.  The eluted proteins from both 

buffer concentrations were collected and analyzed by SDS-PAGE.  Two sets of control 

experiments were performed to ensure that complex formation between SsuE and His-

tagged SsuD protein in the Ni-NTA column was not due to nonspecific binding or protein 

aggregation.  The first control experiment was performed by loading the cell lysate 

containing native SsuE protein onto a Ni-NTA column in the absence of the His-tagged 

SsuD protein.  The second control experiment was performed by loading a protein 
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available in our laboratory, the rat cysteine dioxygenase protein, onto a Ni-NTA column 

in the presence of His-tagged SsuD protein.  For each control, the column was washed 

with 100 mL standard buffer, followed by a second wash with 100 mL standard buffer 

containing 125 mM of imidazole. A final wash with 100 mL standard buffer containing 

300 mM of imidazole was performed and the protein fractions collected and analyzed by 

SDS-PAGE. 

 

2.6 Far-UV circular dichroism  

The spectrum of SsuE was obtained with 2.4 µM SsuE in 25 mM potassium 

phosphate buffer (pH 7.5), 10% glycerol, and 100 mM NaCl at 25 °C (400 µL total 

volume).  The SsuD spectrum was obtained with 1.2 µM SsuD in 25 mM phosphate 

buffer (pH 7.5), 10% glycerol, and 100 mM NaCl at 25 °C (400 µL total volume).  The 

SsuE/SsuD spectrum was obtained with 2.4 µM SsuE and 1.2 µM SsuD in 25 mM 

phosphate buffer (400 µL total volume), 10% glycerol, and 100 mM NaCl at 25 °C.  

Spectra were recorded on a Jasco J-810 Spectropolarimeter (Easton, MD). Measurements 

were taken in 0.1-nm increments from 300 to 185 nm in a 0.1-cm path length cuvette 

with a bandwidth of 1 nm and a scanning speed of 50 nm/min.  Each spectrum is the 

average of four scans; smoothing of the data was performed using the default parameters 

within the Jasco J-720 software. 

 

2.7 Visible circular dichroism  

The spectrum of FMN was obtained with 20 µM FMN in 25 mM potassium 

phosphate buffer (pH 7.5), 10% glycerol, and 100 mM NaCl at 25 °C (2.0 mL total 
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volume).  The FMN/SsuE spectrum was obtained with 20 µM of SsuE and FMN in 25 

mM potassium phosphate buffer (pH 7.5), 10% glycerol, and 100 mM NaCl at 25 °C (2.0 

mL total volume).  The FMN/SsuE/SsuD spectrum was obtained with a 1:1 

stoichiometric addition of 20 µM SsuD to 20 µM FMN-bound SsuE in 25 mM potassium 

phosphate buffer (pH 7.5), 10% glycerol, and 100 mM NaCl at 25 °C (2.0 mL total 

volume).  Spectra were recorded on a Jasco J-810 spectropolarimeter (Easton, MD).  

Measurements were taken in 0.2-nm increments from 550 to 300 nm in a 1-cm path 

length cuvette with a bandwidth of 1 nm and a scanning speed of 50 nm/min.  Each 

spectrum is the average of eight scans; smoothing of the data was performed using the 

default parameters within the Jasco J-720 software.  The concentration of FMN was 

calculated using a molar extinction coefficient of 12.2 mM−1 cm−1 at 450 nm. 

 

2.8 Fluorescence spectroscopy  

Binding of FMN to SsuE was determined by spectrofluorometric titrations, 

monitoring the decrease in the relative intensity of the FMN spectra due to fluorescence 

quenching of the flavin upon binding SsuE.  SsuD interactions with FMN-bound SsuE 

were monitored by spectrofluorometric titration, monitoring the increase in the relative 

intensity of the FMN spectra due to interactions between the two proteins. Spectra were 

recorded on a Perkin- Elmer LS 55 luminescence spectrometer (Palo Alto, CA) with both 

excitation and emission slit widths set at 10 nm. 
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2.8.1 Fluorometric titration of FMN with SsuE  

A 0.04 µM FMN solution in 25 mM potassium phosphate buffer (pH 7.5) (1.0 mL 

total volume) was titrated with 1 µL aliquots of SsuE for a total of 10 to 15 titrations 

(0.04 - 0.40 µM).  Emission intensity measurements from 470 to 650 nm were made 

using an excitation wavelength of 450 nm. 

 

2.8.2 Fluorometric titration of FMN-bound SsuE with SsuD 

A 0.40 µM FMN-bound SsuE sample in 25 mM potassium phosphate buffer (pH 

7.5) (1.0 mL total volume) was titrated with 1 µL aliquots of SsuD for a total of 25 to 30 

titrations (0.02 - 0.95 µM).  Emission wavelengths from 470 to 650 nm were measured 

using an excitation wavelength of 450 nm. The concentration of SsuD bound to SsuE was 

determined by applying the following equation (Eq. 2.1) [100]:  

[SsuD]bound = [SsuE][(Ic - I0)/(If - I0)]               (Eq. 2.1)  

where [SsuE] represents the initial concentration of enzyme, I0 is the initial fluorescence 

intensity of FMN prior to addition of SsuD, Ic is the fluorescence intensity of FMN 

following each addition of SsuD, and If is the final fluorescence intensity. The 

concentration of SsuD bound ([SsuD]bound, y) was plotted against the total SsuD 

([SsuD]total, x) to obtain the dissociation constant (Kd) for the binding between SsuE and 

SsuD according to equation below (Eq. 2.2), where n is the binding capacity of SsuE 

[100]: 

2

4)()( 2
dd xnnxKnxK

y
−++−++

=
        (Eq. 2.2) 
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2.9 UV-visible spectroscopy of filtration of FMN-bound SsuE  

The flavin spectra were obtained at 450 nm before and after filtration with 20 µM 

FMN in 25 mM potassium phosphate (pH 7.5), 10% glycerol, and 100 mM NaCl at 25 °C 

in the presence of 20 µM of SsuE and SsuD proteins in a 2.0 mL total volume. The 

filtration was performed by centrifugation at 3,000 rpm for 15 min, utilizing a 10,000-

molecular-weight-cutoff Amicon Ultra-4 centrifugation filter from Millipore (Bedford, 

MA).  Control experiments with only FMN were performed by monitoring the spectra at 

450 nm before and after filtration. 

 

2.10 Isothermal titration calorimetry 

Isothermal titration calorimetry (ITC) experiments were performed utilizing a VP-

ITC MicroCalorimeter instrument (MicroCal, LLC, Northampton, MA).  ITC data were 

obtained by titrating 1 µM of SsuE in the sample cell with 5 µL aliquots of 50 µM SsuD 

as the titrant at 30 °C.  The data obtained were fitted using Origin® software. The final 

results were corrected for the heat released when titrating with SsuD into buffer only (25 

mM potassium buffer pH 7.5, and 100 mM NaCl).       

 

2.11 Chemical cross-linking  

 Chemical cross-linking experiments were conducted for two purposes: 1) to 

investigate the ability of SsuE and SsuD proteins to form a complex utilizing a 

trifunctional cross-linking reagent; 2) to determine the amino acid residues involved in 

protein-protein interactions employing various bifunctional cross-linking reagents.   
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2.11.1 Interactions between SsuE and SsuD proteins   

Chemical cross-linking experiments to investigate complex formation between 

SsuE and SsuD were performed using the ProFound Label Transfer Sulfo-SBED 

(sulfosuccinimidyl [2,6-(biotinamido)-2-(p-azidobenzamido)-hexanoamido]-ethyl-1,3′- 

dithiopropionate) Protein:Protein Interaction Agent (Figure 2.2) (Pierce, Rockford, IL).  

The cross-linking reagent has three functional groups, the sulfo-NHS, the photo-reactive 

aryl-azide, and the biotin label.  A 10 µM sample of the SsuE protein was incubated in 

the dark at room temperature for 30 min with 1 mM of cross-linking reagent in a total 

volume of 500 µL.  The amino group of SsuE reacted with the reagent via its sulfo-NHS 

reactive group.  The unreacted reagent was removed by washing the sample twice with 

25 mM potassium phosphate buffer (pH 7.5) and 100 mM NaCl by centrifugation at 

3,000 rpm for 15 min, utilizing a 10,000-molecular-weight-cutoff Amicon Ultra-4 

centrifugation filter from Millipore (Bedford, MA). The labeled SsuE protein was then 

mixed with 10 µM SsuD in a total volume of 1 mL and incubated in the dark for 15 min. 

The reaction mixture was exposed to UV light at a distance of 5 cm for 15 min, followed 

by the addition of 20 mM dithiothreitol (DTT) (final concentration). A sample (10 µL) 

was collected following each step for further analysis by nondenaturing and nonreducing 

polyacrylamide gel electrophoresis.  Control experiments similar to those described 

above were performed using either SsuE or SsuD to determine which bands represent 

intrasubunit cross-linking. 

 The size of the biotin-labeled protein complex between SsuE and SsuD was 

verified by affinity chromatography.  A 4 mL sample of biotin-labeled protein complex 

solution (without the addition of DTT) was loaded (2 mL at one time) onto a 5 mL 
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Figure 2.2. ProFound Label Transfer Sulfo-SBED {sulfosuccinimidyl[2,6-(biotinamido)- 

2-(p-azidobenzamido)-hexanoamido]-ethyl-1,3’-dithiopropionate} Protein:Protein 

Interaction Agent [149]. 
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column containing streptavidin agarose matrix (Invitrogen, Carlsbad, CA).  The column 

was washed with 50 mL of 25 mM potassium phosphate buffer (pH 7.5), and 10% 

glycerol.  The protein complex was eluted with a 0-8 M urea gradient solution in 25 mM 

potassium phosphate buffer (pH 7.5), and 10% glycerol.  The protein fractions were 

collected and analyzed by nondenaturing and nonreducing polyacrylamide gel 

electrophoresis.    

 

2.11.2 Determination of amino acid residues involved in protein-protein interactions  

 Chemical cross-linking experiments were performed using EDC and sulfo-NHS 

(combination of the two reagents yield a zero-length spacer arm), BS3 (11.4 Å), and EGS 

(16.1 Å) cross-linking reagents (Figure 2.3) [149].  The EDC cross-linker has a functional 

group that reacts with a carboxyl group of protein 1.  The semi-stable NHS ester 

intermediate reacts with the amino group of protein 2.  Both BS3 and EGS are 

homobifunctional cross-linkers that react with amino groups of proteins.  The reaction 

conditions and buffer solution used were based on manufacturer instructions with some 

modifications.  The EDC and sulfo-NHS cross-linker reagents were freshly prepared 

separately in 100 mM MES buffer (pH 6.0) and 500 mM NaCl.  The EDC and sulfo-NHS 

(10 mM and 20 mM, respectively) were mixed with sample of SsuE (10-50 µM) in 100 

mM MES buffer (pH 6.0) and 500 mM NaCl in a total volume of 200 µL at room 

temperature for 15 minutes.  The unreacted reagent was removed by washing the sample 

twice by centrifugation at 3,000 rpm for 15 min, utilizing a 10,000-molecular-weight-

cutoff Amicon Ultra-4 centrifugation filter from Millipore (Bedford, MA).  A 5-25 µM 

sample of SsuD in 100 mM sodium phosphate buffer (pH 7.5) and 150 mM NaCl was 
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Figure 2.3. Cross-linking reagents used for determination of amino acid residues involved 

in protein-protein interactions between SsuE and SsuD [149].  
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then mixed with previously treated SsuE in a total volume of 200 µL and incubated on 

ice for 2-3 hours (optional: the incubation reaction can also be done with gently shaking 

at 10 oC for 2-3 hrs).  A 10-15 µL reaction mixture was taken every 15 minutes to 

monitor the progress of the reaction.  The reaction was terminated by adding glycine to 

the reaction mixture in a final concentration of 10 mM.  The samples were analyzed on 

10% SDS-PAGE and stained with either coomassie blue or silver-stain.  The BS3 or EGS 

cross-linking reagents were freshly prepared in 25 mM potassium phosphate buffer (pH 

7.5) and 150 mM NaCl.  The BS3 or EGS cross-linker reagents (1-10 mM final 

concentration) was mixed with a 10 µM solution of SsuE and SsuD protein in 25 mM 

potassium phosphate buffer (pH 7.5) and 100 mM NaCl in a total volume of 200 µL and 

incubated at room temperature for 30-60 minutes, 18 °C for 60-90 minutes, or in ice for 

120-180 minutes.  A 10-15 µL reaction mixture was taken every 15 minutes to monitor 

the progress of the reaction.  The reaction was terminated by adding glycine to the 

reaction mixture in a final concentration of 10 mM.  The samples were analyzed on 10% 

SDS-PAGE.         

 

2.11.3 Matrix assisted laser desorption ionization-time of flight mass spectroscopy 

 Matrix assisted laser desorption ionization-time of flight mass spectroscopy 

(MALDI-TOF MS) experiments were performed on a Microflex™ MALDI-TOF mass 

spectrometer (Bruker Daltonic, Billerica, MA) equipped with a nitrogen laser operating at 

337 nm.  All MALDI-TOF MS results were obtained in the linear positive mode.   

 The SDS polyacrylamide gel containing proteins of interest, either native or 

potentially cross-linked protein products, were excised and placed in a microcentrifuge 
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tube.  The gel pieces were washed twice with 50% acetonitrile, twice with 50% 

acetonitrile containing 50 mM ammonium bicarbonate, pH 8.0, and twice with 50% 

acetonitrile containing 10 mM ammonium bicarbonate, pH 8.0.  The gel pieces were 

dried in a DNA Speed Vac (Thermo Savant, Holbrook, NY).  Trypsin was dissolved in 

25 mM ammonium bicarbonate (pH 8.0) to a final concentration of 1 µg/mL.  A 50 µL 

trypsin solution was added to each tube allowing the gel to absorb the solution.  

Additional buffer solution was added to completely cover the gel slices, and the gel 

mixture was incubated overnight at 37 °C.  The peptides were extracted by washing the 

gel pieces twice with 0.1% trifluoroacetic acid (TFA) in water for 20 minutes and the 

soluble fractions from each extraction were pooled.  The gel pieces were extracted two 

additional times with 60% acetonitrile, and 0.1% TFA in water.  All the fractions were 

pooled together and dried to reduce solvent contamination prior to analyses by MALDI-

TOF MS.    

 The matrix solutions were prepared separately by dissolving 2 mg of either 2,5-

dihydroxybenzoic acid (DHB), 3,5-dimethoxy-4-hydroxycinnamic acid (sinapinic acid, 

SA), or α-cyano-4-hydroxycinnamic acid (CHCA) in 100 µL of solvent containing 50% 

acetonitrile and 0.1% trifluoroacetic acid.  Analytes were prepared by mixing a 1:1 ratio 

of protein sample (undigested or digested) and matrix solution on a MALDI plate 

followed by air drying at room temperature in a fume hood prior to analysis by MALDI-

TOF mass spectrometer.  Mass spectra for undigested proteins were externally calibrated 

with trypsinogen [M+H]+ (23,982 Da), protein A [M+H]+ (44,613 Da), albumin-bovin 

[M+H]+ (66,431 Da), protein A [M+2H]2+ (22,306 Da), and albumin-bovin  [M+2H]2 

(33,216 Da).  Mass spectra for digested proteins were externally calibrated with 
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bradykinin (1-7) [M+H]+ (757.86 Da), angiotensin II [M+H]+ (1,047.19 Da), angiotensin 

I [M+H]+ (1,297.49 Da), substance P  [M+H]+ (1,348.6 Da), bombesin [M+H]+ (1,620.9 

Da), renin substrate [M+H]+ (1,760.03 Da), ACTH clip (1-17) [M+H]+ (2,094.43 Da), 

ACTH clip (18-39) [M+H]+ (2,466.68 Da), and somatostatin (28) [M+H]+ (3,149.57 Da).  

The percentage of error (% error) of the observed molecular weight for tryptically-

digested fragments is calculated based on the following equation (Eq. 2.3): 

% error =
|
��
��
� ����
��h

�
����� ����
|

�h

�
����� ����

 × 100%                     (Eq. 2.3) 

 

2.12 Pre-steady state kinetic experiments   

Experiments monitoring the reductive half-reaction of FMN in single enzyme 

reactions were carried out using previously published procedures [113].  Rapid reaction 

kinetic analyses were performed on an Applied Photophysics SX.18 MV stopped-flow 

spectrophotometer.  All experiments were performed under anaerobic conditions at 4 oC 

in single mixing mode and monitored at single wavelengths of 450 or 550 nm.  The 

stopped-flow instrument was made anaerobic by repeated filling and emptying of one 

drive syringe with an oxygen scavenging system containing 25 mM phosphate buffer (pH 

7.5), 10% glycerol, 100 mM NaCl, with 20 mM glucose and 10 units of glucose oxidase.  

The other drive syringe contained 10 mM Tris buffer (pH 8.5), 10% glycerol, 100 mM 

NaCl with 20 mM glucose and 10 units of glucose oxidase.  The anaerobic solutions were 

prepared in a tonometer and made anaerobic by vacuum gas exchange followed by 

saturation with oxygen free argon for at least 20 cycles with two minute durations for 

each cycle.      
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2.12.1 Kinetic analyses of FMN reduction and charge transfer formation in the presence 

of SsuD 

The kinetic analyses of SsuE in the presence of SsuD but in the absence of SsuD 

substrates (octanesulfonate and oxygen) were performed anaerobically in the stopped-

flow spectrophotometer by mixing SsuE (25 µM) and SsuD (25 µM) in a tonometer with 

a substrate solution containing FMN (25 µM) and NADPH (250 µM) in an air-tight 

syringe.  The concentrations are final concentrations after mixing in the stopped-flow 

instrument.     

  

2.12.2 Kinetic analyses of FMN reduction and charge transfer formation with alternate 

additions of SsuD and substrates 

Rapid reaction kinetic analyses were performed using alternate addition of the 

enzymes and substrates in the stopped-flow instrument.  The SsuE (25 µM) protein 

solutions with or without SsuD (25 µM) and/or octanesulfonate (250 µM) were made 

anaerobic in a tonometer and mixed with a solution containing FMN (25 µM) and 

NADPH (250 µM) with or without oxygen (0-440 µM).  The varied oxygen 

concentrations were made by mixing oxygen-saturated buffer with anaerobic buffer 

solution containing 10 mM Tris buffer (pH 8.5), 10% glycerol, 100 mM NaCl in an air-

tight syringe.  The oxygen-saturated buffer was made by bubbling the solution with 100% 

oxygen for 30 minutes.  The first experiment was performed by mixing the solution 

containing SsuE (25 µM) and SsuD (25 µM) with the solution containing FMN (25 µM), 

NADPH (250 µM), and varied oxygen concentrations (0-440 µM).  The second 

experiment was performed by mixing the solution containing SsuE (25 µM), SsuD (25 
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µM), and octanesulfonate (250 µM) with the solution containing FMN (25 µM), NADPH 

(250 µM), and varied oxygen concentrations (0-440 µM).  In the third experiment, the 

solution containing SsuE (25 µM) and octanesulfonate (250 µM) was mixed with the 

solution containing FMN (25 µM), NADPH (250 µM), and oxygen at varied oxygen 

concentrations (0-440 µM).  Additional experiment was carried out by mixing the 

solution containing SsuE (25 µM), SsuD (25 µM), and octanesulfonate (250 µM) with the 

solution containing FMN (25 µM) and NADPH (250 µM).   

        

2.12.3 Data analysis   

Initial analyses of the single wavelength stopped-flow traces at 450 and 550 nm 

were performed with the PROKIN software (Applied Photophysics, Ltd.) installed in the 

stopped-flow spectrophotometer. First, global analysis was applied to discern the steps 

involved in flavin reduction. Second, a three-step sequential reversible model of 

A→B→C→D was adopted during the fitting, and the kinetic traces were resolved into 

three distinct phases. All single wavelength traces at 450 and 550 nm were imported and 

fitted with Kaleidagraph software (Abelbeck Software, Reading, PA). The single-

wavelength traces at 450 nm were best fitted to a double or triple exponential using the 

following equation (Eq. 2.4 and 2.5, respectively): 

A = �� exp −"� #$ + �& exp −"& #$ +  '                                                                     (Eq. 2.4) 

A = �� exp −"� #$ + �& exp −"& #$ +  �( exp −"( #$ +  '                     (Eq. 2.5)  

The single-wavelength traces at 550 nm were best fitted to a triple exponential using the 

following equation (Eq.2.6): 

A = 1 − [�� exp −"� #$ +  �& exp −"& #$] +  �( exp −"( #$ +  '                      (Eq. 2.6)   
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where k1, k2 and k3 are apparent rate constants for the first, second, or third phases, 

respectively, A is the absorbance at time t, A1, A2, A3 are amplitudes of each phase, and C 

is the absorbance at the end of the reaction.   

 

2.13 UV-visible spectroscopy of FMNH2 

UV-visible spectra for free FMNH2 at 450 nm were obtained by measuring the 

absorbance of an FMNH2 solution (25 µM) in 25 mM potassium phosphate buffer (pH 

7.5), 100 mM NaCl, and 10 % glycerol.  UV-visible spectra for FMNH2-bound SsuD 

were obtained by measuring the absorbance of an FMNH2 (25 µM) and SsuD (25 µM) 

solution in 25 mM potassium phosphate buffer (pH 7.5), 100 mM NaCl, and 10 % 

glycerol.  The anaerobic FMN solution was photoreduced by irradiation for at least 5 

minutes.  Anaerobic FMN solutions in the absence or in the presence of SsuD were 

prepared in a glass titration cuvette by at least 20 cycles of evacuation followed by 

equilibration with ultra high purity argon gas with two minutes duration for each cycle.   
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CHAPTER THREE 

RESULTS 

 

 

3.1 Construction and expression of double cloning expression system in E. coli 

 Construction of a coexpression vector system was performed to study protein-

protein interactions between SsuE and SsuD through cross-linking experiments, affinity 

chromatography, and kinetic analyses.  The ssuD gene (1.1 kb) (not shown) was sub-

cloned into MCS2 of the pETDuet-1 plasmid and designated as pKAA-11 (6.5 kb) 

(Figure 3.1 and Figure 3.2, lane 4).  The His-tagged ssuE gene (0.6 kb) (Figure 3.2, lane 

1) was then subcloned into MCS1 of the pKAA-11 plasmid and designated as pKAA-12 

(7.1 kb) (Figure 3.1 and Figure 3.2, lane 3).  The gene construct was expressed first in E. 

coli BL21(DE3).  The His-tagged SsuE (Figure 3.3A, lane 3, indicated by a dotted arrow) 

and SsuD (Figure 3.3A, lane 3, indicated by solid arrow) proteins were successfully 

expressed upon IPTG induction.  It was shown that the molecular mass of His-tagged 

SsuE protein (Figure 3.3A, lane 3, indicated by dotted arrow) was slightly higher than the 

native SsuE protein (Figure 3.3A, lane 2, indicated by dotted arrow).  However, the 

majority of proteins were found as inclusion bodies generating insoluble protein even at 

low temperature.  The genes were then expressed in different E. coli strains to increase 

the solubility of each protein.  Several genetically modified bacterial strains which are 

commercially available were used for protein expression to increase solubility of 
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Figure 3.1. Subcloning of His-tagged ssuE and ssuD genes into double multiple cloning 

sites (MCS1 and MCS2) of pETDuet-1 plasmid.  



 

86 

 

 

 

 

    

1      2     3     4

 

Figure 3.2. Agarose gel electrophoresis of doubly cloned His-tagged ssuE and ssuD genes 

into pETDuet-1 plasmid expression system. 
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recombinant proteins.  In general, the solubility of difficult target proteins can be 

increased by controlling the level of expression of the proteins.  Again, the results 

showed that both proteins, His-tagged SsuE (Figure 3.3B, indicated by dotted arrow) and 

SsuD (Figure 3.3B, indicated by solid arrow) expressed in these bacterial strains; Origami 

(lanes 3 and 4, cell lysate and supernatant, respectively), Tuner pLysS (lanes 5 and 6, cell 

lysate and supernatant, respectively), BL21(DE3)pLysS (lanes 7 and 8, cell lysate and 

supernatant, respectively), Tuner (lanes 11 and 12, cell lysate and supernatant, 

respectively), and BL21(DE3) (lanes 9 and 10, cell lysate and supernatant, respectively) 

were insoluble.  SsuE in particular was shown to be almost completely insoluble (Figure 

3.3B, lanes 4, 6, 8, 10, and 12, indicated by dotted arrow) in all cell lines utilized for 

expression.    

 

3.2  Affinity chromatography  

The transfer of reduced flavin between the two-component monooxygenase 

enzymes could occur either by a diffusion mechanism or by direct flavin transfer due to 

protein-protein interactions.  Because dual expression was not a viable option, affinity 

chromatography experiments with individually expressed His-tagged SsuD and native 

SsuE were performed to identify static protein interactions. His-tagged SsuD in a cell 

lysate was loaded onto a Ni-NTA column. Following a phosphate buffer wash to remove 

unbound protein, native SsuE in a cell lysate was loaded onto the Ni-NTA column 

containing bound His-tagged SsuD. The column was first washed with 125 mM 

imidazole buffer to remove any unbound protein, followed by a second wash with 300  

mM imidazole buffer to remove bound His-tagged SsuD.  After applying the 125 mM 
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Figure 3.3. Expression of pKAA-12 plasmid expression system containing SsuD and His-

tagged SsuE in different E. coli strains.  
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and 300 mM imidazole buffers, the fractions were collected from the column and 

analyzed by SDS PAGE (Figure 3.4A, lanes 2-9 and Figure 3.4B, lane 4, respectively).  

Native SsuE and SsuD are also shown (Figure 3.4A, lane 1 and Figure 3.4B, lane 3 and 2, 

respectively). 

The results showed that His-tagged SsuD (Figure 3.4B, lane 4, indicated by dotted 

arrow) and native SsuE (Figure 3.4B, lane 4, indicated by solid arrow) coeluted from the 

column with 300 mM imidazole buffer. The data suggest that the native SsuE protein 

remains bound to the column after the 125 mM imidazole wash due to protein-protein 

interactions with His-tagged SsuD. Control experiments showed that native SsuE from a 

cell lysate was unable to bind to the Ni-NTA column in the absence of His-tagged SsuD.  

The SsuE protein was eluted off the column with 125 mM imidazole buffer (Figure 3.5A, 

lanes 2-9), and there was no protein detected on the gel following the 300 mM imidazole 

wash (Figure 3.5B, lanes 2-10).  Native SsuE and SsuD are also shown (Figure 3.5A and 

3.5B, lane 1).  Similar control experiments performed with an unrelated protein, rat 

cysteine dioxygenase (CDO), and His-tagged SsuD did not result in the coelution of the 

two proteins with 300 mM imidazole buffer (Figure 3.6B, lanes 2-10).  The CDO protein 

was eluted off the column with 125 mM imidazole buffer (Figure 3.6A, lanes 2-10).  

Protein markers with their corresponding molecular mass are shown (Figure 3.6A and 

3.6B, lane 1).  These results suggest that the interactions between SsuE and SsuD were 

specific and not caused by random aggregation. 
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Figure 3.4. SDS-PAGE (10% acrylamide) from affinity chromatography experiments 

with SsuE and His-tagged SsuD. 
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Figure 3.5. SDS-PAGE (10% acrylamide) from affinity chromatography experiments 

with SsuE in the absence of His-tagged SsuD.  
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Figure 3.6.  SDS-PAGE (10% acrylamide) from affinity chromatography experiments 

with rat cysteine dioxygenase and His-tagged SsuD. 
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3.3 Secondary structure changes due to protein-protein interactions  

The circular dichroism (CD) spectroscopy experiments in the far-UV (190-250 

nm) and visible (300-500 nm) regions were performed to monitor any changes in the 

gross secondary structure or flavin environment caused by interactions between FMN-

bound SsuE and SsuD.  The individual CD spectra of SsuE (Figure 3.7, solid line) and 

SsuD (Figure 3.7, dotted line) in the far UV region were initially obtained to determine if 

there were any observable alterations in the secondary structure of each protein compared 

to the spectrum obtained with both proteins.  The results showed that there were no 

significant changes in the secondary structure, and the additive individual spectra of SsuE 

and SsuD (Figure 3.7, long dashed line) closely resemble the spectrum obtained with 

both proteins present (Figure 3.7, dashed line).  

When spectra in the visible absorbance region were obtained, oxidized flavin 

(FMN) exhibited a characteristic spectrum with a weak signal typical for free FMN (solid 

line) (Figure 3.8).  A significant change in the flavin spectrum was observed upon 

binding of FMN to SsuE (dashed line), providing an intense signal with both positive and 

negative ellipticity (Figure 3.8). When SsuD was included in the solution, the molar 

ellipticity between 300 to 375 nm decreased (dotted line) (Figure 3.8).  This suggested 

that the flavin environment was affected by the presence of SsuD. However, the CD 

spectrum of FMN (Figure 3.9, solid line) did not significantly change in the presence of 

SsuD alone (Figure 3.9, dotted line). Therefore, the protein-protein interactions cause a 

slight change in the flavin environment but do not lead to significant changes in the 

overall gross secondary structure. 
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Figure 3.7. Far-UV CD spectroscopy of SsuE and SsuD. 
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Figure 3.8. Visible CD spectra for FMN in the absence and presence of SsuE and SsuD. 
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Figure 3.9. Visible CD spectra for FMN in the absence and presence of SsuD. 
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3.4 Binding of SsuD to FMN-bound SsuE 

 Fluorescence spectroscopy experiments were performed to determine the Kd for 

protein-protein interactions and binding stoichiometry. When FMN binds SsuE, there is a 

decrease in the flavin fluorescence at 520 nm (excitation wavelength of 450 nm) (Figure 

3.10).  The Kd value of SsuE binding to FMN was 0.015 ± 0.004 µM indicating that 

oxidized flavin has a high affinity for the enzyme [78].  The Kd of SsuD binding to SsuE 

was determined by titrating the FMN-bound SsuE solution with SsuD. The increase in 

flavin fluorescence was monitored at an excitation wavelength of 450 nm following each 

addition of SsuD (Figure 3.11A). The concentration of SsuD bound was plotted against 

the total SsuD to obtain a Kd value of 0.002 ± 0.001 µM (Figure 3.11B) with a 1:1 

stoichiometric ratio between SsuE and SsuD. 

The increase in fluorescence associated with SsuD binding to FMN-bound SsuE 

could be caused by release of the bound flavin.  Filtration experiments utilizing a 10,000-

molecular-weight-cutoff Amicon Ultra-4 centrifugation filter from Millipore (Bedford, 

MA) were performed to confirm that the flavin is still bound to SsuE following the 

addition of SsuD. If the flavin is still bound, then it should be retained with the protein in 

the retentate, while free flavin would be located in the filtrate. A UV-visible spectrum 

following filtration showed that the flavin was retained in the retentate, indicating that the 

FMN remains bound to SsuE in the presence of SsuD (Figure 3.12). The flavin was 

located in the filtrate in filtration experiments with free flavin only. These results 

confirmed that the increase in the intrinsic fluorescence associated with SsuD binding is 

due to protein-protein interactions.   
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Figure 3.10. Fluorometric titration of SsuE to FMN. 
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Figure 3.11. Fluorometric titration of SsuD to FMN-bound SsuE and determination of 

binding constant between SsuE and SsuD.
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Figure 3.12. UV-visible spectra for filtration of FMN in the presence of SsuE and SsuD 

proteins. 
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3.5 Isothermal titration calorimetry 

 Isothermal titration calorimetry (ITC) experiments were performed to determine 

the thermodynamic properties for SsuE and SsuD binding by measuring the heat evolved 

during protein-protein interactions.  The results from titration of SsuD into the cell 

containing the SsuE solution showed that the heat released to the solution decreased as 

the concentration of SsuD increased, which is normally observed during protein-protein 

interactions (Figure 3.13).  The heat evolved due to protein-protein interactions should 

decrease as the two proteins reach equilibrium.  Unfortunately, the data obtained was not 

reproducible and the heat evolved in the titration was relatively low.  Therefore, the 

results could not be used for further analysis to determine the thermodynamic properties 

of SsuE and SsuD interactions.   

 

3.6 Trifunctional chemical cross-linking  

Cross-linking experiments were performed to investigate any physical interactions 

between SsuE and SsuD proteins, utilizing a trifunctional cross-linker. The trifunctional 

cross-linker (sulfo-SBED) contains an amine reactive site, an amine photoreactive 

arylazide, a biotin label, and a cleavable disulfide bond.  The amine groups on SsuE were 

reacted first with the trifunctional cross-linker before the addition of SsuD. While SsuD 

contains no cysteine residues for cross-linking, analysis of the distribution of amino acids 

in the three-dimensional structure shows several surface-exposed amine-containing 

residues that are randomly distributed [74].  Following SsuE labeling, the SsuD protein 

was added and the sample exposed to UV light to cross-link SsuD with the photoreactive 

group (Figure 3.14).  The addition of DTT following photoactivation cleaves the disulfide 
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Figure 3.13. Isothermal titration calorimetry measurements to determine the 

thermodynamic properties of protein-protein interactions between SsuE and SsuD 

proteins.  
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bond in the amine reactive arm, resulting in biotin-labeled SsuD.  Samples were taken 

after each step for analysis by native gel electrophoresis.  Protein markers with their 

corresponding molecular mass and monomeric SsuE and SsuD are also shown on the gel 

(Figure 3.15A, lane 1 and lane 2, respectively). The sample after the activation of the 

photoreactive group contained a protein band with an apparent molecular mass of 

approximately 63 kDa corresponding to the monomeric cross-linking of SsuE (21.3 kDa) 

and SsuD (41.6 kDa) (Figure 3.15A, lanes 3-7, indicated by dotted arrow).  The reagent-

linked SsuE monomer was also observed (Figure 3.15A, lanes 3-7) with molecular 

masses slightly higher than native SsuE (Figure 3.15A, lane 2).  The two bands observed 

in lanes 3-7 at approximately 43 and 80 kDa were due to dimerization of SsuE and SsuD, 

respectively, as similar results were observed in control experiments.   

 To ensure that the protein band with an apparent molecular mass of approximately 

63 kDa is the biotin-labeled monomeric cross-linked SsuE and SsuD, the protein of 

interest was loaded onto a streptavidin agarose chromatography column.  After applying 

the standard buffer containing 0-8 M of urea, the fractions were collected and analyzed 

by nonreducing polyacrylamide gel electrophoresis.  The results showed that the protein 

with an apparent molecular mass of 63 kDa (Figure 3.15B, lanes 7-14, indicated by 

dotted arrow) was eluted from the streptavidin column only after coelution with a high 

concentration of urea.  This indicated that the protein band was the biotin-labeled 

complex and was tightly bound to the column.  

 The sample following DTT treatment showed a decrease in the intensity of the 63 

kDa band (Figure 3.16, lane 4) representing the putative cross-linked SsuE-SsuD species, 

with a concomitant increase in the intensity of the monomeric SsuE and SsuD 
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Figure 3.14. Complex formation between SsuE and SsuD by trifunctional cross-linking 

reagent.  Biotin label was transferred from SsuE to SsuD following disulfide bond 

cleavage by DTT. 
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Figure 3.15. Silver-stained gel electrophoresis of cross-linking experiments between 

SsuE and SsuD proteins. 
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protein bands (Figure 3.16, lane 5).  Protein markers with their corresponding molecular  

mass (Figure 3.16, lanes 1 and 6) and native SsuE and SsuD (Figure 3.16, lane 2) are also 

shown.  Dimers of intrastrand cross-linked SsuE and SsuD proteins were shown at 

approximately 43 and 80 kDa respectively, when they were separated under nonreducing 

conditions (Figure 3.16, lane 7).  However, the protein band with a molecular mass of 63 

kDa was not observed in this control experiment.  Experiments involving the cross-

linking of only SsuE were performed to determine if a 63 kDa band was observed. A 

cross-linked trimer of SsuE would have a molecular mass similar to that of a cross-linked 

monomer of SsuE and SsuD.  However, there was no band observed at 63 kDa with SsuE 

only, which indicated that the 63 kDa band represented the cross-linked monomers of 

SsuE and SsuD. In addition, cross-linking experiments with SsuE and bovine serum 

albumin were performed to verify that the higher molecular mass band was not caused by 

protein aggregation. The higher-molecular mass band at 63 kDa was not observed with 

any of the controls tested (data not shown), further confirming the formation of stable 

protein-protein interactions between SsuE and SsuD. 

 
 
3.7 Determination of amino acid residues involved in protein-protein interactions 

between SsuE and SsuD proteins 

 Determining the amino acid residues involved in protein-protein interactions is 

important to further probe the structure-function relationship of SsuE and SsuD. Previous 

results using trifunctional cross-linking reagents have shown that the two proteins form a 

stable protein complex [103].  However, the trifunctional cross-linker cannot be used to 

identify the amino acid residues involved in protein associations.  Cross-linking
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Figure 3.16. Silver-stained gel electrophoresis of DTT-treated cross-linked SsuE and 

SsuD. 
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experiments utilizing several bifunctional cross-linking reagents were performed to 

identify the binding sites of the two proteins involved in complex formation.  The cross-

linking reagents covalently link the interacting proteins by forming amide bonds with 

amino acid functional groups.    

 Four cross-linking reagents were used in this study that included 1-ethyl-3-(3-

dimethylaminopropyl) carbodiimide hydrochloride (EDC), N-hydroxysulfosuccinimide 

(sulfo-NHS), bis(sulfosuccinimidyl) suberate (BS3), and ethylene glycol 

bis(succinimidylsuccinate) (EGS).  Sulfo-NHS had been used in conjunction with EDC to 

stabilize the intermediate product (semi-stable amino reactive NHS ester) formed from 

the reaction of EDC with the carboxyl group of protein 1, while the functional group of 

the semi-stable amino reactive NHS ester will react with amino groups of protein 2 

(Figure 3.17) [149].  The reactive groups of BS3 and EGS are only reactive towards 

amino group side chains of proteins.  The general reaction involves the incubation of 

protein 1 with a cross-linking reagent (or combination of two different reagents, as in the 

case of EDC and sulfo-NHS reagents) followed by elimination of unreacted reagent(s) by 

filtration prior to addition of protein 2.   

 Analysis of the cross-linking experiments by SDS-PAGE showed that only EDC 

and sulfo-NHS reagents were able to covalently link SsuE and SsuD, while BS3 and EGS 

reagents both failed to yield a cross-linked product.  In this reaction, SsuE was first 

reacted with EDC and sulfo-NHS followed by the addition of SsuD.  The results showed 

that EDC/sulfo-NHS was able to covalently link SsuE and SsuD with an apparent 

molecular weight of cross-linked product at approximately 66 kDa (Figure 3.18, lanes 4-

7).  The molecular weight of the complex is slightly higher than the expected molecular 
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Figure 3.17. Reaction of EDC and sulfo-NHS cross-linking reagents with carboxyl group 

of protein 1 and amino group of protein 2 [149]. 
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weight of 63 kDa as previously determined.  This might be due to a change in the 

mobility of the cross-linked products on SDS-PAGE compared to the cross-linked 

products on the native gel.  This band was not observed in the control with SsuE alone 

(Figure 3.18, lane 2).  

Interestingly, when SsuD was mixed first with EDC and sulfo-NHS reagent 

followed by SsuE, the reagent failed to covalently link SsuD and SsuE.  A protein band 

was observed at approximately 83 kDa representing a dimer of SsuD (Figure 3.18, lanes 

8-11) as indicated by the control with SsuD alone (Figure 3.18, lane 3).  Taken together, 

these results indicate that the EDC reagent first reacts with carboxyl groups of SsuE, 

followed by reaction of amine groups of SsuD with the semi-stable reactive NHS ester 

(Figure 3.19).  In all experiments performed, the addition of FMN in a 1:1 molar ratio 

with SsuE were similar to the reactions without FMN. 

 The MALDI-TOF MS experiments were performed to further analyze the amino 

acid residues involved in complex formation between SsuE and SsuD.  The matrices 

selected showed that 3,5-dimethoxy-4-hydroxycinnamic acid (sinapinic acid, SA) is the 

suitable matrix for the analyses of undigested proteins, while α-cyano-4-

hydroxycinnamic acid (CHCA) is the suitable matrix for the analyses of digested proteins 

(peptide analyses).  Protein standards were used for calibration of the MALDI-TOF MS 

instrument (Figure 3.20).  In these experiments, the molecular weight of undigested SsuE 

and SsuD were 21.1 kDa (Figure 3.21) and 41.4 kDa (Figure 3.22), respectively.  These 

results are slightly lower than the published molecular weight utilizing electrospray mass 

spectrometry, which are 21.3 and 41.6 kDa for SsuE and SsuD, respectively [78].  The 

results from mass spectrometric analyses of SsuD also showed the degradation product of 
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Figure 3.18. SDS-PAGE (10% acrylamide) from cross-linking experiments between 

SsuE and SsuD proteins with EDC and sulfo-NHS reagents. 
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Figure 3.19. Reaction of EDC and sulfo-NHS cross-linking reagents with carboxyl 

groups of SsuE and amino groups of SsuD.    
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Figure 3.20. MALDI-TOF MS spectra for protein standards. 
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Figure 3.21. MALDI-TOF MS spectra for undigested SsuE protein. 
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           Figure 3.22. MALDI-TOF MS spectra for undigested SsuD protein. 
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SsuD by trypsin protease with a molecular weight of 20697 Da (21.0 kDa) (data not 

shown).  Degradation product of SsuD was also observed on SDS-PAGE at a similar 

molecular weight (data not shown).  Degradation product of SsuD was observed when the 

SsuD stock solution stored at 4 °C for several days was separated by SDS-PAGE. 

  Tryptic digests of native SsuE and SsuD proteins were analyzed by MALDI-TOF 

MS to obtain the molecular weights for peptides of each protein.  These results were used 

as references for peptide analyses of the tryptically-digested protein complex, and peptide 

standards were used for calibration of the instrument (Figure 3.23).  The results from 

MALDI-TOF MS analyses identified tryptically-digested SsuE peptides (Figure 3.24).  

The percentage of error (% error) of the tryptically-digested peptide was calculated 

according to Eq. 2.3.  The results showed that the percent recovery of the peptide with a 

percent error of 1% or less was more than 50% as shown in the comparison between the 

observed and the theoretical molecular weight values (Table 3.1).  MALDI-TOF MS 

analyses showed that peptides of tryptically-digested SsuD were also identified (Figure 

3.25).  The percent recovery of the peptide with a percent error of 1% or less was more 

than 57% as shown in the comparison between the observed and the theoretical molecular 

weight values (Table 3.2).  The percentage recovery obtained from both SsuE and SsuD 

tryptically-digested peptides was reliable enough to be used for peptide analyses.  

Unfortunately, it was difficult to identify the cross-linked peptide.  This might due to the 

low concentration of the cross-linked product extracted from SDS-PAGE.  Therefore, 

there was not a sufficient amount of protein recovered from the gel for detailed analyses.  
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Figure 3.23. MALDI-TOF MS spectra for peptide standards. 
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Figure 3.24. MALDI-TOF MS spectra for tryptically-digested SsuE. 
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Table 3.1. The molecular weight for the tryptically-digested SsuE peptide fragments. 

Molecular weight (Da)  
 

Number of 
peptides 

Theoretical value Observed valuea 

1 
2 
3 
4 
5 
6 
7 
8 
9 
10 
11 
12 
13 
14 
15 
16 
17 
 

175.1189 
276.1554 
306.1594 
469.2153 
506.2721 
516.3140 
777.4141 
780.4250 
913.5465 

1025.5262 
1069.6251 
1254.7052 
1700.8754 
2222.1703 
2929.7488 
2989.4842 
3632.7992 

 

175.1935 
254.1 

-b 
- 

515.1 
518.3989 

- 
796.753 

921.7048 
1032.702 
1075.137 
1271.439 
1717.929 
2223.157 

- 
2981.5 
3633.6 

 
a Observed value of peptides recovered by MALDI-TOF MS presented are the value with 
percentage error ≤ 1%.  
b not detected. 
The observed value with percentage error 1% < error < 5% are indicated with white on 
dark background color.    
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Figure 3.25. MALDI-TOF MS spectra for tryptically-digested SsuD. 
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Table 3.2. The molecular weight for the tryptically-digested SsuD peptide fragments. 

Molecular weight (Da)  
 

Number of 
peptides 

Theoretical value Observed valuea 

1 
2 
3 
4 
5 
6 
7 
8 
9 
10 
11 
12 
13 
14 
15 
16 
17 
18 
19 
20 
21 
22 
23 
24 
25 
26 
27 
28 
29 
30 
31 
32 

147.1128 
175.1189 
218.1499 
260.1968 
275.1714 
276.1554 
288.2030 
404.2140 
492.2929 
529.3456 
546.2994 
582.3106 
644.3726 
661.3892 
734.3944 
736.4828 
774.4104 
841.4349 
890.4326 
909.4312 

1246.7154 
1354.7212 
1419.6135 
1469.7706 
1486.6961 
1785.0381 
1852.9915 
1976.9568 
2787.3937 
3907.1003 
4514.1370 
4889.4963 

145.8878 
174.8736 
215.8348 
238.0093 

- b 
- 

300.9157 
388.8 

496.1233 
531.3 
533.9 
579.3 
642.1 
668.9 
748.1 

747.6404 
781.7 
821.1 
898.5 
907.0 

1267.2 
1381.6 

1426.272 
- 

1486.5 
1791.974 
1868.6 
1964.3 
2792.4 
3907.6 
4512.3 

- 
 

a Observed value of peptides recovered by MALDI-TOF MS presented are the value with 
percentage error ≤ 1%. 
b not detected. 
The observed value with percentage error 1% < error ≤ 5% are indicated with white on 
dark background color.    
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3.8 The effect of protein-protein interactions on SsuE-catalyzed flavin reduction 

The reductive half-reaction of SsuE involves FMN reduction with reducing 

equivalents provided by NADPH.  Previous work in our laboratory has shown that the 

mechanism for SsuE-catalyzed flavin reduction can be monitored at 450 and 550 nm  

[150].  An absorbance decrease at 450 nm represents time-dependent flavin reduction as 

the amount of oxidized flavin decreased over time.  However, this flavin reduction 

reaction also involves SsuE-mediated charge transfer formation between FMN and 

NADPH that can be monitored at 550 nm.  Charge transfer formation occurs as a distinct 

two phase absorbance increase followed by an absorbance decrease representing decay of 

the charge transfer complex.  Two charge transfer complexes are generated; one between 

FMN and NADPH (CT-1), and the other between FMNH2 and NADP+ (CT-2) (Figure 

3.26) [150].  Charge transfer complex formation occurs within a similar time course as 

the absorbance trace obtained at 450 nm.   

Previous studies have shown that the two proteins of the alkanesulfonate 

monooxygenase system form stable protein-protein interactions [103].  Here, the effects 

of protein-protein interactions on the reductive half-reaction by SsuE were further 

evaluated through pre-steady state kinetic analyses.  Rapid reaction kinetic analyses were 

performed to determine if the rates for FMN reduction and charge transfer formation by 

SsuE were altered due to protein-protein interactions with SsuD.  Alterations in 

enzymatic rates due to allosteric communication between active sites of two proteins 

have been observed in several coupled-enzyme reactions.   
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Figure 3.26. Charge transfer conversion between FMNH2 and NADP+ in FMN reduction 

by SsuE [150]. 



 

124 

 

 3.8.1 The kinetics of flavin reduction by SsuE 

 The spectra for FMN reduction and charge transfer formation by SsuE in the 

absence of SsuD were obtained by single-wavelength absorbance at 450 and 550 nm.  

Time dependent spectra for FMN reduction at 450 nm (Figure 3.27A, closed circle) and 

charge transfer formation at 550 nm (Figure 3.27B, closed circle) were best fit to the sum 

of three exponentials representing three distinct phases (k1, k2 and k3) according to Eq. 2.5   

and 2.6, respectively.  The results showed that the initial phase for FMN reduction by 

SsuE at 450 nm had an observed rate of 124 s-1 (k1), the second phase had an observed 

rate of 6.4 s-1 (k2), and the third phase had an observed rate of 0.08 s-1 (k3) (Table 3.3).  

The rates for charge transfer formation at 550 nm were also obtained with an observed 

rate of 243.3 s-1 (k1) for the first phase, an observed rate of 10.7 s-1 (k2) for the second 

phase, and an observed rate of 13.1 s-1 (k3) for the third phase (Table 3.3).  The rates 

obtained at 450 and 550 nm were very consistent with the results obtained from previous 

studies in our laboratory [150].  The initial fast phase at 550 nm (CT-1) corresponds to 

the majority of flavin still in the oxidized form when compared to the spectra at 450 nm.  

The second phase (CT-2) correlates to the last phase of the absorbance increase at 550 

nm representing the charge-transfer formation between FMNH2 and NADP+.  The third 

phase represents the decay of the charge transfer complex indicated by the decrease in 

absorbance at 550 nm.  This corresponds to the third phase at 450 nm representing 

complete flavin reduction or the release of the FMNH2 product. 
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Figure 3.27. Spectra of FMN reduction and charge transfer formation in the absence and 

in the presence of SsuD. 
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Table 3.3. Rates for FMN reduction and charge transfer formation. 

 450 nm (s-1)  

k
1 

 k
2 

 k
3 

 

SsuE + FMN / NADPH 124 ± 12  6.4 ± 0.1  0.08 ± 0.02  

SsuE / SsuD + FMN / NADPH  161 ± 11  4.0 ± 0.1  17.3 ± 1.4  

SsuE / SsuD / Octanesulfonate + 

FMN / NADPH 

71.0 ± 7.7  6.4 ± 0.5  12.4 ± 2.3  

SsuE / SsuD / Octanesulfonate + 

FMN / NADPH / O2   

154 ± 27  13.2 ± 0.2  −0.120 ± 

0.005 

 550 nm (s-1)  

k
1 

 k
2 

 k
3 

 

SsuE + FMN / NADPH 243.3 ± 4.9  10.7 ± 1.7  13.1 ± 2.3 

SsuE / SsuD + FMN / NADPH  311.4 ± 6.4  10.0 ± 3.0  11.2 ± 3.2  

SsuE / SsuD / Octanesulfonate + 

FMN / NADPH 

204.6 ± 6.1  3.1 ± 0.2  15.4 ± 1.4  

SsuE / SsuD / Octanesulfonate + 

FMN / NADPH / O2   

185.4 ± 9.6  34.9 ± 4.2  15.0 ± 0.9  
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3.8.2 The effect of SsuD on the kinetics of FMN reduction  

The traces for FMN reduction and charge transfer formation by SsuE in the 

presence of SsuD were obtained at 450 and 550 nm (Figure 3.27A and 3.27B, open 

circle, respectively).  The spectra at 450 and 550 nm were best fit to a triple exponential 

according to Eq. 2.5 and 2.6, respectively.  A fit of the data at 450 nm showed that the 

observed rate (k3) for FMN reduction by SsuE in the presence of SsuD increased 200-fold 

compared to the rate obtained for FMN reduction by SsuE alone (Table 3.3).  However, 

the value for k1 and the k2 were not significantly altered (Table 3.3).  A fit of the data at 

550 nm for charge transfer formation by SsuE in the presence of SsuD did not change 

compared to the spectra in the absence of SsuD (Table 3.3).          

UV-visible spectroscopy studies on free FMNH2 and FMNH2-bound SsuD were 

performed to investigate the subtle increase at the last phase of flavin reduction spectra 

that was observed at 450 nm in the presence of SsuD.  The third phase (k3) was 

previously shown to represent the flavin release step [150].  An alteration in the reduced 

flavin spectra in the absence and in the presence of SsuD would indicate that FMNH2 

binding to SsuD results in the observed change.  The result showed that there was a 

spectral change at 450 nm (Figure 3.28, inset) between free FMNH2 (Figure 3.28, solid 

line) and FMNH2-bound SsuD (Figure 3.28, dashed line).  This may suggest that the 

increase in absorbance at 450 nm at the end of the time course corresponds to the release 

of FMNH2 and/or binding of FMNH2 by SsuD that may correlate to the increase in k3 at 

450 nm. 
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Figure 3.28. UV-visible spectra for free FMNH2 and FMNH2-bound SsuD. 
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3.8.3 Kinetics of FMN reduction and charge transfer formation by SsuE in the presence 

of SsuD, oxygen, and octanesulfonate 

The effect of SsuD, octanesulfonate (250 µM), and dioxygen (440 µM) on FMN 

reduction and charge transfer formation were monitored by single-wavelength analyses at 

450 and 550 nm, respectively.  The trace at 450 nm for the reaction (Figure 3.29A, open 

circle) showed a notable change in the second and the third phases of flavin reduction 

compared to the reaction without dioxygen (Figure 3.29A, closed circle).  A fit of the 

data at 450 nm showed that the rate of the second phase (k2) increased more than two-fold 

in the reaction with dioxygen (440 µM) (Table 3.3), while the third phase (k3) gave a 

negative value (Table 3.3).  The negative value indicates that either the flavin is oxidized 

by SsuD or FMNH2 is bound rapidly by SsuD (Figure 3.29A, open circle).  Furthermore, 

the results from data analyses at 550 nm also showed that in the fully coupled-enzyme 

system the second phases (k2) was more than 10-fold higher (Table 3.3 and Figure 3.29B, 

open circle) compared to the reaction without oxygen (Table 3.3 and Figure 3.29B, 

closed circle).  However, the values for k1 and k3 were relatively unaffected by increased 

oxygen concentration (Table 3.3 and 3.4).  It was previously determined that the second 

phase of flavin reduction by SsuE represents the electron transfer step from NADPH to 

FMN, which is believed to be the rate-determining step for FMN reduction by SsuE 

[150].   
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Figure 3.29. Spectra of FMN reduction and charge transfer formation by SsuE in the 

presence of SsuD, octanesulfonate, and oxygen.    
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Table 3.4. Rates for charge transfer formation in coupled-enzyme reactions with different 

oxygen concentration. 

[Oxygen] (µM) k1 (s
-1) k2 (s

-1) k3 (s
-1) 

0 204.6  ±  6.1 3.1  ±  0.2 15.4 ± 1.4 

110 225.3  ±  4.9 7.4  ±  0.3 20.4± 1.5 

330 182.8  ±  4.9 18.4 ±  6.2 14.4± 4.0 

440 185.4  ±  9.6 34.9  ±  4.2 15.0 ± 0.9 
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3.8.4 Kinetics of FMN reduction and charge transfer formation by SsuE in the presence 

of oxygen and octanesulfonate without SsuD  

 Rapid reaction kinetics analyses were performed at 450 and 550 nm in the 

presence of octanesulfonate (250 µM) and/or dioxygen (440 µM) excluding SsuD to 

further investigate whether the changes in rates were due to substrate-bound SsuD or if 

the substrates alone affect SsuE-catalyzed FMN reduction.  The single traces at 450 and 

550 nm with octanesulfonate alone (Figure 3.30A and 3.30B, closed circle, respectively) 

or in the presence of octanesulfonate and dioxygen (Figure 3.30A and 3.30B, open circle, 

respectively) were similar to reaction with SsuE alone.  These results indicated that 

octanesulfonate and dioxygen in the absence of SsuD did not affect the SsuE-catalyzed 

flavin reduction or charge transfer formation as shown in the fully-coupled enzyme 

system.   

         

3.8.5 Kinetics of FMN reduction and charge transfer formation in the presence of SsuD 

and dioxygen or octanesulfonate 

 Rapid reaction kinetic analyses of FMN reduction by SsuE were performed in the 

presence of SsuD and either dioxygen or octanesulfonate to investigate whether SsuD and 

individual substrates may affect the rates of FMN reduction when there is no reaction 

taking place at the SsuD active site.  The effect of dioxygen on the rate of FMN reduction 

and charge transfer formation by SsuE in the presence of SsuD were performed by rapid 

reaction kinetic analyses at 450 and 550 nm, respectively.  The results showed that the 

rates of the reaction at 450 and 550 nm in the presence of dioxygen (440 µM) and SsuD 

(Figure 3.31A and 3.31B, open circle, respectively) were not significantly 
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Figure 3.30. Spectra of FMN reduction and charge transfer formation by SsuE in the 

presence of oxygen and octanesulfonate without SsuD.  
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changed compared to the rates of the reaction with SsuD alone (Figure 3.31A and 3.31B, 

closed circle, respectively).  Other control experiments that were performed without 

oxygen in the solution, in the presence of SsuD with octanesulfonate also resulted in no 

effect on the rates at both 450 and 550 nm compared to SsuD alone (data not shown).  

These results indicated that the alteration in the rates of FMN reduction were affected by 

the binding of both substrates at the SsuD active site.  Taken together, these results 

further confirmed that the alteration of the rate of charge transfer formation by SsuE was 

affected by substrate-bound SsuD, and support a mechanism involving allosteric 

communication between the active sites. 
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Figure 3.31. Spectra of FMN reduction and charge transfer formation by SsuE in the 

presence of SsuD and oxygen, but in the absence of octanesulfonate.   
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CHAPTER FOUR 

DISCUSSION 

 

 

Reduced flavins are utilized by various organisms for a wide range of biological 

processes.  For most flavoproteins the reductive and oxidative half-reactions of the flavin 

occur within the same protein.  Interestingly, the production and utilization of this 

intermediate species in certain microbial systems involve both a reductase and an 

oxygenase enzyme that independently catalyze each half-reaction.  Although the role of 

reduced flavin in redox reactions has been known for some time, the mechanism of 

reduced flavin transfer in two-component enzyme systems is still poorly understood.  

Therefore, understanding the mechanism of reduced flavin transfer is extremely 

important to explore the role of reduced flavin in cellular systems.  Free reduced flavin is 

typically considered unstable under aerobic conditions and is easily oxidized, generating 

hydrogen peroxide [66,94,151].  The hydrogen peroxide generated can be further 

oxidized leading to the production of oxygen radicals that can damage cellular 

macromolecules.  Due to its unique properties, it is important to stabilize the reduced 

flavin from unproductive oxidation.  In most flavoproteins the flavin is a bound prosthetic 

group, and the active site of the protein protects the reduced flavin from further oxidation. 

In systems where the reductive and oxidative half-reactions occur in separate proteins, a 
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possible mechanism of reduced flavin transfer is through protein-protein interactions 

between the reductase and oxygenase components.  A channeling mechanism would 

protect the reduced flavin from futile oxidation before catalysis can occur.   

The focus of these studies was to investigate the role of protein-protein 

interactions between the alkanesulfonate monooxygenase proteins through several 

biophysical approaches.  These include the effects of protein associations on the SsuE-

catalyzed reactions, the mechanism of reduced flavin transfer from the reductase to the 

monooxygenase, and identification of amino acid residues involved in complex 

formation.   

 

4.1 Formation of insoluble proteins in the coexpression of SsuE and SsuD  

 Coexpression of SsuE and SsuD proteins was performed to provide a means to 

detect protein-protein interactions through cross-linking experiments, affinity 

chromatography, and kinetic analyses.  The results showed that His-tagged SsuE and 

SsuD were successfully expressed, however, the two proteins were insoluble (Figure 

3.3A).  In bacteria, overexpression of recombinant proteins in foreign hosts often results 

in the formation of insoluble protein aggregates called inclusion bodies [152].  This may 

be due to protein misfolding which is dependent on several factors such as concentration, 

pH, temperature, ionic strength, and the redox environment [153,154].  There is also 

kinetic competition between the correctly folded and misfolded forms of proteins, which 

may or may not result in the formation of aggregates [153].  The formation of inclusion 

bodies often represents a major obstacle in the expression of proteins.  With proteins that 

are known to form relatively strong protein-protein interactions, coexpression may even 
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prove more problematic.  This can sometimes be overcome by reducing the induction 

time, since the formation of inclusion bodies is also time-dependent [155].  Different 

growth conditions, such as pH and temperature can also be applied during growth and 

induction [156].  Formation of inclusion bodies may also be caused by the production of 

toxic molecules or a high level of protein expression.   

In this study, several bacterial E. coli strains were used as an expression host to 

overcome the insolubility of the coexpressed His-tagged SsuE and SsuD proteins in the 

BL21(DE3) E. coli strain (refer to Table 2.1 in materials and methods).  The E. coli 

(DE3) strain expresses T7 polymerase upon IPTG induction, thus enhancing the 

expression of genes under the T7 promoter.  The pLysS plasmid contains the T7 

lysozyme gene (lysS) encoding the T7 lysozyme protein that binds the T7 RNA 

polymerase and inhibits expression from the T7 promoter.  Thus, it is usually used to 

reduce basal level expression of the gene of interest, and is suitable for expression of 

toxic gene products.  In addition, pLysS contains the p15A origin that allows for 

compatibility with plasmids containing the ColE1 or pMB1 origin (i.e. pUC- or pBR322- 

derived plasmids).  Tuner cells contain a mutation in the lac permease (lacZY) gene.  The 

lac permease (lacY) mutation allows uniform entry of IPTG into all cells in the 

population, which produces a concentration-dependent homogeneous level of induction. 

By adjusting the concentration of IPTG, expression of proteins can be regulated from 

very low to high levels.  Lower level expression may enhance the solubility and activity 

of difficult target proteins.  The origami host strain contains mutations in both the 

thioredoxin reductase (trxB) and glutathione reductase (gor) genes, which greatly 

enhances disulfide bond formation in the cytoplasm.  However, the results still showed 
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that none of the host strains utilized in these studies remedied the formation of inclusion 

bodies (Figure 3.3B).  Despite the difficulties caused by the formation of insoluble 

proteins from this coexpression system, this duel expression system offers an intriguing 

model to explore the molecular basis of misfolded protein-protein interactions [153,157].  

However, further studies need to be performed to identify the cause of the insolubility of 

this coexpression system before it can be used for future work.                    

 

4.2 Detection of protein-protein interactions in the alkanesulfonate monooxygenase 

system  

 Various biophysical methods have been performed to detect the formation of 

protein complexes between SsuE and SsuD.  Both native and His-tagged SsuE or SsuD 

proteins were used for these studies.  Results from affinity chromatography experiments 

showed that the two proteins interact with a relatively strong binding affinity, as the 

proteins were shown to coelute from the column (Figure 3.4B, lane 4).  This result is 

convincing as a large volume of buffer (10 to 20 times the column volume) was used to 

wash the column prior to elution.  The possibility that SsuE and SsuD coelute due to 

nonspecific protein interactions and binding was examined in control experiments.  If 

SsuD was not preloaded on the Ni-NTA column, the SsuE protein eluted from the 

column with a lower concentration of imidazole buffer (125 mM).  In addition, a 

catalytically unrelated protein was unable to interact with SsuD.  This supports the 

argument that the coelution of SsuE and SsuD was due to protein interactions and was 

not caused by protein aggregation or nonspecific interactions of SsuE with the column.  

While the amount of SsuE was not equimolar with SsuD, this would be expected if the 
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protein binding sites on SsuD were inaccessible due to alternative arrangements of SsuD 

on the column. 

Although the two proteins are shown to interact in the absence of substrates, this 

interaction was not caused by any major conformational changes in the secondary 

structure of each protein as indicated by far-UV CD spectroscopy.  Any changes that 

occur due to protein-protein interactions may lead to only minor perturbations in the 

protein structure that would not be translated to overall secondary structural changes.  

Several groups have utilized visible CD spectroscopy to analyze perturbations in the 

flavin environment within the active site [158,159].  The 100-fold greater affinity for 

oxidized flavin to SsuE over SsuD provided an ideal means to analyze changes in the 

FMN-bound SsuE active site upon SsuD binding [78].  While there were no major 

changes in the visible absorbance from 375 to 550 nm, a slight decrease in the negative 

molar ellipticity was observed between 300 and 375 nm with SsuD present.  The change 

was not due to protein aggregation, because bovine serum albumin did not elicit the same 

decrease.  These results suggest that the change in the flavin environment was due to 

specific protein interactions between SsuE and SsuD and not to random aggregations.  

This argument was supported by the data that the flavin environment did not change in 

the presence of SsuD alone (Figure 3.9).  An alteration in the flavin environment would 

be expected if SsuE exists in a more open conformation in the presence of SsuD. 

The decreased molar ellipticity observed by visible CD spectroscopy suggested 

that there was a change in the flavin environment that could be further analyzed by 

fluorescence spectroscopy.  There is an observed decrease in fluorescence upon flavin 

binding to SsuE, which was previously used to determine the Kd for binding of the 
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oxidized flavin to SsuE.  Titration of FMN-bound SsuE with SsuD resulted in an increase 

in fluorescence that reached a saturation point.  Independent filtration experiments 

confirmed that the flavin was still bound to SsuE in the presence of SsuD, and therefore 

the increase in absorbance was not caused by the release of the bound flavin.  The Kd 

value determined from these studies was 0.002 ± 0.001 µM, which indicates a relatively 

strong interaction between these proteins.  Analytical ultracentrifugation studies have 

shown that SsuE is a dimer and SsuD is a tetramer at the concentration used in these 

studies [78].  Therefore, the 1:1 stoichiometric ratio for monomeric binding between 

SsuE and SsuD supports a structural model involving four dimers of SsuE bound to a 

tetramer of SsuD (Figure 4.1).  Isothermal titration calorimetry (ITC) experiments had 

been performed prior to the fluorometric titration experiments to monitor the heat change 

due to protein-protein interactions.  The results from these studies suggest that the heat 

change (∆H) released from titration between SsuE (1 µM) with SsuD (50 µM) was 

relatively low (~ 10 kcal/mol SsuD) and the results were not readily reproducible (Figure 

3.13).  The low enthalpy changes can be explained by the low dissociation constant value 

(0.002 ± 0.001 µM) obtained from fluorometric titration experiments.  This value is much 

lower than the concentration of SsuE and SsuD required for the ITC experiments (µM 

range).  Protein binding would occur rapidly when the high concentration of SsuE was 

titrated by an even higher SsuD concentration.  Thus the binding had already reached 

equilibrium in the early stages of titration.   

The results obtained suggest that static interactions occur between SsuE and SsuD 

and that these interactions may play a role in the transfer of reduced flavin.  The 

existence of protein-protein interactions between SsuE and SsuD supports a mechanism 
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Figure 4.1. Proposed model for protein complex formation between SsuE and SsuD 

proteins. 
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where the flavin is channeled or shared by the two proteins but eliminates the possibility 

of a diffusion mechanism.  Direct reduced flavin transfer through a substrate channeling 

mechanism and the involvement of the active sites of SsuE and SsuD in allosteric 

communication were further investigated through pre-steady state kinetic analyses. 

 

4.3 Amino acid residues involved in protein-protein interactions between SsuE and SsuD 

Our previous studies with affinity chromatography and fluorescent spectroscopy 

have shown that SsuE and SsuD are able to form a stable complex.  The identification of 

SsuE and SsuD interactions were also analyzed with a trifunctional cross-linker.  The 

silver-stained gel showed a protein band at approximately 63 kDa, which correlates with 

monomers of SsuE and SsuD covalently bound with the cross-linker reagent.  In control 

experiments with SsuE or SsuD only, there was no higher molecular mass band observed 

at 63 kDa.  Therefore, the band observed likely corresponds to the SsuE and SsuD 

proteins.  The results from these studies further support the presence of protein 

interactions between SsuE and SsuD and provide an approach to determine the locations 

and identities of specific amino acids involved in protein interactions.  The trifunctional 

cross-linker cannot be used for the identification of amino acids involved in protein-

protein interactions.  The reagent does not link the SsuE and SsuD amino acids involved 

in binding, but separately captures proteins through reactive functional groups following 

complex formation.       

Several cross-linking reagents were used to identify amino acid residues involved 

in protein-protein interactions between SsuE and SsuD.  Two of the cross-linking 

reagents used, BS3 and EGS, are homobifunctional cross-linkers with spacer arm lengths 
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of 11.4 and 16.1 Å, respectively.  Homobifunctional cross-linkers have the same reactive 

functional groups at both end of their arms that react with protein amino groups.  The 

combination of EDC and sulfo-NHS are considered heterobifunctional cross-linking 

reagents with a zero length spacer arm that react with a carboxyl group of the first 

incubated protein and with an amino group of the second protein.  Results from cross-

linking experiments showed that only the combination of EDC and sulfo-NHS was able 

to covalently link SsuE and SsuD (Figure 3.18).  The reaction order was important, since 

the cross-linking product could only be detected when SsuE was first reacted with the 

cross-linking reagents followed by SsuD.  These results indicate that the amino acid 

residues of SsuE involved in protein cross-linking may involve acidic amino acid 

residues (Asp or Glu).  Alternatively, basic amino acid residues of SsuD (Arg, His, or 

Lys) may be involved in protein-protein interactions.  SsuE and SsuD proteins were 

unable to form a complex when SsuD was incubated first with the reagents followed by 

SsuE.  The reactivity of BS3 and EGS with protein amino groups only may explain why 

there was no cross-linked product observed with these reagents.  The fact that only a 

combination of EDC and sulfo-NHS were able to covalently cross-link SsuE and SsuD is 

an interesting result (Figure 3.18 and 3.19).  Usually, the longer the spacer arm of the 

cross-linker, the greater the probability of forming protein complexes.  This also 

increases the non-specific cross-linking between proteins, which is a disadvantage in the 

use of cross-linking reagents [160].  The most reliable information is derived from zero-

length reagents that induce a direct covalent link between cross-linked sites as in the case 

of EDC and sulfo-NHS reagents.  This has been shown by quantitative evaluation of the 

lengths of homobifunctional protein cross-linking reagents [161].  Similar results have 
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been shown by the stearoyl-acyl carrier protein desaturase where the combination of EDC 

and sulfo-NHS cross-linking were able to covalently link the component of the protein 

complexes only in a specific incubation order [162].  Therefore, this result strongly 

suggests that the SsuE and SsuD complex formation occurs between carboxyl groups of 

SsuE and the amino groups of SsuD.        

Despite the low amino acid sequence identity among the flavin reductases, they 

show a notable structural similarity.  The crystal structure of E. coli flavin reductase, Fre, 

showed that the enzyme structure is similar to the structures of the ferredoxin reductase 

family, FNR [163].  Ferredoxin reductase is the prototype of a family of flavin-dependent 

reductases (more than 20 different enzymes) that function as transducers between 

nicotinamide dinucleotides (two-electron carriers) and one-electron carriers [164-168].  

All of the members of the family display a two domain motif, the N-terminal (FAD-

binding) domain and the C-terminal (NADP+-binding) domain [165-168].  A conserved 

RXXS sequence motif found in the Fre and FNR proteins is believed to be involved in 

flavin binding [164].  Two Gly residues located in the NAD(P)H binding site are 

conserved among the FNR family [163,164].  In addition, there are highly conserved 

regions within this family of enzymes that may be involved in substrate binding or 

protein interactions with the monooxygenase component although the latter has not been 

well established.  Most flavin reductase superfamily members have a carboxylate side 

chain close to the edge of the isoalloxazine ring where the methyl groups are located 

[163].  In FNR, a catalytically important serine residue is hydrogen bonded to the 

carboxylate of a glutamate residue (Glu312 in spinach FNR and Glu301 in Anabaena 

FNR) [164].  Further studies indicated that substitution of this residue with alanine 
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resulted in a significant decrease in the observed electron-transfer rate between FNR and 

its substrates [169].  In FNR, this residue is exposed to the solvent and has been proposed 

to be catalytically involved in proton transfer coupled to electron transfer during 

catalysis.  In Fre, the structurally homologous aspartate points in the direction of Ser49 

and is close to one edge of the isoalloxazine ring [163].  To date, very limited structural 

information is known for SsuE.  However, there are highly conserved regions found in 

Fre and FNR that are also found in SsuE.          

 In the case of SsuD, the reaction of its amino group with the amino reactive NHS 

ester of the cross-linker can be explained by exploring the three-dimensional structure of 

this protein.  SsuD contains approximately 10% positively charged amino group residues 

and many of them are on the surface of SsuD adjacent to the putative active site.  For 

example, an Arg297 residue is protruding on the enzyme surface flanking the flavin 

binding pocket (Figure 1.14A and 1.14B).  Interestingly, this residue is highly conserved 

in all two-component monooxygenase enzymes [37,81,85,86].  In the p-

hydroxyphenylacetate hydroxylase (HPAH) from Acinetobacter baumannii, Arg263 is 

believed to be involved in substrate binding [170].  Structural comparison of the HPAH 

in the presence and absence of reduced flavin and p-hydroxyphenylacetate (HPA), 

suggested that admission of HPA into the active site likely involves movement of the 

Arg263 side chain that directly interacts with the carboxylate group of HPA and act as a 

gate to the active site [170].  However, mutation analyses for the Arg263 of the HPAH 

have not been carried out.  Amino acid substitutions of Arg297 of SsuD have been 

generated and are currently being analyzed to determine the role of this residue in protein 

interactions and flavin transfer.      
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The positive results obtained from cross-linking experiments were examined by 

MALDI-TOF MS to identify which amino acid residues were responsible for protein 

cross-linking.  Unfortunately, the MALDI-TOF MS experiments failed to identify the 

amino acid residues involved in cross-linking.  Both the undigested and digested cross-

linking products were unable to be detected by this method.  This might be due to the low 

amount of protein complex produced in the cross-linking experiments.  The low amount 

of protein complex might be due to the instability of SsuE in the cross-linker activation 

buffer.  In the experiment, the EDC and sulfo-NHS cross-linker are activated in a buffer 

solution at pH 6.0.  Under these conditions, the SsuE protein was shown to precipitate 

during the course of the incubation.  One way to overcome this obstacle is by using a 

cross-linking reagent that works similarly as EDC and sulfo-NHS that can be activated in 

a buffer solution with a higher pH to maintain the structural integrity of SsuE (~pH 7.5).  

Further studies are being performed to identify the role of specific amino acid residues 

that may be involved in protein-protein interactions.   

 

4.4 The importance of protein-protein interactions for efficient flavin reduction and 

reduced flavin transfer 

 Previous results have shown that SsuE and SsuD proteins were able to form stable 

protein-protein interactions.  Pre-steady state kinetic analyses utilizing stopped-flow 

spectroscopy were performed to investigate the effects of protein-protein interactions on 

SsuE-catalyzed reactions at 450 and 550 nm.  The absorbance at 450 nm monitors flavin 

reduction, while the absorbance at 550 nm monitors charge transfer formation.  A change 

in the rate for SsuE-catalyzed flavin reduction or charge transfer formation in the 
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presence of SsuD and/or its biological substrates, dioxygen and octanesulfonate, would 

indicate that protein-protein interactions affect the SsuE-catalyzed reaction.  Results from 

single-wavelength studies at 450 nm showed that the rate of the third phase (k3) increased 

200-fold in the presence of SsuD compared to FMN reduction by SsuE alone while the 

rates for the first and second phase remain unaffected.  The third phase was previously 

shown to represent the release of FMNH2 or the binding of FMNH2 by SsuD.  This result 

is consistent with previous studies which showed that SsuD has a relatively strong 

binding affinity towards FMNH2 [171].  These results also suggest that when SsuD is 

present the FMNH2 is efficiently transferred to SsuD following flavin reduction by SsuE.  

In the absence of SsuD, FMNH2 is released into the solution at a slower rate, and reacts 

with dioxygen under aerobic conditions generating reactive oxygen species.  Thus, the 

overall reaction of FMN reduction has become less effective.  These results support 

previous observations that protein-protein interactions are essential for efficient transfer 

and protection of FMNH2 from autoxidation by dioxygen.  Results from rapid reaction 

kinetic analyses at 550 nm showed that the presence of SsuD alone did not alter the 

formation of the charge-transfer complex.  The charge-transfer complex has been 

observed in several flavin reductases such as Fre, a general flavin reductase from E. coli, 

phthalate dioxygenase reductase from Pseudomonas cepacia, and flavin reductase ActVB 

from Streptomyces coelicolor [160,172,173].     

The effect of SsuD and its substrates on flavin reduction and charge transfer 

formation by SsuE was also investigated.  Results from rapid reaction kinetic analyses 

showed that flavin reduction and charge transfer formation were affected in the presence 

of SsuD and substrates (Figure 3.29A and 3.29B).  It was shown that the rate (k2) for 
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charge transfer formation (CT-2) increased 10-fold.  The increased rate of CT-2 only 

when SsuD, dioxygen and octanesulfonate are present indicates that the SsuE-catalyzed 

charge transfer formation is affected by the binding of dioxygen and octanesulfonate to 

SsuD.  This suggests that the binding of dioxygen and octanesulfonate to SsuD may 

result in a conformational change that affects SsuE-catalyzed charge transfer formation.  

Similar experiments at 450 nm also showed a two-fold rate increase in k2, which 

correlates with the observed increase in k2 at 550 nm.  Interestingly, data analyses have 

shown that the third phase at 450 nm cannot be detected under these reaction conditions.  

The absence of a third phase at 450 nm further suggests that FMNH2 is rapidly 

transferred to the SsuD active site in the fully coupled-system.  In the coupled-enzyme 

system the FMNH2 may be directly channeled to the SsuD active site eliminating the 

binding or release step.  Alternatively, the flavin may be bound by both enzymes 

eliminating the binding step between FMNH2 and SsuD.  The altered kinetic properties of 

the SsuE-catalyzed reaction between the single and coupled-enzyme reaction may imply 

that in the coupled-enzyme system, the formation of a molecular channel between SsuE 

and SsuD eliminates the release step.  This allows the FMNH2 to be efficiently 

transferred and utilized for the desulfonation reaction of octanesulfonate by SsuD.   

The mechanism for the substrate binding order in the SsuE-catalyzed reaction has 

been previously determined at 550 nm (Figure 4.2) [150].  Michaelis complex formation 

between NADPH, FMN, and SsuE (MC-1) occurs very rapidly before the first detectable 

step.  The initial phase (k1) represents the interaction of NADPH with FMN (CT-1) at 550 

nm, and corresponds to the first phase (k1) of flavin reduction at 450 nm.  The second 

phase (k2) at 550 nm represents the formation of a charge-transfer complex between 
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 Figure 4.2. Charge-transfer complex of FMNH2 and NADP+ [150]. 
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FMNH2 with NADP+ (CT-2).  The formation of CT-2 was suggested to be the rate-

determining step for flavin reduction by SsuE [150].  This corresponds to the actual 

flavin reduction step (k2) at 450 nm.  The third phase (k3) at 550 nm represents a decay of 

the charge-transfer complex, and corresponds to the third phase (k3) at 450 nm 

representing complete flavin reduction or the release of the FMNH2 product. 

Control experiments were performed to analyze whether changes in the rates of 

the SsuE-catalyzed reaction were due to the interaction of SsuD-bound substrates or the 

presence of the substrates only. It was previously reported that in p-hydroxyphenylacetate 

hydroxylase (HPAH) from Acinetobacter baumannii the kinetic of flavin reduction of the 

reductase is altered from two phases to one phase in the presence of p-

hydroxyphenylacetate, the substrate for the oxygenase component [174].  This suggests 

that the substrate for the oxygenase alone affects the flavin reduction by the flavin 

reductase.  Rapid reaction kinetic analyses were conducted in the presence of 

octanesulfonate but in the absence of SsuD to determine if octanesulfonate alone leads to 

the previously observed rate changes in flavin reduction by SsuE as shown in fully-

coupled enzyme.  The results showed that there were no notable rate changes in flavin 

reduction or charge transfer formation compared to the rates of flavin reduction or charge 

transfer formation by SsuE alone.  Experiments were also performed in the presence of 

octanesulfonate and dioxygen but in the absence of SsuD to determine if both SsuD 

substrates would affect flavin reduction or charge transfer formation.  The results showed 

that the SsuE-catalyzed reaction is not affected by the presence of octanesulfonate and 

dioxygen.  Alternative experiments were also performed with SsuD and dioxygen in the 

absence of octanesulfonate or in the presence of SsuD and octanesulfonate without 
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dioxygen.  The results showed that in both experiments, the rates of flavin reduction and 

charge transfer formation were not altered compared to the rates of flavin reduction or 

charge transfer formation by SsuE in the presence of SsuD alone.  These results indicated 

that octanesulfonate and/or dioxygen in the absence of SsuD or the presence of SsuD in 

the absence of one of substrates did not affect the overall SsuE-catalyzed reaction as 

observed in fully-coupled enzyme system. 

The rate increase in the second phase in the fully coupled-enzyme system 

suggests that the binding of dioxygen and octanesulfonate to SsuD affects the SsuE-

catalyzed reaction.  This binding may modulate flavin reduction at the SsuE active site 

through allosteric communication triggering the activation of the SsuE-catalyzed 

reaction.  Previous results have shown that in the absence of reduced flavin, 

octanesulfonate alone is unable to bind to SsuD [171].  Interestingly, results from these 

studies show that the presence of SsuD, dioxygen, and octanesulfonate affect the SsuE-

catalyzed flavin reduction.  This suggests that in the presence of SsuE, dioxygen and 

octanesulfonate are able to bind to SsuD in the absence of reduced flavin.  The binding of 

dioxygen and octanesulfonate may result in a conformational change that is transmitted to 

the active site of SsuE triggering flavin reduction.  In the presence of dioxygen and 

octanesulfonate, the conformational change may lead to a more open conformation of the 

SsuD active site so it can readily accept reduced flavin from SsuE.  Previous results have 

shown that in the presence of reduced flavin, the binding of substrates to SsuD results in 

a conformational change [171].   

 The rapid reaction kinetic results support the steady-state kinetic findings that the 

catalytic mechanism of SsuE is altered in the presence of SsuD [78].  A change in the 
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catalytic mechanism between a single enzyme and an enzyme-coupled reaction is often 

an indicator of protein channeling and allosteric communication [105].  The SsuD 

enzyme expressed in crude cell lysate is able to accept reduced flavins from other flavin 

reductases in addition to SsuE under normal cellular conditions suggesting that there is 

no specificity for flavin transfer between SsuE and SsuD [37].  However, it is not known 

if other flavin reductases are expressed to any significant level under sulfur starvation 

conditions.  The SsuE and SsuD proteins are expressed under the control of the same 

operon during sulfur starvation providing SsuD with direct access to reduced flavin.  

Alternatively, the ability of monooxygenase enzymes from two-component systems to 

accept reduced flavin from oxidoreductases associated with other systems could suggest a 

common binding motif unique to this family of enzymes.  Steady-state kinetic studies and 

fluorescence spectroscopy have also provided evidence for protein interactions between 

FMN reductase and bacterial luciferase from Vibrio harveyi [65].  The flavin reductases 

specific for bacterial luciferase show little amino acid sequence identity with SsuE.  

However, bacterial luciferase and SsuD show very similar overall structures even though 

they only possess 15% amino acid identity.  Further analysis has shown that many of the 

conserved residues located in the active site of bacterial luciferase are also found in the 

putative active site of SsuD [85].  The conserved structural motif of these proteins may 

suggest that they share a common mechanism for flavin transfer between the reductase 

and oxygenase components.   

Similar results supporting a substrate channeling mechanism and allosteric 

communication is found in tryptophan synthase from Salmonella enterica serovar 

typhimurium, where the metabolic intermediate (indole) is channeled from the active site 
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of the α subunit to the active site of the β subunit [140,175-177).  The transfer of the 

indole intermediate is highly efficient such that the indole cannot be observed in a single 

enzyme turnover of the αβ reaction.  The reaction of serine with pyridoxal 5′-phosphate 

at the β site modulates the formation of indole at the α site or in the tunnel [178,179].  

Allosteric communication and substrate channeling has also been well characterized in 

carbamoyl phosphate synthetase (CPS), a protein with three distinct active sites [144,180-

183].  The nucleotide binding site within the N-terminal half of the large subunit is 

required for the phosphorylation of bicarbonate and formation of carbamate. The 

nucleotide binding site within the C-terminal domain of the large subunit catalyzes the 

phosphorylation of carbamate to the final product, carbamoyl phosphate.  The ammonia 

produced within the active site of the small subunit is the substrate for reaction with the 

carboxy phosphate intermediate that is formed in the active site found within the N-

terminal half of the large subunit of CPS.  The formation of a molecular channel in this 

enzyme had been observed as an escape route for the ammonia intermediate.  Here, 

ammonia is not released until carboxy phosphate is ready to form carbamate.  Rapid-

quench experiments indicated that during the synthesis of carbamoyl phosphate, the 

formation of carboxy phosphate triggers a conformational change that is transmitted to 

the small subunit where the hydrolysis of glutamine is stimulated [144,148].  The 

enhanced rate of ATPase in the presence of glutamine reflects the faster rate of attack on 

the carboxyl phosphate by the ammonia intermediate relative to water.  [180].     

Substrate channeling has become a recognized concept to explain the direct 

transfer of metabolites between sequential enzymes that often requires structural 

organization of the enzymes involved in the reactions [65,141,175,184,185].  Such 
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organization depends on the stability of protein-protein interactions.  The association of 

enzymes may be substrate induced leading to a conformational change in the interacting 

enzymes.  There are at least two different mechanisms where the intermediate can be 

transferred in metabolite channeling [181,186-189].  First, the intermediates can be 

covalently linked to a swinging arm and then gated via a tunnel through the interior of the 

acceptor protein.  Second, a favorable electrostatic field between the adjacent active sites 

can be used to constrain the intermediate within the channeling path along the surface of 

the proteins.  The structural analysis of the protein associations assembling the 

channeling complex requires detailed structural studies of the protein partners.  The 

information obtained from these studies can be further utilized to observe any 

organizational changes of the protein complex.  

    As mentioned, the formation of a molecular channel has certain physiological 

advantages for cellular systems, including the protection of unstable intermediates from 

the solvent or breakdown due to side reactions during transfer [185].  It has been 

established that reduced flavin is a very reactive intermediate and is easily oxidized in the 

presence of molecular oxygen, generating species toxic to the cells.  There are advantages 

for substrate channeling that are relevant to the properties of reduced flavin, including the 

protection of a reactive intermediate from the solvent, preventing the generation of toxic 

molecules such as hydrogen peroxide, oxygen or hydroxyl radical, and the improvement 

of catalytic efficiency [140,141,146,185].  In this study, the metabolite channeling 

mechanism for FMNH2 from SsuE to SsuD enzymes is supported through rapid reaction 

kinetic analyses.  The transfer of FMNH2 is highly efficient such that the rate for this step 

cannot be detected in a single enzyme turnover reaction.  In addition, the rapid reaction 
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kinetic studies also indicate that SsuE and SsuD showed an allosteric communication 

through the active sites of the proteins.                  

 

4.5 Conclusion 

 An increasing number of two-component flavin-dependent enzyme systems have 

been identified in bacterial species.  Therefore, understanding the mechanism of reduced 

flavin transfer is extremely important.   However, the principle governing the mechanism 

of reduced flavin transfer from the flavin reductase to the monooxygenase has not been 

well established.  In this study, the mechanism of reduced flavin transfer in the 

alkanesulfonate monooxygenase was investigated through several approaches.  The 

identification of stable protein-protein interactions was initially analyzed in these studies. 

The results from affinity chromatography and cross-linking experiments support the 

formation of a stable complex between the FMN reductase (SsuE) and monooxygenase 

(SsuD).  Interactions between the two proteins do not lead to overall conformational 

changes in protein structure, as indicated by the results from circular dichroism 

spectroscopy in the far-UV region. However, subtle changes in the flavin environment of 

FMN-bound SsuE that occur in the presence of SsuD were identified by circular 

dichroism spectroscopy in the visible region. These data are supported by the results from 

fluorescent spectroscopy experiments, where a dissociation constant of 0.002 µM ± 0.001 

µM was obtained for the binding of SsuE to SsuD. Based on these studies, the 

stoichiometry for protein-protein interactions is proposed to involve a 1:1 monomeric 

association of SsuE with SsuD. [103].  Further studies were performed to determine if 

protein-protein interactions are essential for efficient reduced flavin transfer through 
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substrate channeling and allosteric communication.  Results from rapid reaction kinetic 

analyses have shown that the SsuE-catalyzed reaction is affected by the binding of 

dioxygen and octanesulfonate to SsuD, providing additional evidence that the active sites 

of SsuE and SsuD enzymes are involved in allosteric communication.  In coupled-

enzyme system, the rate of SsuE-catalyzed FMN reduction at 450 nm changed from a 

triple to a double exponential due to rapid reduced flavin transfer to SsuD, and the rate of 

charge transfer formation (CT-2) at 550 nm increased 10-fold.  In summary, the results 

from these studies have shown that protein-protein interactions between SsuE and SsuD 

occur and such interactions are essential for direct reduced flavin transfer.  Furthermore, 

the active sites of SsuE and SsuD proteins are involved in allosteric communication 

which alters the mechanism of flavin reduction.  

The alkanesulfonate monooxygenase system is an excellent model to study the 

mechanism of reduced flavin transfer due to the unique characteristics and function of 

this enzyme system.  First, this enzyme system utilizes flavin as a cosubstrate rather than 

a tightly bound prosthetic group.  Second, the enzyme system is composed of two distinct 

proteins that are cooperatively involved in a consecutive reaction that makes this enzyme 

system ideal model to study allosteric communication between the two active sites.  

Third, the mechanism of C-S bond cleavage of organosulfur compounds for sulfur 

assimilation is distinct from the C-S bond cleavage of organosulfur for utilization of 

carbon as energy sources in bacteria.  Overall, the fact that this enzyme system is 

synthesized only during sulfur starvation indicates that the enzyme system has a novel 

mechanism and function.     
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