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Abstract 
 

 

Catalase-peroxidases (KatGs) are heme-dependent enzymes that use a single active site 

to perform two activities by protein-based radical dependent mechanisms. As a catalase, in 

its first step, it reduces H2O2 to water and the ferric enzyme is converted to a high valent 

ferryl-porphyrin  ́ cation radical intermediate, compound I (i.e., Fe
IV

=O[porphyrin]
Å+

). 

Thereafter, compound I is proposed to undergo an intramolecular electron transfer where the 

porphyrin radical is reduced by a unique methionine tyrosine tryptophan (MYW) adduct 

cofactor to form compound I* (i.e., Fe
IV

=O[MYW]
Å+

). Compound I* then reacts with a 

second equivalent of H2O2 producing an oxyperoxidase or compound III-like species referred 

to as a compound III* (i.e., Fe
II I

-O2
Å-
[MYW]

Å+
). Finally, another intramolecular electron 

transfer from the Fe
II I

-O2
Å-
 heme to the MYW adduct radical occurs forming the ferric heme, 

O2, H2O and a closed shell MYW adduct. In contrast, for the peroxidase cycle, upon the 

formation of compound I, the enzyme is reduced in two sequential one electron steps by 

exogenous electron donors, first to form a ferryl intermediate known as compound II (i.e., 

Fe
IV

=O) and then to the ferric enzyme, generating two equivalents of donor radical. For the 

nearly 30 years since its initial discovery, the nature of the interplay between these two 

activities in KatG has not been understood. All evidence including the pH-dependence of its 

two activities and the properties of site specific variants has suggested mutual antagonism 

between both activities. However, our lab recently observed stimulation of KatG catalase 

activity by peroxidatic electron donors at conditions that coincide with host-defense 
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mechanisms like the neutrophil oxidative burst (i.e., pH 5.0, large [H2O2]). Hence, evidence 

is also accumulating that KatG uses a peroxidase scaffold, a unique Met-Tyr-Trp covalent 

adduct, and even assistance from peroxidatic electron donors (PxEDs) to perform its 

dominant catalase activity. The synergistic effect expands the conditions for KatG as an 

efficient catalase. This is especially useful for plant and animal pathogens which encounter 

enormous amounts of H2O2 produced by the immune responses of their hosts. This is 

particularly important for Mycobacterium tuberculosis, a known intracellular pathogen most 

abundant in host neutrophils and macrophages. To this hostile environment, M. tuberculosis 

brings KatG as its only catalase active enzyme. 

The purpose of this dissertation is to elucidate the role of PxEDs in this novel 

mechanism of H2O2 decomposition by KatG. We have observed that the return of KatG ferric 

state at the conclusion of H2O2 consumption is not catalytically competent to account for the 

rate of catalatic H2O2 decomposition. These data suggested that catalase inactive 

intermediates accumulated during turnover. We hypothesized inactive intermediates might 

accumulate because of off-pathway protein oxidation events and PxEDs prevent the 

accumulation of these inactive enzyme forms. We also hypothesized that the proximal 

tryptophan (W321 in M. tuberculosis KatG) was a prominent conduit for off-pathway 

electron transfer. In order to evaluate these hypotheses, we produced the W321F KatG 

variant to make this site unoxidizable and compared its properties with wild-type KatG. At 

neutral pH where catalase activity is optimal, the catalase activity of KatG and its W321F 

variant are nearly identical. At lower pH where the stimulatory effect of PxEDs is maximal 

(pH 5.0), the unassisted catalase activity of W321F exceeded that of the wild-type enzyme. 

By stopped-flow, both proteins showed identical initial rates of H2O2 decomposition, and 
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compound III-like species (i.e., Fe
II I

-O2
Å-
) dominated the heme spectrum at these early 

reaction times. As turnover progressed, wild-type KatG more rapidly lost activity than 

W321F and transitioned to a mixture of heme states at the conclusion of H2O2 consumption.  

Conversely, W321F sustained higher rates of H2O2 consumption and transitioned to a 

compound I-like species (i.e., Fe
IV

=O [porphyrin]
Å+

) at the time H2O2 consumption ceased. 

Thereafter, the W321F KatG ferric state returned an order of magnitude more rapidly than 

the wild-type enzyme. PxEDs stimulated catalatic H2O2 consumption by both proteins as well 

as the return of the ferric state after H2O2 depletion. However, the effect was more 

pronounced in both respects for wild-type than W321F KatG. 

Samples of both proteins freeze-quenched 10 ms after reaction with H2O2 produced a 

narrow-doublet radical species as detected by electron paramagnetic resonance (EPR) 

spectroscopy. This signal is consistent with a radical centered on the MYW covalent adduct 

of KatG. Reactions of wild-type KatG quenched at the time H2O2 consumption ceased (6 s), 

produced a singlet EPR spectrum with clear evidence of exchange-coupling due most likely 

to the heme center. This is consistent with a radical centered on the proximal tryptophan. At 

1 and 5 min after H2O2 depletion, protein-based singlet radical species were still detected, 

albeit at lesser intensity and with much diminished exchange-coupling. These data are 

indicative of radical migration away from the KatG active site with time. Although W321F 

KatG showed a protein radical signal at the time of H2O2 deletion (1.6 s), no exchange-

coupling was evident. In addition, the intensity and persistence of radical species at all 

subsequent reaction times were substantially diminished compared to the wild-type enzyme. 

Inclusion of PxED in reactions of wild-type and W321F KatG with H2O2 produced only the 
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narrow-doublet signal corresponding to the MYW adduct radical detected at 10 ms. Little or 

no protein-based radical was observed at H2O2 depletion or any time thereafter. All these data 

supported our hypotheses that PxEDs stimulate KatG catalase activity by rescuing inactive 

intermediates that result from off-pathway protein oxidation events starting with oxidation of 

the proximal tryptophan. 

The pH-dependence of the stimulatory effect of PxEDs is striking not only because of 

the physiological implications of a low-pH catalase activity, but also because of known 

structural adjustments in KatG that are also pH-dependent. Without a PxED, KatG shows 

poor catalase activity at pH 5.0. This is attributed at least in part to the position of the 

enzymeôs so-called arginine switch (R418 in M. tuberculosis KatG). At pH 8.5, the R418 

guanidinium side chain is oriented toward the phenolate oxygen of the MYW adduct, and at 

pH 4.5, it is oriented to the proteinôs solvent accessible surface. At pH 6.5, there are equal 

populations of both conformational states and this corresponds to KatGs optimum unassisted 

catalase activity.  

To investigate the participation of R418 in the mechanism of PxED-stimulated catalase 

activity, we evaluated R418K and R418A KatG. In most respects, R418K was 

indistinguishable from wild-type KatG. In contrast, R418A KatG showed a diminished 

kcat/KM (7.4 × 10 
3
 M

-1
s

-1
) for catalase activity at pH 7.0. Activity increased appreciably at pH 

5.0 with a kcat/KM of 5.2 × 10 
5
 M

-1
s

-1
. PxEDs were able to stimulate R418A KatG to an 

extent similar to wild-type KatG, albeit with much more PxEDs required for its catalase 

restoration. Similarly, R418A KatG produced more PxED radicals to H2O2 consumed also 

supports its need for more PxED for its rescue mechanism. By rapid-freeze quench EPR, 

R418A KatG produced a MYW narrow-doublet radical at 10 ms after its reaction with H2O2. 
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Over time at its point of H2O2 depletion (i.e., 20 s), R418A transitioned to an exchange-

coupled proximal tryptophanyl radical. More so, remote protein-based radicals persisted 

throughout turnover even at later times of its reaction with H2O2. The less broad and less 

intense radicals observed are consistent with radical migration from the active site. When 

PxEDs were included in the reactions, R418A only formed the narrow-doublet radical at 10 

ms. Strikingly, the intensity of the narrow-doublet radical produced by R418A KatG when 

PxED was added was two-fold greater than that seen for either wild-type or W321F KatG. 

This suggested that R418A KatG recycle more non-MYW adduct radicals back to the active 

MYW adduct radical. As with wild-type KatG and W321F KatG, little or no other radical 

was detected at the point of H2O2 depletion and thereafter. All these data suggest that R418 

influences KatG activity, inactivation, and restoration mechanisms. 

In conclusion, at early reaction times corresponding to the most rapid rates of H2O2 

decomposition, all KatG proteins formed a putative Fe
II I

-O2
Å-
[MYW]

Å+
species. Wild-type 

KatG and R418A KatG transitioned to an exchange-coupled proximal tryptophanyl radical 

intermediate (Fe
IV

=O [W321
Å+

]) at their points of H2O2 depletion. This species slowly reverts 

to the KatG ferric resting state. In contrast, W321F formed an uncoupled radical which 

rapidly returns to its ferric state. These data suggest that KatG proximal tryptophan is the 

first residue that gets oxidized for KatG inactivation. PxEDs reduce all non-MYW radicals 

but leave the MYW adduct radical untouched thereby stimulating KatG catalase activity. We 

propose that PxEDs restores catalase active states simultaneous with optimizing catalatic 

H2O2 degradation. This thesis enlightens us on KatG intramolecular electron transfer and 

protein-based radicals which relates the enzymes catalase and peroxidase mechanisms of 
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H2O2 detoxification. As such, we also propose that the proximal tryptophan facilitates the 

mutual synergism of both the catalase and peroxidase activities of KatG. Until the present 

time, the identity and role of KatG physiological electron donor has been a conundrum in the 

field. The synergism observed in this dissertation may provide some insights into the 

characteristics of the unknown physiological electron donor. This will carry important 

ramifications for those organisms which utilize KatG to detoxify the threat posed by H2O2, 

most importantly for organisms like M. tuberculosis whose only catalase active enzyme is 

KatG. 
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Chapter One: Literature Review 

 

1.1. Oxygen and its Toxicity 

 

Oxygen (O2) can be viewed as a ódouble-edged swordô [1-4]. The versatility of O2 as 

both a terminal electron acceptor and an oxidant allows for the generation of enormous 

amounts of energy in the form of ATP captured by oxidative phosphorylation from the 

oxidation of nutrient carbon to carbon dioxide.  Molecular oxygen, with a triplet (i.e., 
3
O2) 

ground state, is relatively unreactive towards most biological molecules because they are 

singlet in their ground states. The kinetic barrier presented by this spin restriction can be 

overcome in multiple ways. First, triplet O2 can be excited to one of two singlet states (i.e., 

singlet 
1
O2) by the reversal of the spin of one electron (Fig. 1.1 A) [1, 5]. Second, redox 

active transition metals can facilitate electron transfer from singlet biological molecules to 

O2 to generate superoxide (O2
Å-
), hydrogen peroxide (H2O2), hydroxyl (OH

Å
) radicals, and/or 

H2O. This is because redox-active transition metals are capable of accommodating multiple 

oxidation and spin states. Therefore, it should not be a surprise that these metals (especially 

Fe) appear throughout processes connected to O2.  

Despite the use of transition metals to circumvent the spin restriction presented by O2, 

the uncontrolled consequences of this interaction are formidable. As such, there are 

specialized systems in place at all times that are designed to control the interaction between 

transition metals and O2. These systems are present at the points of transition metal transport 

and storage, oxygen transport and storage and at any place where the redox properties of 

transition metals are required. Whether generated from initial production of singlet O2 or by  
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Figure 1.1. Molecular orbital diagram for triplet ground state of O2, and its two excited 

singlet states (A). The four electron-reduction of molecular O2 to water with standard (pH 7) 

reduction potentials for each one-electron step are indicated (B). 
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transition metal-catalyzed processes, partially reduced oxygen species (O2
Å-
, H2O2, and OH

Å
) 

along with related derivatives (peroxyl and alkoxyl radicals) are termed reactive oxygen 

species (ROS) because of their capacity to react rapidly and indiscriminantly to achieve full 

reduction to water (Fig. 1.1 B) [1]. The collateral consequences of these reactions are 

observed by the modification of biomolecules of all types. 

1.2. ROS: Sources, Biomolecular Alteration, and Mechanisms of Detoxification 

All organisms that live in aerobic environments (whether or not they themselves use 

O2) must confront the problem of ROS to one extent or another. The use of O2 as a terminal 

electron acceptor in oxidative phosphorylation produces numerous opportunities for 

premature and incomplete O2 reduction.  Although ROS are used to some extent in signaling 

and regulation, especially of cellular redox status and redox processes, their accumulation 

holds damaging consequences for every class of biological molecule [1, 6]. Indeed, it 

appears that nature has taken note of the toxicity of ROS. Higher eukaryotes in particular 

rely on ROS for antimicrobial defenses. The oxidative burst of neutrophils is an example of 

this phenomenon [7]. The effect of ROS depends on both their identity and their relative 

concentrations. The following section will focus on different types of ROS, their origin, 

effects on biological systems, and how they can be detoxified. 

1.2.1. Superoxide (O2
Å-
) 

Superoxide (O2
Å-
) is the primary gateway for the generation of most if not all other 

ROS, and it is formed from the single electron reduction of O2 (Fig. 1.1 B). There are 

numerous sources for the endogenous formation of O2
Å-
, but perhaps the largest contributor 

is mitochondrial or aerobic prokaryotic respiration. During cellular respiration, electron 

carriers like fully reduced flavins, flavin semiquinone radicals (Fig. 1.2), and transition 
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metal complexes of the electron transport chain occasionally reduce O2 to form O2
Å-

. This 

circumvents the full four-electron reduction of O2 at the cytochrome oxidase Cu/heme a3 

reaction center [1, 6, 8, 9].  

Flavin (FAD or FMN)-dependent proteins are ubiquitous in metabolism. The flavins 

can accommodate a number of intermediate/redox states (Fig. 1.2). Most commonly, the 

fully oxidized states (FAD or FMN) can be reduced by a single electron to yield the 

flavosemiquinone radical. A second one-electron reduction produces the fully reduced 

(FADH2 or FMNH2) states. Reduced flavins react rapidly with O2 to form an initial flavin 

peroxyl radical capable of a variety of chemical transformations, not the least of which is the 

formation of O2
Å-
 (Fig. 1.2) [8, 10].  

Superoxide has consistently been observed to originate from the respiratory chain at 

complexes I and III. The most abundant source of O2
Å-
 is O2 reduction by complex I FMNH2 

(or FMN
Å-
) rather than electron transfer to the appropriate Fe/S cluster [6, 8, 10, 11].  

Another common source of O2
Å-
 comes from the reduction of O2 by the ubiquinone 

semiquinone radical at complex III [10]. 

 Photosystems I and II (i.e., PSI and PSII) located in the thylakoid membrane are also 

known for their contribution in the generation of O2
Å-
 in plants, cyanobacteria, and algae 

during photosynthesis [12-14]. For example, in PSI the transfer of electrons from 

plastocyanin to ferredoxin also produces O2
Å-
. More so, the incomplete oxidation of water 

may result to the ñleakingò of electrons from PSI which may subsequently react with O2 to 

form O2
Å- 

[12]. Further, in PSII the excited energy transferred from chlorophyll P700 

electron donor to its electron acceptors can also result in the formation of singlet 
1
O2 [13].  

Superoxide readily oxidizes Fe/S clusters, and therefore has the ability to interfere with  
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Figure 1.2. Flavoproteins contribution in the generation of ROS. Autoxidation of FADH2 in 

flavoproteins [15].  
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a wide range of metabolic pathways [16, 17]. The Fe is readily detached from the cluster 

during Fe/S cluster inactivation, a process that occurs very rapidly with rate constants of 

10
6
-10

7
 M

-1
s

-1
 [18]. Interestingly, the release of iron in this manner has the capacity to 

induce further destruction as uncontrolled Fe is able to catalyze the generation of additional 

ROS. Further, O2
Å-
 also inactivates catalase and glutathione peroxidase, and as such has the 

ability to interfere with subsequent steps in ROS detoxification. 

There are two consequences of superoxide-based production and damage. One is that 

some organisms capitalize on the destructive nature of ROS to build defensive responses 

against hostile invaders. The second is that there are enzymatic defensive systems to prevent 

the accumulation of O2
Å-
. The former occurs in the context of the host-defense pathogen 

interaction. One of the efficient modes of defense against invading microorganisms is the 

rapid release of ROS (especially O2
Å-
) from various cell types during respiratory burst. The 

ROS are crucial weapons for the host. Membrane-bound NADPH oxidase is used by 

neutrophils and macrophages to generate copious amounts of O2
Å-
  [19]. Also, the primary 

source of ROS in NADPH oxidase is predominantly expressed in phagocytes. The ROS 

generated in this manner is strictly controlled to prevent further damage to neighboring 

tissues [7]. The superoxide formed is converted enzymatically to H2O2 by superoxide 

dismutase. The H2O2 produced in this manner plays an integral role in killing invading 

pathogens. First, it can participate directly in the oxidation of pathogen DNA, lipids and 

proteins [20]. More than this, H2O2 is used by myeloperoxidase to generate HOCl, a potent 

bactericidal agent. These systems are not without their consequences. Indeed, the ROS and 

other reactive species derived from phagocytes have recently been shown to be involved in 

the development of numerous chronic conditions connected to chronic inflammation, 
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including many cancers, coronary artery diseases, and diabetes [21]. 

Superoxide once formed can only proceed to form other ROS. More importantly, these 

are potentially more destructive ROS like H2O2 and 
Å
OH. Not surprisingly, these are often 

iron (or other redox transition metal)-catalyzed reactions. An example is the Fe-catalyzed 

Haber-Weiss reaction (Eqn. 1.1). 

                   (1.1) 

 

 

In terms of defenses against O2
Å-
 based molecular damage, McCord and Fridovich first 

isolated a blue Cu-containing protein (erythrocuperin) from bovine erythrocytes with the 

ability to scavenge O2
Å-
  [22]. The O2

Å-
 scavenging enzymes, later called superoxide 

dismutases (SODs), are all metalloenzymes and they are produced by all aerobic organisms. 

They catalyze O2
Å-
 disproportionation to form H2O2 and O2. The rate constant for the 

uncatalyzed O2
Å-
 dismutation is optimal at a pH of 4.5 (2 x 10 

7
 M

-1
s

-1
) and decreases to 5 x 

10 
5
 M

-1
s

-1
 at pH 7.0. Under the latter conditions, SOD produces a rate constant of about 

four orders of magnitude higher (i.e., 1.6 x 10 
9
 M

-1
s

-1
) which is at the diffusion limit  [23].  

The three main types of SOD are classified based on their protein fold and metal 

cofactor [23] (Fig. 1.3). Copper-Zinc SOD is a homodimer, found primarily in prokaryotes 

and mammals and is found in the cytoplasm [24]. The Cu ion is ligated by the imidazole 

side chains of four histidine residues and one water molecule. One of the His ligands to the 

Cu also ligates the Zn ion which is also coordinated to two other histidines and an aspartate 

(Fig. 1.3 A). 
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Figure 1.3. Active sites of three types of SODs; Cu/Zn-SODs (A), Fe or Mn-SOD (B), and 

Ni-SOD, (C). Amino acids are colored as follows: Histidine-Yellow, Aspartate-Tv_blue, 

Tyrosine-Orange, Glycine-Green, Cysteine-Light Magneta, Valine-Purple, Proline-Red, 

Leucine-Gray. Amino acid oxygen and nitrogen elements are colored in red and blue, 

respectively. Structures were taken from PDB accession domain 1SDY [25], 2BPI [26], 

and 1Q0D [27] respectively. 
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Together, Fe-SOD and Mn-SOD constitute a second type of SOD found in 

prokaryotes, protists and in eukaryotic mitochondria and chloroplasts [28]. These SODs are 

dimers or tetramers. The mononuclear metal center is ligated by three histidines, one 

aspartate and either H2O or OH
-
 depending on the oxidation state of the metal (Fig. 1.3 B). 

The Fe-SODs are found in the chloroplasts of plants while the Mn-SODs are found in 

mitochondria and several bacteria. 

Finally, Ni-SOD constitutes the third type of SODs found primarily in prokaryotes 

[29]. They are mainly hexamers, each constituting an N-terminal hook that chelates the Ni 

ion. The Ni cycles between the +2 and +3 states for its catalytic activity. A conserved 

proline provides the hook by forming a sharp bend in the polypeptide chain. Also, two 

cysteines, one histidine and the amine of the N-terminus provide the ligands for the Ni 

cofactor [29]. All  SODs, regardless of metal cofactor follow the same general sequence for 

O2
Å-
 disproportion (Eqns. 1.2 and 1.3). 

where M = Cu, n = 1; Mn, n = 2; Fe, n = 2, Ni, n = 2. 

1.2.2. Hydrogen Peroxide (H2O2) 

Not only is O2
Å-
 destructive in its own right, but it leads to formation of other ROS 

(Fig. 1.1 B). Prominent among these is H2O2. Interestingly, the SOD defense against O2
Å-
 

does not resolve the problem of H2O2 accumulation or its downstream consequences. There 

are multiple mechanisms for H2O2 generation: enzymatic and non-enzymatic, radical and 

non-radical. Oxidation of compounds can lead to the direct production of H2O2 as catalyzed 
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by numerous oxidases [9]. For example, the oxidation of alcohols to aldehydes by alcohol 

oxidase enzymes may also produce it as a byproduct [30]. Interestingly, in E. coli a flavin-

dependent l-aspartate oxidase (NadB) contributes about one fourth of the H2O2 generated 

inside the cell [31]. A source of H2O2 in plant chloroplasts is PSI where it is generated by 

direct reduction of O2 [32]. 

As mentioned before, H2O2 will also be produced as a result of any reaction 

(enzymatic or non-enzymatic) that generates O2
Å-

 because O2
Å-
 rapidly disproportionates to 

form H2O2 and O2.  Superoxide dismutase only catalyzes the reaction so it does not remove 

but instead hastens the generation of H2O2.  

Like oxygen, Hydrogen peroxide is also widely known as a double-edge sword. At 

lower concentrations, it can be used in signal transduction pathways. It is also critical in the 

host immune responses of higher eukaryotes [31, 33]. On the other hand, at higher 

concentrations, it has been shown to directly inactivate numerous proteins. The proteins 

most sensitive to H2O2-dependent inactivation rely on redox active transition metals (e.g., 

Fe/S proteins) [34, 35]. As stated earlier, in the context of immune responses for higher 

eukaryotes, NADPH oxidase produces superoxide which disproportionates to H2O2. The 

H2O2 produced can be used by myeloperoxidases and lactoperoxidases to oxidize halides 

and pseudohalides (e.g., chloride and thiocyanate) to generate the corresponding hypohalous 

acids (e.g., HOCl and HOSCN) [33, 36]. These are powerful oxidizing and halogenating 

agents widely known for their bactericidal properties and their role in the innate immune 

response. Indeed, the H2O2 generated in this manner plays an integral role in the interaction 

of hosts and the pathogens that seek to colonize them. 

Given its central position in the generation and consequences of ROS in biological 



 

11 

 

systems, it is not surprising to find that nature employs a diverse array of enzymes to safely 

remove H2O2. These enzymes can be divided into two main categories, catalases and 

peroxidases [37]. Catalase and/or peroxidase activity can be produced by a number of 

strategies including cysteine-dependent (e.g., alkyl hydroperoxide reductase [AhpC]), 

selenocysteine-dependent (e.g., glutathione peroxidase and NADPH peroxidase) [38, 39], 

and transition metal-dependent (e.g., manganese catalases) mechanisms [40]. However, as 

will become clear in subsequent sections of this review, one of the most widely exploited 

cofactors for diffusing the threat posed by H2O2 is heme [41]. As with superoxide, H2O2 is a 

formidable and destructive oxidant in its own right, but it is more prominently a precursor to 

far more destructive oxidants (Fig. 1.1 B).  

1.2.3. Hydroxyl Radical (HO
Å
) 

The hydroxyl radical is an indiscriminant oxidant (E
oô

 = +2.33 V) that reacts at 

diffusion-limited rates with all classes of biological molecules including nucleic acids, 

lipids, amino acids, and carbohydrates (Fig. 1.4) [6, 31, 42, 43]. The primary mechanism of 

Å
OH radicals generation is one-electron H2O2 reduction facilitated either by reaction with 

reduced transition metals (e.g., Fe
II
 of the Fenton reaction) or by exposure to ionizing 

radiation (Eqn. 1.1) [42, 44].  

There are virtually no kinetic or thermodynamic barriers to 
Å
OH reduction by any class 

of biological molecule. It has an extremely short lifetime which means that its site of 

reduction is likely to be very close to its site of generation. In this respect, it is the location 

of redox active transition metals and the site of H2O2 generation that are predominant factors 

in determining where damage by 
Å
OH is most likely to be observed. This is also the point 

where enzyme/protein based defenses are deployed as enzymatic strategies against 
Å
OH  
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Figure 1.4. Potential molecular damage caused by ROS to all classes of biological 

molecules. 
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must be preventive. As there is no real kinetic barrier to 
Å
OH reaction once formed, there is 

little point in enzyme-based systems to reduce it. Rather, sacrificial radical scavengers (e.g., 

ascorbate, flavonoids, tocopherols, etc.) are the only viable strategy to diffuse 
Å
OH once 

generated. 1.3. Defense Mechanisms Against H2O2 

The need to detoxify H2O2 is made even more urgent in the context of a pathogen 

facing host defenses. Superoxide rapidly disproportionates due to the lower pH of the 

environments where it is generated and the action of SOD. The H2O2 produced especially by 

phagocytic leukocytes is used by myeloperoxidase to generate HOCl, a central weapon of 

defense immunity for the host. During oxidative stress, aerobic organisms require systems to 

fight and survive the threat posed by ROS.  For the purpose of this research, we will focus 

our discussion on strategies nature has employed to eliminate H2O2. As mentioned before, 

heme is the most widely used cofactor by enzymes to eliminate the threat posed by H2O2.  

Two broad categories to detoxify H2O2 are catalase and peroxidase mechanisms. 

Catalases are enzymes which catalyze the decomposition of H2O2 to water and oxygen (2 

H2O2     2 H2O + O2). In contrast, peroxidases catalyze the reduction of various peroxides 

with a vast array of electron donors (H2O2 + RH       2 H2O + 2 R
Å
). In both categories, the 

catalyst represented can be divided into heme-dependent and non-heme cofactor dependent 

mechanisms.  

1.4. Catalases 

Catalases are ubiquitous in nature, found throughout eubacteria, many archaebacteria, 

and across all major groups of eukaryotes [45]. A small group found only in selected 

eubacteria and archaea relies on a dinuclear manganese center for its catalase activity [40, 

45]. Given the wide distribution of heme-dependent catalases, it begs the question as to why 
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there might be this completely distinct approach for catalatic H2O2 decomposition. Factors 

that may have influenced their emergence and persistence in nature include the enzymeôs 

thermostability, and resistance to ligands like cyanide [40]. It may also coincide with a 

lower peroxide stress for the organisms known to carry it. Their catalase reaction cycle 

contrasts that of heme-dependent catalases in that there are no free radicals involved, there 

are no reactive intermediates in their cycle, and both water molecules from H2O2 reduction 

are formed during the first step of the reaction [40, 45, 46].  

1.4.1. Heme-dependent Catalases 

Heme-dependent catalases are far more widely distributed in nature [45]. These 

monofunctional (i.e., typical) catalases are homotetramers where each subunit bears a heme 

prosthetic group. In most catalases, heme b is used though heme d is observed in a handful 

of enzymes [45]. The heme iron is coordinated by a tyrosine phenoxide anion as its proximal 

1
ligand. The anionic character of the ligand produces a very negative Fe

III
/Fe

II
 reduction 

potential for the heme. As such, catalases are isolated in the ferric state, and they are also 

capable of stabilizing higher iron oxidation states (i.e., Fe
IV

=O) [47, 48]. On the distal side 

of the heme are an invariant histidine, asparagine and serine (Fig. 1.5 A). The distal histidine 

imidazole plane is roughly parallel to the heme. This residue binds H2O2 through a hydrogen 

bond network. The distal histidine is proposed to serve as the general base to abstract a 

proton from hydrogen peroxide during compound I formation [47, 48]. The distal asparagine 

stabilizes the negative charge which develops on the distal O as the O-O bond is polarized 

and heterolytically cleaved (Fig. 1.6). The serine residue participates in a hydrogen bond  

                                                           
1
 By convention, the side of the heme where the protein-based ligand coordinates the iron is referred to its 

proximal side (Px). 
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Figure 1.5. Active site of heme-dependent catalases showing four conserved residues (A) 

and the simplified catalytic cycle of monofunctional catalases (B). The structure image was 

generated from coordinates deposited under PDB accession domain 1IPH [49]. Ds (distal 

side of heme).  
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with the N
ŭ
 of the imidazole and increases its nucleophilicity hence stabilizing the heme 

pocket for facile H2O2 oxidation [47, 48]. For compound I reduction, the distal histidine has 

been proposed to act as an acid-base catalyst to oxidize H2O2 for facile release of O2 and 

H2O [50]. Together, these four residues help all monofunctional (or typical) catalases to 

perform their catalytic mechanism. The catalase cycle is a two-step mechanism where H2O2 

acts first as an oxidant and then a reductant [45, 47, 48, 51, 52]. The ferric enzyme reacts 

with the first equivalent of H2O2 to form compound I and H2O. For the second step, H2O2 is 

oxidized and compound I is reduced back to the ferric enzyme, releasing O2 and H2O (Fig. 

1.5 B). All heme-dependent monofunctional catalases show a broad plateau for pH optimum 

in catalase activity.  Hence, these enzymes have the ability to degrade H2O2 over a wide 

range of pH (i.e., pH 5-10) values. 

Ferryl (Fe
IV

=O) heme states are well known for their reactions with different peroxides 

and electron donors. Though they also form Fe
IV

=O states, catalases are very limited in 

these kinds of reactions. One important feature of the typical (i.e., monofunctional) catalases 

is that the heme is deeply buried within the protein 20 ¡ from the closest surface [47]. A 

very narrow access channel for catalases leads to the active site heme and only allows 

passage of small molecules like H2O2 and ethanol to enter. However, large molecules like 

most peroxidatic electron donors are not able to access the active site. This is one prominent 

reason why catalases generally show poor peroxidase activity. 
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Figure 1.6. Classical reaction mechanism of heme-dependent monofunctional catalases [50]. 
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Though there are distinctive features among them, the heme-dependent catalases all 

have a common fold. It consists of a core beta barrel domain, an alpha-helical domain, an N-

terminal arm domain, and a ñwrapping loopò. The latter is a long protein segment that links 

the two globular domains (Fig. 1.7 B). This loop bears the proximal tyrosine ligand. The ɓ 

barrel is the main feature of the catalase fold, and it constitutes an 8-stranded antiparallel ɓ 

barrel that also contains about six Ŭ helices. The barrel is preceded by an extended N-

terminal arm followed by the wrapping loop and terminated by the second globular domain 

(i.e., Ŭ helical domain). The first half of the barrel is situated at the distal side of the heme 

which constitutes strands ɓ1 to ɓ4. The second half of the barrel contributes to the NADPH 

binding domain for those enzymes that require NADPH and spans from strands ɓ5 to ɓ8 

[53].  

Despite the broad structural similarities between catalases, they are divided into three 

main clades based on sequence and structural distinctives [51]. Clade 1 enzymes are found 

in eubacteria, algae, and plants are characterized by a relatively small subunit size (55-69 

kDa) [54]. They use heme b as their prosthetic group. Catalase CatF from Pseudomonas 

syringae is a typical example of a clade 1 catalase (Fig. 1.8 A) [54]. Clade 2 catalases found 

in eubacteria and fungi have a considerably larger subunit, (75-84 kDa). They use heme d as 

their prosthetic group (Fig. 1.8 B). The extra mass is contributed by a ñflavodoxin-likeò 

domain similar to the family of the type 1 glutamine amidotransferases (Fig. 1.8 B) [52]. 

Heme d is a derivative of heme b where one of its propionate side chains has been converted 

to a cis-hydroxy-ɔ-spirolactone, and the corresponding pyrrole ring C has lost the double 

bond between the outer C-6 position and the hydroxyl group of C-5 [55]. In addition, clade 

II enzymes also form a covalent modification between the 
ɓ
C of the proximal Tyr ligand and  
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Figure 1.7. The multimeric structure (A), and the subunit (B) of E.coli HPII catalase. The 

globular beta barrel domain (Yellow), alpha helices (Green), and wrapping loop (Cyan). 

Structures were taken from PDB accession domain 1IPH [49]. 
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the 
ŭ
N from the imidazole group of the distal His [52, 56]. Catalase HPII from E. coli is an 

example of a clade 2 catalase (Fig. 1.8 B) [49, 52].  Clade 3 enzymes are the most widely 

distributed of the three. They are found in archaea, eubacteria, fungi, protists, plants, and 

animals [53]. They are highly similar to clade 1 catalases, especially in the use of heme b as 

their prosthetic group, and they also have a relatively small subunit size (43-75 kDa). They 

contrast other clades in that they bind NADPH as a second redox active cofactor (Fig. 1.8 

C). The NADPH cofactor binds about 20 ¡ from the active site, but it is not directly 

required for catalatic turnover. It is proposed that NADPH serves as a reductant to restore 

catalase-inactive intermediates to the Fe
III 

state and maintain catalatic activity [51, 53]. 

Examples of clade 3 catalases include bovine liver catalase and human erythrocyte catalase 

[35, 53, 54].  
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Figure 1.8. Catalase fold structures for representatives of three clades of heme-dependent 

catalases. CatF (clade 1) (A), HPII (clade 2) (B), and human erythrocyte catalase (clade 3) 

(C). Structures were constructed from PDB accession numbers 1M7S [54], 1IPH [49] and, 

1QQW [57] respectively. 
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1.5. Peroxidases 

In contrast to the H2O2 disproportionating activity of catalases, enzymes which utilize 

different peroxides as electron acceptors to catalyze a wide range of oxidative 

transformations are generally referred to as peroxidases. These enzymes are found in all 

classes of living organisms. As with catalases, they can be divided into two groups 

depending on whether or not they use heme as cofactor. The non-heme members can be 

divided into five independent families [58]. These include the thiol peroxidases (e.g., 

glutathione peroxidase and peroxiredoxines), alkylhydroperoxidases (AhpC), manganese 

catalases, NADPH peroxidases, and the non-heme haloperoxidases [38-40]. Most of them 

use FAD as cofactor and are capable of reducing lipid hydroperoxides, alkyl peroxides, and 

H2O2. It is noteworthy that the primary role of these enzymes is protection against oxidative 

stress; the identity of the oxidized electron donor is typically of secondary importance. 

Particularly in the context of prokaryotic organisms, these non-heme peroxidases are 

especially important for the disposal of endogenously generated H2O2. AhpC, for example, 

shows a very low kcat and a very low apparent KM for its H2O2 substrate. Consequently, it is 

very efficient, but it is also very easily overwhelmed. Thus, it is not likely to provide 

bacteria and other microorganisms sufficient defense against copious exogenous H2O2 

generated by higher eukaryotes under threat of infection. As will be addressed later, heme-

based H2O2 disposal systems are better positioned to address peroxide-based threats of this 

nature. 

The heme containing peroxidases can be divided into four superfamilies. The first, 

previously known as the plant/fungal peroxidases or non-animal peroxidases is the 

peroxidase-catalase (Px-Ct) superfamily. The second, formerly known as the animal 
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peroxidases, is the peroxidase-cyclooxygenase (Px-Cx) superfamily. There are also the 

peroxidase-chlorite dismutase, and peroxidase-peroxygenase superfamilies [59]. The former 

two superfamilies are the largest and have the greatest bearing on the research presented in 

this dissertation, so they will be the focus of this literature review.  

1.5.1. Animal Peroxidases (Peroxidase-Cyclooxygenases) 

The peroxidase-cyclooxygenases were initially called mammalian peroxidases, but the 

emergence of other members in plants, fungi and bacteria warranted another nomenclature 

[58, 60, 61]. Though His-based ligation of the heme is common to both the Px-Cx and Px-Ct 

superfamilies, the modulation of the ligand by H-bonding is distinct. An Asn residue (rather 

than Asp in Px-Ct enzymes) H-bonds the proximal His producing more positive reduction 

potentials in the Px-Cx superfamily. Similarly, on the distal side of the heme, both 

superfamilies have a His and an Arg residue, but, Px-Cx enzymes also have a distal side 

Asp, Gln, and Met which are absent from the Px-Ct superfamily.  A frequent, though not 

universal feature of Px-Cx members is the post-translation modification of the heme. Most 

commonly, ester linkages are established with Glu and Asp residues from the peroxidase 

protein. Another common though not universal feature of Px-Cx members is their oxidation 

of halide and pseudohalide substrates, leading to the generation of the corresponding 

hypohalite ions as products. Though all Px-Ct enzymes can oxidize at least some halides 

(e.g., I
-
), this does not figure prominently in their physiological function. In contrast, 

hypohalite ion production by the Px-Cx enzymes myeloperoxidase (MPO), lactoperoxidase 

(LPO), and eosinophil peroxidase (EPO) is an essential component of innate immunity. 

Another Px-Cx member, thyroid peroxidase (TPO), leverages I
-
 oxidation towards the 

generation of triiodothyronine and thyroxine.  
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However, in this regard the most striking Px-Cx enzyme is MPO. MPO, a mammalian 

enzyme, is most abundant in neutrophils where it is stored in the cellôs unique granules [60, 

62]. It is also expressed to lesser extents in monocytes and some macrophages. MPO is a 

tetramer consisting of two light and two heavy polypeptide chains [62, 63]. These chains 

arise from the excision of a single polypeptide precursor.  The chains are linked together by 

a disulfide bridge from a conserved Cys residue [62]. The heavy glycosylated chain contains 

the active site bearing the modified protoporphyrin IX heme. Also, a binding site for Ca
2+

 

has been identified in the structure of MPO [62, 63]. The essential residues at the active site 

are the distal Arg239, Gln91, and His95. At the proximal side, H336 is the axial ligand 

which is also H-bonded with the carbonyl oxygen of Q421. The post-translational 

modification of rings A and C is a common, but not conserved feature for these enzymes 

(Fig. 1.9 B). Also, the vinyl group of ring A through its beta carbon forms a covalent 

association with the sulfur of a conserved methionine, a feature only unique to MPO [62, 

63]. As would be anticipated, these modifications give rise to some unique spectral and 

redox features of MPO, hence its special catalytic abilities. Indeed, the Soret band for MPO 

is red shifted to about 425 nm along with very intense bands at the visible region giving the 

enzyme a unique green color [62].   

Most, if not all peroxidases are capable of oxidizing I
-
 to OI

-
. Fewer are able to oxidize 

Br
-
 to OBr

-
, but MPO is unique among both the Px-Cx and Px-Ct superfamilies in its ability 

to oxidize Cl
-
 to OCl

-
 at the expense of H2O2 reduction, a fundamental part of the 

antimicrobial function of MPO in neutrophils. This special ability of MPOs has been linked 

to the presence of a third modification of the pyrolle ring A by a methionine. Also, MPO 

serves as a key mediator of molecular damage that accrues due to chronic inflammation with   
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Figure 1.9. Active site of mammalian myeloperoxidase (A), structure of modified heme in 

MPO, and catalytic mechanism of myeleoperoxidase (C). Amino acid oxygen and nitrogen 

elements are colored in red and blue, respectively. Ca
+
 -green sphere. Structures were 

taken from PDB accession domain 1CXP [62]. 
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respect to pathogenic bacteria. The presence of MPO substantially raises the stakes of H2O2 

degradation. The failure of a pathogen to efficiently remove H2O2 exposes it to substantially 

greater damage from OCl
-
.
 
 

The first step of the catalytic mechanism of MPO is similar to all heme peroxidases; 

the ferric enzyme reduces H2O2 to form compound I. However, an excess of peroxide is 

required to observe it. It has been proposed that the distal histidine and arginine assist in the 

first step where the H2O2 is oriented and bound to the ferric enzyme. This allows for the 

heterolytic O-O bond cleavage. Compound I oxidizes halides (Cl
-
 is unique to MPO) and 

several other peroxidatic electron donors (observed in most peroxidases) (Fig. 1.9 C). For 

the former cycle, compound I is reduced back to the ferric state by oxidizing a halide [62]. 

The latter cycle typical of peroxidases, compound I is reduced by the presence of 

peroxidatic substrates. It is hypothesized that the available substrate will determine what 

pathway dominates. 

1.5.2. Px-Ct Superfamily: the Non-animal Peroxidases  

This group represents the second superfamily of heme peroxidases. They are found 

predominantly in plants, fungi and bacteria [58, 61, 64]. All enzymes in this group have 

several structural similarities. Indeed, they all have a so-called peroxidase fold which is 

composed of 10 alpha helices (A-J) and little or no beta sheet (Fig. 1.10). The helical 

structure surrounding the active site heme is also quite distinct and comprises helices B, E, 

and F (Fig. 1.11). Within the active site, the heme is always heme b, and there are five 

residues invariant across the superfamily. These include the proximal histidine which is 

modulated through a strong H-bond to an Asp, the distal His modulated by an H-bond to an 

Asn, and the distal Arg (Fig. 1.12 A). All of these facilitate the peroxidase catalytic  
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Figure 1.10. Ten helical structure representatives of the three classes of the Px-Ct 

superfamily. Cytochrome c peroxidase (class I) (A), manganese peroxidase (class II) (B) and 

horseradish peroxidase (class III) (C) are shown. Ca
2+ 

ions are in orange while Mn
2+

 is 

shown in purple Structures constructed from PDB accession numbers 2CYP [65], 1MNP 

[66], and 1H5A [67] respectively. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

28 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 1.11. Three helix structures around the active sites of non-animal peroxidases. 

Helical structure of cytochrome c peroxidase (A), manganese peroxidase (B) and 

horseradish peroxidase (C). Helix B is shown in red, helix E is shown in yelow and helix F 

is shown in blue. Ca
2+ 

are shown in orange while Mn
2+

 is shown in purple Structures were 

taken from PDB accession domain 2CYP [65], 1MNP [66], and 1H5A [67] respectively. 
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mechanism (Fig. 1.12 B).  

Another important characteristic of peroxidases is that they have optimum activity at acidic 

pH (i.e., pH < 4.5) and relatively low concentrations of H2O2. 

Since all non-animal peroxidase have similar active site residues, it is important to 

understand the basic structure of this type of active site and the intermediates it supports 

towards peroxidatic catalysis [68, 69]. The proximal His (H175 in CcP) serves as the ligand 

to the heme iron. The proximal Asp (D235 in CcP) through its hydrogen bond to the N
ŭ
 of 

the His ligand imparts a substantial anionic character to the imidazole (i.e., imidazolate) 

ligand. This produces a much lower reduction potential (-186 to -226 mV) compared to 

other histidine ligated hemes (e.g., myoglobin; + 50 mV). As such, peroxidases are 

consistently isolated in the ferric oxidation state, and they have the capacity to stabilize 

higher heme oxidation states (e.g., Fe
IV

=O). The strictly conserved distal His (H52 in CcP) 

serves as a general base to facilitate the heterolytic cleavage of H2O2 to form H2O and the 

Fe
IV
=O porphyrin ˊ

Å+ 
intermediate known as compound I [70, 71]. A strictly conserved Arg 

(R48 in CcP) in the distal cavity also facilitates heterolytic O-O bond cleavage by 

electrostatically offsetting the negative charge that accumulates on the distal oxygen as the 

initial peroxide complex, compound 0 (Fe
III

-OOH), is converted to compound I. This 

mechanism was first put forward by Poulos-Kraut in 1980 (Fig. 1.13) [72]. Recent 

computational studies have revealed that the experimentally observed rates of compound I 

formation are not competent with the distance between the distal His and the heme iron.  

The distance cannot account for rapid enough H
+
 transfer to support compound I formation. 

This problem could be resolved by conformational dynamics (i.e., may be the His can get 

closer than has been shown on the crystal structures). This seems unlikely because all  
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Figure 1.12. Active site of non-animal peroxidases showing five conserved residues and heme 

b prosthetic group (A) and simplified peroxidase cycle of non-animal peroxidases (B). R 

represents reducing substrates for various peroxides. Structure was taken from PDB 

accession domain 1H5A [67]. Px represents proximal side of heme while Ds signifies the 

distal side of heme. 
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indications are that the structure is rigid. The barrier was lowered by three fold when an 

intervening water molecule was added to serve as a H
+
 relay from the peroxide to the distal 

histidine [73-75], accounting for the experimentally observed rates.  

In contrast to catalases, compound I is reduced by two equivalents of peroxidase 

electron donors. A typical peroxidase completes its catalytic cycle by two sequential one-

electron reductions (Fig. 1.12 B). Following the first reduction, the intermediate referred to 

as ñcompound IIò is generated. The most common structure for compound II is a Fe
IV

=O 

intermediate where the porphyrin radical is reduced prior to the ferryl center. Following the 

second electron reduction, the resting state is achieved. Thus, the return of a peroxidase to 

its ferric state generates two equivalents of an exogenous electron donor radical. 

One important feature of typical peroxidase active site is that large aromatic electron 

donors have access to the ŭ-meso heme edge for rapid electron transfer to reduce these high 

oxidizing species to their resting form [68]. This site is the one which affords robust 

peroxidase activity [68, 69]. 

In the absence of peroxidase electron donors or if the electron donor concentration is 

very low, peroxidases are readily inactivated in the presence of excess H2O2 to generate a 

compound III (i.e., Fe
III

-O2
ÅȤ
) species (Fig. 1.12 B) [68, 69]. 
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Figure 1.13. Catalytic mechanism of typical peroxidases including the Poulos Kraut 

mechanism for compound I formation. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

33 

 

Since the contours of the superfamily were first described in 1992, three subdivisions 

(classes) have been recognized (class I, II, and III) [59, 64]. Detailed sequence analyses 

reveal that all three classes originated from ancestral Negibacteria with transfer via 

endosymbiotic events to eukaryotic cells [59]. 

1.5.2.1. Class III peroxidases  

These peroxidases are dominated by the plant secretory enzymes [64]. They are 

monomeric and glycosylated. The class III peroxidases have phenylalanines on the distal 

and proximal pockets of the heme which prevents intramolecular electron transfers within its 

active site.  

Horseradish peroxidase (HRP), soybean, and guaiacol peroxidases are examples of 

class III peroxidases. HRP will be discussed extensively as a representative of class III 

enzymes because it has been extensively studied and characterize [76, 77]. It is a 44 kDa 

glycosylated protein with four disulfide bridges and two calcium ions are located around the 

active site and these stabilize its conformation [76, 77].  

HRP plays an important role in the processes of the life cycle of plants such as auxin 

metabolism, lignin and suberin formation, cross-linking of cell wall components, defense 

against cell pathogens and cell elongation [68, 69]. It can also oxidize a wide range of 

substrates including phenols, aromatic amines, indoles, and sulfoxides.  

1.5.2.2. Class II peroxidases 

These are largely fungal secretory proteins with molecular weights between 41-46 

kDa [59, 64, 78, 79]. Their apparent primary physiological function is to initiate the 

degradation of lignin in wood to CO2 [80, 81]. Lignin, manganese, and versatile peroxidases 

are three enzymes secreted by Basidiomycetes (white rot fungi), the organisms are best 
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known for their unique ability to degrade lignin. Lignin peroxidases are notorious for their 

utilization of several electron donor substrates because they possess a high redox potential 

relative to the class III peroxidases [80, 81]. Indeed, it can oxidize both phenolic and non-

phenolic compounds. Similar to HRP, they also have two conserved calcium binding sites 

and disulfide bridges. However, the way they are arranged is different from class III 

peroxidases [59, 64, 78, 79]. Manganese peroxidase (MnP) is an acidic glycoprotein of 

about 42 kDa which has been thought to play the most vital role in lignin degradation [81, 

82]. It has a fifth disulfide bridge contrasting other class II peroxidases in that it helps to 

anchor the Mn
2+

 in place for proper binding [81, 82].  

The active site of class II peroxidases is similar to class III peroxidases in that 

phenylalanine occupies both the distal and proximal sides of the heme (Fig. 1.14 B). Hence, 

intramolecular electron transfer is much less a common event in this class of enzymes.  

Lignin peroxidase contrasts its counterparts in that a tryptophan (W171) has been identified  

as the site for surface oxidation during the transfer of electrons to the heme cofactor by a 

long range electron transfer mechanism [83].                                                                                                     

1.5.2.3. Class I Peroxidases 

In a number of respects, the class I enzymes of the Px-Ct superfamily stand distinct 

from classes II and III. Indeed, it has been proposed that class I diverged from the others at 

an earlier point in evolutionary history [59, 79]. The class I enzymes do not bind Ca
+
, and 

disulfide bonds are very rare. The only disulfide linkage identified to date is observed in an 

extracellular fungal KatG enzyme [84]. The distribution of class I enzymes is also 

considerably wider, both in terms of species and cellular compartment. There are 

mitochondrial and non-mitochondrial forms of cytochrome c peroxidase (CcP) found across  
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Figure 1.14. Active site comparison of cytochrome c peroxidase (class I) (A) and 

manganese peroxidase (class II) (B). Structures were constructed from accession domain 

1BEM and 1MNP [65, 66] respectively.  
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the range of eukaryotes from yeast to mammals. Ascorbate peroxidase (APx) is found in 

plants where there is a chloroplast form and a cytosolic form [59, 64, 85-87]. The latter is 

particularly abundant in the root nodules of plants that house nitrogen fixing bacteria [88].  

The catalase-peroxidases (KatG) are widely but not universally distributed among 

archaea, eubacteria, and lower eukaryotes, and across these species there are cytosolic and 

periplasmic/extracellular isoforms of the enzyme [52, 89-94]. Indeed, there are numerous 

organisms that have both a cytosolic and extracellular isoform. Interestingly, these enzymes 

are more closely related by cellular compartment rather than by the species in which they 

appear. All this appears to arise from multiple horizontal gene transfer events in the 

evolutionary history of these enzymes [89].  

Class I enzymes are also distinct in terms of function. Where alternative metabolic 

functions can be identified for class II and III enzymes (e.g., lignin degradation and lignin 

synthesis, respectively), H2O2 detoxification appears to be the primary function of class I. 

CcP is well placed in terms of cellular location and available substrate (Fe
II
-cytochrome c) 

to degrade H2O2 derived from misfiring of respiratory electron transport [95, 96]. APx (as 

opposed to catalase) is an ideal mechanism for H2O2 decomposition in root nodules and 

chloroplasts where O2 would inactivate nitrogenase and inhibit photosynthesis [85, 88, 97]. 

Finally, KatG has a substantial catalase activity that imparts a capacity to degrade H2O2 far 

beyond any other members of the Px-Ct superfamily. 

The class I enzymes also stand out at the active site level. The Phe residues (one distal 

and one proximal to the heme) found in most class II and III enzymes are replaced by Trp 

residues in class I. For this reason, intramolecular electron transfer to reduce Fe
IV

=O 
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[porphyrin]
Å+

 (i.e., compound I) intermediate figures much more prominently in class I 

enzymes than others.  

For CcP, it has long been recognized that such electron transfers are essential to 

maximize rates of electron transfer from substrate (cytochrome c) heme to enzyme (CcP) 

heme, both of which are buried within their respective proteins. In APx, such intramolecular 

electron transfer must be specifically prevented by the binding of a K
+
 adjacent to the 

enzymeôs proximal Trp. This raises the potential of the Trp, such that the porphyrin radical 

form of compound I is stabilized [98, 99]. This helps maximize the specific oxidation of 

ascorbate by APx. Due in part to the research described in this dissertation, pathways of 

intramolecular electron transfer and their roles in KatG catalysis are beginning to be 

understood. 

1.6. Catalase-peroxidases 

Catalase-peroxidases (KatGs) are the third example of class I enzymes in the Px-Ct 

superfamily [64]. Until now, we have been discussing the independent mechanisms of H2O2 

decomposition, either catalatic or peroxidatic. Across nature, all catalases (heme or non-

heme) are poor in peroxidatic turnover while peroxidases show little or no catalase turnover. 

In contrast, KatG utilizes a single active site to scavenge H2O2 by both a catalatic and a 

peroxidatic mechanism [100, 101]. This unique ability has raised great interest in the study 

of KatG structure and function. 

1.6.1. Sources of KatG 

As mentioned earlier, KatG is found across a wide range of prokaryotes from archaea 

to gammaproteobacteria to mycobacteria to cyanobacteria [59, 93, 101, 102]. In fact, KatG 

is also found in several lower eukaryotes like protists (e.g., Heterocapsa triqetra) and fungi 
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(e.g., Magnaporthe grisea) [84, 91, 103]. Despite this wide distribution, there is very little 

sequence diversity among KatGs from various sources. Multiple sequence alignments show 

that these are very closely related enzymes despite their diverse origins. This also points 

toward lateral gene transfer as a common phenomenon in KatG evolution [89]. 

X-ray crystal structures have been solved for KatG from H. marismortui, 

Synechocystis PCC 7942, B. pseudomallei, M. tuberculosis, and Magnaporthe grisea which 

also solidify the conclusions that KatGs from various organisms are closely related because 

they contain similar features [84, 104-107].  All KatGs are multimeric (homodimers or 

homotetramers) and the KatG subunit is a two domain structure where each domain has a 

typical peroxidase scaffold (Fig. 1.15). The two domain structure of KatG is unique in the 

Px-Ct superfamily, even among class I enzymes and appears to be the result of a gene-

duplication and fusion event.   

1.6.2. Active Site of KatGôs Domains 

With its two peroxidase domains, the scaffold for an active site is present in each 

domain. However, the C-terminal domain neither binds heme nor directly catalyzes any 

reactions involving H2O2. Closer inspection of the C-terminal domain ñactive siteò reveals 

that an Arg replaces what should be the His ligand. Heme binding is further precluded by a 

large hydrophobic side chain (Leu or Met) in the adjacent position (Fig. 1.15 C) which 

protrudes into the heme binding cavity. In contrast, the N-terminal domain has the typical 

Asp-modulated His ligand to the heme with a Gly residue found in the adjacent position. 

One could easily conclude that the C-terminal domain is a vestigial structure and 

superfluous to KatG function. However, there are no KatGs that lack this structure. 
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Figure 1.15. Three dimensional structure of KatG (A) and helices B, E, and F that bracket 

the active N-terminal domain (B) and the inactive C-terminal domain (C). Three helices are 

color coded as follows Helix B (Red), Helix E (Blue) and Helix F (Yellow). Structures were 

taken from PDB accession domain 2CCA [108]. 

 

 

 

 


