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ABSTRACT 

   

 

Sulfur-containing molecules are essential for all organisms. Mammals depend on the 

availability of amino acid methionine and cysteine, whereas bacteria rely on sulfite and 

cysteine. The research presented in this dissertation focuses on enzymes found within the 

sulfur metabolic pathway. These enzymes play an important role in cysteine oxidation in 

mammals and sulfite acquisition in bacteria.  

Cysteine dioxygenase (CDO) is a mononuclear non-heme iron enzyme that belongs 

to the cupin superfamily. CDO catalyzes the conversion of L-cysteine to cysteine sulfinic acid 

in the presence of dioxygen. Several cupin enzymes contain two partially conserved motifs, 

GX5HXHX3-6EX6G (motif 1) and GX5-7PXGX2HX3N (motif 2), that represent the 3-His/1-

Glu coordination of the metal center. In mammalian CDO the traditional glutamate residue 

from the first motif is replaced with a cysteine (Cys93). Substitution of Cys93 with glutamate 

was shown to inhibit dioxygen consumption. The three dimensional structure of C93E CDO 

showed glutamate coordinates the iron similar to traditional 3-His/1-Glu cupins. Specifically, 

glutamate occupies the ligand site that is reserved for dioxygen, and therefore cysteine 

oxidation cannot occur. Incorporation of the cysteine residue frees the ligand site promoting 

bidentate coordination of the L-cysteine substrate and single site dioxygen binding.  

Furthermore, replacement of glutamate with cysteine allows for the formation of a 

unique thioether crosslink with a nearby tyrosine residue (Tyr157). In wild-type CDO the 

crosslink exists as a heterogeneous mixture of non crosslinked and crosslinked isoforms. In 
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CDO crosslink formation is dependent on iron, dioxygen, and L-cysteine. However the Cys-

Tyr crosslink in other enzymes is not dependent on the substrate. It is unusual that crosslink 

formation in CDO is dependent on the L-cysteine substrate.  

To understand the role of L-cysteine in crosslink formation, wild-type CDO was 

incubated with L-cysteine analogs. In addition to L-cysteine, wild-type CDO is able to form 

the crosslink with D-cysteine, but is unable to form the crosslink with cysteamine and 3-

mercaptopropionic acid. However, previous studies found the CDO variant R60A was able to 

form the crosslink with cysteamine. Through electrostatic interactions Arg60 plays an 

important role in substrate stabilization. Evaluation of non crosslinked R60A CDO suggests 

that Arg60 also plays a role in substrate specificity for crosslink formation. In addition, non 

crosslinked R60A was able to form the crosslink with D-cysteine. These findings suggests 

that crosslink formation in cysteine dioxygenase is not specific to L-cysteine, but can occur 

with any small molecule capable of promoting dioxygen binding. Currently all proposed 

mechanisms for crosslink formation are based on the formation of a hydroxyl radical from 

Tyr157. Three dimensional analysis of non crosslinked wild-type CDO suggests that crosslink 

formation could also occur via a thiol radical from Cys93.  

Bacterial organisms require sulfur for survival, but sulfur is often limiting in the 

environment. However, bacteria possess several sets of enzymes capable of scavenging sulfite 

from organosulfate molecules. Two proteins expressed during sulfur limiting conditions in E. 

coli are a FMN-reductase SsuE and an alkanesulfonate monooxygenase SsuD. SsuD utilizes 

reduced flavin, supplied by SsuE, to cleave the carbon-sulfur bond of 1-alkanesulfonates into 

sulfite and the corresponding aldehyde. Flavin transfer between SsuE and SsuD occurs 

through a channeling mechanism involving protein-protein interactions.  
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The alkanesulfonate monooxygenase system is one of several identified FMN-

dependent two-component systems activated during sulfur starvation. In addition to Ssu, Msu 

and Sfn systems have been identified in Pseudomonas sp.. Together these enzymes catabolize 

dimethyl sulfone into inorganic sulfite. A high amino acid sequence identity exists between 

the reductases and monooxygenases involved in sulfur acquisition, and may utilize similar 

mechanistic approaches for flavin transfer. Initial desulfonation assays with SsuE and SsuD 

from P. putida do not support flavin transfer by a channeling mechanism. However, further 

investigation into the mechanism of flavin transfer for Msu and Sfn enzymes could provide 

evidence to support a channeling mechanism.  
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CHAPTER ONE 

LITERATURE REVIEW: PART I 

1.1 Sulfur metabolism in mammals 

The amino acids L-methionine and L-cysteine are the main sources of sulfur in mammals. 

Methionine and cysteine are crucial molecules for maintaining normal physiological functions. 

Three sources represent the overall contribution of sulfur in mammals: dietary sources, 

transsulfuration by methionine, and the breakdown of endogenous proteins.  Cysteine, despite its 

metabolic importance, is only considered a semiessential amino acid whereas methionine is an 

essential amino acid [1]. Cysteine is considered semiessential because it can be synthesized from 

methionine via the transsulfuration pathway, and therefore is not required in the diet. It has been 

experimentally determined that homocysteine can serve as a replacement for methionine [2]. Both 

cysteine and methionine can be synthesized from homocysteine; however homocysteine is not 

abundant in dietary sources and therefore methionine is required.  Alternatively, methionine and 

cysteine are found in many dietary proteins such as meat, dairy, and nuts. Normal dietary 

consumption of proteins satisfies the recommended daily requirement for both methionine and 

cysteine [1].  

Ultimately the sulfur found in methionine and cysteine are incorporated into several 

important biomolecules such as vitamin B1, glutathione, acetyl-CoA, and S-adenosylmethionine. 

For humans, the amount of sulfur intake is essentially equally to the amount of cysteine being 
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catabolized [1]. When there is a high influx of sulfur the liver plays a crucial role in preserving 

homeostasis [3]. This homeostasis is made possible due to two branch points present within sulfur 

metabolic pathways (Figure 1.1).  

1.2 Conversion of methionine to homocysteine 

The methionine derived molecule, homocysteine, serves as the first branch point in sulfur 

metabolism. Homocysteine is formed after methionine undergoes two enzymatic reactions and a 

transmethylation to become homocysteine. First methionine adenosyltransferase (MAT) transfers 

the adenosyl group of adenosyl triphosphate (ATP) to the sulfur group of methionine forming S-

adenosylmethionine (AdoMet) (Figure 1.2). Catalysis by MAT occurs through a sequential 

mechanism with ATP binding prior to methionine, resulting in an ATP-MAT-Met complex [4, 5]. 

It is proposed that there is a simultaneous attack on the sulfur of methionine and the C5 of ATP to 

form AdoMet and tripolyphosphate [5]. The terminal phosphate of PPPI is hydrolyzed into PPI and 

PI. It has also been shown that MAT exhibits optimal activity when Mg2+ or K+ cations are present 

[5, 6].  

Several isoenzymes of MAT are found in mammalian tissues. There are three hepatic MAT 

isoenzymes, with MAT3 being the predominate form [1, 7]. It has been shown that MAT1 is 

inhibited at high concentrations of AdoMet [6]. Alternatively, MAT3 is activated by excess 

concentrations of methionine and AdoMet. Curiously, MAT3 is only found in the liver and 

therefore the liver is the only organ that can respond during an increase of methionine [2]. Once 

produced, AdoMet becomes demethylated by a wide variety of methyltransferase. Through an SN2 

like reaction, the methyl group of AdoMet serves as a methyl donor to many important biological 

molecules such as biotin, epinephrine, proteins, creatine, and DNA [1, 5]. Although demethylation   
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Figure 1.1. The sulfur metabolic pathway in mammals adapted from [7]. 1 - methionine 

adenosyltransferase (MAT); 2 – methyltransferase; 3 – adenosylhomocysteinase (SAH); 4 – 

methionine synthase (MS); 5 – betaine-homocysteine methyltransferase (BHMT); 6 – 

cystathionine β-synthase (CBS); 7 – cystathionine γ-lyase (CGL); 8 – cysteine dioxygenase 

(CDO); 9 – aspartate aminotransferase (AAT); 10 – cysteinesulfonate decarboxylase (CSD).  
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is the most common fate, it is proposed that AdoMet can donate any group surrounding the sulfur 

atom [5]. However in mammals, it has yet to be shown that AdoMet can donate the adenosine 

moiety [8]. 

 

Figure 1.2. Conversion of methionine to S-adenosylmethionine (AdoMet) by methionine 

adenosyltransferase (MAT) [4]. 

 

Upon demethylation by a methyltransferase, AdoMet becomes S-adenosylhomocysteine 

(AdoHcy) (Figure 1.3). AdoHcy is then hydrolyzed by adenosylhomocysteinase (SAH) to form 

homocysteine and adenosine (Figure 1.4). It is proposed that SAH is the only way intracellular 

AdoHcy is metabolized in mammals [7]. SAH has four subunits each containing a tightly bound 

NAD+ [9, 10]. Upon substrate binding, NAD+ oxidizes the 3’-hydroxyl group of AdoHcy forming 

3’-keto-S-adenosyl-L-homocysteine and NADH. Subsequently an active site base removes the C4-

proton resulting in a cleaved homocysteine moiety. Addition of water to this homocysteine-free 

intermediate and further reduction by NADH forms adenosine [9]. This reaction is a reversible 

reaction in which the production of homocysteine (Hcy) and adenosine (Ado) is non-enzymatically 

converted back to AdoHcy.  

Methionine 
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Interestingly, the reverse reaction is highly favored over the enzymatic hydrolysis of 

AdoHcy [1, 7, 9, 11-13]. SAH is inhibited by both Ado and Hcy. The SAH enzyme in the presence 

of excess Ado forms a stable, non-active complex [7, 14]. The enzymatic reaction is only favored 

when products Ado and Hcy are quickly metabolized [12]. Ado is removed by adenosine kinase, 

whereas the fate of Hcy lies in one of three metabolic reactions [1]. Two of these reactions recycle 

homocysteine back into methionine (transmethylation), while the third reaction converts 

homocysteine to cystathionine which proceeds to yield cysteine (transsulfuration). Therefore, 

homocysteine represents the first major branch point in cysteine metabolism: transmethylation or 

transsulfuration.  

1.3 Homocysteine: The first branch point 

Transmethylation of methionine can occur by either betaine-homocysteine 

methyltransferase or methionine synthase. Betaine-homocysteine methyltransferase (BHMT) 

demethylates betaine (trimethylglycine), forming dimethylglycine (Figure 1.5). Betaine, an 

irreversible oxidative intermediate, is a product of choline metabolism [12, 15]. Choline serves as 

an antecedent for the neurotransmitter acetylcholine. Currently, BHMT is the only known 

mechanism for betaine break down.  

Similarly, methionine synthase or 5-methyltetrahydrofolate-homocysteine 

methyltransferase (MS) is the only know enzyme to demethylate 5-methyltetrahydrofolate (5-

MTHF) to tetrahydrofolate (THF) (Figure 1.6) [12].  Methylcobalamin, or vitamin B12, is a 

cofactor for methyltransferase [11]. In addition to providing the methyl group so Hcy can form 

Met, THF is also produced. The folate molecule THF serves as a precursor in the synthesis of 

nucleic acids [16]. Insufficient B12 or folate levels in mammals can result in megaloblastic anemia; 

inhibition of DNA synthesis during production of red blood cells [12, 16]. 
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Figure 1.5. Conversion of betaine to dimethylglycine by betaine-homocysteine methyltransferase 

(BHMT) [12]. 

 

    

 

 

Figure 1.6. Conversion of 5-methyltetrahydrofolate-homocysteine (5-MTHF) to tetrahydrofolate 

(THF) by methionine synthase (MS) [12]. 
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 Alternatively, homocysteine can proceed under the transsulfuration pathway. 

Homocysteine to cystathionine by cystathionine β-synthase represents the first reaction in the 

transsulfuration pathway and is the only reaction which removes homocysteine from the 

methionine cycle [2, 12]. Cystathionine β-synthase (CBS) is a pyridoxal phosphate (PLP) 

containing enzyme consisting of a heme-bound N-terminal region and regulatory activated C-

terminal region. In an irreversible reaction, CBS condenses the β-OH of serine with homocysteine 

to form cystathionine (Figure 1.7) [17]. Interestingly, the N-terminal heme-bound region is 

inherently absent in yeast homologs [18, 19]. The purpose of the heme has not been fully evaluated 

but is thought to act as a redox sensor or play a role in PLP binding [1, 20, 21]. Deletion of the N-

terminal region yields a 50% decrease in activity compared to the wild-type enzyme. Conversely, 

mutation or deletion of the allosterically activated C-terminal domain results in a stable, highly 

responsive enzyme [1, 20, 22].    

 

 

Figure 1.7. Conversion of homocysteine to cystathionine by cystathionine β-synthase (CBS) [2]. 

 

1.3.1 Regulation of homocysteine   

The regulation of homocysteine to cystathionine by CBS is directly correlated to the overall 

regulation of the homocysteine branch point. It is proposed that the regulation between 
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transmethylation or transsulfuration of homocysteine is dependent on either the kinetic abilities of 

each enzyme or regulation due to diet, with more evidential support of the later [1, 2, 11, 12, 23-

26]. CBS is allosterically regulated by AdoMet [27]. AdoMet binds to the C-terminal region of 

CBS activating the protein to a dimeric form. In 1990, Finkelstein compared the Michaelis 

constants (Km) for enzymes in the transmethylation and transsulfuration pathways. It was shown 

that enzymes involved in transmethylation had a low Km value (< 0.1 mM) and were inhibited by 

AdoMet. On the other hand, enzymes involved in transsulfuration had a high Km value (1.0 mM) 

and were activated by AdoMet [12]. Based on these observations, it was proposed that 

transmethylation is favored in the presence of low concentrations of AdoMet. Additionally, when 

AdoMet concentrations are high, transsulfuration is favored citing this as the sole regulatory 

mechanism. The inherent flaw in this argument is concentrations of AdoMet are dependent on 

dietary intake [11]. When methionine enters the body it is either used for protein synthesis or 

catabolized to form AdoMet [2]. 

In human and rat species on a normal diet, 45-60% of homocysteine is converted to 

cystathionine [24, 28, 29]. Subjects fed a limited sulfur diet showed a decrease in transsulfuration, 

whereas an increase of sulfur in the diet favored the transsulfuration [24, 30]. Comparably, when 

the transmethylation substrates choline and betaine are increased, transmethylation becomes 

favored and when choline and betaine are restricted transsulfuration occurs [26]. Given results 

from both dietary and enzymatic studies, it can be concluded that the overall pathway is regulated 

based on substrate availability. Even the initial reaction producing AdoMet, contributes to the 

overall regulation between transmethylation and transsulfuration.   
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1.3.2 Conversion of homocysteine to cysteine sulfinic acid 

 Proceeding in the unidirectional transsulfuration pathway, cystathionine is converted to 

cysteine by cystathionine γ-lyase (Figure 1.8). Cystathionine γ-lyase (CGL) exists as a 

homotetramer with a PLP cofactor in each monomer. Cystathionine undergoes an elimination 

reaction cleaving the γ-carbon resulting in α-ketobutyrate and cysteine [31].   

 

 

 

Figure 1.8. Conversion of cystathionine to cysteine by cystathionine γ-lyase (CGL) [31]. 

  

 Cysteine is considered a precursor to many important biological molecules such as 

glutathione, taurine, and acetyl-CoA. However in transsulfuration pathway cysteine is further 

metabolized by cysteine dioxygenase (CDO). CDO converts L-cysteine to L-cysteine sulfinic acid 

(CSA) in the presence of O2 (Figure 1.9) [32]. CDO contains a crosslinked adduct between a 

cysteine and tyrosine residue which plays a role in the catalysis of CSA [33]. 
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Figure 1.9. Conversion of cysteine to cysteine sulfinic acid by cysteine dioxygenase (CDO) [34]. 

 

1.4 Cysteine sulfinic acid: the second branch point 

Although in its own right CSA is not metabolically significant, it serves as the second 

branch point in sulfur metabolism. CSA can be further metabolized to form pyruvate and inorganic 

sulfite or taurine. To produce pyruvate and sulfite, cysteinesulfinate must first undergo a 

transamination. Aspartate aminotransferase (AAT) catalyzes the transamination of CSA to 

sulfinylpyruvate (Figure 1.10) [1, 35]. Typically, AATs transfer the amino group of L-aspartate 

or L-glutamate to oxaloacetate or α-ketoglutarate [36]. CSA is a structural analog of L-aspartate 

and can be used as a substrate for AAT [35, 37]. Once sulfinylpyruvate is formed it quickly 

hydrolyzes to pyruvate and inorganic sulfite. It is unknown whether this hydrolysis occurs 

spontaneously or by an enzymatic process.  

Alternatively, cysteinesulfinate can be metabolized by the PLP-dependent enzyme 

cysteinesulfinate decarboxylase (CSD) to form hypotaurine (Figure 1.11). In addition, CSD can 

also use cysteinesulfonate as a substrate [1, 7, 38, 39]. After the CSD catalyzed reaction, 

hypotaurine is converted to taurine. The illusive conversion of hypotaurine to taurine is not well 

understood. Many researchers think it is a simple non-enzymatic oxidation due to the presence of 
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taurine being found as a product in the CSD catalyzed reaction [40] . This autooxidation could also 

explain why hypotaurine does not accumulate in mammalian tissue [1]. 

 

 

 

Figure 1.10. Conversion of cysteine sulfinic acid (CSA) to β-sulfinylpyruvate by aspartate 

aminotransferase (AAT) [35]. 

 

 

 

Figure 1.11. Conversion of cysteine sulfinic acid (CSA) to hypotaurine by cysteinesulfinate 

decarboxylase (CSD) [39]. 
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1.4.1 Regulation of cysteine sulfinic acid 

Like the homocysteine branch point, the branch point of CSA is also dietarily regulated. 

Several studies have shown that varying concentrations of dietary cysteine impacts cysteine 

regulation, enzyme activity, and pyruvate and taurine production [41-43]. Whether CSA is 

converted to pyruvate or taurine depends on the amount of cysteine present in hepatic tissue [3]. 

When cysteine is in excess of normal physiological levels, pyruvate and sulfite production (via 

AAT) is favored, and when cysteine is limiting, taurine production (via CSD) is favored [41, 44-

46]. Looking at the kinetic properties, the Km value for CSA with AAT (3-25 mM) is much larger 

than the Km value for CSA with CSD (0.04-0.17 mM) providing evidence that AAT can endure 

large concentrations of CSA [35, 47-49].  

1.5 Structural properties of cysteine dioxygenase 

Cysteine dioxygenase (CDO) is a mononuclear non-heme iron enzyme belonging to the 

cupin superfamily. This superfamily, consisting of prokaryotes and eukaryotes, is considered the 

most diverse superfamily next to the triosephosphateisomerase (TIM) barrel superfamily [50, 51]. 

Cupins include a vast array of enzymatic and non-enzymatic proteins which have a higher level of 

thermostability and show resistance to proteases [51]. Thermostability and protease resistance are 

products of close, compact structural packing and short loops between secondary structural 

components [50]. Concerning proteases degradation, the short loops (< 50 amino acid residues) 

reduce the amount of sites accessible for protease cleavage [50]. The main characteristic of the 

cupin superfamily is represented by the double-stranded β-helix (DSBH) structural fold [50-53]. 

This conserved structure is typically composed of six or eight β-strands imitating a sandwich like 

fold (Figure 1.12) [52, 53].  
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This conserved cupin “jelly roll” fold forms a flexible, small molecule binding active site 

creating an environment for unique chemistry to take place [50, 53]. Members of the cupin family 

generally contain two conserved motifs defined as GX5HXHX3-6EX6G (motif 1) and GX5-

7PXGX2HX3N (motif 2). The first motif highlights two conserved histidines and one glutamate, 

while motif 2 has an additional conserved histidine. Together these two motifs represent a 3-His/1-

Glu ligand responsible for active site metal coordination (Figure 1.13).  

 

 

Figure 1.12. Crystal structure of CDO depicting the DSBH cupin superfamily fold; alpha helices 

(red), beta sheets (yellow), turns/loops (green), and iron core (bronze). PDB: 4KWJ [54]. 
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Figure 1.13. Crystal structure of cupin oxalate oxidase depicting the  traditional 3-His/1-Glu 

coordination of a metal. Mn cation (purple). PDB: 2ET1 [55].  

 

Advances in sequencing have shown these motifs to be less conserved than originally 

thought, but they are still used as a general standard for cupins [51]. In cupins, histidine and 

glutamate have been known to coordinate a wide variety of transition metals. The most common 

active site metal is iron, but other metals such as copper, nickel, and manganese have been found 

[51-53]. Interestingly, the very first crystal structure of CDO contained a nickel center as an artifact 

of purification techniques [56]. Regardless of the metal, the cation typically exhibits a six-

coordinate octahedral style geometry, although alternative coordination has also been observed 

[53, 57-60].  The metallo-cupins frequently share a sequential substrate binding mechanism where 

the substrate is first to coordinate followed by dioxygen coordination to the metal cation [52]. 
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Cysteine dioxygenase lacks the typical glutamate from the first motif leaving the six-

coordinate iron center coordinated by only three histidines (Figure 1.14a). The imidazole ring of 

histidine acts as a monodentate ligand, so a 3-His facial triad presents a weak coordination 

environment for the iron. This weak coordination may account for the varied amounts (~10-70%) 

of reported iron bound in the recombinant enzyme active site of cysteine dioxygenase [32-34, 58, 

61-63]. In the case of CDO, the glutamate from motif 1 is replaced with cysteine (Cys93). This 

non coordinating cysteine amino acid forms a covalent thioether bond with a nearby tyrosine 

(Tyr157) residue (Figure 1.14b).  

 

      

Figure 1.14. Crystal structure of the active site in cysteine dioxygenase. A. Iron (bronze) is weakly 

coordinated 3 histidine residues (His 86, 88, 140). B. Near the iron center lies the thioether 

crosslink between Cys93 and Tyr157. PDB: 4KWJ [54] 

 

1.5.1 Crosslink formation in cysteine dioxygenase 

The thioether adduct in recombinant wild-type CDO exists as a heterogeneous mixture of 

non crosslinked and crosslinked isoforms [64]. Overall few enzymes have been shown to have a 

A. B. 

Cys93 

Tyr157 

His86 

His88 

His140 
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thioether crosslink. To date only five known enzymes contain a Cys-Tyr crosslink: galactose 

oxidase, glyoxal oxidase, siroheme- and [Fe4-S4]-dependent sulfite reductase (NirA), cytochrome 

c nitrite reductase, and cysteine dioxygenase [56, 65-69]. Cysteine dioxygenase stands-out from 

the other enzymes because the formation of the crosslink is not essential for activity. For instance, 

galactose oxidase, a copper enzyme that catalyzes the oxidation of D-galactose by the reduction of 

molecular oxygen and hydrogen peroxide, contains a homogeneous crosslinked thioether adduct 

[70]. The crosslinked-involved tyrosine in galactose oxidase actually coordinates the Cu(II) ion 

along with four other ligands in a square pyramidal arrangement [65]. It has been shown that no 

external enzymes or substrates are needed to form the Cys-Tyr cofactor in galactose oxidase.  

Crosslink formation in galactose oxidase is a self-starting reaction only requiring the 

presence of the Cu(II) metal center and dioxygen [71]. Upon mutation of cysteine to glutamate, in 

galactose oxidase, the crosslink was abolished and there was no measurable activity [72]. This 

strongly suggested that the crosslink is needed for catalytic activity in galactose oxidase. Similar 

trends were seen with glyoxal oxidase and NirA. Additionally these other thioether containing 

enzymes exist solely as a crosslinked isoform [56, 65-69]. It is interesting that CDO is able to exist 

as a heterogeneous mixture of both non crosslinked and crosslinked isoforms. Even more 

intriguing is the crosslink in CDO is not needed for catalytic activity. When crosslinked involved 

Cys93 was mutated to serine, catalytic activity was still present [33]. This and other mutational 

studies of Cys93 suggest the Cys-Tyr crosslink is not essential for activity [73]. 

1.5.2 Identification of the crosslink in cysteine dioxygenase 

Early analysis of CDO, purified from rat liver, revealed a single, ~22,500 kDa, molecular 

weight band on SDS-PAGE [74]. Later studies showed an appearance of a second, lower molecular 

weight band. The lower molecular weight band was identified during an investigation on the 
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effects of a high sulfur diet in rats [75]. Rats that were fed high concentrations of protein and/or 

methionine displayed an increase in the lower molecular weight band of CDO [75]. Based on these 

results it was suggested that the production of the lower molecular weight band was diet dependent. 

Further studies investigated the effects of excess sulfur amino acids on cysteine metabolism in 

rats. These studies showed rats, who were fed a high cysteine diet, had a prominent lower 

molecular weight band, which raised the question of whether the presence of the lower band was 

correlated with activity [44]. Studies to individually isolate the two bands by anion-exchange 

FPLC were unsuccessful [64]. However the two bands were successfully analyzed and sequenced 

through mass spectrometry which resulted in a ~ 25 kDa higher molecular weight band and a ~ 23 

kDa lower molecular weight band that had identical amino acid sequences [64]. The difference 

between the two bands was established when the first three-dimensional crystal structure of CDO 

revealed a covalent bond between Cys93 and Tyr157 [56, 58]. The higher molecular weight band 

does not contain the crosslinked Cys-Tyr (non crosslinked), whereas the lower molecular weight 

band contains the covalently bonded Cys-Tyr (crosslinked) [33]. Purified recombinant rat CDO 

exists as a ~ 50/50 mixture of non crosslinked and crosslinked CDO. 

1.5.3 Mechanism of crosslink formation in cysteine dioxygenase 

Currently all proposed mechanisms of cysteine sulfinic acid assume that the fully 

crosslinked isoform is present before cysteine oxidation begins [33, 73]. However, no study has 

provided any evidence to support this. A method was developed to purify the homogenous non 

crosslinked isoform [33]. Results of the study found that in the presence of iron, an external 

reductant, and increasing concentrations of L-cysteine, the non crosslinked isoform could form the 

homogenous crosslinked isoform. A distinct lag phase was observed while measuring the catalytic 

consumption of dioxygen while CDO converts the homogenous non crosslinked enzyme to the 
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crosslinked isoform. These studies further revealed that the homogenous crosslinked isoform was 

shown to enhance catalytic activity 10-fold compared to wild-type [33, 73, 76]. So undoubtedly 

the presence of the Cys-Tyr crosslink plays an important role in enhancing catalysis for these 

enzymes.  

The same study also proposed a new mechanism for crosslink (Figure 1.15). Briefly, the 

amino and thiolate group of the cysteine substrate coordinates the ferrous iron, followed by 

dioxygen binding oxidizing the ferrous to ferric iron. The hydroxyl group of Tyr157 stabilizes the 

superoxo iron species through hydrogen bonding which facilitates a proton coupled electron 

transfer through Tyr157. The crosslink is generated through a nucleophilic attack by the thiolate 

on the tyrosyl intermediate. Lastly, electron transfer and proton loss from the crosslinked 

intermediate reduces the ferric iron back to ferrous and the crosslinked is formed [33]. The non 

crosslinked wild-type CDO enzyme is in the EPR silent ferrous state, and native and fully 

crosslinked wild-type CDO in the high spin ferric state [33]. When cysteine is introduced 

aerobically with the non crosslinked isoform, the relative intensity increases and gives a high spin 

ferric signal. Addition of cysteine, to the crosslinked isoform gave no change in the relative 

intensity under aerobic conditions. Previously it was thought that the increase in signal intensity 

was due to the coordination of the cysteine substrate to the iron center; however, the increase in 

signal intensity may correlate with crosslink formation [33, 77]. 

1.5.4 Mechanism of product formation in cysteine dioxygenase 

 In addition to being a requirement for crosslink formation, iron, dioxygen, and L-cysteine 

are needed to form cysteine sulfinic acid. Currently proposed mechanisms suggest that the catalytic 

steps involved in crosslink formation are similar to those in cysteine oxidation. Previously 

discussed EPR studies have shown the iron in wild-type CDO exhibits a ferrous resting state, 



20 

 

oxidizing to the ferric form after the addition of substrates [32] . Furthermore, a six-coordinate 

ferrous iron ES complex was identified by X-ray absorption spectroscopy (XAS) [78]. Over the 

years several cysteine sulfinic acid mechanisms have been proposed [33, 56, 58, 63, 78-80]. Except 

for Simmons, et. al. (2006), all mechanisms agree that the cysteine substrate is first to bind 

bidentate followed by oxygen activate. The bidentate substrate coordination was eventually 

confirmed by visualization of a substrate bound crystal structure of wild-type CDO [79]. Albeit 

very similar to previously designed reaction mechanisms, a more recent mechanism of cysteine 

oxidation is shown in Figure 1.16.  

 

 

Figure 1.15. Mechanism of crosslink formation in CDO. Adapted from Njeri, et. al. [33].  
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Figure 1.16. Mechanism of cysteine oxidation by cysteine dioxygenase. Adapted from [33]. 
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1.5.5 Conserved amino acids in cysteine dioxygenase 

 Multiple sequence alignments of CDO homologs found nine conserved amino acid residues 

[56]. With the exception of Gly100, conserved residues Tyr58, Arg60, Trp77, His86, His88, 

His140, His155, and Tyr157 are all found within 8 Å of the active site (Figure 1.17). It is 

interesting the cysteine residue involved in the formation of the crosslink is not conserved among 

species. Rather, in bacteria the cysteine is replaced by a glycine residue, which is unable to form 

the crosslinked species. Inherently, His86, His88, and His140 make up the 3-His facial triad 

responsible for iron coordination. Determination of apo and substrate bound crystal structures 

along with site-directed mutagenesis has provided some insight into the role(s) of the remaining 

six residues.   

 

 

Figure 1.17. The nine conserved residues found in cysteine dioxygenase. PDB: 4KWJ [54] 
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The πN of His155 is located 2.8 Å from the hydroxyl group of Tyr157. The His155, 

Tyr157, and Ser153 (not shown) form a hydrogen bonding network [81, 82]. A H155A CDO 

variant showed an 80-fold decrease in CSA production compared to wild-type [83]. Furthermore, 

purified H155A exists as the homogeneous non crosslinked isoform, alluding that it may play an 

indirect role in crosslink formation.  

Additionally, several mutational studies have been performed with Tyr58, Arg60 and 

Tyr157. Both Tyr58 and Arg60 have been proposed to play a role in L-cysteine coordination and 

specificity [56, 58, 79]. To further evaluate the role of Y58 and R60 in catalysis Y58A, Y58F, 

R60A, and R60K CDO variants were constructed [84]. Both Y58 variants had a 20-fold decrease 

in dioxygen consumption (kcat/Km) as compared to wild-type CDO. Variants of R60 displayed a 

60-fold decrease in dioxygen consumption. This study concluded that both Tyr58 and Arg60 play 

a role in catalysis, with Arg60 serving as the primary amino acid involved in L-cysteine 

coordination [84]. Similarly, previous studies reported that variants R60A and R60Q CDO had a 

70-fold decrease in cysteine sulfinic acid production [73, 79].  

Interestingly, two independently determined crystal structures of apo wild-type CDO, 

reported Arg60 existing in two conformations, bent and extended, both sharing equal electron 

density (Figure 1.17) [54, 81]. This conformational switch takes place at the δ-carbon of Arg60. 

However, in the substrate bound crystal structure, Arg60 exists exclusively as the bent 

conformation [85]. It is currently unknown what causes this 2.0 Å switch between isoforms.  

However, in the bent conformation, the two nitrogens of the guanidinium group in Arg60 lie 2.9 

and 3.1 Å from the carboxyl group of the cysteine substrate. Additionally, the hydroxyl group of 

Tyr58 lies 3.1 Å from the carboxyl group of L-cysteine (Figure 1.18).  Therefore, Tyr58 and Arg60 

stabilize L-cysteine through electrostatic and hydrogen bonding interactions.  Additionally, the 
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aromatic ring of Trp77 provides stabilization to Tyr58 through π-π stacking interactions. Although, 

the exact role the π-π interactions play in catalysis is unknown. 

 

 

Figure 1.18. Substrate bound active site of cysteine dioxygenase, highlighting the positions of 

Tyr58 and Arg60 in relation to the L-cysteine substrate. PDB: 4IEV [85] 

 

Similar to Arg60, several mutational studies have been performed to determine the role of 

Tyr157. In fact, there are several proposed functional roles for Tyr157. Most notably, the 

participation of Tyr157 in the crosslinked isoform has been shown to enhance overall catalytic 

efficiency by 10-fold [33, 73, 76]. Several studies have evaluated the effects of mutating Tyr157 

to phenylalanine. All but one of these studies report a > 60-fold decrease in product formation [33, 

73, 79, 83]. In order to further investigate the role of Tyr157, a more recently study produced 

twenty-one crystal structures; five being the Y157F variant [82]. These studies concluded that in 
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the crosslinked isoform Tyr157 enables proper cysteine coordination and dioxygen stabilization, 

both essential for optimal active site chemistry.  

1.6 Summary 

Elemental sulfur is essential for maintaining metabolic function. In mammals, the amino 

acids methionine and cysteine are the main dietary sources of sulfur. Generally, cysteine is found 

at low levels in the body to maintain a proper sulfur balance. However, when there is a high influx 

of sulfur, the liver plays a crucial role in preserving homeostasis. Homeostasis occurs through two 

regulatory branch points located within the sulfur metabolic pathway.  

The first branch point occurs after methionine is catabolized to homocysteine. 

Homocysteine can either be converted back to methionine through the transmethylation pathway 

or catabolized to cysteine sulfinic acid by the transsulfuration pathway. Regulation between the 

two pathways is dependent on overall substrate availability, with AdoMet being the primary 

regulator. In general, when there is a dietary increase in sulfur, transsulfuration is favored. 

However, when sulfur levels are low to normal transmethylation is favored.     

The second branch point in the sulfur metabolic pathway is the irreversible conversion of 

homocysteine to cysteine sulfinic acid. The production of cysteine sulfinic acid in mammals is an 

important branch point in cysteine metabolism. Key enzymes rely on the readily oxidized cysteine 

as a precursor for the formation of biologically relative small molecules pyruvate and taurine. 

Whether cysteine sulfinic acid is converted to pyruvate or taurine is dependent on the concentration 

of dietary cysteine present. When cysteine is in physiologically excess, pyruvate production via 

aspartate aminotransferase is favored. However when dietary cysteine levels are low, taurine 

production by cysteinesulfinate decarboxylase is favored.  
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In mammals, cysteine sulfinic acid is produced by cysteine dioxygenase (CDO) which 

catalyzes the conversion of L-cysteine to L-cysteine sulfinic acid in the presence of dioxygen. CDO 

is a mononuclear nonheme iron enzyme which belong to the cupin superfamily. Cupins are 

comprised of a series of antiparallel β-sheets which double over to make a sandwich like fold that 

encompasses the active site.  Generally, most cupins also share two common motifs GX5HXHX3-

6EX6G (motif 1) and GX5-7PXGX2HX3N (motif 2). Together the three histidines and one 

glutamate comprise the ligands responsible for active site metal coordination. However, CDO 

lacks the typical glutamate residue from the first motif, and is replaced by a non coordinating 

cysteine residue (Cys93). The iron center is weakly coordinated by three histidine residues.  

Additionally, the non coordinating Cys93 forms a thioether crosslink with a nearby tyrosine 

residue (Tyr157). In vivo, CDO exists as a homogeneously non crosslinked isoform. However, in 

vitro, recombinant wild-type CDO exists as an equal mixture of non crosslinked and crosslinked 

isoforms.  Unlike other enzymes that contain a thioether crosslink, the crosslink in CDO is not 

essential for catalysis. However, when present, the homogeneously crosslinked isoform in CDO 

increases catalytic efficiency 10-fold. Additionally, crosslink formation is substrate dependent, 

requiring L-cysteine in addition to iron and dioxygen. Several available three dimensional crystal 

structures of CDO are available. However, despite wild-type CDO existing in a heterogeneous 

mixture of non crosslinked and crosslinked isoforms, only the crosslinked species has been 

determined. Only recently has a method for purification of the homogeneous non crosslinked 

isoform developed.    

The first focus of this dissertation is to investigate the evolutionary divergence of cysteine 

dioxygenase from the typical 3-His/1-Glu to a 3-His coordination. Studies presented in this 

dissertation will focus on structural, kinetic, and spectroscopical studies of the variant C93E CDO. 
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Secondly, resolution and investigation of the crystal structure of non crosslinked wild-type CDO 

has proven vital in determining a mechanism of crosslink formation. Lastly, crosslinking studies 

of the conserved Arg60 residue, has provided insight into the role of substrate specificity in 

crosslink formation.   
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CHAPTER TWO 

Investigating the Evolutionary Advantage of a 3-His Iron Coordination  

in the Active Site of Cysteine Dioxygenase 

2.1 INTRODUCTION 

Cysteine dioxygen is a non-heme iron enzyme which catalyzes the conversion of L-

cysteine to cysteine sulfinic acid [86, 87]. Cysteine sulfinic acid (CSA) serves as a major branch 

point in mammalian cysteine metabolism. CSA can be decarboxylated to form hypotaurine or 

transaminated to form a pyruvate precursor β-sulfinylpyruvate [7]. Hypotaurine and β-

sulfinylpyruvate are both non-enzymatically oxidized to form taurine and pyruvate [40]. Cysteine 

dioxygenase belongs to the cupin superfamily which is primarily characterized by a double-

stranded β-helix or DSBH [50-53]. The DSBH fold typically consists of six to eight beta sheets 

that fold in half creating a sandwich-like casing around the enzyme’s active site (Figure 2.1a). 

Overall cupins have a low sequence identity, however many cupins share traits from two motifs. 

The first motif designated as GX5HXHX3-6EX6G is comprised of two histidines and one 

glutamate, while the second motif GX5-7PXGX2HX3N only contains one histidine. Together this 

3-His/1-Glu motif serves as the metal coordinating ligand in many cupin enzymes (Figure 2.1b). 

The nitrogen of histidine’s imidazole ring bonds monodentate to the metal, while glutamate 

coordinates the metal by the hydroxyl functional group. In cupins, the resting state of the enzyme’s 
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metal center exhibits a wide range of geometrical configurations [52, 53, 57, 88]. Alternatively, 

the substrate bound metal cation usually exhibits octahedral geometry, allowing for a total of six 

coordination sites. Overall this 3-His/1-Glu ligand occupies four coordination sites with solvent 

molecules filling the remaining sites. For many cupin dioxygenases, the solvent molecules are 

displaced by single-site binding of the substrate followed by dioxygen [52].  

 

          

Figure 2.1. Cupin superfamily enzyme acireductone dioxygenase. A. Double-stranded beta-helix 

DSBH sandwich fold, B. Active site displaying the 3-His/1-Glu nickel coordination environment. 

PDB: 1ZRR [89].  

 

The active site of cysteine dioxygenase lacks the typical 3-His/1-Glu cupin motif. Instead 

the glutamate residue in motif 1 is replaced by a noncoordinating cysteine (Cys93), leaving iron 

weakly coordinated by three histidine residues (His 86, 88, and 140). Interestingly, the 

noncoordinating cysteine residue forms a thioether bond with a nearby tyrosine (Tyr157) residue 

Figure 2.2).  Recombinant wild-type CDO exists as an approximate equal mixture of non 

A. B. 
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crosslinked and crosslinked isoforms. When evaluted by SDS-PAGE these isoforms resolve as 

two distinct bands with the non crosslinked isoform representing the upper molecular weight band.  

 

 

Figure 2.2. Active site of cysteine dioxygenase with the Cys-Tyr crosslink highlighted. PDB: 

4KWJ [54].  

 

Several mutational studies on Cys93 have been performed to evaluate the overall 

contribution of this amino acid in both crosslink formation and catalysis [73, 76, 78, 85]. Studies 

have shown the Cys-Tyr crosslink is not required for product formation but when present the 

crosslink enhances catalytic effeciency 10-fold [33]. However no study to date has investigated 

the evolutionary divergence of the coordinating glutamate in cysteine dioxygenase. The conserved 

Cys93 residue was replaced with glutamate to determine how the substitution affected the kinetic 

and structural properties of the enzyme.   
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2.2 METHODS AND MATERIALS 

2.2.1 Materials 

4-(2-Hydroxyethyl)piperazine-1-ethanesulfonic acid (HEPES), L-cysteine, D-cysteine, 

cysteamine, 3-mercaptopropionic acid, L-ascorbate, ammonium sulfate, ampicillin, streptomycin 

sulfate, lysozyme, and brilliant blue R were purchased from Sigma (St. Louis, MO). Isopropyl-β-

D-thiogalactoside (IPTG) was purchased from Gold Biotechnology (St. Louis, MO). Glycerol and 

sodium chloride were purchased from Macron Fine Chemicals (Center Valley, PA). Difco-brand 

Luria-Bertani (LB) media was purchased from Becton Dickinson and Company (Sparks, MD). 

Macro-Prep® High Q Support column media was purchased from Bio-Rad Laboratories (Hercules, 

CA).  

2.2.2 Construction and Purification of C93E CDO 

The expression vector for C93E CDO was constructed through PCR amplification using 

29 base oligonucleotide primers that replace the wild-type Cys codon with the Glu codon (GAA). 

The PCR product containing the Cys to Glu substitution was confirmed by DNA sequence analysis 

(Davis Sequencing, Davis, CA), and the C93E CDO vector was transformed into BL21 (DE3) 

competent E. coli cells and stored as 20% glycerol stock at -80 °C. Expression of wild-type and 

C93E CDO was carried out as previously described [32]. Cell pellets were resuspended with 100 

mL 25 mM HEPES, pH 7.5, 10% glycerol and 0.02 mg/mL lysozyme in 10 mM Tris-Cl, pH 8.5. 

The resuspended cell mixture was lysed by sonication followed by centrifugation at 10 000 rpm, 

4 °C for 15 min. Addition of 1.5% streptomycin sulfate (w/v) was added to the supernatant, and 

the solution was slowly stirred at 4 °C for 1 hour. The solution containing precipitated nucleic 

acids was centrifuged at 10 000 rpm at 4 °C for 20 min.  An additional 100 mL 25 mM HEPES, 



32 

 

pH 7.5, 10% glycerol was added to the supernatant before loading onto the Macro-Prep® High Q 

Support (Bio-Rad Laboratories, Hercules, CA). Protein was eluted from the column using a linear 

gradient from 0 - 150 mM sodium chloride in 25 mM HEPES, pH 7.5, 10% glycerol. Fraction 

purity was determined by SDS-PAGE (5% stacking with 12% resolving), and fractions determined 

to be of the highest purity were pooled and concentrated with 70% ammonium sulfate (w/v) and 

stirred at 4 °C for 1 hour. The enzyme solution was centrifuged at 10 000 rpm, 4 °C for 20 minutes, 

and the pellet resuspended in 10 - 15 mL of 25 mM HEPES, pH 7.5, 10% glycerol, 100 mM sodium 

chloride. The protein concentration was determined by UV-visible absorption spectroscopy at 280 

nm using a molar extinction coefficient of 25 440 M-1 cm-1. A 1:1.2 protein to ferrous ammonium 

sulfate molar ratio was added to the protein solution, and the protein was dialyzed twice against 

one liter 25 mM HEPES, pH 7.5, 10% glycerol, 100 mM sodium chloride to remove any unbound 

iron. After dialysis, the protein was centrifuged at 10 000 rpm, 4 °C for 15 minutes to remove any 

precipitated protein, and the total iron content was quantified as previously described [33]. 

Aliquots of the protein were flash frozen with liquid nitrogen, and stored at -80 °C.  

2.2.3 Circular Dichroism 

Protein samples were buffer exchanged with 10 mM potassium phosphate, pH 7.5  using a 

10 000 kDa MWCO Amicon Ultra Centrifugal Filters (Millipore) at 5000 RPM, 4°C.  Far-UV 

circular dichroism spectra were recorded on a JASCO J-810 spectropolarimeter. Spectra of wild-

type and C93E CDO (10 μM) were taken in 0.1 nm increments in continuous scanning mode from 

300 to 185 nm in a 0.1 cm cuvette with a bandwidth of 1 nm and scanning speed of 20 nm/min. 

Each spectra is an average of six scans. Background subtraction and smoothing of the data were 

performed using the software provided. Final data was plotted using KaleidaGraph™ software 

(Synergy Software, Reading, PA). 
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2.2.4 Wild-type and C93E CDO Activity and Product Analysis 

Steady-state kinetic parameters were determined using a Clark-type oxygen electrode to 

monitor the rate of dioxygen consumption. Each assay contained a final concentration of 2 μM 

protein and 1 mM ascorbate in 25 mM HEPES, pH 7.5, at 37 °C.  The assays were initiated by the 

addition of L-cysteine substrate (50 μM to 5 mM), and the initial linear velocities were recorded 

5-10 seconds after initiation of the reaction and then plotted against the substrate concentration. 

Steady-state kinetic parameters were corrected based on the amount of iron bound. Data calculated 

was an average of at least four individual experiments and was plotted and evaluated using the 

Michaelis-Menten equation in KaleidaGraph™ software (Synergy Software, Reading, PA).  

Cysteine sulfinic acid (CSA) formation was quantified using mass spectrometry (MS) and 

then correlated with the rate of dioxygen consumption. Assays conditions were similar to steady-

state kinetic experiments, and reactions were initiated with the addition of 1 mM L-cysteine. After 

one minute the reaction was quenched with 1 μL formic acid (90% v/v). Acetonitrile was added to 

the quenched reaction in a 1:1 ratio (v/v). Mass analysis was performed on an Ultra Performance 

LC System (ACQUITY, Waters Corp., Milford, MA, USA) in conjunction with a quadrupole time-

of-flight mass spectrometer (Q-Tof Premier, Waters) with electrospray ionization (ESI-MS) in 

negative mode. Cysteine sulfinic acid concentrations were evaluated against a CSA standard curve 

which ranged from 50 - 200 μM. Substrate analogs D-cysteine, cysteamine (2-aminoethanethiol), 

and 3-mercaptoproprionic acid (3-MPA) were also tested for dioxygen consumption and product 

formation using the same parameters described.  
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2.2.5 EPR Spectroscopy 

Electron paramagnetic resonance (EPR) studies were performed on a Bruker EMX 

spectrometer at X-band frequency (Bruker Biospin Corporation, Billerica, MA). Cooling to 9.8 K 

was performed using an Oxford Instruments ESR 900 flow cryostat and an ITC4 temperature 

controller. All samples prepared for EPR analysis had a final concentration of 100 μM enzyme in 

25 mM HEPES, 10% glycerol, pH 7.5, with 0.1 M NaCl. Samples containing L-cysteine, or L-

cysteine analogs, were incubated in a final concentration of 10 mM L-cysteine on ice for 1 min 

and then flash frozen in EPR tubes with liquid nitrogen. All spectra were recorded using the 

following settings: 9.39 GHz microwave frequency, 1.99 mW microwave power, 2 x 104 or 4 x 

104 receiver gain, 100 kHz modulation frequency, 6 G modulation amplitude, with a time constant 

of 163.84 ms, and a sweep time of 167.77 s. Percent iron bound was calculated by spin 

quantification using 1 mM copper (II) sulfate in 10 mM EDTA (pH 8.0) as the standard.  

2.2.6 Crystallization and Diffraction Data Collection 

Recombinant wild-type and C93E CDO enzymes were purified as described above for 

crystallization trials. After dialysis, CDO was concentrated using 10 000 kDa MWCO Amicon 

Ultra Centrifugal Filters (Millipore) at 5 000 RPM, 4°C. Concentrated enzyme was flash frozen 

with liquid nitrogen and stored at - 80°C. Final concentration of enzyme ranged from 15 – 20 

mg/mL. Crystals were grown at 24°C using the hanging drop method. Each drop contained 1.5 μL 

of protein mixed with an equal volume of reservoir solution. The reservoir buffer for wild-type 

CDO contained 1 M lithium chloride, 22.5% (w/v) poly(ethylene glycol) (PEG) 10,000 in 0.1 M 

MES, pH 5.5, and the reservoir buffer of C93E CDO contained 1 M lithium chloride, 30% PEG 

6,000 in 0.1 M sodium acetate. Crystals were formed after one day and grew to full size within 

four days. For data collection, crystals were serially washed in 1 M lithium chloride, 30% PEG 
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600 in 0.1 M sodium acetate supplemented with 20% (w/v) sucrose as a cryoprotectant and flash 

frozen to - 160°C. 

Wild-type CDO diffraction data (0.15° oscillation images for a total of 83°) was collected 

at the Stanford Synchrotron Radiation Laboratory (Stanford, CA) on beamline 12-2 at a 

wavelength of 0.9795 Å at 100 K. The exposure time per frame was 0.5 s with 79.5% attenuation 

and a crystal to detector distance of 344.6 mm. The data was indexed and scaled with XDS to 2.49 

Å. The crystals were assigned to the space group P41212 with unit cell dimensions a = b = 57.45 

Å and c = 122.26 Å. C93E CDO diffraction data (0.4° oscillation images for a total of 360°) was 

collected on beamline 7-1 at a wavelength of 1.1271 Å at 100 K. The exposure time per frame was 

5.71 s with 0% attenuation and a crystal to detector distance of 243.6 mm. The data was indexed 

and scaled with XDS to 1.91 Å. The crystals were assigned to the space group P41212 with unit 

cell dimensions a = b = 57.69 Å and c = 122.21 Å (Table 2.1). Molecular replacement calculations 

were performed using Phaser in the PHENIX program suite, using PDB: 2B5H as the search model 

with iron and waters removed yielding a clear solution with each structure. Log likelihood gains 

ranged from 2282.3 – 9483.4 with TFZ scores of 48.1 – 94.0. Model building and refinement were 

performed using Coot and Phenix Refine [90].   
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Table 2.1: Data collection and refinement statistics for wild-type and C93E CDO 

 
Wild-Type CDO 

PDB: 6DL5 

C93E CDO 

PDB: 6DL3 

Data collectiona   

Beamline 12-2 7-1 

Wavelength (Å) 0.9795 1.1271 

Space group P41212 P41212 

Cell dimensions; a, b, c (Å), β (°) 57.45, 57.45, 122.26 57.69, 57.69, 122.21 

Resolution (Å)  38.55 – 2.49 (2.59 – 2.49) 38.69 – 1.91 (1.96 – 1.91) 

Rmerge
b 0.082 (0.452) 0.085 (0.417) 

Total observations 43530 (4665) 451694 (18259) 

Total unique observations 7638 (809) 16741 (1068) 

Mean ((I / sd(I)) 13.5 (3.1) 33.4 (7.4) 

Completeness (%) 99.2 (96.7) 99.9 (98.2) 

Redundancy 5.7 (5.8) 27.0 (17.1) 

Refinement   

Resolution (Å) 38.553 – 2.490 (2.683 – 2.490) 38.691 – 1.911 (1.967 – 1.911) 

Rcryst
c 0.1781 (0.2304) 0.1735 (0.1755) 

Rfree 0.2605 (0.3268) 0.2154 (0.2390) 

Total unique observations 7599 (1307) 16517 (1154) 

No. of non-hydrogen atoms   

     Protein 1502 1481 

     Iron 1 1 

     Ligand 0 4 

     Water 5 84 

rms deviation bonds (Å) 0.015 0.01 

rms deviation angles (°) 1.283 1.037 

Overall mean B-factor (Å2) 36.94 18.42 

Ramachandran plot analysisd   

     Favored region 97.81 99.44 

     Allowed region 2.19 0.56 

     Outlier region 0.00 0.00 
adata indexed and scaled with XDS  
bRmerge = Σh|Ih - <I>|/ΣhIh, where Ih is the intensity of reflection h, and <I> is the mean intensity 

of all symmetry-related  
cRcryst = Σ||Fo| - |Fc||/Σ|Fo|, Fo and Fc are observed and calculated structure factor amplitudes. 

Five percent of the relections were reserved 

 for the calculation of Rfree.
 

dCalculated with Molprobity 
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2.3 RESULTS 

2.3.1 Characterization and Steady-state Kinetics of Wild-type and C93E CDO 

Purification of wild-type and C93E CDO yielded pink and blue isoforms. However, it has 

been found that very few catalytic differences exist between the two isoforms (unpublished data). 

For this study, all results reported are from the blue isoform. Following purification, wild-type and 

C93E CDO enzymes were evaluated for crosslink formation by SDS-PAGE (Figure 2.3).  Wild-

type existed as a heterogenous mixture of both non crosslinked and crosslinked isoforms. Since 

C93E CDO lacks the crosslinked-involved cysteine, the mutated enzyme existed solely as the non 

crosslinked isoform. Additionally, far-UV circular dichroism spectra of wild-type and C93E CDO 

were recorded to determine the overall gross secondary structure (Figure 2.4). C93E CDO variant 

had a similar CD spectrum as wild-type CDO.  

 

 

 

Figure 2.3. Analysis of wild-type CDO and C93E CDO by SDS-PAGE. (1) Molecular weight 

marker, (2) purified wild-type CDO containing a heterogeneous mixture of non crosslinked and 

crosslinked isoforms, and (3) purified C93E CDO existing only as the non crosslinked isoform.  
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Figure 2.4. Circular dichroism spectra of wild-type and C93E CDO. Wild-type CDO (black line) 

and C93E CDO (blue line) spectra were taken with 10 μM protein in 10 mM potassium phosphate, 

pH 7.5. 
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Wild-type CDO had an iron content of ~50%, while C93E CDO had ~100% iron.  Kinetic 

properties of the enzymes were determined by measuring the rate of dioxygen consumption using 

a Clark-type oxygen electrode. The kcat/Km value for C93E CDO resulted in a ~75-fold decrease 

in oxygen consumption compared to wild-type (Table 2.2). To evaluate substrate coordination of 

the active site, three analogs of L-cysteine were used (Figure 2.5). For C93E CDO, substrate 

analogs D-cysteine and cysteamine showed comparable kcat/Km values as L-cysteine, whereas 3-

mercaptoproionic acid had no measurable activity with C93E or wild-type CDO (Table 2.3).  

 

 

 

 

Figure 2.5. Structural analogs of L-cysteine: D-cysteine, cysteamine, and 3-mercaptopropionic 

acid (3-MPA). 

 

 

  



40 

 

 

 

Table 2.2: Steady-state kinetic parameters of wild-type and C93E CDO with L-cysteine.a 

 
kcat 

(min-1) 

Km 

(mM) 

kcat/Km 

(mM-1min-1) 
% Iron Bound 

wild-type CDOb 128 ± 6 0.06 ± 0.01 2133 ± 362 50% 

C93E CDO 8 ± 1 0.29 ± 0.14 29 ± 15 35% 

a Kinetic parameters adjusted for iron content  

b Previously reported [33] 
 

 

 

 

Table 2.3: Steady-state kinetic parameters of C93E CDO with cysteine analogs.a 

 
kcat 

(min-1) 

Km 

(mM) 

kcat/Km 

(mM-1min-1) 

D-cysteine 12 ± 2 0.65 ± 0.35 19 ± 11 

cysteamine 73 ± 11 1.6 ± 0.6 45 ± 18 

3-mercaptopropionic acid --- --- --- 

a Kinetic parameters adjusted for iron content 
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2.3.2 Analysis of Cysteine Sulfinic Acid Product 

Mass spectrometric analyses were performed to correlate product formation with dioxygen 

utilization. Wild-type CDO formed 4001 ± 218 nmol of CSA per min-1mg-1 of enzyme which 

correlated with 4320 ± 244 nmol of O2 consumed per min-1mg-1 of enzyme. Despite minimal 

oxygen consumption, C93E CDO was unable to form the CSA product. When cysteamine was 

used as a substrate, both wild-type and C93E CDO exhibited comparable dioxygen utilization. 

However, neither wild-type or C93E CDO were able to form hypotaurine in the presence of 

cysteamine (Table 2.4).  

 

Table 2.4:  Dioxygen utilization and cysteine sulfinic acid production of wild-type and C93E 

CDO with L-cysteine and cysteamine substrates.  

 L-cysteine cysteamine 

 wild-type CDO C93E CDO wild-type CDO C93E CDO 

Dioxygen utilization 

(nmol/min/mg) 
4320 ± 244 265 ± 23 950 ± 16 1282 ± 13 

Cysteine sulfinic acid 

production  

(nmol/min/mg) 

4001 ± 218 --- --- --- 

 

 

2.3.3 EPR Analyses of Wild-type and C93E CDO 

EPR analyses were performed to determine the oxidation state of the iron in the resting and 

substrate bound state of wild-type and C93E CDO. Previous EPR studies showed wild-type CDO 

to have a high spin iron (III) oxidation state with a g = 4.3 [32, 77]. Furthermore, the addition of 

L-cysteine gives rise to an increase in relative signal intensity [33, 63]. The increase in signal 



42 

 

intensity is attributed to L-cysteine coordination of the active site.  Comparable to previous 

reported results, wild-type and C93E CDO existed in the high spin iron (III) oxidation state with 

an EPR signal of g = 4.3 (Figure 2.6). Spin quantification determined that 100% of the 50% iron 

present in wild-type was bound to the enzyme. However, despite being oxidized with 5 – 10 mM 

ferricyanide, only 35% of the reported 100% iron content was bound in C93E CDO.  
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Figure 2.6. EPR spectra of wild-type (black trace) and C93E (blue trace) CDO. Spectra were taken 

with 100 μM protein in 25 mM HEPES buffer, pH 7.5, 10% glycerol, 100 mM sodium chloride. 
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 To determine the effects of substrate in the active site, C93E CDO was incubated in the 

presence of L-cysteine, cysteamine, or 3-MPA. Compared to resting state C93E CDO, addition of 

substrates L-cysteine and 3-MPA resulted in an increase in the relative signal intensity whereas 

there was no observable increase in the presence of cysteamine (Figure 2.7).    

2.3.4 Determination of Three-dimensional Crystal Structures of Wild-type and C93E CDO 

The crystal structures of wild-type and C93E CDO were refined to 2.49 Å and 1.91 Å 

resolution, respectively. Overall the monomeric tertiary structure is comparable to previously 

solved CDO crystal structures [56, 58, 79, 85]. The monomer is composed of 11 antiparallel β-

sheets, three α-helices, and one partial α-helix located between β7 and β8 (Figure 2.8). The N-

terminus region begins with three α-helices followed by eleven β-sheets which fold to form the 

sandwich-like casing around the active site. The upper β-fold contains β3, β5, β6, β8, β10, and β11 

while the lower (N-terminus) fold is composed of β1, β2, β4, β7, and β9. Together they encompass 

a mononuclear non-heme iron molecule. Previously solved crystal structures report two additional 

β-sheets (β12 and β13) located near the C-terminus in addition to a 310 α-helix located between β1 

and β2 (Figure 2.9) [56, 58, 79]. The absence of the two β-sheets is most likely due to the lower 

resolution or solvation interference in the secondary structure due to crystallization techniques. 

In wild-type CDO the iron is coordinated by three histidine residues and one water 

molecule giving rise to a distorted tetrahedral coordination. The three coordinating histidines 

(His86, 88, and 140) and water molecule all lie within 2.2 Å from the iron. Despite being a 

heterogenous mixture of non crosslinked and crosslink isoforms, wild-type CDO resolved as the 

crosslinked isoform as previously observed. The hydroxyl group of the Cys93-Tyr157 adduct is 

located 4.2 Å away from the iron (Figure 2.10).  
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Alternatively, the iron in C93E CDO exhibits an octahedral coordination environment. 

Three of the six sites are coordinated by the nitrogen on the imidazole ring of histidine, two sites 

are coordinated monodentate by a water and acetate molecule, and the last site is occupied by the 

hydroxyl group of glutamate (Figure 2.11). Since glutamate is coordinating the iron, C93E CDO 

exists as the homogeneous non crosslinked isoform. Consequently, Tyr157 now lies 5.1 Å from 

the iron and 2.9 Å away from the carboxyl functional group of C93E.   
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Figure 2.7. EPR spectra of C93E CDO (blue) with L-cysteine (red), cysteamine (green), and 3-

MPA (gray). 
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Figure 2.8. Tertiary structures of A. wild-type CDO (left) and B. C93E CDO (right). Color scheme 

corresponds to Figure 2.9: loops green), α-helices (red), β1/β2 (magenta),  β3/β4 (yellow), β5/β6 

(cyan), β7/β8 (purple), β9/β10 (gray), and β11 (black).  
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Figure 2.9. Secondary structure alignment for CDO. Top (unshaded) shapes are what is seen in 

previous CDO crystal structures. Bottom (colored) shapes represent the secondary structure of the 

reported crystal structure.  
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Figure 2.10. Active site of wild-type CDO with nearby Cys-Tyr crosslink. PDB: 6DL5 

 

 

 

Figure 2.11. Active site of C93E CDO with mutated glutamate reside. PDB: 6DL3 
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2.4 DISCUSSION 

Over four decades of research have gone into investigating the structural, functional, and 

dietary regulatory implications of cysteine dioxygenase. Although these studies have provided 

valuable insight into CDO, no study has sought to understand the evolutionary divergence of 

cysteine dioxygenase from the 3-His/1-Glu coordination exhibited by a vast number of proteins in 

the cupin superfamily. However, like other cupin dioxygenases, basic mechanistic properties 

remain constant. The oxidative catabolism of  L-cysteine to cysteine sulfinic acid follows an 

ordered sequential mechanism in which CDO binds L-cysteine first followed by dioxygen [52, 53, 

63, 91]. Three dimensional structures of wild-type CDO show that L-cysteine binds bidentate to 

the iron by the amino and thiol groups, and the carboxylic group is stabilized by a nearby arginine 

residue [79, 85, 92]. After L-cysteine coordinates, dioxygen binds monodentate filling the 

remaining site of iron. Although it is known that both molecules of dioxygen are incoorporated in 

the final cysteine sulfinic acid product,  it is still unclear whether the proximal or distal oxygen 

binds to the sulfur first [93, 94]. Mechanisms for both proximal and distal dioxygen incoorporation 

have been proposed, with more experimental evidence for the later. Regardless of the mechanism 

of dioxygen incoorporation, three sites on the iron cation must be available in order for cysteine 

oxidation to occur.  

In an effort to roll back evolution, generation of the C93E CDO variant provided an 

opportunity to study the effects of a 3-His/1-Glu active site environment. The replacement of 

Cys93 to a glutamate residue yielded the 3-His/1-Glu coordination environment exhibited by many 

cupins. Steady-state kinetics showed a ~ 75-fold decrease in activity compared to the wild-type 

enzyme (Table 2.2). Since several studies have shown L-cysteine to coordinate the iron bidentate, 
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it is most likely that the addition of  L-cysteine occupies the remaining two iron coordination sites 

leaving no room for dioxygen binding (Scheme 2.1). 

Additionally, substrate analogs D-cysteine and cysteamine displayed similar catalytic 

efficiency compared to L-cysteine with C93E CDO, whereas 3-MPA had no measurable activity 

(Table 2.3). However it is notable that the kcat of cysteamine is 9-fold higher than L-cysteine, 

suggesting the mutated enzyme is able to consume dioxygen at a faster rate with cysteamine, albeit 

no product was formed with either substrate (Table 2.4). A previous study found there was a 20-

fold increase in cysteine sulfinic acid production in wild-type CDO when cysteamine was added 

to a reaction containing L-cysteine [61].  Although when L-cysteine was removed product 

formation ceased, indicating that cysteamine was not a viable substrate for CDO. It was concluded 

that cysteamine may be a redox activator for the oxidation of L-cysteine [61]. However in C93E 

CDO, the increase in dioxygen consuption with cysteamine is most likely due to the monodentate 

coordination of the iron, leaving an open coordination site for dioxygen binding. Whereas L-

cysteine, D-cysteine, and 3-MPA coordinate bidentate leaving no site open for dioxygen binding 

(Scheme 2.1).  

Attempts to co-crystalize C93E CDO in the presence of L-cysteine and substrate analogs 

have been unsuccesful. However, further justification for monodentate coordination of cysteamine 

can be demostrated through EPR studies. Resting wild-type CDO has an iron (III) EPR signal, but 

in the prescene of L-cysteine the relative signal intensity increases. This signal increase is attributed 

to substrate binding and possible persulfinate formation [63]. EPR spectra of resting wild-type and 

C93E CDO showed comparable iron (III) signals (Figure 2.6). C93E CDO incubated in the 

presence of L-cysteine and 3-MPA showed an increase in the relative signal intensity compared to 

the resting state, suggesting bidentate substrate coordination. Alternatively, when incubated with  
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Scheme 2.1. Coordination environment of C93E CDO. I. Resting state of C93E CDO; II. 

Coordination by L-cysteine; III. Coordination by 3-MPA; IV. Two possible coordinations by 

cysteamine and dioxygen. 
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cysteamine the signal intensity of C93E is comparable to the resting state indicating a weak, 

monodentate coordination (Figure 2.7).   

Single-site substrate coordination in 3-His/1-Glu cupin dioxygenases is not uncommon. 

Quercetin dioxygenase, an enzyme that catabolizes quercetin to 2-

protocatechuoylphloroglucinolcarboxylic acid and carbon monoxide, adopts the moderately 

conserved 3-His/1-Glu cupin motif [57, 88]. Both quercetin and dioxygen bind monodentate to the 

metal cation in a sequential ordered mechanism. It is important that quercetin only occupies one 

coordination site for two reasons: i. bidentate binding of quercetin would occupy all metal sites 

leaving no room for dioxygen binding, and ii. monodentate binding of the bulky substrate allows 

it to remain flexible so unique distortion can occur. Distortion of the quercetin ring is essential for 

product formation [88]. Other 3-His cupin enzymes also require bidentate substrate coordination 

with a single site dioxygen binding for product formation [57, 80, 88, 95]. Overall the evolutionary 

divergence of the 3-His/1-Glu to a 3-His coordination environment  in cysteine dioxygenase allows 

for multi-site occupancy of L-cysteine. Additionally the replacement of glutamate to cysteine 

allows the unique thioether crosslink to be formed. In particular the homogeneous crosslinked 

enzyme increases enzymatic efficiency 10-fold [33]. 
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CHAPTER THREE 

Investigation of Distinct Structural Features in the  

Non crosslinked Isoform of Cysteine Dioxygenase.  

3.1 INTRODUCTION 

Cysteine dioxygenase catalyzes the conversion of L-cysteine to cysteine sulfinic acid in 

mammals (Figure 3.1). Unlike L-cysteine, cysteine sulfinic acid (CSA) is not metabolically 

significant. However, CSA can be metabolized further to pyruvate and taurine [7, 40]. Cysteine 

dioxygenase (CDO) is a non-heme iron enzyme belonging to the cupin superfamily. Many cupin 

proteins contain two motifs, represented by GX5HXHX3-6EX6G (motif 1) and GX5-7PXGX2HX3N 

(motif 2), which are involved in metal coordination [53]. 

 

 

Figure 3.1. Oxidation of L-cysteine to cysteine sulfinic acid by cysteine dioxygenase (CDO). 
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Instead, the iron in CDO is weakly coordinated by 3-His residues (His86, 88, and 140). 

The glutamate, found in the first motif, is replaced by a non-coordinating cysteine residue (Cys93). 

This cysteine is able to form a thioether bond with a nearby tyrosine residue (Tyr157) (Figure 

3.2). In hepatic tissue, CDO exists as the homogeneous non crosslinked isoform. However, studies 

showed that when rats were fed a moderate to high sulfur diet, CDO formed the crosslinked 

isoform [64, 75]. Purified recombinant wild-type CDO exists as a heterogeneous mixture of non 

crosslinked and crosslinked isoforms, but CDO forms the fully crosslinked isoform in the presence 

of L-cysteine [33, 73, 76, 83, 96]. It has been reported that the homogenously crosslinked isoform 

enhances catalytic efficiency up to 10-fold compared to wild-type CDO [33, 73, 76].  

 

 

 

Figure 3.2. Active site of cysteine dioxygenase with the Cys-Tyr crosslink. PDB: 6DL5 
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Over the last decade a great deal of research has gone into investigating this impalpable 

thioether adduct. More specifically, the main topics of investigation have been to obtain the 

homogeneously non crosslinked isoform, determine the requirements for crosslink formation, 

evaluate the spatial separation between crosslink formation in relation to cysteine oxidation, and 

finally arbitrate the role of Arg60 in substrate specificity. Until recently, attempts to purify or 

isolate the homogeneously non crosslinked isoform have been marginally unsuccessful [73, 97]. 

In 2014, Njeri, et. al, found crosslink formation was inhibited when recombinant wild-type CDO 

was expressed in the presence of the iron chelator 1,10-phenanthroline, yielding only the non 

crosslinked isoform [33]. Also, obtaining a crystal structure for the homogeneously non 

crosslinked species has proven difficult. Despite reports of up to 70% non crosslinked wild-type 

CDO, only the crosslinked species crystallizes. Unable to obtain a crystal structure for non 

crosslinked CDO, one study compared the crystal structures of C93A and Y157F CDO variants to 

crosslinked wild-type CDO [82]. Despite stating that C93A and Y157F CDO variants may not be 

a comparable substitute for the non crosslinked isoform, many conclusions about the structural 

differences between the pseudo non crosslinked variants and crosslinked wild-type CDO were 

hypothesized. 

Conversely, progress has been made in determining the requirements for crosslink 

formation.  Studies have shown that in addition to L-cysteine, dioxygen and iron are required for 

crosslink formation [33, 58, 61, 73, 97]. However, the requirement of the substrate, L-cysteine, is 

in direct opposition to other enzymes containing amino acid derived cofactors [98]. Thioether 

crosslinks found in galactose oxidase and glyoxal oxidase form in the absence of their substrates 

[67, 71]. Therefore, it is interesting that cysteine dioxygenase requires L-cysteine for crosslink 

formation. Additionally, crosslink formation is required for catalysis in galactose oxidase, glyoxal 
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oxidase, NirA, and cytochrome c nitrite reductase [67-69, 71]. However, in CDO, site-directed 

mutagenesis studies show that the crosslink is not required for CSA production [33, 73, 79, 83]. 

Additionally, another source of debate is when the crosslink is formed. It has yet to be 

determined whether crosslink formation takes place prior, concurrently, or after the formation of 

cysteine sulfinic acid. Only two studies have attempted to correlate crosslink formation to CSA 

production. In 2008, Dominy Jr. et. al, reported in vitro wild-type CDO can form the 

homogeneously crosslinked isoform in 10 minutes when incubated with L-cysteine, dioxygen, and 

ferrous iron. Alternatively, in vivo, the crosslink is formed when rats are fed moderate to high 

concentrations of L-cysteine (0.2 mM) for an extended time (12-144 hours). The requirement for 

high concentrations of L-cysteine could indicate that formation of the crosslink serves more as a 

regulatory response than a requirement for catalysis. Unfortunately this study never directly 

correlated the timing of crosslink formation with cysteine oxidation in wild-type CDO. Rather, the 

study compared the time of crosslink formation and CSA production between wild-type CDO and 

C93S CDO, a variant unable to form the crosslink. Naming C93S CDO as a non crosslinked 

isoform mimic, and therefore a kinetic substitute for non crosslinked CDO, it was concluded that 

CDO takes ~ 800 catalytic cycles to form 50% of the crosslink. It was further stated that crosslink 

formation and CSA production occur in an undetermined split-path, citing crosslink formation as 

the inefficient route. Based on evidence from this study, the first mechanism of crosslink formation 

was proposed [73]. 

Additional studies directly compared crosslink formation to CSA production in 

recombinant wild-type CDO. However, like Dominy Jr., Siakkou, et. al, was unable to produce a 

homogeneously non crosslinked enzyme. Instead anaerobic purification yielded a 70% non 

crosslinked isoform [97]. Moreover, to form the homogeneous crosslinked isoform, an extensive 
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incubation time of three hours was required. This incubation time is at least ten times greater than 

any other reported method for wild-type CDO [33, 73]. Nevertheless, the study reported low 

product formation during the initial incubation (0-40 minutes) period, and then a linear dependence 

for the remainder of the reaction. Based on representation of a slow phase, it was concluded that 

crosslink formation occurs prior to cysteine oxidation [97]. In a separate study, a slow phase was 

also observed during the consumption of dioxygen in the homogeneous non crosslinked wild-type 

CDO [33].  However, previously reported data suggests cysteine oxidation is independent of 

crosslink formation, which is in direct opposition with the observance of a slow phase [73].   

With the exception of one, the studies mentioned above were conducted prior to obtention 

of the homogeneously non crosslinked isoform. Using the non crosslinked purification method 

developed by our group, we report the first non crosslinked wild-type crystal structure and an 

updated crosslink mechanism. Furthermore, we provide evidence that crosslink formation is not 

solely dependent on L-cysteine. Rather, the crosslink can form with any small molecule capable 

of activating the iron for dioxygen binding. 

  



57 

 

3.2 METHODS AND MATERIALS 

3.2.1 Materials 

4-(2-Hydroxyethyl)piperazine-1-ethanesulfonic acid (HEPES) and all buffers, L-cysteine, 

D-cysteine, cysteamine, 3-mercaptopropionic acid, L-ascorbate, ampicillin, streptomycin sulfate, 

lysozyme, 1,10-phenanthroline, formic acid (90% v/v), ICP-grade iron standard, and brilliant blue 

R were purchased from Sigma (St. Louis, MO). Isopropyl-β-D-thiogalactoside (IPTG) was 

purchased from Gold Biotechnology (St. Louis, MO). Glycerol and sodium chloride were 

purchased from Macron Fine Chemicals (Center Valley, PA). Difco-brand Luria-Bertani (LB) 

media was purchased from Becton, Dickinson and Company (Sparks, MD). Macro-Prep® High Q 

Support column media, SDS-PAGE resolving and stacking buffers, 30% acrylamide, and Blue 

Laemmli was purchased from Bio-Rad Laboratories (Hercules, CA).  

3.2.2 Purification of Non crosslinked Wild-type and Non crosslinked R60A CDO 

Expression of non crosslinked wild-type and non crosslinked R60A was carried out in the 

presence of 1,10-phenanthroline as previously described [33]. Cell pellets were resuspended with 

100 mL 25 mM HEPES, pH 7.5, 10% glycerol and 0.02 mg/mL lysozyme in 10 mM Tris-Cl, pH 

8.5. The resuspended cell mixture was lysed by sonication followed by centrifugation at 10 000 

rpm, 4 °C for 15 min. Addition of 1.5% streptomycin sulfate (w/v) was added to the supernatant, 

and the solution was slowly stirred at 4 °C for 1 hour. The solution containing precipitated nucleic 

acids was centrifuged at 10 000 rpm at 4 °C for 20 min.  An additional 100 mL 25 mM HEPES, 

pH 7.5, 10% glycerol was added to the supernatant before loading onto the Macro-Prep® High Q 

Support (Bio-Rad Laboratories, Hercules, CA). Protein was eluted from the column using a linear 

gradient from 0 - 150 mM sodium chloride in 25 mM HEPES, pH 7.5, 10% glycerol. Fraction 
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purity was determined by SDS-PAGE (5% stacking with 12% resolving), and fractions determined 

to be of the highest purity were pooled and dialyzed twice against two liters of 25 mM HEPES, 

pH 7.5, 10% glycerol, 100 mM sodium chloride to remove any remaining 1,10-phenanthroline. 

After dialysis the protein concentration was determined by UV-visible absorption spectroscopy at 

280 nm using a molar extinction coefficient of 25 440 M-1 cm-1. Enzyme was reconstituted with 

iron at a 1:1.2 protein to ferrous ammonium sulfate molar ratio. The enzyme was dialyzed two 

more times against one liter 25 mM HEPES, pH 7.5, 10% glycerol, 100 mM sodium chloride to 

remove any unbound iron. After dialysis, the protein was centrifuged at 10 000 rpm, 4 °C for 15 

minutes to remove any precipitated protein, and the total iron content was quantified by ICP-AES 

as previously described [33]. Aliquots of the protein were flash frozen with liquid nitrogen, and 

stored at -80 °C.  

3.2.3 Activity of Non crosslinked R60A CDO  

Steady-state kinetic parameters were determined using a Clark-type oxygen electrode to 

monitor the rate of dioxygen consumption. Each assay contained a final concentration of 2 μM 

protein in the presence of 1 mM ascorbate in 25 mM HEPES, pH 7.5 buffer at 37 °C.  The assays 

were initiated by the addition of L-cysteine substrate (200 μM to 5 mM), and linear velocities were 

recorded 5-10 seconds after the lag phase in the reaction and then plotted against the substrate 

concentration. Steady-state kinetic parameters were corrected based on the percentage of iron. For 

time course experiments with non crosslinked R60A CDO, the reaction was initiated by the 

addition of L-cysteine (1 – 100 mM) at t = 60 seconds and was terminated by the addition of 1 μL 

formic acid (90% v/v) at t = ~ 950 seconds. Data calculated was an average of two experiments 

and was plotted and evaluated using the Michaelis-Menten equation in KaleidaGraph™ software 

(Synergy Software, Reading, PA).  
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3.2.4 EPR Analysis of Wild-type and Non crosslinked R60A CDO 

Electron paramagnetic resonance (EPR) studies were performed on a Bruker EMX 

spectrometer at X-band frequency (Bruker Biospin Corporation, Billerica, MA). Cooling to 7 K 

was performed using an Oxford Instruments ESR 900 flow cryostat and an ITC4 temperature 

controller. All samples prepared for EPR had a final concentration of 100 μM enzyme in 25 mM 

HEPES pH 7.5, 10% glycerol, with 0.1 M NaCl. All spectra were recorded using the following 

settings: 9.39 GHz microwave frequency, 0.199 mW microwave power, 2 x 104 receiver gain, 100 

kHz modulation frequency, 6 G modulation amplitude, with a time constant of 163.84 ms, and a 

sweep time of 167.77 seconds.  

3.2.5 Generation of the Crosslinked Isoform with L-cysteine and Substrate Analogs 

 The crosslink in wild-type and non crosslinked R60A CDO was generated by combining 5 

μM CDO with 100 mM L-cysteine, D-cysteine, cysteamine, or 3-mercaptoproprionic acid, with 1 

mM ascorbate in 25 mM HEPES, pH 7.5 for a final volume of 200 μL. Reactions were initiated 

by the addition of enzyme and were incubated at 37 °C for 1 hour. After incubation, 10 μL of the 

reaction was quenched with 5 μL sample buffer (Blue Laemmli with 20% (v/v) 2-mercaptoethanol) 

and heat shocked at 90 – 100 °C for two minutes. Samples were analyzed immediately for crosslink 

formation by SDS-PAGE (5% stacking, 12% resolving) stained with Brilliant Blue.    

3.2.6 Crystallization and Diffraction Data Collection for Non crosslinked Wild-type CDO 

Recombinant non crosslinked wild-type CDO was purified as described above. After 

dialysis, CDO was concentrated using A 10 000 kDa MWCO Amicon Ultra Centrifugal Filter 

(Millipore) at 5 000 RPM, 4°C. Concentrated enzyme was flash frozen with liquid nitrogen and 

stored at - 80°C. Final concentration of enzyme was ~ 18 mg/mL. Crystals were grown at 24°C 
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using the hanging drop method. Each drop contained 1.5 μL of protein mixed with an equal volume 

of reservoir solution. The reservoir solution for non crosslinked wild-type CDO contained 1 M 

lithium chloride, 24% (w/v) poly(ethylene glycol) (PEG) 20,000 in 0.1 M MES at pH 6.5. Crystals 

formed after one day and grew to full size within four days. For data collection, crystals were 

serially washed in 1 M lithium chloride, 30% PEG 600 in 0.1 M sodium acetate supplemented 

with 20% (w/v) sucrose as a cryoprotectant and flash frozen to - 160°C. 

Diffraction data (0.15° oscillation images for a total of 114°) was collected at the Stanford 

Synchrotron Radiation Laboratory (Stanford, CA) on beamline 12-2 at a wavelength of 0.9795 Å 

at 100 K. The exposure time per frame was 0.4 s with 73.5% attenuation and a crystal to detector 

distance of 359.1 mm. The data was indexed and scaled with XDS to 2.30 Å. The crystals were 

assigned to the space group P41212 with unit cell dimensions a = b = 57.59 Å and c = 122.47 Å 

(Table 3.1). Molecular replacement calculations were performed using Phaser in the PHENIX 

program suite, using PDB: 2B5H as the search model with iron and waters removed yielding a 

clear solution with each structure. Log likelihood gains ranged from 2282.3 – 9483.4 with TFZ 

scores of 48.1 – 94.0. Model building and refinement were performed using Coot and Phenix 

Refine [90].   
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Table 3.1: Data collection and refinement statistics for non crosslinked wild-type CDO 

 Non crosslinked wild-type CDO 

Data collectiona  

Beamline 12-2 

Wavelength (Å) 0.9795 

Space group P41212 

Cell dimensions; a, b, c (Å), β (°) 57.59, 57.59, 122.47 

Resolution (Å)  38.64 – 2.30 (2.38 – 2.30) 

Rmerge
b 0.116 (0.459) 

Total observations 75791 (6100) 

Total unique observations 9683 (857) 

Mean ((I / sd(I)) 13.0 (4.2) 

Completeness (%) 99.4 (94.2) 

Redundancy 7.8 (7.1) 

Refinement  

Resolution (Å) 38.645 – 2.303 (2.424 – 2.303) 

Rcryst
c 0.1748 (0.1935) 

Rfree 0.2333 (0.3150) 

Total unique observations 9435 (1098) 

No. of non-hydrogen atoms  

     Protein 1502 

     Iron 1 

     Ligand 0 

     Water 19 

rms deviation bonds (Å) 0.013 

rms deviation angles (°) 1.138 

Overall mean B-factor (Å2) 20.48 

Ramachandran plot analysisd  

     Favored region 99.45 

     Allowed region 0.55 

     Outlier region 0.00 
adata indexed and scaled with XDS 
bRmerge = Σh|Ih - <I>|/ΣhIh, where Ih is the intensity of reflection h, and <I> is the mean intensity 

of all symmetry-related 
cRcryst = Σ||Fo| - |Fc||/Σ|Fo|, Fo and Fc are observed and calculated structure factor amplitudes. 

Five percent of the relections were reserved 

 for the calculation of Rfree. 
dCalculated with Molprobity 
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3.2.7 Effects of pH on Crosslink Formation in Non crosslinked Wild-type CDO 

 The dependence of crosslink formation on pH in non crosslinked wild-type CDO was 

determined through SDS-PAGE and densitometry analysis by ImageJ software. The buffers used 

in these studies were Bis-Tris (pH range of 5.8 – 7.2), Tris-HCl (pH range of 7.0 – 9.0), HEPES 

(pH range of 7.2 – 7.6), and CHES (pH range of 8.6 – 10.0) with all buffers made to a final 

concentration of 50 mM.  Each reaction contained 5 μM non crosslinked CDO with 1 mM 

ascorbate and varying concentrations of L-cysteine (1 – 100 mM) for a total volume of 200 μL. 

Reactions were initiated by the addition of enzyme and were incubated at 37 °C for 30 minutes. 

After incubation, 10 μL of the reaction was quenched with 5 μL sample buffer (Blue Laemmli with 

20% (v/v) 2-mercaptoethanol) and heat shocked at 90 – 100 °C for two minutes. Samples were 

analyzed immediately for crosslink formation by SDS-PAGE (5% stacking, 12% resolving) 

stained with Brilliant Blue. 
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3.3 RESULTS 

3.3.1 Evaluation of Crosslink Formation of Wild-type CDO with Substrate Analogs 

 To evaluate crosslink formation, wild-type CDO was incubated in the presence of L-

cysteine or substrate analogs. Subsequent reactions were qualitatively analyzed for crosslink 

formation on SDS-PAGE. Wild-type CDO was able to form the homogeneously crosslinked 

isoform in the presence of  L-cysteine and D-cysteine. However, the crosslink was unable to form 

in the presence of cysteamine and 3-mercaptoproprionic acid (Figure 3.3). 

 

 

 

Figure 3.3. SDS-PAGE analysis of crosslink formation in wild-type CDO. (1) Molecular weight 

marker, (2) purified wild-type CDO, (3) wild-type CDO with L-cysteine, (4) wild-type CDO with 

D-cysteine, (5) wild-type CDO with cysteamine, and (6) wild-type CDO with 3-MPA.   
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3.3.2 Determination of Three-dimensional Crystal Structure of Non crosslinked Wild-type CDO 

 The crystal structure of non crosslinked wild-type CDO was refined to  2.30 Å resolution. 

Overall, the monomeric tertiary structure was comparable to previously solved CDO crystal 

structures, including our groups previously solved wild-type CDO [56, 58, 79, 85]. Non 

crosslinked wild-type CDO existed as a monomer, composed of 10 antiparallel β-sheets and three 

α-helices located at the N-terminus. The ten β-sheets fold to form the sandwich-like casing around 

the active site (Figure 3.4). The upper β-fold contains β4, β5, β7, β9, and β10, while the lower (N-

terminus) fold is composed of β1, β2, β3, β6, and β8. Together they encompass a mononuclear 

non-heme iron molecule.  

 

 

Figure 3.4. Tertiary structure of non crosslinked wild-type CDO exhibiting the traditional DSBH 

cupin fold.  
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The iron in the non crosslinked isoform is coordinated by three histidine residues and one 

water molecule giving rise to a distorted tetrahedral coordination. The three coordinating histidines 

(His86, 88, and 140) and water molecule all lie within 2.1 Å from the iron (Figure 3.5).  The thiol 

of Cys93 is located 4.2 Å away from the iron and 3.8 Å away from the Cε position of Tyr157, 

whereas the hydroxyl group of Tyr157 is located 4.9 Å away from the iron. The non coordinating 

thiol group of Cys93 is located trans to His86 (Figure 3.6 A), and an obtuse angle of 116.5° exists 

between the hydroxyl group of Tyr157, the coordinating water, and the iron  (Figure 3.6 B).    

 

 

 

Figure 3.5. Active site of non crosslinked wild-type CDO with nearby uncoupled Cys-Tyr 

crosslink.  
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Figure 3.6 Crystal structure of non crosslinked wild-type CDO showing, A. The non crosslinked 

Cys93 lies 4.2 Å away from the iron center, trans to His86. B. The non crosslinked Tyr157 is 

located 4.9 Å away from the iron at a 116.5° angle.  

 

 Alignment of the three dimensional crystal structure of non crosslinked to crosslinked wild-

type CDO revealed four primary structural differences within the active site. The first two 

differences are the 1.2 Å shifts between the uncoupled thiol of Cys93 and the hydroxyl of Tyr157 

(Figure 3.7 A). The last two differences are the positions of Arg60 and Met179. In wild-type CDO, 

the conversed Arg60 residue existed in the predominately bent conformation, whereas in the non 

crosslinked structure Arg60 is predominately found in the extended conformation. Overall, there 

is a 5.3 Å shift between guanidium groups of Arg60. Similarly Met179 is rotated 180° from the 

position of Met179 in crosslinked wild-type CDO with a 3.1 Å difference between the sulfur atoms 

(Figure 3.7 B).   
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Figure 3.7. Overlay of non crosslinked wild-type CDO (gray) with crosslinked wild-type CDO 

(green; PDB: 6DL5) A. 1.2 Å difference in the position of Cys93 and Tyr157 in the non 

crosslinked and crosslinked crystal structure. B. Shifted positions of Arg60 and Met179 in the 

non crosslinked and crosslinked crystal structures.  
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3.3.3 Characterization of Non crosslinked R60A CDO 

 Previous studies showed that R60A CDO is able to form the crosslinked isoform in the 

presence of cysteamine. The R60A CDO variant was constructed to further understand substrate 

dependence in crosslink formation. To obtain the non crosslinked isoform, R60A CDO was 

expressed and purified in the presence of the iron chelator 1,10-phenanthroline. Purified R60A 

CDO existed as a homogenously non crosslinked species (Figure 3.8). Iron content was measured 

by ICP-AES, and non crosslinked R60A CDO was found to have an iron content of ~ 60%. The 

iron in non crosslinked R60A existed as ferrous iron (Fe2+) as determined by EPR (Figure 3.9).  

Kinetic properties of non crosslinked R60A were determined by measuring oxygen 

consumption using a Clark-type oxygen electrode. Non crosslinked R60A and wild-type CDO 

have comparable kcat values of 128 ± 6 min-1 and 138 ± 1 min-1, respectively. However, the 116-

fold increase in the Km value of non crosslinked R60A leads to a decrease in catalytic efficiency 

with kcat/Km values of 19 ± 12 mM-1min-1 for non crosslinked R60A compared to 2133 ± 362 mM-

1min-1 for wild-type CDO (Table 3.2). Furthermore, after the addition of L-cysteine, a distinct lag 

phase in oxygen consumption was observed with non crosslinked R60A CDO (Figure 3.10). This 

lag phase is consistent with what was previously seen with non crosslinked wild-type CDO [33].   
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Figure 3.8. SDS-PAGE analysis of purified non crosslinked R60A CDO. (1) Molecular weight 

marker, (2) heterogenous wild-type CDO, (3) heterogeneous R60A CDO, and (3) homogenous 

non crosslinked R60A.  

 

 

Table 3.2: Steady-state kinetic parameters of wild-type and non crosslinked R60A CDO 

with L-cysteine.a 

 
kcat 

(min-1) 

Km 

(mM) 

kcat/Km 

(mM-1min-1) 
% Iron 

wild-type CDOb 128 ± 6 0.06 ± 0.01 2133 ± 362 50% 

non crosslinked R60A 138 ± 1 7 ± 4 19 ± 12 60% 

a Kinetic parameters adjusted for iron content  

b Previously reported [33] 
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Figure 3.9. EPR spectra of wild-type CDO (black trace) and non crosslinked R60A (blue trace). 

Spectra were taken with 100 μM protein in 25 mM HEPES buffer, pH 7.5, 10% glycerol, 100 mM 

sodium chloride.   

 

 

1000 1200 1400 1600 1800 2000

R
e

la
ti

v
e

 I
n

te
n

s
it

y

Gauss



71 

 

 

 

 

Figure 3.10. Oxygen consumption of non crosslinked R60A CDO with 0 – 100 mM L-cysteine, 

highlighting the lag phase, found where t = 60 – 90 seconds, after the addition of L-cysteine. 
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3.3.4 Evaluation of Crosslink Formation of Non crosslinked R60A CDO with Substrate Analogs 

 The ability of R60A CDO to form the crosslink was evaluated with L-cysteine and substrate 

analogs. Subsequent reactions were qualitatively analyzed for crosslink formation on SDS-PAGE. 

Non crosslinked R60A CDO is able to form the homogeneously crosslinked isoform in the 

presence of  L-cysteine and D-cysteine. Non crosslinked R60A CDO is able to form a 

heterogeneous mixture of the crosslinked isoform in the presence of cysteamine. The crosslink is 

unable to form in the presence 3-mercaptoproprionic acid (Figure 3.11). 

 

 

 

 

Figure 3.11. SDS-PAGE analysis of purified non crosslinked R60A CDO with L-cysteine and 

substrate analogs. (1) Molecular weight marker, (2) non crosslinked R60A CDO, (3) non 

crosslinked R60A CDO with L-cysteine, (4) non crosslinked R60A CDO with D-cysteine, (5) non 

crosslinked R60A CDO with cysteamine, and (6) non crosslinked R60A CDO with 3-MPA.   
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3.3.5 Effects of pH on Crosslink Formation in Non crosslinked Wild-type CDO 

 In order to determine the effects of pH on crosslink formation and how it may relate to the 

overall crosslink mechanism, non crosslinked wild-type CDO was incubated with varying 

concentrations of L-cysteine (0 – 100 mM) at pH range of 5.8 – 10.0. Each sample was resolved 

by SDS-PAGE, and the percent of crosslink formation was quantitatively determined through pixel 

densitometry analysis by ImageJ software. The formation of the crosslink is optimal around pH = 

8.6, where 75 - 100% of CDO is found in the crosslinked isoform. There was a decrease in 

crosslink formation at pH values < 7.0, with only 11 - 52% of CDO in the crosslinked isoform. 

Another decrease in crosslink formation was observed at pH values > 9.0, with 52 – 100% in the 

crosslinked isoform (Table 3.3 and Figure 3.12).  

 

Table 3.3: Effects of pH on crosslink formation in non crosslinked wild-type CDO from 0 – 

100 mM L-cysteine.  

 % crosslinked 

pH 0 mM  1 mM 10 mM 20 mM 40 mM 80 mM 100 mM 

5.8 0 0 0 0 0 18 24 

6.2 0 0 0 0 29 31 41 

6.8 0 0 27 37 47 67 68 

 7.0* 0 11 23 37 46 49 52 

 7.2* 0 36 40 60 68 80 87 

 7.6* 0 53 42 69 72 65 71 

8.4 0 63 73 85 87 89 90 

8.6 0 76 77 75 80 91 100 

 9.0* 0 73 74 71 75 61 83 

9.2 0 69 71 74 65 70 88 

9.6 0 73 52 63 67 76 88 

10.0 0 78 75 75 83 76 100 

*Averages of multiple buffers.  
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Figure 3.12. Effects of pH values 6.8, 8.6, and 9.6 on crosslink formation in non crosslinked wild-

type CDO incubated with varying concentrations of L-cysteine A. 1 mM (black, open circles), 10 

mM (red), 20 mM (green), 40 mM (blue), 80 mM (pink), and 100 mM (black, closed circles). B. 

SDS-PAGE of non crosslinked wild-type with varying concentrations of L-cysteine at pH values 

6.8, 8.6, and 9.6.  
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3.4 DISCUSSION 

In vivo, CDO exists as the homogeneous non crosslinked isoform. However in response to 

an increased sulfur diet the crosslinked species is formed [64, 75]. Purified recombinant wild-type 

CDO exists as a heterogeneous mixture of the non crosslinked and crosslinked isoforms [33, 73, 

83, 97]. Several studies have found that crosslink formation requires L-cysteine, dioxygen, and 

iron, but the exact mechanism in which CDO utilizes L-cysteine in crosslink formation is unknown.  

To date only three mechanisms for crosslink formation have been proposed [33, 58, 73]. 

Despite noting L-cysteine as a requirement, previous mechanisms proposed provided no role for 

the L-cysteine substrate in crosslink formation [58, 73]. In 2014, Njeri, et. al. was the first to 

propose the role of L-cysteine in crosslink formation was merely to change the redox potential, 

allowing for dioxygen binding [33, 83]. This idea is homologous with previous reports of ordered 

sequential binding of L-cysteine followed by dioxygen [94]. However, unlike the substrate-

dependent crosslink in CDO, galactose oxidase, as well as other enzymes containing the Cys-Tyr 

crosslink, do not require the addition of substrates for crosslink formation [99].  

In order to evaluate the role of L-cysteine in crosslink formation, substrate analogs D-

cysteine, cysteamine, and 3-MPA were used. Wild-type CDO was able to form the crosslink in the 

presence of D-cysteine, but was unable to form the crosslink with cysteamine or 3-MPA (Figure 

3.3). Previous studies have reported similar results when wild-type CDO was incubated in the 

presence of cysteamine and 3-mercaptoethanol [73]. Furthermore, previous EPR studies found an 

increase in relative signal intensity when wild-type CDO was incubated with D-cysteine [84]. The 

large relative signal increase can be attributed to the coordination of D-cysteine to the iron. The 

same signal increase was also seen with CDO in the presence of  L-cysteine [33].  
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Additionally, bidentate coordination of D-cysteine can be supported by a recently 

determined crystal structure of C93A CDO co-crystallized with D-cysteine [82]. The study was 

unable to resolve wild-type CDO soaked with D-cysteine, however they were able to determine 

the structure of variant C93A CDO with D-cysteine as well as L-cysteine. The active site of C93A 

CDO with L-cysteine depicts identical coordination with previously solved crystal structures of  

wild-type CDO with L-cysteine, where the thiol group of L-cysteine is trans to His88, and the 

amino group is trans to His140. However comparison of C93A CDO with L-cysteine to D-cysteine 

shows a distorted coordination of the thiol and amino groups of D-cysteine (Figure 3.13). The 

electron density of the thiol group of D-cysteine is found with two occupancies. The dominant thiol 

occupancy resides 1.7 Å from the thiol of L-cysteine with the amino group of D-cysteine lying 1.5 

Å away from the amino of L-cysteine.  Additionally the carboxyl group is displaced by 2.0 Å.  This 

distorted binding of the thiol group would most likely prevent cysteine oxidation. A previous study 

used D-cysteine to evaluate substrate specificity in cysteine oxidation, but did not evaluate the 

effect of D-cysteine on crosslink formation. Overall, this study concluded that CSA formation in 

CDO is stereospecific, and is therefore inhibited by D-cysteine [94].  

Since D-cysteine is able to form the crosslink, it seems the only role L-cysteine plays in 

crosslink formation is to lower the redox potential of iron, priming it for dioxygen binding. This 

theory is supported through a previous study where CDO was anaerobically incubated with L-

cysteine and the O2 surrogate, nitrous oxide (NO) to determine substrate binding order [63]. 

Spectroscopic analyses determined that NO was unable to freely bind to the iron, but in the 

presence of L-cysteine the [ES-Fe-NO] complex could form. Similar NO activation was found 

when CDO was anaerobically incubated with NO and D-cysteine [63]. Therefore, based on data 

from crosslink formation, spectroscopical, and three-dimensional studies, we suggest that 
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crosslink formation in CDO is not specific to L-cysteine coordination but rather can occur with 

any small molecule capable of binding bidentate and lowering the redox potential of iron providing 

a favorable environment for dioxygen activation. 

 

 

Figure 3.13. Overlay of the active site of C93A CDO with L-cysteine (yellow) and D-cysteine 

(magenta). PDB: 4XF0 and 5I0R [82]. 

 

It is also reasonable to assume cysteamine and 3-MPA did not form the crosslink because 

these substrate analogs only bind monodentate to the iron center. This theory can be supported by 

EPR studies that saw a small increase in relative signal intensity with cysteamine and 3-MPA, 

compared to wild-type CDO with L-cysteine and D-cysteine [84]. Anaerobic incubation of wild-

type CDO in the presence of cysteamine or 3-MPA was unable to promote NO binding, again, 

suggesting monodentate coordination [63]. However, despite wild-type CDO not being able to 

form the crosslink in the presence of cysteamine, one study found that the R60A CDO variant was 
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able to form the crosslink in the presence of cysteamine [73]. It is interesting that wild-type CDO 

is unable to form the crosslink with cysteamine but R60A CDO can. It has been long proposed that 

Arg60 plays a role in substrate specificity, however new data suggest that it may also play a role 

in crosslink formation.  

Previously solved crystal structures of wild-type CDO report Arg60 as a flexible residue, 

existing in a bent or extended conformation [58, 82, 85]. In non crosslinked wild-type CDO, Arg60 

exists predominately in the extended position, with the guanidium group pointed toward the active 

site. Alternatively, in the wild-type CDO crystal structure crystalized with L-cysteine, Arg60 exists 

homogeneously in the bent conformation [82, 85]. The arginine switches positions at the δ-carbon, 

resulting in a 4.3 Å difference between the η2 nitrogen (Figure 3.14). The guanidium group of the 

bent conformation is 9.3 Å from the iron. However, in the extended conformation, the guanidium 

group is only 5.9 Å away from the iron.   

 

Figure 3.14. Overlay of the crystal structure of non crosslinked CDO (gray) showing the extended 

position of Arg60 overlay with crosslinked wild-type CDO (green, PDB: 6DL5). 
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 The conformational switch in Arg60 could be a result of electrostatic interactions between 

the  positive guanidium group of Arg60 and the positive amino group of L-cysteine. When L-

cysteine enters the active site, it comes into contact with the positively charged guanidium group 

of Arg60 (Figure 3.15). Interactions between the amine group of L-cysteine and the guanidium 

group of Arg60 will cause the conformational switch in Arg60, while simultaneously repelling the 

amino group of L-cysteine toward the iron. The L-cysteine substrate can then coordinate the iron 

via the thiol and amino group, while the carboxyl group is stabilized by the positively charged 

Arg60 residue (Figure 3.16). Furthermore, the newly bent Arg60 creates additional space in the 

active site for cysteine oxidation to occur. To further evaluate the role of Arg60 in crosslink 

formation, a constructed variant of R60A CDO was used [84]. 

 

 

Figure 3.15. Surface model of the active site opening in non crosslinked wild-type CDO 

highlighting the extended position of Arg60 (pink). 
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Figure 3.16. Coordination of  Arg60 to L-cysteine in crosslinked wild-type CDO. PDB: 4IEV [85]. 

 

An alanine variant of Arg60 CDO contained an equal mixture of non crosslinked and 

crosslinked isoforms [84]. A previous study showed that when R60A CDO is incubated in the 

presence of L-cysteine or cysteamine, crosslink formation occurs [73]. In order to more effectively 

evaluate the role of Arg60 in crosslink formation, R60A CDO was expressed in the presence of 

the 1,10-phenanthroline. This iron chelator was found to prevent crosslink formation during 

expression and purification [33]. This purification yielded a homogenously non crosslinked form 

of R60A CDO, now referred to as non crosslinked R60A CDO. Similar to non crosslinked wild-

type CDO, non crosslinked R60A CDO exists as the EPR silent iron (II) and displays a distinct lag 

phase while monitoring oxygen consumption. The non crosslinked R60A CDO forms the crosslink 

in the presence of L-cysteine and cysteamine similar to the heterogeneous R60A CDO species [73]. 

However, our non crosslinked R60A CDO does not form the fully crosslinked isoform. Similar to 
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wild-type CDO, non crosslinked R60A CDO was able to form the homogeneous crosslinked 

isoform with D-cysteine. With the abolishment of the positively charged arginine, cysteamine is 

now free to bind bidentate, lowering the redox potential of iron, creating a favorable environment 

for crosslink formation to occur.  

The conversion of non crosslinked to the crosslinked isoform has been a topic of 

investigation for almost two decades. Only recently has the first homogeneous non crosslinked 

isoform been obtained in vitro [33]. Until this point, the evaluation of crosslink formation was 

investigated with mostly non crosslinked CDO or mutated Cys93/Tyr157 CDO variants that were 

thought to mimic non crosslinked CDO [82, 97]. A second hindrance in the investigation of 

crosslink formation was the inability to obtain the non crosslinked crystal structure. Despite wild-

type CDO existing as an equal mixture of both isoforms, only the crosslinked isoform crystalized. 

Comparison of the non crosslinked and crosslinked wild-type CDO crystal structures has provided 

valuable insights into the mechanism of crosslink formation.   

  In the crystal structure of non crosslinked wild-type CDO, it is important to note the 

position of Cys93 and Tyr157 in relation to the iron. Cys93 is located trans to His86, 4.2 Å away 

from the iron, and the hydroxyl group of Tyr157 is tilted 26.5° below the coordinating water and 

4.9 Å from the iron. In the crosslinked wild-type CDO crystal structure the hydroxyl group of 

Tyr157 lies closer to the iron at 4.5 Å, whereas the thiol of Cys93 slightly father away from the 

iron at 4.5 Å. The closer position of Tyr157 in the active site would potentially allow for a more 

stable coordination of the activated oxygen substrate. The slight shift of thiol group in Cys93 

appears to be negligible however this minor shift creates more room in the active site. In non 

crosslinked wild-type CDO the angle between the Cys93, iron, and His86 there is 157°. However 

in crosslinked wild-type CDO, the shift of the thiol in Cys93, reduces this angle to 145° (Figure 
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3.17). The twelve degree angle decrease most likely allows more freedom for cysteine oxidation 

to occur.    

 

 

Figure 3.17. Overlay of non crosslinked (gray) and crosslinked (green) wild-type CDO showing 

the twelve angle decrease between Cys93-iron-His86 which is created by the shift in the thiol 

group of Cys93. PDB: 6DL5 

 

In order to form the crosslinked isoform a bond distance of 2.9 Å between the thiol group 

of Cys93 and the hydrogen of the Cε carbon of Tyr157 must be overcome. Once the crosslinked 

is formed, the shift between the non crosslinked and crosslinked thiol group in Cys93 is 1.2 Å, and 

the shift between hydroxyl groups of Tyr157 is 1.2 Å (Figure 3.18). All currently proposed 

mechanisms for crosslink formation have been proposed to occur through a Tyr157-hydroxyl 

radical, however solid-state data suggests that crosslink formation via a thiyl radical would also be 
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favorable [33, 58, 73]. The L-cysteine substrate binds bidentate to iron, with the thiol group trans 

to His88 and the amino group trans to His140 [56, 79]. Binding of L-cysteine shifts the active site 

geometry from distorted tetrahedral to distorted octahedral, leaving iron with one unoccupied site 

for dioxygen binding. Dioxygen binds in an end on fashion, trans to His86. The thiol of Cys93, 

found directly trans to His86, would be in a direct line with the bound dioxygen. Compared to the 

location of Tyr157, it is reasonable to argue that the physical location of Cys93 may provide an 

easier pathway for the radical chemistry necessary for crosslink formation to occur. However, it is 

also reasonable to argue that despite the location, the hydroxyl group of Tyr157 is a better radical 

acceptor than the thiol of Cys93.   

 

 

 

Figure 3.18. Crystal structure overlay of the active site and Cys-Tyr crosslink of non crosslinked 

(gray) and crosslinked wild-type CDO (green; PDB: 6DL5).  

 

Combining new structural information with previous studies, we proposed that crosslink 

formation in CDO can occur via a thiyl or hydroxy radical (Scheme 3.1). Crosslink formation via 
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a thiyl or hydroxyl radical is initiated by the coordination of L-cysteine followed by dioxygen to 

ferrous iron (Fe2+) (Scheme 3.1, I and II). Coordination of dioxygen promotes the formation of a 

Fe3+-superoxide intermediate (Scheme 3.1, III). Proceeding in the direction of a thiyl radical, 

proton-coupled electron transfer takes place between the superoxo species and the thiol of Cys93, 

yielding a thiyl radical and an Fe3+-peroxide complex (Scheme 3.1, IV). In the direction of a 

tyrosyl radical, the hydroxyl group of Tyr157 would provide stabilization through hydrogen 

bonding interactions to the Fe3+-superoxide intermediate (Scheme 3.1, III A). Proton-coupled 

electron transfer between the hydroxyl of Tyr157 and superoxide would yield Fe3+-peroxide and a 

hydroxyl radical (Scheme 3.1, III B). Subsequent proton-coupled electron transfer between the 

hydroxyl radical and thiol of Cys93 would produce a protonated tyrosine and a thiyl radical 

(Scheme 3.1, IV).  Nucleophilic attack via the thiyl radical on a π-electron contained within the 

double bond of Tyr157 produces the crosslinked tyrosyl radical intermediate (Scheme 3.1, V). 

Rearomatization of the crosslinked tyrosyl radical results in the loss of a proton which is combined 

with the peroxide complex producing one molar equivalent of hydrogen peroxide (H2O2). Once 

crosslink formation is complete, L-cysteine remains coordinated to the iron, awaiting cysteine 

oxidation. Cysteine oxidation begins when the second molecule of dioxygen binds, yielding 

another ferric superoxo radical (Scheme 3.1, VI).  
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Scheme 3.1. Modified CDO crosslink mechanism. Crosslink formation via thiyl radical (I-VI) or 

a hydroxyl radical (I-II-IIIA-IIIB-IV-V-VI). 
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Monitoring the effects of pH on crosslink formation provided further insight into the 

mechanism of crosslink formation. It was determined that crosslink formation is optimal around a 

pH of 8.6, with 75 - 100% of CDO in the crosslinked isoform at L-cysteine concentration of 1 – 

100 mM. There was a notable decrease in crosslink formation below  pH < 7.0 and above pH > 

9.0, with only 11 – 52%  and 52 – 100% in the crosslinked isoform, respectively. An increase in 

crosslink formation as pH increases could be the result of the deprotonation of Cys93 (cysteine 

pKa ~ 8). The effects of pH on Cys93 is outlined in Scheme 3.2. At pH values below 8.0, the thiol 

of Cys93 would most likely exist as the protonated species. In order to form the crosslink, the 

superoxide radical and the protonated thiol of Cys93 would participate in proton-coupled electron 

transfer (PCET). However when pH increases above 8.0, the thiol would be deprotonated, and the 

more energetically favorable electron transfer (ET) would take place. While this theory may 

explain the increase in crosslink formation above a pH of 8.0, it does not account for the subsequent 

decrease in crosslink formation when pH > 9.0. However, deprotonation of the hydroxyl group of 

Tyr157 (pKa ~ 10) could account for the decrease in crosslink formation at pH values above 9.0. 

At a pH below 8, the protonated hydroxyl group of Tyr157 helps to stabilize the Fe3+-superoxide 

radical. Then the iron superoxide radical and the hydrogen of the hydroxyl group of Tyr157 

undergoes PCET, followed by another round of PCET between the hydroxy radical of Tyr157 and 

the thiol of Cys93 (Scheme 3.3). However if the hydroxyl group of Tyr157 is deprotonated at pH 

greater than 9.0, it would be unable to stabilize the superoxide iron radical, delaying proton-

coupled electron transfer between the two intermediates. At an optimal pH of 8.6, Tyr157 would 

remain protonated and allow for favorable PCET. Then a more energetically favorable ET would 

occur between the hydroxyl radical of Tyr157 and deprotonated thiol of Cys93.     
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Scheme 3.2. The effect of pH on Cys93 in crosslink formation. 

 

 

Scheme 3.3. The effect of pH on Tyr157 in crosslink formation. 
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 Results obtained from studying the effects of pH on crosslink formation are more in line 

with the Tyr157 hydroxyl radical pathway of crosslink formation. However, it must be noted that 

PCET, or even ET, between the hydroxy radical of Tyr157 and the thiol of Cys93 would need to 

occur over a distance of 5.0 Å. Additionally, there is no spectroscopic evidence for a hydroxyl 

radical [63]. Conversely, if crosslink formation proceeded via a Cys93 thiyl radical, the crosslink 

should be able to form in the Y157F CDO variant. Although, it has been long established that 

crosslink formation does not occur in Y157F CDO. However, crosslink formation via a thiyl 

radical should not be discounted solely based on the inability of Y157F CDO to form the crosslink. 

Failure of Y157F CDO to form the crosslink could be due to the 133° rotation of the β-carbon in 

Cys93, as shown in the overlay of non crosslinked wild-type and Y157F CDO crystal structures 

(Figure 3.19).  Furthermore, DFT calculations place the occupancy of bound O2 within 2.2 Å of 

Cys93, citing the thiyl radical as a more favorable mechanism [63]. 

 

Figure 3.19. Overlay of non crosslinked wild-type CDO (green) and Y157F CDO (gray; PDB: 

4XET). 
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This newly proposed mechanism is also consistent with previous EPR studies that 

determined non crosslinked CDO exists in the ferrous form, and crosslinked CDO exists in the 

ferric form. This mechanism can also account for why a decrease in O2 consumption is observed 

when the homogeneous crosslinked isoform is incubated in the presence of an external reductant 

[33]. The addition of an external reductant to homogeneously crosslinked CDO could prevent the 

ferric species from forming, or inhibit electron coupling between Fe3+-superoxide and the L-

cysteine substrate, ultimately preventing or inhibiting cysteine oxidation. 

Obtaining the non crosslinked wild-type CDO crystal structure has provided valuable 

information in the search of a crosslink mechanism. However, it is very clear that there is much 

work left to do in order to fully determine the mechanism of crosslink formation in cysteine 

dioxygenase. Ultimately, until more evidence is provided to the contrary, we propose both 

mechanisms are equally as likely.    
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CHAPTER FOUR 

LITERATURE REVIEW: PART II 

4.1 Sulfur metabolism in bacteria 

Similar to mammals, sulfur plays an important metabolic role in bacterial organisms. 

Inorganic sulfite and cysteine are the primary sources of sulfur for bacteria [1]. Unfortunately, 

inorganic sulfite and cysteine are not often readily available in the environment exist. To 

counterbalance this shortcoming, many species of bacteria have the ability to scavenge inorganic 

sulfite from organosulfonates. Organosulfonates are typically small carbon-based molecules found 

in nature that contain a R-SO3
- functional group. Through a process called desulfonation, 

organosulfonates are used by bacteria as an alternate sulfur source. For organosulfonates like 

alkanesulfonate, desulfonation takes place through the cleavage of the carbon-sulfur bond, 

producing inorganic sulfite (SO3
-2) and the corresponding aldehyde. Inorganic sulfite is then 

further incorporated into important biomolecules like L-cysteine [2]. 

4.2 Genes expressed during sulfate starvation      

  Many bacterial organisms have enzymes capable of scavenging sulfite from 

alkanesulfonates as well as sulfate and taurine. When sulfate is limited, the sulfate-starvation-

induced (ssi) operons are upregulated [3]. In Escherichia coli, two ssi operons identified included 

tauABCD and ssuEADCB, which are responsible for desulfonation of taurine (2-
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aminoethanesulfonate) and alkanesulfonates, respectively (Figure 4.1). In both the tau and ssu 

gene clusters, tauABC and ssuABC serve as the ABC-type transporter system responsible for 

uptake of taurine and alkanesulfonates into the cell [4-6]. Little is known regarding about the exact 

mechanism in which the substrates move across the external membrane and through the periplasm 

and cytoplasm. However the substrate transport order of enzymes has been identified (Figure 4.2). 

Biochemical studies support that TauA and SsuA are the periplasmic sulfonate binding proteins, 

whereas TauC and SsuC are integral in substrate transportation across the permease membrane, 

and TauB and SsuB are enzymes that hydrolyze ATP. Alkanesulfonates can be transported by both 

ssuABC and tauABC; however, taurine is transported exclusively by tauABC  [7]. 

 

 

 

Figure 4.1. tau and ssu genes expressed during sulfate limiting conditions. Adapted from [2].  
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Figure 4.2. Uptake and transportation of alkanesulfonates and taurine in the ssu and tau gene 

clusters from E. coli. Adapted from [2].  

 

Similarly, desulfonation of taurine is specific to the TauD enzyme. Taurine dioxygenase, 

or TauD, is an α-ketoglutarate dependent non-heme iron enzyme which converts taurine to 

aminoacetaldehyde and sulfite (Figure 4.3) [8]. Due to the involvement of α-ketoglutarate, 

succinate and carbon dioxide are additional products of the desulfonation reaction. In addition, 

TauD is also able to utilize some small aliphatic and aromatic sulfonates [8]. Alkanesulfonates are 

converted to sulfite and the corresponding aldehyde by SsuD. The sulfonate-sulfur utilization 

enzyme alkanesulfonate monooxygenase, or SsuD, uses reduced flavin and oxygen to convert a 

wide range of alkanesulfonates to sulfite and the corresponding aldehyde [6]. Unlike TauD, SsuD 

requires FMNH2, which is supplied by the FMN-reductase SsuE. 
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Figure 4.3. Conversion of taurine to aminoacetaldehyde and sulfite by TauD [8]. 

 

4.3 FMN-reductase SsuE 

In E. coli, the FMN-reductase SsuE is responsible for providing reduced flavin to the 

alkanesulfonate monooxygenase SsuD. In most flavoproteins FMN is bound as a prosthetic group 

which provides stability and prevents autooxidation of FMNH2. However, purified recombinant 

wild-type SsuE does not contain bound flavin as a prosthetic group [9]. It is interesting that flavin 

is used as a substrate in SsuE. Previous work has shown that SsuE has a higher affinity for FMN 

with a Kd value of 0.015 ± 0.004 μM, with one flavin bound per monomer [10]. Additionally, most 

FMN-reductases can utilize NADPH or NADH, but typically have a preference for only one. The 

SsuE enzyme can use either NADPH or NADH, with equal effectiveness, to reduce flavin (Figure 

4.4) [9].   

 

Figure 4.4. Reduction of FMN to FMNH2 by SsuE. 
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Like many FMN-dependent reductases, kinetic studies revealed that SsuE reduces FMN 

through a ordered sequential mechanism (Figure 4.5). The NADPH substrate is first to bind 

followed by FMN, FMN is then reduced and released as FMNH2 followed by the release of NADP+ 

[10]. In addition, there is competitive inhibition between NADP+ and NADPH, however high 

concentrations of NADPH can reverse the inhibitory effect.  

 

 

Figure 4.5. Ordered sequential mechanism of SsuE where A=NADPH; B=FMN; P=FMNH2; 

and Q=NADP+. Adapted from [10].  

 

 Rapid reaction kinetics studies of flavin reduction by SsuE revealed that flavin reduction 

occurs in three separate phases [11]. The first detectable phase is the interaction between NADPH 

and FMN, which is followed by electron transfer from the pyridine nucleotide of NADPH to FMN. 

The hydride transfer between NADPH and FMN was identified as the rate-limiting step, which 

was confirmed by [4(R)-2H] NADPH isotope studies. The last step was determined to be either the 

release of products or the decline of the FMNH2-NADP+ complex [11].  

  

Early oligomeric state analysis, as determined by gel filtration, shows recombinant wild-

type SsuE exists as a homodimer [9]. However, three-dimensional structural analysis of wild-type 
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SsuE determined the flavin-bound and flavin free enzyme exists as a tetramer (Figure 4.6) [12]. 

Analytical ultracentrifugation studies confirmed that flavin-free wild-type SsuE exists as a 

tetramer, or more specifically a dimer of dimers [12]. Contrary to the structural investigations, in 

the presence of flavin wild-type SsuE undergoes a conformational shift from a tetramer to a dimer 

[12]. Crystallization of FMN-bound wild-type SsuE occurred in the presence of supra-

physiological concentrations of enzyme and flavin, which could have an effect on the oligomeric 

state. Overall, it is suspected that binding of FMN weakens the tetramer, causing the enzyme to 

exist in a tetramer-dimer equilibrium. 

 

Figure 4.6. Crystal structure of the tetramer SsuE from E. coli.. α-helices (red), β-sheets 

(yellow), and turns/loops (green). PDB: 4PTY [12].  
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Primary differences among members of the NAD(P)H:FMN reductase family is the 

presence of a π-helix. A π-helix was identified at the tetramer interface of wild-type SsuE (Figure 

4.7). A π-helix is characterized by an insertion of an amino acid residue resulting in 4.1 amino 

acids per turn, as compared to an α-helix consisting of only 3.6 amino acids per turn. Since π-

helices have more amino acids per turn they are further characterized by a bulge protruding from 

the helix [13, 14]. In an enzyme, the occurrence of a π-helix usually signifies an evolutionary 

advancement such as enhanced function [13, 14]. In SsuE, the π-helix is due to an insertion of a 

tyrosine residue (Tyr118). Interestingly, the hydroxyl of Tyr118 forms a hydrogen bond across the 

helical interface to the oxygen atom in the carbonyl backbone of Ala78 [15]. In the FMN-bound 

SsuE crystal structure the polypeptide nitrogen of Ala78 hydrogen bonds to an oxygen (O4) of 

FMN (Figure 4.8).  

 

Figure 4.7. Three dimensional crystal structure of wild-type SsuE (PDB: 4PTY) . A. Monomer of 

wild-type SsuE highlighting the π-helix (cyan). B. Tetramer of wild-type SsuE with π-helices 

shown at the tetramer interface. [12] 

A. B. 
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Figure 4.8. Three dimensional crystal structure of FMN-bound wild-type SsuE showing hydrogen 

bonding between FMN and Ala78. PDB: 4PTZ [12] 

  

It has also been suggested, that due to its position within the π-helix, the conserved Tyr118 

may play a role in oligomeric state changes that promote reduced flavin transfer to SsuD. Recent 

studies sought to investigate the role of Tyr118 and the π-helix in SsuE. In order to investigate the 

role of Tyr118, site-directed mutagenesis from tyrosine to an alanine was performed [16]. Mutation 

of tyrosine to alanine should disrupt the hydrogen bonding network between Tyr118 and Ala78. 

Since alanine lacks aromaticity, the bulge indicative of the π-helical secondary structure should be 

abolished. Three dimensional crystal structures of flavin-free Y118A SsuE confirmed the π-helix 

now exists as a typical α-helix [17]. Purified Y118A SsuE yielded a brightly yellow colored 

enzyme with absorbance maxima at 370 and 457 nm corresponding to a flavin-bound enzyme. 

FMN was liberated from Y118A SsuE through denaturation. Subsequent filtration retained the 

enzyme and left the yellow solution as the flow-thru. The ability to separate through denaturation 
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confirmed the yellow molecule was not covalently bound, and mass spectrometric analysis gave a 

molecular weight consistent with FMN. ApoY118A SsuE binds flavin in a 1:1 ratio, with an 

oxidized FMN dissociation constant (Kd) value of 8 ± 1 nM, which is two-fold lower than wild-

type SsuE indicating tighter binding [16]. Results from anaerobic kinetic studies showed the 

Y118A SsuE variant is capable of flavin reduction. Upon exposure to air slow oxidation of reduced 

flavin occurred. These results suggest the usually reactive FMNH2 is receiving protection against 

oxygen from Y11A SsuE. In coupled assays, Y118A SsuE is unable to support the transfer of 

reduced flavin to SsuD [16]. However, Y118A SsuE is able to transfer electrons to ferricyanide 

under aerobic conditions.  

Further investigation into the three dimensional crystal structure of SsuE, showed π-π 

stacking interactions between Tyr118 residues across the tetramer interface (Figure 4.9) [15].  It 

is speculated that the protruding bulge of the π-helix facilitates the π-π stacking interactions, 

promoting a tetramer interface. Additional Tyr118 variants were constructed to further evaluate 

the role of the π-helix in oligomeric state changes. For simplicity, a qualitative summary of results 

for each variant, including previously discussed Y118A SsuE, is summarized in Table 4.1 [15]. 

 

Table 4.1: Summary of results for wild-type and Y118 SsuE variants [15, 16]. 

 
FMN-bound  

as purified 

FMN binding 

compared to 

wild-type 

Supports NADPH 

oxidase activity 

Supports FMNH2  

transfer to SsuD 

e- transfer  

to FeCN 

Oligomeric  

State 

wild-type SsuE no --- yes yes yes tetramer 

Y118A yes similar no no yes dimer 

Y118S yes similar no no no dimer 

Y118F no similar yes yes n/d* tetramer 

ΔY118 no 10-fold inc. no no yes tetramer 

*n/d – was not determined 
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Figure 4.9. π-π stacking interactions between Tyr118 across the tetramer interface of wild-type 

SsuE. PDB: 4PTY [15] 

 

Substitution of Y118 to serine (Y118S SsuE) could allow for the theoretical conservation 

of hydrogen bonding to Ala78 across the tetramer interface. However due to the absence of 

aromaticity provided by the benzene ring, π-π stacking cannot occur. Purified Y118S SsuE is 

flavin-bound and exists as a dimer. Depesite the preservation of the hydroxyl group, the shortened 

amino acid is not long enough to hydrogen bond across the tetramer interface. The Y118S SsuE 

variant is unable to support NADPH oxidation and flavin transfer to SsuD. Unlike Y118A SsuE, 

the serine variant is not able to support transfer to ferricyanide. Mutation of Y118 to phenylalanine 

(Y118F SsuE) maintains π-π stacking interactions, while compromising hydrogen bonding to 

Ala78. The Y118F SsuE variant exists as a tetramer and can support NADPH oxidation and flavin 

transfer to SsuD.  The preservation of the native oligomeric state suggests that π-π interactions 

persisted. Due to the bulkiness of the benzene ring, the π-helix of Y118F SsuE may have remained 

intact as well [15]. 
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Lastly, deletion of the tyrosine residue (ΔY118 SsuE) removed the insertional additional 

amino acid needed to form a π-helix. This deletion of the tyrosine residue restored the π-helix to 

an α-helix, with the overall oligomeric state of a tetramer [15]. ΔY118 SsuE had no measurable 

NADPH oxidase activity and was unable to support flavin transfer to SsuD. There was also a 10-

fold increase in the FMN binding value compared to wild-type SsuE. These results provide 

evidence that ΔY118 is stable as a tetramer even in the presence of FMN. Unable to form a dimer, 

the active site remains concealed and flavin transfer would not occur. Overall, mutational studies 

suggest that insertion of the tyrosine residue plays a key role in the formation of the π-helix and π-

π stacking interactions. Although the exact mechanism is currently unknown, these π-interactions 

play an important part in the secondary structure and the ability to transfer reduced flavin to SsuD.           

4.4 Alkanesulfonate monooxygenases SsuD 

Once reduced by SsuE, FMNH2 is utilized by the alkanesulfonate monooxygenase SsuD 

to cleave the carbon-sulfur bond of a wide range of 1-alkanesulfonates. The alkanesulfonate 

monooxygenase system is the first reported system that is capable of cleaving the carbon-sulfur 

(C-S) bonds through a oxygenase mechanism [9]. Through the use of reduced flavin and molecular 

oxygen, SsuD desulfonates a wide variety of 1-alkanesulfonates into sulfite and the corresponding 

aldehyde (Figure 4.10).  

 

Figure 4.10. Conversion of alkanesulfonate to sulfite and R-aldehyde by SsuD. 
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Overall the cleavage of the C-S bond is dependent on dioxygen, which is activated by 

reduced flavin [18]. The substrate binding order in SsuD was determined through steady-state and 

rapid reaction kinetic studies. Results suggested that reduced flavin binds first, followed by the 

alkanesulfonate, with dioxygen binding last (Figure 4.11) [18]. It has also been suggested that 

dioxygen binds prior to the alkanesulfonate substrate octanesulfonate (OCS). However, a faster 

reaction rate and slower disassociation constant was observed when SsuD was premixed with 

FMNH2 and octanesulfonate as compared to a premix of SsuD and FMNH2 alone [18]. These 

results suggests that dioxygen likely binds last. It was also determined that OCS binds in a 1:1 

ratio with SsuD-FMNH2, with a Kd value of 17.5 ± 0.9 μM [18].    

 

 

 

Figure 4.11. Proposed substrate binding order of FMNH2 and alkanesulfonate for SsuD. Adapted 

from [18].  
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Additionally, rapid-reaction kinetics provided evidence for the existence of a C4a-(hydro)-

peroxyflavin intermediate. This oxygenated C4a-flavin reaction intermediate is common among 

flavoprotein monooxygenase systems [19-21]. The proposed desulfonation reaction mechanism is 

shown in Figure 4.12. After dioxygen activation, the C4a-(hydro)-peroxyflavin initiates a 

nucleophilic attack on the sulfonate functional group of the alkanesulfonate forming an 

alkanesulfonate-peroxyflavin intermediate. A Baeyer-Villiger rearrangement of the flavin 

intermediate, followed by proton abstraction by a nearby base produces the sulfite and R-aldehyde 

[18].   

As a member of the bacterial luciferase family, SsuD has the traditional triosephosphate 

isomerase (TIM)-barrel fold characterized by eight α-helices and eight parallel β-sheets. The active 

site is located at the C-terminal end of the β-barrel [22]. Like most TIM-barrel proteins, SsuD 

contains a loop region (residues 250-282) [22-25]. Due to the predicted flexible nature of this loop, 

it remains unresolved in three dimensional crystal structures [22]. The loop region is speculated to 

act as a lid-gating mechanism, protecting the reduced flavin from solvent exposure [26-31]. This 

type of substrate protection has previously been identified in bacterial luciferase [32-34]. In SsuD 

a conserved arginine residue, Arg297, is located on the loop region that is directly positioned over 

the active site [35]. Substitution of Arg297 to alanine and lysine in SsuD resulted in an inactive 

enzyme. Additionally, both arginine variants displayed a 4-fold decrease in the ability to bind 

reduced flavin. It was concluded that Arg297 does not significantly effect reduced flavin binding, 

but is more likely to play a role in overall loop closure [35].  Additionally, partial deletion of the 

loop regions of SsuD had no effect on reduced flavin binding, but did have an effect on 

desulfonation activity [36]. This data suggest that the loop aids in the exchange of reduced flavin 

transfer between SsuE and SsuD.  
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Recombinant wild-type SsuD exists as a homotetramer and contains only one cysteine 

residue (Cys54). The lack of cysteine residues is considered an advantage during sulfur limiting 

conditions. Interestingly, Cys54 is located within the active site of SsuD, and is considered a 

conserved residue, along with His228, Arg297, and Tyr331 (Figure 4.13). Structurally similar 

enzymes, bacterial luciferase and long-chain alkane monooxygenase (LadA), also contain the same 

active site residues [22, 37-41].  

 

 

 

Figure 4.12. Proposed desulfonation mechanism of SsuD. Adapted from [18]. 
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Figure 4.13. Location of conserved active site residues Cys54, His228, Arg297, and Tyr331 in 

wild-type SsuD. PDB: 1M41 [22].  

 

Site directed mutagenesis of Cys54 to alanine (C54A) and serine (C54S) was used to 

evaluate the role of the conserved residue in SsuD [37]. Interestingly, the conservative substitution 

of cysteine to serine yielded an overall increase in catalytic efficiency with a kcat/Km value of 3.8 

± 0.7 μM-1min-1 compared to 1.2 ± 0.2 μM-1min-1 for wild-type SsuD. However, it should be noted 

that this increase is primarily due to the 6-fold decrease in Km of C54S SsuD. Alternatively, C54A 

SsuD was determined to have a 9-fold decrease in kcat with a value of 5.6 ± 0.1 min-1 versus 51.7 

± 2.1 min-1 for wild-type SsuD. This decrease led to an overall 6-fold decrease in kcat/Km with a 

value of 0.2 ± 0.1 μM-1min-1 [37]. Neither C54A or C54S SsuD had an effect on the binding of 

FMN or FMNH2. However, both C54A and C54S showed an increased affinity for octanesulfonate 

Tyr331 

Cys54 

His228 

Arg297 
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binding with Kd values of 4.97 ± 0.58 μM and 2.68 ± 0.60 μM, respectively, compared to 17.5 ± 

0.9 μM for wild-type SsuD [37]. Results from rapid-reaction kinetics provided evidence that C54S 

SsuD was capable of forming the C4a-(hydro)-peroxyflavin intermediate, however the flavin 

intermediate was undetectable in experiments with C54A SsuD. Overall it was concluded, the thiol 

of Cys54 provides stabilization to C4a-(hydro)-peroxyflavin intermediate. It is most likely that 

stabilization occurs via hydrogen bonding. C54S SsuD retains the ability to hydrogen bond, and 

therefore provides similar stabilization to the reduced flavin intermediate as wild-type SsuE [37].  

4.5. Flavin transfer and protein-protein interactions   

Reduced flavin is known to readily oxidize, generating reactive oxygen species such as 

hydrogen peroxide or hydroxyl radicals [42-44].  Formation of these molecules can create a toxic 

environment within the cell and lead to permanent physiological damage. Therefore it is suggested 

that flavin transfer in bacteria is tightly controlled. Fluorescence binding studies determined that 

SsuE has a dissociation constant of 0.015 ± 0.004 μM for FMN, which is 600-fold lower than the 

Kd value of 10.2 ± 0.4 μM for SsuD [45]. Alternatively, SsuD has a Kd value of 0.32 ± 0.15 μM 

for FMNH2, compared to the 40-fold higher than the Kd value of 15.5 ± 1.3 μM for SsuE [18]. The 

high degree of specificity for FMN by SsuE and FMNH2 by SsuD may play a role in flavin transfer. 

It has been proposed that flavin transfer between SsuE and SsuD can occur through a free 

diffusion or channeling mechanism (Figure 4.14) [45].  Transfer of flavin by free diffusion would 

be inefficient due to the highly probable autooxidation of FMNH2. A channeling mechanism, that 

involves protein-protein interactions, would be more efficient due to structural protection of 

reduced flavin from non-enzymatic oxidation. Detection of protein-protein interactions in FMN-

dependent two-component systems appears to be dependent on the enzymes being investigated 

[10, 46-50]. While evaluating the mechanism in which SsuE utilizes FMN and NADPH, Gao, et. 
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al. observed that in the presence of SsuD and octanesulfonate, SsuE switched from an ordered 

sequential mechanism to a rapid equilibrium ordered mechanism [10]. The altered mechanism of 

SsuE suggested that static interactions could occur between the two proteins. 

 

 

 

 

Figure 4.14. Two proposed mechanisms of flavin transfer between SsuE and SsuD. A. Flavin 

transfer by free diffusion or B. flavin transfer through a channeling mechanism [45]. 

  

B. 

A. 
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Initial static interaction between the two proteins were observed in chromatographic 

separation experiments using His-tagged SsuD and a Ni-NTA column. After a high concentration 

imidazole wash, SDS-PAGE analysis confirmed the coelution of wild-type SsuE and His-tagged 

wild-type SsuD [45]. The observed static interaction were further evaluated by fluorescent 

spectroscopy to quantitatively determine binding affinity between the two proteins. Similar to 

substrate binding experiments, protein binding was determined by titrating wild-type SsuD into an 

FMN-bound SsuE solution while monitoring an increase in signal intensity. Results found that 

FMN-SsuE bound in a 1:1 ratio with SsuD, having a Kd value of 0.0022 ± 0.0010 μM [45].   

In addition, studies were conducted to identify the specific regions involved in protein-

protein interactions [51]. Amide hydrogen-deuterium exchange mass spectrometry (HDX-MS) is 

a technique used to study conformational dynamics of proteins by exchanging labile hydrogen 

atoms with deuterium (D2O). The amount of deuterium that was exchanged for SsuE and SsuD 

individually was compared to the amount of deuterium exchanged for the SsuE-SsuD complex. In 

wild-type SsuE, a > 20% decrease in deuterium exchange was found in two regions corresponding 

to amino acids 78-89 (KAAYSGALKTLL) and 118-125 (YALKPVL). Similarly two regions of 

SsuD, 251-261 (DDETIAKAQAA) and 285-295 (EISPNLWAGVG) were also identified with a 

comparable decrease in deuterium [51]. The protected regions on SsuE correspond to two helices, 

one being the π-helix that contains Tyr118 (Figure 4.15 A). Similarly protected amino acids on 

SsuD are identified by two α-helices and one loop region positioned at the opening of the active 

site (Figure 4.15 B).     
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Figure 4.15. Protein-protein interaction sites as determined by HDX-MS. A. Interaction sites 

(green) for wild-type SsuE and B. Interaction sites (cyan) for wild-type SsuD. 

   

A. 

B. 
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As previously discussed wild-type SsuE exists as a tetramer, or more specifically a dimer 

of dimers, with the active site contained within the tetramer interface [12]. However in the presence 

of FMN, SsuE undergoes an oligomeric state change into a dimer exposing the active site. The 

vulnerability of the active site in SsuE could be key in the involvement of flavin transfer through 

protein-protein interactions. As previously discussed, mutation of Tyr118 to alanine in SsuE 

produced a tightly bound FMN variant incapable of transferring reduced flavin to SsuD [16]. 

Addition of Y118A SsuE into reactions of SsuE and SsuD could determine if flavin transfer 

occurred exclusively through a channeling mechanism. Y118A and wild-type SsuE would 

compete with each other for interaction sites of wild-type SsuD. Incubation of wild-type SsuE in 

the presence of increasing concentrations of Y118A SsuE and fixed concentrations of SsuD, 

showed a decline in sulfite production. Inhibition of sulfite production by Y118A reached a plateau 

at a 1:1 ratio of Y118A to wild-type SsuD  [16]. The Y118A SsuE variant proved to be an valuable 

tool in investigating protein-protein interactions.   

Interaction sites of SsuD are located in the dynamic loop region and contain negatively 

charged amino acids. Triple mutation of three negatively charged residues, 

Asp251/Asp252/Glu253, to alanine (DDE (251/252/253)AAA) and deletion of the α-helical region 

containing Asp251-Ala261 (ΔD251-A261) in SsuD were performed to better determine the role 

of these regions in protein-protein interactions. Circular dichroism spectroscopy determined that 

the triple mutation and deletion of the Asp251-Ala261 region had no effect on the overall gross 

secondary structure of SsuD. Steady-state kinetic analysis determined the DDE(251/252/253)AAA 

SsuD variant gave a 4-fold decrease in catalytic efficiency (kcat/Km) as compared to wild-type 

SsuD, whereas there was no detectable activity with (ΔD251-A261) SsuD [51].  
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The interaction sites were further investigated through mutagenesis studies. Pull-down 

experiments performed with His-tagged DDE(251/252/253)AAA and  (ΔD251-A261) SsuD 

showed wild-type SsuE did not coelute with the variant enzymes [51]. The SsuD 

DDE(251/252/253)AAA variant had a 5-fold decrease in binding affinity compared to wild-type 

SsuE with a Kd value of 0.21 ± 0.03 μM as compared to 0.039 ± 0.015 μM for wild-type SsuD, 

and suggested that protein-protein interactions were compromised [51].   

The positions of the protected residues, in both SsuE and SsuD, over the active sites suggest 

that protein-protein interactions would aid in the transfer of reduced flavin [51]. Additionally, each 

region contains a series of charged residues. The residues in SsuE are primarily positively charged 

(Lys77, Lys86, and Lys121), while the residues in SsuD are primarily negatively charged (Asp251, 

Asp252, Glu253, Gln259, Glu285, and Asn289). Through electrostatic interactions, the 

alternatively charged residues of SsuE and SsuD could play a role in protein-protein interactions 

[51]. Overall, studies described have provided strong evidence into the detection and identification 

of specific regions involved in protein-protein interactions of the alkanesulfonate monooxygenase 

system.  

4.6. Two-component systems in Pseudomonas sp. involved in sulfur metabolism 

 Alternative desulfonation mechanisms to acquire sulfur from methanesulfonate and 

dimethyl sulfone have been identified in pseudomonads [52-54].  Methanesulfonate (MSA) and 

dimethyl sulfide (DMS) are commonly found in soil environments where bacterial organisms 

thrive. DMS is an oxidative byproduct of marine ecosystems, and is produced through the 

degradation of dimethylsulfoniopropionate. Ultimately DMS is incorporated into the terrestrial 

environment through precipitation [55-60]. DMS can be further oxidized into dimethyl sulfoxide 

(DMSO) and dimethyl sulfone (DMSO2) (Figure 4.16). It is currently thought that oxidation of 
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DMS occurs in the atmosphere, however enzymatic oxidation has not been ruled out [61-63]. 

When sulfite is limiting in the environment, oxidative products of DMS can be used as sulfur 

sources in Pseudomonas sp.. 

 

 

Figure 4.16. Non enzymatic oxidation of DMS to DMSO2. DMS=dimethyl sulfide; 

DMSO=dimethyl sulfoxide; DMSO2=dimethyl sulfone. Adapted from [63, 64].  

 

The SsuE/SsuD alkanesulfonate monooxygenase system has been identified in 

Pseudomonas aeruginosa and Pseudomonas putida [65, 66]. The alkanesulfonate monooxygenase 

system in Pseudomonas sp. is homologous to the one found in E. coli. However in Pseudomonas 

sp., a sixth gene was identified on the ssu operon. The additional gene, designated ssuF, is a small 

molybdopterin-binding protein. The exact role of SsuF has yet to be determined, but in the 

presence of SsuF, SsuD is capable of desulfonating organosulfates (R-O-SO3
-) and aromatic 

alkanesulfonates as well as C-2 to C-10 aliphatic alkanesulfonates [65].  

 In Pseudomonas aeruginosa strain PAO1, an additional set of ssi genes that are involved 

in the desulfonation of methanesulfonate, msuEDC were identified (Figure 4.17) [52]. The msuED 

genes encode for an NADH-dependent FMN-reductase MsuE, which supplies reduced flavin to 

the FMNH2-dependent monooxygenase MsuD. Unlike SsuD, MsuD reacts with a limited number 
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of alkanesulfonates, with methanesulfonate as the preferred substrate [52]. Additionally, the msuC 

gene encodes for a ~ 45 kDa enzyme with a unknown function, MsuC. Amino acid sequence 

comparison shows MsuC is closely related, > 40% identity, to DszC in Rhodococcus erythropolis. 

DszC catalyzes the initial oxidation of sulfinates (R-SO2
-) to sulfonates (R-SO3

-) [67]. A 1.5-fold 

increase in specific activity for desulfonation was found when MsuE and MsuD reaction occurred 

in the presence of MsuC. However, no measurable desulfonation activity was observed for MsuE 

and MsuC alone.  MsuC was also found to be related to several acyl coenzyme A dehydrogenases 

(~ 25% identity) [52]. But, regardless of the specific function of MsuC, the addition of the msuEDC 

operon provides Pseudomonas aeruginosa an advantage in procuring sulfite compared to bacterial 

organisms only containing the ssu operon [52].  

 

 

Figure 4.17. msu genes expressed during sulfur limiting conditions in Pseudomonas aeruginosa. 

  

A pathway for utilization of dimethylsulfone has been identified in Pseudomonas putida 

strain DS1 [54]. The gene clusters sfnECR, and sfnABFG were shown to be induced under limited 

sulfate conditions (Figure 4.18) [53, 54, 68]. It is important to note that Psuedomonas putida lacks 

the msu genes. SfnE, NADH-dependent FMN-reductase, and SfnC, a hypothetical 
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monooxygenase, have a high amino acid sequence identity to MsuE (64 %) and MsuC (70 %) 

found in Pseudomonas aeruginosa [53]. Similar to MsuC, the role of SfnC has yet to be evaluated. 

Alternatively, SfnR was determined to be σ54-dependent transcriptional activator that is required 

for the expression of sfnABFG  [68].  

 

 

Figure 4.18. sfn genes expressed during sulfur limiting conditions in Pseudomonas putida. 

 

The two genes, sfnA and sfnB, are located directly downstream from sfnFG, separated by 

a small intergenic region which binds the transcriptional activator, SfnR. SfnA and SfnB share 

amino acid identity (>30 %) with acyl coenzyme A dehydrogenase enzymes and DszC [68, 69]. 

Interestingly, SfnA and SfnB share 36% amino acid sequence identity with each other. SfnF, a 

hypothetical NAD(P)H-dependent FMN-reductase has 54% amino acid identity with MsuE, while 

SfnG, an FMNH2-dependent monooxygenase, shares 37% amino acid identity with MsuD from 
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Pseudomonas aeruginosa [68]. Activity assays determined that SfnF is unable reduce or transfer 

flavin to SfnG [68]. However, SfnG successfully catalyzed the reaction of DMSO2 to MSA when 

reduced flavin was supplied from SfnE (Figure 4.19).  

 

 

Figure 4.19. Conversion of DMSO2 to MSA by SfnG, with reduced flavin supplied by SfnE as 

proposed by [68]. 

 

 More recently, SfnG has been identified in Pseudomonas fluorescens strain Pf0-1. The 

sfnG gene is the only sfn gene present in Pseudomonas fluorescens [64]. Interestingly, the msuEDC 

gene cluster was also identified in Pseudomonas fluorescens. This is the first report of both sfn and 

msu genes present in a pseudomonad. In this study it was proposed that SfnG utilizes reduced 

flavin to catalyze the demethylation of DMSO2 to yield methanesulfinate (Figure 4.20), and that 

the oxidation of methanesulfinate to MSA is non-enzymatic [64].   
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Figure 4.20. Conversion of DMSO2 to methanesulfinate by SfnG as proposed by [64]. 

 

Since SfnG does not have a dedicated sfn FMN-reductase enzyme, MsuE was used to 

supply reduce flavin to SfnG. When SfnG was incubated in the presence of enzymatically 

generated FMNH2 and DMSO2, and the methanesulfonate product was identified. This is in 

agreeance with results of SfnG in Pseudomonas putida. However control experiments, excluding 

SfnG, showed that methanesulfonate was still able to form when methanesulfinate and FMN were 

incubated in the presence of MsuE [64]. Overall it was concluded that through an oxygen activated 

C4a-(hydro)peroxyflavin, superoxide radicals were generated causing the non enzymatic oxidation 

of methanesulfinate to MSA [64]. It was also speculated that in vivo, oxidation of methanesulfinate 

to MSA could occur through MsuC, whose function has yet to be identified. It is currently proposed 

that sulfite scavenging of DMSO2 occurs through three enzymatic reactions involving SfnG, 

MsuC, and MsuD, with all enzymes requiring reduced flavin (Figure 4.21).  
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Figure 4.21. Proposed metabolic pathway of sulfite acquisition for DMS in Pseudomonas putida. 

Adapted from [64] and personal communication with D. Wicht.  

     

4.7 Summary 

 Sulfur is a primary constituent of metabolically relevant small molecules and cofactors 

such as methionine and iron-sulfur clusters. Elemental sulfur is relatively low in abundance in the 

environment ( ~ 2%), and exists primarily as sulfate esters or organic sulfonates. Bacterial 

organisms require inorganic sulfite and cysteine for survival. Under sulfur limiting conditions 

bacteria possess the ability to encode for enzymes capable of scavenging inorganic sulfite from 

organosulfonate molecules. Two enzymes expressed during sulfur limiting conditions in E. coli, 

are a FMN-reductase (SsuE) and a monooxygenase (SsuD). Together, SsuE and SsuD comprise 

the FMN-dependent two-component monooxygenase systems that catabolizes C2 – C10 

alkanesulfonates into inorganic sulfite and the corresponding aldehyde.  

 The FMN-dependent two-component systems are unlike most systems which utilize 

flavoproteins. SsuE and SsuD use flavin as their substrate, and the flavin is never covalently bound. 

Wild-type SsuE exists as a tetramer, but in the presence of FMN becomes a dimer. One unique 

structural feature of SsuE is the insertion of a tyrosine residue (Tyr118), which plays a key role in 

the formation of a π-helix. The hydroxyl group of Tyr118 hydrogen bonds across the tetramer 
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interface with the carboxyl-oxygen of Ala78. Additionally, the benzene ring of Tyr118 forms π-

stacking interactions with adjacent Tyr118 residues. Mutational studies of Y118 concluded that 

both the π- helix and the π-π stacking interactions play important mechanistic roles in flavin 

transfer. In the reaction with SsuE, NADPH provides the enzyme with the electrons needed to 

reduce FMN to FMNH2. The substrate binding order of SsuE follows an ordered sequential 

mechanism, with NADPH binding first followed by FMN. But, in the presence of SsuD and 

octanesulfonate, SsuE follows a rapid equilibrium ordered mechanism.  

 The monooxygenase SsuD employs reduced flavin, supplied from SsuE, to activate 

molecular oxygen, forming a C4a-(hydro)peroxyflavin intermediate capable of cleaving the 

carbon-sulfur bond in alkanesulfonates. Structurally SsuD exists as a tetramer, and is characterized 

by eight α-helices and eight parallel β-sheets that form the common TIM-barrel fold. Like most 

TIM-barrel proteins SsuD has a mobile loop region which acts as a gate, protecting reduced flavin 

from solvent exposure. The loop has been proposed to assist in the exchange of FMNH2 by SsuE. 

Interestingly, SsuD only contains one cysteine residue (Cys54). Previous studies determined that 

the thiol group of Cys54 is important for stabilization of the reduced flavin intermediate.  

 Reduced flavin, and its catalytic intermediates, are reactive and can be easily oxidized. To 

prevent autooxidation the transfer of reduced flavin needs to be tightly controlled. Strong evidence 

has been provided that flavin transfer between SsuE and SsuD occurs through a channeling-type 

mechanism involving protein-protein interactions. Specific amino acid residues in SsuE and SsuD 

have been identified. Of the polar residues identified, SsuE contains the positively charged lysine 

residues, whereas SsuD contains the negatively charged amino acid residues, aspartate and 

glutamate. These oppositely charged residues most likely contribute to the static interactions that 

occur between the two proteins.  
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 Additional FMN-dependent two-component systems capable of desulfonation have been 

identified in Pseudomonas sp.. Similar to ssu, when environmental sulfur sources are limiting msu 

and sfn genes encode for the expression of enzymes capable of foraging sulfite from alternative 

sources like dimethyl sulfoxide. Dimethyl sulfoxide (DMSO2), is an oxidized form of dimethyl 

sulfide that is commonly found in the environment. The dimethyl sulfone monooxygenase (SfnG) 

uses reduced flavin to desulfonates DMSO2 to methanesulfinate. Methanesulfinate undergoes 

oxidation to form methanesulfonate. Currently it is unclear whether this oxidation step occurs 

spontaneously or by enzymatic means. Regardless, methanesulfonate is then desulfonated by the 

FMNH2-dependent methanesulfonate monooxygenase MsuD to produce sulfite. Both SfnG and 

MsuD require reduced flavin which is supplied by the NAD(P)H-dependent FMN-reductases SfnE 

and MsuE, respectively.  A high degree of amino acid similarities exist between the this group of 

enzymes.  

The remaining portion of the dissertation focuses on identifying and evaluating two-

component enzymes in pseudomonads. Similar amino acid sequences and common functions 

between the enzymes suggest that protein-protein interactions may play a viable role in flavin 

transfer.   
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CHAPTER FIVE 

Investigation of FMN-dependent Two-component Systems  

in Pseudomonas aeruginosa and Pseudomonas putida.  

5.1 INTRODUCTION 

Inorganic sulfur is an essential element for bacterial organisms. However, it is usually 

found in an inadequate supply in the environment in which bacteria live. Under sulfur limiting 

conditions bacterial organisms can express sulfur scavenging enzymes that allow the organism to 

acquire sulfur from alternative sources. In E. coli, the two-component alkanesulfonate system, 

comprised of a FMN-reductase (SsuE) and a monooxygenase (SsuD), are capable of desulfonating 

a wide range of C2 - C10 alkanesulfonates to produce inorganic sulfite and the corresponding 

aldehyde [6]. SsuE utilizes NADPH to reduce flavin to FMNH2, which is then transferred to SsuD. 

Molecular oxygen is activated by FMNH2-bound SsuD into a C4a-(hydro)peroxyflavin which 

cleaves the carbon-sulfur bond of the alkanesulfonate substrate, producing sulfite (Figure 5.1). 

Inorganic sulfite is further catabolized to sulfide, where it is incorporated into nucleosides, 

cofactors, and cysteine. 

The mechanism of reduced flavin transfer can occur through free diffusion or through a 

channeling-type mechanism which requires protein-protein interactions. Due to the highly reactive 
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nature of reduced flavin in forming reactive oxygen species, flavin transfer through a channeling 

mechanism is thought to be favored [45].  

 

 

Figure 5.1. FMN-dependent two-component alkanesulfonate system reaction.   

 

Static protein-protein interactions in the alkanesulfonate monooxygenase system have been 

identified through both chemical and spectroscopical methods [10, 45]. Recently, results from 

hydrogen-deuterium exchange mass spectrometry (HDX-MS) has identified the potential 

interaction sites between SsuE and SsuD [51]. Oppositely charged residues were present in the 

identified regions, which may form electrostatic interactions between the SsuE/SsuD protein 

complex.  

The sulfate starvation induced (ssi) operon, containing the alkanesulfonate monooxygenase 

system, has also been identified in Pseudomonas sp [53, 54, 64, 65]. Interestingly, pseudomonads 

have additional genes that allow sulfite to be scavenged from molecules in the dimethyl sulfide 

(DMS) pathway. DMS originates as a byproduct generated by marine organisms. Through 
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evaporation and subsequent precipitation DMS is abundantly located in soil environments [55-60]. 

Autooxidation of DMS to dimethyl sulfoxide (DMSO) and dimethyl sulfone (DMSO2) has been 

proposed to occur in the atmosphere.  

The msu and sfn operons encode for the FMN-dependent two-component methanesulfonate 

and dimethyl sulfone monooxygenase systems, respectively [53, 54, 64]. Like the alkanesulfonate 

monooxygenase system, the msu and sfn pathways consist of a NAD(P)H dependent FMN-

reductase and a corresponding monooxygenase. The proposed pathway in which Sfn and Msu 

enzymes scavenge sulfur from DMS is outlined in Figure 5.2. Given the structural similarity of 

Sfn and Msu to Ssu enzymes, they may also form protein-protein interaction. The primary 

objective of this study is to determine if any protein-protein interactions exist within the 

methanesulfonate and dimethyl sulfone monooxygenase systems in Pseudomonas species.   

 

 

Figure 5.2. Proposed metabolic pathway of sulfite acquisition for DMS in Pseudomonas sp. 

Adapted from [64] and personal communication with D. Wicht.  
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5.2 METHODS AND MATERIALS 

5.2.1 Materials 

Potassium phosphate, dimethyl sulfoxide, β-nicotinamide adenine dinucleotide (NADH),  

β-nicotinamide adenine dinucleotide 2’-phosphate (NADPH), riboflavin 5’-monophosphate 

(FMN), Tris-HCl, octanesulfonate, DTNB, urea, ammonium sulfate, ampicillin, streptomycin 

sulfate, lysozyme, and brilliant blue R were purchased from Sigma (St. Louis, MO). Phenyl 

Sepharose 6 Fast Flow was purchased from GE Healthcare Life Sciences (Pittsburg, PA). 

Herculase II fusion polymerase was purchased from Agilent (Santa Clara, CA). T4 DNA ligase 

was purchased from New England BioLabs (Ipswich, MA). Isopropyl-β-D-thiogalactoside (IPTG) 

was purchased from Gold Biotechnology (St. Louis, MO). Glycerol and sodium chloride were 

purchased from Macron Fine Chemicals (Center Valley, PA). Difco-brand Luria-Bertani (LB) 

media was purchased from Becton, Dickinson and Company (Sparks, MD). Macro-Prep® High Q 

Support column media and size-exclusion gel filtration standard were purchased from Bio-Rad 

Laboratories (Hercules, CA). Pseudomonas putida strain KT2440 and Pseudomonas putida strain 

GB-1 was purchased from ATCC (Manassas, VA).  

5.2.2 Construction of Two-component Genes in Pseudomonas sp. 

Each gene was obtained from genomic DNA prepared directly from the Pseudomonas 

organism. All genes were PCR-amplified with Herculase II Fusion DNA polymerase using primers 

that included NdeI and XhoI restriction sites (Table 5.1). Ligation into the pET21a expression 

vector was performed with T4 DNA Ligase. Each resulting vector was transformed into E. coli 

XL-1 and BL21(DE3) expression cells. Plasmids were submitted for sequencing analysis at 

Eurofins Genomic. Cell cultures were stored as 50% glycerol stocks at – 80 °C.  
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Table 5.1: List of forward and reverse primers used to clone each gene.  

 Organism 
Forward (F) and Reverse (R) primers 

(5’ to 3’) 

sfnF P. putida KT2440 
F: CGA GGG CAT ATG GTT CAA CAG CTT 

R: CTG TAA CTC GAG TCA GGC CGC  

sfnG P. putida KT2440 
F: CA GGA GAC ATC CAT ATG AGC CAA CCG ATC AAA 

R: A TGG CCG CTC GAG TCA GGC CAC AGC G  

ssuE P. aeruginosa PAO1 
F: GAT GAT CAT ATG CTC GTC GTT TCC 

R: GAT GAT CTC GAG TCA GAT GCT CCA 

ssuD P. aeruginosa PAO1 
F: GAT GAT CAT ATG AGC CTC GAG 

R: GAT GAT CTC GAG TCA ACT CTG CGC 

sfnG P. aeruginosa PAO1 
F: TA CCC CAT ATG AGC CAA GAG CAA C 

R: CGT CTC GAG TCA GGC CGC TTC 

msuC P. aeruginosa PAO1 
F: G AAA CCC CAT ATG AAT GCG AAG AC 

R: TAT GGG TAG CTC GAG TCA TGA GTA G 

sfnE P. putida GB-1 
F: GAT GAT CAT ATG GAG CAC CCC CAC TG 

R: GAT GAT CTC GAG TCA GGC GCT TTT 

 

5.2.3 Expression and Purification of Two-component Enzymes in Pseudomonas sp. 

All enzymes were expressed from the pET21a expression vector in E. coli strain 

BL21(DE3). One liter LB cultures were grown at 37 °C until the A600 value reached 0.6 – 0.8. At 

that time, a final concentration of  0.4 mM isopropyl-β-D-thiogalactoside (IPTG) was added and 

the incubation temperature was lowered to 18 °C for six hours. Cells were harvested by 

centrifugation at 5 000 rpm for 15 minutes at 4 °C. Cell pellets were then stored at – 80 °C 

overnight. Cell pellets were resuspended with 100 mL 25 mM potassium phosphate, pH 7.5, 10% 

glycerol with 0.02 mg/mL lysozyme in 10 mM Tris-Cl, pH 8.5. The resuspended cell mixture was 

lysed by sonication followed by centrifugation at 10 000 rpm, 4 °C for 15 min. Addition of 1.5% 

streptomycin sulfate (w/v) was added to the supernatant, and the solution was slowly stirred at 4 

°C for 1 hour. The solution containing precipitated nucleic acids were centrifuged at 10 000 rpm 

at 4 °C for 20 min. 
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For the FMN-reductase enzymes, ammonium sulfate precipitation was from 20 - 45%. The 

resultant pellet was resuspended in 100 mL 25 mM potassium phosphate, pH 7.5, 10% glycerol, 

and 20% ammonium sulfate and loaded on a phenyl sepharose column. Protein was eluted from 

the column using a linear gradient from 20 – 0% ammonium sulfate in 25 mM potassium 

phosphate, pH 7.5, 10% glycerol. Fraction purity was determined by A280 values and SDS-PAGE 

(5% stacking with 12% resolving). Fractions determined to be of the highest purity were pooled 

and loaded onto a Macro-Prep High Q Support anion exchange column.  Protein was eluted from 

the column using a linear gradient from 0 - 150 mM sodium chloride in 25 mM potassium 

phosphate, pH 7.5, 10% glycerol. Fraction purity was determined as described above, and pooled 

protein was dialyzed twice against one liter 25 mM potassium phosphate, pH 7.5, 10% glycerol, 

and 100 mM sodium chloride. Following dialysis, protein was centrifuged at 10 000 rpm, 4 °C for 

15 minutes to remove any precipitated protein. Aliquots of the protein were flash frozen with liquid 

nitrogen, and stored at -80 °C. 

The purification procedure for the monooxygenase enzymes was similar to purification of 

FMN-reductases, with minor modifications. Ammonium sulfate precipitation was from 30 – 60%. 

The pelleted protein was resuspended in 30 mL of 25 mM potassium phosphate, pH 7.5, 10% 

glycerol and dialyzed twice against one liter of 25 mM potassium phosphate, pH 7.5, 10% glycerol 

to equilibrate the buffer solution. After dialysis, protein was diluted with 100 mL 25 mM potassium 

phosphate, pH 7.5, 10% glycerol and loaded onto a Macro-Prep High Q Support anion exchange 

column. Protein was eluted from the column using a linear gradient from 0 - 150 mM sodium 

chloride in 25 mM potassium phosphate, pH 7.5, 10% glycerol. Fraction purity was determined 

based on A280 values and SDS-PAGE. Ammonium sulfate (20 %) was added to pooled protein and 

diluted with 100 mL 25 mM potassium phosphate, pH 7.5, 10% glycerol, 20% ammonium sulfate. 
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Protein was then loaded on a phenyl sepharose column, and eluted from the column using a linear 

gradient from 20 – 0% ammonium sulfate in 25 mM potassium phosphate, pH 7.5, 10% glycerol. 

Fraction purity was determined and pooled protein was dialyzed twice against one liter of 25 mM 

potassium phosphate, pH 7.5, 10% glycerol with 100 mM sodium chloride. Precipitated protein 

was removed by centrifugation and protein aliquots were flash frozen with liquid nitrogen and 

stored at – 80 °C.   

In this study a total of ten enzymes, six FMN-reductases and four monooxygenases, were 

investigated from three species of Pseudomonas. For simplicity, each enzyme name, the organism 

in which they are found, their theoretical molecular weight as calculated by the amino acid 

sequence, and the in-text abbreviation that will be used are listed in Table 5.2.  

 

Table 5.2: The ten enzymes evaluated in this study along with the organism they originated 

from, their theoretical molecular weight (MW), and the in-text abbreviation.  

 Organism Function MW Abbreviation 

SsuE  E. coli FMN-reductase 21,253 ± 1a SsuEEc 

SsuE  P. put. FMN-reductase 21,570 SsuEPp 

SsuE  P. aer. FMN-reductase 21,517 SsuEPa 

MsuE  P. aer. FMN-reductase 20,028 MsuEPa 

SfnE  P. put. FMN-reductase 20,174 SfnEPpG 

SfnF  P. put. FMN-reductase 25,504 SfnFPp 

SsuD  E. coli monooxygenase 41,605 ± 2a SsuDEc 

SsuD  P. put.  monooxygenase 41,506 SsuDPp 

MsuD  P. aer. monooxygenase 41,596 MsuDPa 

SfnG  P. put. monooxygenase 40,271 SfnGPp 
apreviously calculated based on mass spectrometry [10]. 
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5.2.4 Circular Dichroism 

Far-UV circular dichroism spectra were recorded on a JASCO J-810 spectropolarimeter. 

Spectra of all enzymes (5 μM) were taken in 0.1 nm increments in continuous scanning mode from 

300 to 185 nm in a 0.1 cm cuvette with a bandwidth of 1 nm and scanning speed of 20 nm/min. 

Each spectra is an average of six scans. Background subtraction and smoothing of the data were 

performed using the software provided. Final data was plotted using KaleidaGraph™ software 

(Synergy Software, Reading, PA). 

5.2.5 Fluorometric Titration of FMN-reductase Enzymes 

 Flavin binding to FMN-reductases was determined through spectrofluorometric titrations 

on a Cary Eclipse Agilent Fluorescence Spectrophotometer (Santa Clara, CA). A 1.0 mL solution 

containing 0.20 μM FMN in 25 mM potassium phosphate buffer 0.1 M sodium chloride, pH 7.5 

was titrated with SsuEPp (0.08 – 1.2 μM) or MsuEPa (0.2 – 3.5 μM). A decrease in the relative 

intensity of the FMN spectra was monitored from 470 – 650 nm, with a λmax = 526 nm, and 

excitation wavelength of 450 nm. The Kd values for FMN binding was determined as previously 

described [45].  

5.2.6 Steady-state Kinetic Analyses  

 Kinetic parameters for each FMN-reductase were determined by monitoring a decrease in 

absorbance at 340 nm due to the oxidation of NAD(P)H to NAD(P)+. Each reaction was initiated 

by the addition of 0.04 μM enzyme (0.1 μM for SsuEPp) to a cuvette containing FMN and 

NAD(P)H in 25 mM Tris-HCl, 0.1 M sodium chloride, pH 7.5 at 25 °C. Reactions where FMN 

was varied, NAD(P)H was held constant at 200 μM with an FMN range of 0.5 – 20 μM for SfnEPpG, 

0.1 – 3 μM FMN for SsuEEc, and 1 – 30 μM FMN for SsuEPp or MsuEPa. For assays where 



144 

 

NAD(P)H was varied, FMN was held constant at 2 μM for SsuEEc or SfnEPpG and 20 μM for 

SsuEPp or MsuEPa with an NAD(P)H range of 10 – 250 μM for all enzymes.  

 Kinetic parameters for each monooxygenase were determined by measuring the production 

of sulfite. Sulfite was reacted with DTNB to form the TNB anion which can be 

spectrophotometrically determined at 412 nm (ε = 12, 000 M-1cm-1). Each reaction was performed 

with 0.2 μM monooxygenase enzyme into a solution of 10 – 1000 μM octanesulfonate (or 10 – 

500 μM methanesulfonate for MsuDPa)  in 25 mM Tris-HCl, 0.1 M sodium chloride, pH 7.5 for a 

total reaction volume of 500 μL. For reactions with SsuDEc and MsuDPa, flavin reductase enzymes 

were supplied in a 3:1 excess at 0.6 μM; for reactions with SsuDPp, flavin reductase enzymes were 

supplied in a 1:1 ratio at 0.2 μM. The concentration of FMN in each reaction depended on the 

concentration of the FMN-reductase. For SsuEEc each reaction contained a final concentration of 

2 μM, and reactions with SsuEPp and MsuEPa contained a final concentration of 10 μM FMN. All 

reactions were initiated with the addition of 500 μM NAD(P)H and proceeded for 3 minutes at 25 

°C, and were quenched with 167 μL 8 M urea. A final concentration of 1 mM DTNB was added 

to each reaction and was allowed to develop for 1 – 3 minutes prior to being measured.  

5.2.7 Rapid reaction Kinetic Analyses 

 Single-turnover experiments were performed on an Applied Photophysics SX.18 MV 

stopped-flow spectrophotometer by monitoring flavin reduction and subsequent oxidation as a 

change in absorbance at 450 nm over 100 seconds. Each experiment was performed in single-

mixing mode by reacting equal volumes of solution from each syringe. The reaction was initiated 

by mixing 35 μM SsuEPp, 35 μM SsuDPp, with 30 μM FMN in 50 mM potassium phosphate, 10% 

glycerol, pH 7.5 against 50 μM octanesulfonate, 250 μM NADPH in 10 mM Tris-HCl. 0.1 M 

sodium chloride, pH 8.5 at 4 °C. Control experiments were performed as described above to 
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measure the reduction of flavin in the absence of SsuDPp. Kinetic traces were normalized and 

plotted as a log-log scale in Kaleidagraph software.  
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5.3 RESULTS 

5.3.1 Determination of Genes in Pseudomonas sp. 

 Identification of FMN-reductase and monooxygenase genes in Pseudomonas species were 

determined by comparison of percent amino acid sequence identity to previously determined ssu, 

sfn, and msu genes from E. coli strain K12, P. aeruginosa strain PAO1, and P. fluorescence strain 

Pf0-1 [3, 64-66, 68]. The percent amino acid identity and similarity for identified FMN-reductase 

and monooxygenase enzymes as compared to SsuEEc and SsuDEc are listed in Table 5.3 and Table 

5.4. The gene numbers listed correspond to the notation used with the Pseudomonas Genome 

Database (www.pseudomonas.com) [70]. For simplicity, genes currently and previously identified 

in Pseudomonas species are listed in Table 5.5.  

In Pseudomonas putida strain KT2440, two sfn operons were identified. The first operon 

contains the NAD(P)H-dependent FMN-reductase SfnF (PP_2764), and its partner 

dimethylsulfone monooxygenase SfnG (PP_2765). The second sfn operon contains the σ-54 

dependent transcriptional regulator SfnR (PP_2771), a proposed monooxygenase SfnC (PP_2772), 

and its FMN-reductase partner SfnE (PP_2773). Currently in the Pseudomonas Genome Database, 

SfnF (PP_2764) and SfnG (PP_2765) are misannotated as MsuE and MsuD [70]. However, amino 

acid sequence identity comparison shows that PP_2765 is 80% identical to SfnG P. flu, and only 

29% identical to MsuD P. flu. Additionally, the gene directly upstream from the misannotated 

genes is identified as the acyl-CoA dehydrogenase SfnA (PP_2762).  
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Table 5.3: Percent identity and similarity of FMN-reductases compared to SsuEEc 

 % identity % similarity 

SsuEPa 57 69 

SsuEPp 57 70 

MsuEPa 28 48 

SfnEPpG 31 46 

SfnFPp 31 38 

 

 

Table 5.4: Percent identity and similarity of monooxygenase enzymes compared 

to SsuDEc. 

 % identity % similarity 

SsuDPa 78 88 

SsuDPp 79 88 

MsuDPa 67 76 

SfnGPp 28 45 

 

 

Table 5.5: ssu, sfn, and msu genes identified in Pseudomonas sp. Genes in bold 

were identified in this study.  

 P. put. KT2440 P. put. GB-1 P. aer. PAO1 P. flu Pf0-1 

ssuE 0236 0260 3446 5415 

ssuD 0238 0262 3444 5413 

sfnF 2764 --- --- --- 

sfnG 2765 1798 3954 2879 

sfnE 2773 2164 --- --- 

sfnC 2772 2163 --- --- 

sfnR 2771 2162 2354 --- 

msuC --- --- 2355 3917 

msuD --- --- 2356 3916 

msuE --- --- 2357 3915 
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In Pseudomonas putida strain GB-1, the ssu operon contains the FMN-reductase SsuE 

(PputGB1_0260) and an alkanesulfonate monooxygenase SsuD (PputGB1_0262), as well as 

SsuA, SsuB, SsuC, and SsuF. The sfn operon, sfnECR, contains a FMN-reductase SfnE 

(PputGB1_2164), an acyl-CoA dehydrogenase SfnC (PputGB1_2163), and a σ-54 dependent 

transcriptional regulator SfnR (PputGB1_2162). Interestingly, the dimethylsulfone 

monooxygenase SfnG (PputGB1_1798) exists as a single gene with the absence of sfnABF. 

Similarly, Pseudomonas aeruginosa strain PAO1 also lacked the sfnABF and sfnECR genes, and 

only contains dimethylsulfone monooxygenase SfnG (PA3954).  

5.3.2 Purification and Determination of Secondary Structures 

 Following purification, the apparent molecular weight and purity of each enzyme was 

determined by SDS-PAGE (Figure 5.3). Each apparent molecular corresponded to the theoretical 

molecular weight as determined by the amino acid sequence. The SfnFPp enzyme was soluble 

following purification (Figure 5.3 C). However, despite multiple attempts under diverse 

conditions, purification of SfnFPp was unsuccessful. Additionally, far-UV circular dichroism 

spectra of FMN-reductases and monooxygenases were compared to determine the overall gross 

secondary structure. The FMN-reductases had similar overall gross secondary structures as 

compared to SsuEEc (data not shown). Similarly, the monooxygenase enzymes had comparable 

gross secondary structures to SsuDEc (Figure 5.4). 
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Figure 5.3. SDS-PAGE of purified enzymes involved in desulfonation in E. coli and Pseudomonas 

sp. A. FMN-reductase enzyme (1) Molecular weight marker, (2) SsuEEc, (3) SsuEPp, (4) SsuEPa, 

(5) MsuEPa, (6) SfnEPpG, and B. Monooxygenase enzymes (1) Molecular weight marker, (2) 

SsuDEc, (3) SsuDPp, (4) MsuDPa, (5) SfnGPp. C. Expression of SfnF (1) Molecular weight marker, 

(2) wild-type SsuEEc, (3) SfnFPp cell lysate (4) SfnFPp cell free extract.  
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Figure 5.4. Circular dichroism spectra of SsuDEc (black), SsuDPp (blue), MsuDPa (green), and 

SfnGPp (red). Spectra were taken with 5 μM protein in 10 mM potassium phosphate, pH 7.5. 
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5.3.3  Flavin affinity and FMN binding 

 Flavin affinity and binding stoichiometry of each FMN-reductase for oxidized FMN was 

determined by fluorescence spectroscopy. A decrease in the absorbance of FMN at 526 nm can be 

observed when FMN binds to the reductase enzyme (Figure 5.5). The concentration of FMN 

bound-enzyme was plotted against total enzyme concentration to obtain a dissociation constant 

(Kd) for each FMN-reductase (Figure 5.6 and Table 5.6). SsuEEc had the lowest Kd value of 0.015 

± 0.004 μM, and SsuEPp and MsuEPa were one to two orders of magnitude higher with Kd values 

of 0.18 ± 0.01 μM and 2.0 ± 0.2 μM, respectively. A 1:1 ratio of enzyme to FMN was determined 

for SsuEEc and SsuEPp, whereas MsuEPa had a 1:1.7 enzyme to FMN ratio.  

 

 

Table 5.6: Flavin binding in E. coli and Pseudomonas sp.  

 Kd (μM) 
FMN Binding 
(Enzyme:FMN) 

SsuEEc 
a 0.015 ± 0.004 1:1 

SsuEPp 0.18 ± 0.01 1:1 

MsuEPa. 2.0 ± 0.2 1:1.7 
apreviously reported [10]. 
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Figure 5.5. Fluorometric titration of FMN with a decrease in the relative signal intensity upon the 

addition of A. SsuEPp and B. MsuEPa. 
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Figure 5.6. Fluorometric data of FMN-bound enzyme (A)  SsuEPp and (B) MsuEPa. Concentration 

of FMN-bound enzyme was plotted against the concentration of total enzyme and fit to the binding 

equation from [45]. 
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5.3.4  Steady-state Kinetics of FMN-reductases 

FMN-reductase assays were performed to determine the steady-state kinetic parameters for 

each enzyme. Since FMNH2 is susceptible to auto-oxidation, flavin reduction was measured by 

monitoring the oxidation of NAD(P)H. Overall, it was found that NADPH was the preferred 

pyrimidinic substrate for SsuEEc and SsuEPp, whereas NADH was the preferred substrate for 

MsuEPa (Table 5.7). The SsuEPa enzyme had no observable oxidase activity with NADPH or 

NADH in the presence of FMN or FAD.  

   

Table 5.7: Steady-state kinetic parameters for MsuEPa with NADH and NADPH.  

 
kcat 

(min-1) 

Km 

(μM) 

kcat/Km 

(μM-1 min-1) 

NADH 409 ± 20 29 ± 5 14 ± 3 

NADPH 94 ± 12 129 ± 34 0.7 ± 0.2  

 

 

Under varied concentrations of FMN and fixed concentration of NAD(P)H, SsuEPp has a 

~ 5-fold decrease in turnover, with a kcat (127 ± 4 min-1) compared to SsuEEc (516 ± 26 min-1), 

SfnEPpG (787 ± 25 min-1), and MsuEPa ( 608 ± 39 min-1). Additionally, SsuEPp and MsuEPa have 

an overall 10-fold decrease in catalytical efficiency with kcat/KFMN values of 102 ± 21 μM-1 min-1 

and 96 ± 20 μM-1 min-1, respectfully, as compared to kcat/KFMN values of 1326 ± 255 μM-1 min-1 

and 1187 ± 181 μM-1 min-1  for SsuEEc and SfnEPpG (Table 5.8). When the concentration of FMN 

was fixed and NAD(P)H was varied SsuEPp had a 10-fold decrease in activity with a kcat/KNADPH 

value of 1.0 ± 0.5 μM-1 min-1  compared to 12 ± 2 μM-1 min-1, 14 ± 3 μM-1 min-1, and 12 ± 1 μM-

1 min-1  for SsuEEc, MsuEPa, and SfnEPpG, respectfully (Table 5.9). 
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Table 5.8: FMN steady-state kinetic parameters for FMN-reductases found in E. coli 

and Pseudomonas sp.  

 
kcat 

(min-1) 

KFMN 

(μM) 

kcat/KFMN 

(μM-1 min-1) 

SsuEEc 516 ± 26 0.39 ± 0.07 1326 ± 255 

SsuEPp 127 ± 4 1.3 ± 0.3 102 ± 21 

MsuEPa 608 ± 39 6.3 ± 1.2 96 ± 20 

SfnEPpG 787 ± 25 0.7 ± 0.1 1187 ± 181 

SsuEPa --- --- --- 

 

 

 

Table 5.9: NAD(P)H steady-state kinetic parameters for FMN-reductases found in E. 

coli and Pseudomonas sp.  

 
kcat 

(min-1) 

KNAD(P)H 

(μM) 

kcat/KNAD(P)H 

(μM-1 min-1) 

SsuEEc  670 ± 46 58 ± 12 12 ± 2 

SsuEPp  491 ± 130 476 ± 172 1.0 ± 0.5  

MsuEPa  409 ± 20 29 ± 5 14 ± 3 

SfnEPpG  767 ± 24 62 ± 6 12 ± 1 

SsuEPa  --- --- --- 

 

  



156 

 

5.3.5  Steady-state Kinetics of Monooxygenase Enzymes 

Steady-state kinetic analyses were performed with SsuDEc, SsuDPp, and MsuDPa in the 

presence of a FMN-reductase to determine if reduced flavin could be transferred to the 

monooxygenase partner. The steady-state kinetic parameters for each monooxygenase were 

determined by measuring the amount of TNB anion formed from the reaction of DTNB with the 

sulfite product produced by the monooxygenase. For reactions with SsuDEc, optimal sulfite 

production was determined with each FMN-reductase present in a 3:1 FMN-

reductase/monooxygenase ratio to ensure FMNH2 was saturating. Kinetic parameters for SsuDEc 

in the presence of SsuEEc, SsuEPp, MsuEPa, and SfnEPpG were all comparable to each other (Table 

5.10). Similar to results from NAD(P)H oxidase assays, SsuEPa was unable to produce and transfer 

reduced flavin to SsuDEc.       

 

Table 5.10: Steady-state kinetic parameters for SsuDEc with FMN-reductases. 

 
kcat 

(min-1) 

Km 

(μM) 

kcat/Km 

(μM-1 min-1) 

SsuEEc 34 ± 1 35 ± 4 1.0 ± 0.1 

SsuEPp 34 ± 1 25 ± 3 1.4 ± 0.2  

MsuEPa 54 ± 1 41 ± 4 1.3 ± 0.1  

SfnEPpG 35 ± 1 29 ± 2 1.2 ± 0.1  

SsuEPa --- --- --- 

 

 When coupled with MsuEPa and SfnEPpG in the presence of the NADPH , SsuDEc displayed 

a two-fold increase in sulfite production with kcat/Km values of  1.3 ± 0.1 μM-1 min-1  with MsuEPa 

and 1.2 ± 0.1 μM-1 min-1 with SfnEPpG as compared to the preferred oxidase substrate NADH, with 

values of 0.6 ± 0.1 μM-1 min-1 and 0.56 ± 0.06 μM-1 min-1, respectively (Table 5.11).  
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Table 5.11: Steady-state kinetic parameters for SsuDEc with MsuEPa and SfnEPpG.  

 
kcat 

(min-1) 

Km 

(μM) 

kcat/Km 

(μM-1 min-1) 

MsuEPa (NADH) 35 ± 1 55 ± 8 0.6 ± 0.1 

MsuEPa (NADPH) 54 ± 1 41 ± 4 1.3 ± 0.1  

SfnEPpG (NADH) 33 ± 1  60 ± 7 0.56 ± 0.06 

SfnEPpG (NADPH) 35 ± 1 29 ± 2 1.2 ± 0.1  

 

 

 Alternatively, optimal sulfite production in reactions with SsuDPp occurred at a a 1:1 FMN-

reductase/SsuDPp ratio. A decline in kinetic activity was seen with an increased FMN-

reductase/SsuDPp ratio. Kinetic values for SsuDPp in the presence of SsuEEc, SsuEPp, and MsuEPa 

were all comparable to each other with kcat/Km values of  0.4 ± 0.1 μM-1 min-1, 0.6 ± 0.1 μM-1 min-

1, and 0.3 ± 0.1 μM-1 min-1, respectively (Table 5.12).  

 

Table 5.12:  Steady-state kinetic parameters for SsuDPp with FMN-reductases. 

 
kcat 

(min-1) 

Km 

(μM) 

kcat/Km 

(μM-1 min-1) 

SsuEEc 12.3 ± 0.6 30 ± 7 0.4 ± 0.1 

SsuEPp 14.9 ± 0.3 26 ± 3 0.6 ± 0.1  

MsuEPa (NADPH) 9.4 ± 0.6 27 ± 8 0.3 ± 0.1  

 

 

When sulfite production of MsuDPa was coupled with its FMN-reductase counterpart, 

MsuEPa, MsuDPa displayed a 5-fold increase in sulfite production with a kcat/Km value of  0.5 ± 0.1 

μM-1 min-1  with NADPH as compared a kcat/Km value of 0.11 ± 0.01 μM-1 min-1  with the preferred 

oxidase substrate NADH (Table 5.13). 
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Table 5.13:  Steady-state kinetic parameters for MsuDPa with MsuEPa. 

 
kcat 

(min-1) 

Km 

(μM) 

kcat/Km 

(μM-1 min-1) 

NADH 4.3 ± 0.1 38 ± 4 0.11 ± 0.01 

NADPH 17 ± 1 31 ± 10 0.5 ± 0.1  

 

 

5.3.6  MsuEPa NAD(P)H Oxidase Assay in the Presence of MsuDPa  

 NADPH oxidase assays with MsuEPa were revisited to determine why MsuEPa transfers 

flavin more efficiently to MsuDPa in the presence of NADPH, rather than the preferred substrate 

NADH. MsuEPa and MsuDPa were titrated into a cuvette containing excess FMN and varying 

amounts of NAD(P)H. Overall MsuEPa/MsuDPa with NADH and NADPH have a similar catalytic 

efficiency with kcat/Km values of 318 ± 57 μM-1 min-1  and 238 ± 21 μM-1 min-1, respectively (Table 

5.14). However, the kcat value for NADH (1348 ± 68 min-1) is 7-fold higher than the kcat value for 

NADPH (188 ± 4 min-1). Additionally, the Km value of 0.79 ± 0.07 μM for NADPH is 5-fold lower 

than the Km value of 4.24 ± 0.72 μM for the preferred substrate NADH.  

   

Table 5.14:  Steady-state kinetic parameters for MsuEPa coupled with MsuDPa with 

NADH and NADPH.  

 
kcat 

(min-1) 

Km 

(μM) 

kcat/Km 

(μM-1 min-1) 

NADH 1348 ± 68 4.24 ± 0.72 318 ± 57 

NADPH 188 ± 4 0.79 ± 0.07 238 ± 21  
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5.3.7  Y118A SsuEEc Coupled Kinetics with SsuDPp 

 It has been previously determined that the SsuEEc variant Y118A can reduce FMN to 

FMNH2, but is unable to transfer FMNH2 to its monooxygenase counterpart. Therefore, Y118A 

SsuEEc, has been instrumental in determining protein-protein interaction between SsuEEc and 

SsuDEc. It has been shown that wild-type and Y118A SsuEEc compete for protein-protein 

interaction sites on wild-type SsuDEc. When concentrations of Y118A SsuEEc are increased in the 

presence of SsuEEc and SsuDEc, overall sulfite production decreases due to the competition of 

interaction sites with SsuDEc. In order to investigate if protein-protein interaction occur between 

SsuEPp and SsuDPp, Y118A SsuEEc was incubated in the reaction mixtures. There was no 

measurable sulfite production in the reaction containing only Y118A SsuEEc and SsuDPp (Figure 

5.7 A). The reaction mixture containing SsuEPp and SsuDPp, along with increasing concentrations 

of Y118A SsuEEc, showed consistent sulfite production, meaning Y118A SsuE does not protein-

protein interact (Figure 5.7 B).  

5.3.8  Rapid reactions Kinetics with SsuEPp and SsuDPp 

 To further evaluate possible protein-protein interactions between SsuEPp and SsuDPp rapid 

reaction kinetics were employed. If protein-protein interactions occur there should be a noticeable 

lag in the spectra for SsuDPp oxidation of FMNH2 as compared to auto-oxidation of FMNH2. When 

compared to the reduction of FMN by SsuEEc, SsuEPp displayed a similar spectra for flavin 

reduction with a longer delay time for flavin reduction (Figure 5.8 A). Overlay of the reduction of 

FMN by SsuEPp compared to the reduction of FMN by SsuEPp in the presence of SsuDPp showed 

no discernable lag phase associated with protein-protein interactions (Figure 5.8 B). 
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Figure 5.7. Competition assays with Y118A SsuEEc. A. Sulfite production from reaction with 

Y118A SsuEEc and SsuDPp. B. Sulfite production from reaction with SsuEPp and SsuDPp with 

increasing concentrations of Y118A SsuEEc.  
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Figure 5.8. Rapid reaction kinetics monitoring the reduction of FMN to FMNH2 with A. SsuEEc 

(black trace) and SsuEPp (blue trace) and B. SsuEPp (blue trace) with SsuDPp (green trace). 

 

0

20

40

60

80

100

0.001 0.01 0.1 1 10 100

%
 A

b
s

 C
h

a
n

g
e

 @
 4

5
0

 n
m

Time, s

0

20

40

60

80

100

0.001 0.01 0.1 1 10 100

%
 A

b
s

 C
h

a
n

g
e

 @
 4

5
0

 n
m

Time, s

A. 

B. 



162 

 

5.4 DISCUSSION 

Several ssi NAD(P)H dependent two-component systems have been identified in 

Pseudomonas putida and Pseudomonas aeruginosa. Bacteria that possess the sfn and msu operons 

are able to acquire sulfite from methanesulfonate. The msu and sfn genes were identified based on 

amino acid sequence comparison (28 – 79% identity) with the FMN-reductase (SsuE) and the 

alkanesulfonate monooxygenase (SsuD) from E. coli. SsuEEc and SsuDEc have to been shown to 

transfer reduced flavin through protein-protein interactions [15, 36, 45, 51]. Recently, specific 

amino acid interaction sites have been identified within the two enzymes [51]. SsuEEc contains two 

distinct interaction sites composed of 22 amino acids, four of which are positively charged. SsuDEc 

also has two distinct interaction site of 22 amino acids. However, the six polar amino acids in 

SsuDEc are negatively charged. Oppositely charged amino acid residues in SsuEEc and SsuDEc 

promote an environment for electrostatic interactions to occur. Amino acid sequence alignment of 

the interaction sites of SsuEEc and SsuDEc were compared to Msu and Sfn enzymes (Figure 5.9). 

Comparison shows the FMN-reductase and monooxygenase enzymes have similarly charged 

residues suggesting that protein-protein interactions could occur between these enzymes as well.   

With the exception of SsuEPa and SfnFPp all purified FMN-reductases were capable of 

flavin reduction and transfer. There are no observable changes in the overall gross secondary 

structure of SsuEPa compared to the other FMN-reductases, so it is currently unclear why flavin 

reduction is not supported. Additionally, a cell free extract of SfnFPp was unable to support flavin 

reduction and transfer to SsuDPp (data not shown). The inability of SfnFPp to reduce flavin is not 

uncommon. In a previous study, SfnF from Pseudomonas putida strain DS1, was unable to support 

flavin reduction and transfer to SfnG [68].  
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SsuEEc 
78KAAYSGALKTLLDLL89 118YALKPVL125 

SsuEPa KASFSGALKVLLDLL YALKPVL 

SsuEPp KASFSGALKTLLDLL YALKPVL 

MsuEPa RGSYPGLLKHLFDLI HQLRPLF 

SfnEPpG KASFAGALKTLLDLL YALKPVL 

SfnFPp RASYTGLFKHLFDLV HQLRPLF 

 

 

SsuDEc 
251DDETIAKAQAA261 285EISPNLWAGVG295 

SsuDPa DDDTIARAQAS EVSPNLWAGVG 

SsuDPp DDDTISRAQAS EVSPNLWAGVG 

MsuDPa SDETIAAAQQS EIQPNLWAGVG 

SfnGPp DPEAVNGFG-- NWAKSTFEDLV 

  

 

Figure 5.9. Amino acid sequence comparison of the SsuEEc and SsuDEc interaction sites with 

FMN-reductases and monooxygenases found in Pseudomonas sp. Red = positively charged amino 

acids and green = negatively charged amino acids. 
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Previous results have shown that SsuEEc can utilize either NADH or NADPH to reduce 

flavin, with preference to NADPH [9]. Results from this study show SsuEPp appears to be specific 

to NADPH, whereas SfnEPpG  can utilize either NADPH or NADH, with a preference for the latter. 

Steady-state kinetic assays, where NADH was varied, yielded a 10-fold decrease in catalytic 

efficiency for SsuEPp compared to the other FMN-reductase enzymes. Similarly, there was a 12-

fold increase in the flavin binding affinity for SsuEPp and a > 130-fold increase with MsuEPa as 

compared to SsuEEc. Flavin binding to MsuEPa occurs in a 1.7:1  flavin to enzyme ratio, unlike the 

1:1 ratio seen with SsuEEc and SsuEPp.  

Similarly, MsuEPa can utilize either NADH or NADPH. However, there is a 20-fold 

decrease in catalytic efficiency when NADPH is used, making NADH the preferred nicotinamide 

substrate. Interestingly, when the MsuEPa NAD(P)H oxidase assay was performed in the presence 

of MsuDPa, the catalytic efficiency for NADPH and NADH were comparable (Table 5.5 and 5.12). 

Previous studies performed with SsuEEc, only showed a increase in NADPH oxidase activity when 

SsuDEc and the alkanesulfonate substrate was present [10]. Additionally, there is a 4-fold increase 

in sulfite production for MsuDPa when the non-preferred NADPH substrate is used (Table 5.11). 

Currently it is unclear why there is 20-fold decrease in NADPH oxidase activity with MsuEPa, but 

in coupled assays with MsuDPa the catalytic activity is similar. A more in-depth look into the role 

of NAD(P)H in the methanesulfonate monooxygenase system will need to be performed before 

protein-protein interactions can be properly evaluated.   

Since SsuEPp appears to be specific to only NADPH, we shifted our attention and evaluated 

protein-protein interaction for this alkanesulfonate system. The ability of SsuEPp to transfer 

reduced flavin was determined by measuring sulfite production by FMNH2-dependent SsuDPp. 

Steady-state kinetic parameters for SsuDPp was similar with SsuEPp or SsuEEc, indicating that both 
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FMN-reductases were capable of flavin transfer. Previous studies of protein-protein interactions 

were identified through fluorometric titrations, rapid-reaction kinetics, and pull-down assays [36, 

45]. Titrations of SsuDPp into a solution of FMN-bound SsuEPp displayed no observable increase 

in flavin absorbance (data not shown) as previously seen with SsuEEc/SsuDEc [45]. When single-

turnover of flavin reduction was monitored in the alkanesulfonate monooxygenase system from E. 

coli a distinct lag phase occurred prior to flavin oxidation, compared to oxidation of flavin with 

SsuEEc alone [36]. This lag phase corresponds to the time it takes for the two proteins to interact 

and transfer reduce flavin. There was no observable lag phase between flavin reduction and 

subsequent oxidation with SsuEPp/SsuDPp indicating the absence of protein-protein interactions 

(Figure 5.8). Previously Ni-NTA column chromatography was used to identify interactions 

between His-tagged SsuDEc and native SsuEEc. After a high concentration imidazole wash, SsuEEc 

and SsuDEc co-eluted from the column [45]. To detect protein-protein interactions between SsuEPp 

and SsuDPp, the pair was coupled and subjected to size exclusion chromatography where each 

enzyme eluted at two distinct retention times further suggesting that protein-protein interactions 

do not occur.  

Overall there is a 57% identity and 70% similarity in amino acid sequence between SsuEPp 

and SsuEEc, and a 79% and 88% identity and similarity between SsuDPp and SsuDEc. Alignment 

of the specific protein-protein interaction sites identified by HDX-MS in the alkanesulfonate 

monooxygenase system of E. coli, shows a 91% identity and 100% similarity to the FMN-

reductases SsuEEc and SsuEPp with all the charged amino acids remaining conserved. There is a  

77% and 100% identity and similarity between the SsuDEc and SsuDPp monooxygenases, with two 

conserved mutations of glutamate to aspartate and lysine to arginine occurring within the charged 
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region (Figure 5.9). Substitution of these charged residues in SsuDPp could influence protein-

protein interactions with SsuEPp.  

Unfortunately there is no single method for identifying static interactions between two 

proteins, and often times results vary. Based on the evidence provided here, preliminary 

investigations suggest that SsuEPp and SsuDPp do not transfer flavin through a channeling 

mechanism. Additional inquiry into FMN-dependent two-component systems of Sfn and Msu 

could provide a better indication of how the mechanism of flavin transfer relates to the structure 

of each enzyme. Furthermore investigation into the function of SsuF, an ssu enzyme only found in 

pseudomonads, could provide clarity into the full function of the alkanesulfonate monooxygenase 

system in Pseudomonas species.  
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CHAPTER SIX 

SUMMARY 

Sulfur-containing molecules are essential for mammalian and bacterial organisms. The 

mechanisms for incorporation of sulfur into metabolically relevant molecules vary depending on 

the organism. Mammals depend on the availability of the amino acids methionine and cysteine, 

whereas bacterial organisms rely on sulfite and cysteine. This research is focused on enzymes 

found within the sulfur metabolic pathway. These enzymes play a role in the oxidation of cysteine 

or the desulfonation of small chain carbon-sulfur molecules.  

Cysteine Dioxygenase (CDO) is an iron containing enzyme belonging to the cupin 

superfamily. CDO catalyzes the conversion of L-cysteine to cysteine sulfinic acid in the presence 

of dioxygen. A common structural feature of the cupin superfamily is the double stranded β-helix, 

more commonly known as the cupin “jelly roll”. Several cupin enzymes contain two partially 

conserved motifs representing the 3-His/1-Glu coordination of the iron center. Unlike many cupin 

enzymes the mononuclear iron center of CDO is weakly coordinated by a 3-His motif. This 

traditional glutamate residue is replaced by a cysteine (Cys93) in mammalian CDO.  

In order to investigate this evolutionary divergence of mammalian CDO, Cys93 was 

substituted with a glutamate residue to generate the C93E CDO variant. Three dimensional 

structural analyses showed that the substituted glutamate residue coordinates the iron center 

similar to the metal center geometry observed for a traditional 3-His/1-Glu cupin. However in 
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CDO, coordination by glutamate occupies a ligand coordination site essential for catalysis. Kinetic 

and spectroscopical evaluation of C93E CDO concluded that the glutamate residue supports L-

cysteine binding, but is unable to bind dioxygen due to the absence of a coordination site. 

Therefore, the replacement of glutamate with cysteine allows for three unoccupied ligand sites for 

bidentate coordination of L-cysteine and monodentate coordination of dioxygen.  

Additionally, the replacement of glutamate with cysteine allows for the formation of a 

unique thioether crosslink with a nearby tyrosine residue (Tyr157). In wild-type CDO the crosslink 

exists as a heterogeneous mixture of both non crosslinked and crosslinked isoforms. Previous 

studies have shown that crosslink formation is dependent on iron, L-cysteine, and dioxygen. Once 

present, the crosslink increases the catalytic efficiency of cysteine oxidation. Cys-Tyr crosslink 

formation in other thioether-containing enzymes is not dependent on the substrate. Therefore, it is 

unusual that crosslink formation in CDO is dependent on L-cysteine.  

To understand the role of L-cysteine in crosslink formation, CDO was incubated with L-

cysteine structural analogs D-cysteine, cysteamine, and 3-mercaptopropionic acid. In addition to 

forming the crosslink with L-cysteine, wild-type CDO can also form the crosslink with D-cysteine, 

but does not form the crosslink with cysteamine or 3-mercaptoproprionic acid. However, a 

previous study showed that R60A CDO was able to form the crosslink with cysteamine. The 

conserved Arg60 residue has been previously linked to play a role in substrate coordination. 

Purification and evaluation of non crosslinked R60A CDO suggests that Arg60 also plays a role 

in substrate specificity for cysteine oxidation and crosslink formation. Mutation of the charged 

arginine residue to an alanine allowed for coordination of cysteamine, which in the end promoted 

dioxygen binding and subsequent crosslink formation. Moreover, wild-type CDO was able to form 

the crosslink with the stereoisomer D-cysteine. This evidence suggest that crosslink formation in 



180 

 

cysteine dioxygenase is not specific to L-cysteine, but can occur with any small thiol analog 

capable of priming the iron for dioxygen activation.  

Several crosslink mechanisms have been proposed. In all mechanism, formation of the 

Cys-Tyr crosslink proceeds via a hydroxy radical, with a proton-coupled electron transfer 

occurring between the hydroxyl group of Tyr157 and the thiol of Cys93. But recent three 

dimensional crystal structure analyses and pH studies of non crosslinked wild-type CDO showed 

the thiol of the non crosslinked Cys93 lies closer to the site where oxygen binds suggesting that 

crosslink formation via a thiol radical is equally as probable. Although essential, crosslink 

formation in CDO is not required for the production of cysteine sulfinic acid. CSA serves as an 

important branch point in the cysteine metabolism. CSA is further metabolized into the 

physiologically significant molecules taurine and sulfite.  

Due to the lack of sulfur in the environment, many bacterial organisms possess sets of 

genes that allow bacteria to acquire inorganic sulfate from various organosulfate molecules. In E. 

coli two of the expressed proteins, SsuD and SsuE, comprise the alkanesulfonate monooxygenase 

system. The alkanesulfonate system is a FMN-dependent two-component enzyme system 

comprised of a FMN-reductase (SsuE) and a monooxygenase (SsuD) capable of cleaving the 

carbon-sulfur bond in C2 – C10 alkanesulfonates into sulfite and the corresponding aldehyde. 

Monooxygenase enzymes acquire flavin from FMN-reductases through free diffusion or through 

a channeling mechanism which promotes protein-protein interactions. Protein-protein interaction 

sites have been identified in SsuE and SsuD. However, flavin transfer by free diffusion would 

allow monooxygenase enzymes to acquire reduced flavin from FMN reductases that are not 

dedicated to their respective system. It is possible that the observed ability of FMN reductases to 



181 

 

supply reduce flavin to alternate monooxygenase partners maybe due to structural similarities 

within these two-component systems.  

The alkanesulfonate monooxygenase system is one of several identified two-component 

systems activated during sulfur starvation in bacteria. Additional ssi genes, msu and sfn, have been 

identified in Pseudomonas sp. These enzymes encompass a series of enzymatic reactions that 

converts dimethylsulfone (DMSO2) to inorganic sulfite. FMN reductases SsuEPp, MsuEPa, and 

SfnEPpG were all capable of flavin reduction and transfer to a monooxygenase enzyme. Conversely, 

SsuDPp and MsuDPa were capable of accepting reduced flavin to cleave the carbon-sulfur bond 

within octanesulfonate and methanesulfonate, respectively.  A high amino acid sequence identity 

(> 57%) exists between SsuE and SsuD enzymes from E. coli and P. putida, suggesting that 

protein-protein interactions could play a role in flavin transfer in SsuEPp/SsuDPp. There is currently 

no spectroscopic evidence to support this theory. However, there are many other chemical methods 

to identify protein-protein interactions that have not been investigated in this study. There are also 

numerous other ssi genes that encode FMN-dependent two-component systems that could provide 

evidence to support the link between common structural features and enzyme function. 
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CHAPTER SEVEN 

Changing the Perceptions of Chemistry through Laboratories  

Highlighting the Traditional Divisions  

7.1 INTRODUCTION 

 Laboratory experiences are often some of the most memorable to scientists. A laboratory 

class can be an avenue to explore new concepts while tying them to problem solving skills [1]. 

Understanding the practical nature of chemistry and difficult scientific concepts are examples of 

goals highlighted by Hofstein and Lunetta [2, 3] These ideas have been discussed and studied 

widely in recent years. The necessity of chemistry lab has often been stated, but the outcomes of 

laboratory learning has never been fully described [4]. A recent study investigated the desired and 

actual outcomes from the perspectives of the students and the instructor [1, 5, 6]. This study 

resulted in four laboratory outcomes, as put forth by Reid and Shah, which are general skills, 

practical skills, scientific skills, and skills related to learning chemistry [4].  

The ability of students to learn these four skills have also been shown to influence the 

student’s motivation, interest, and overall attitudes toward science [1]. Furthermore, practical 

knowledge and application of content often increases student interest and persistence within a 

subject [7]. Persistence of students is even more important when trying to increase diversity and 

inclusivity from underrepresented populations [8]. Reinforcing content with practical applications, 
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even from a single laboratory experiment, has been shown to improve student performance 

[9].                        

General chemistry, as its name suggests, is general in nature and covers large amounts of 

content in a short semester or two. Although important, the content presented typically remains at 

the microlevel and lacks application [10]. All too often students struggle to find meaning and 

experience a disconnect between the content and application [11]. The chemistry laboratory is a 

great place to expose students to the application of chemistry and bridge the gap between the micro 

and macro worlds. However, lab content covered in first year chemistry is often lacking and 

primarily focuses on topics in physical chemistry. Two of the fundamental pillars of chemistry, 

analytical and biochemistry are rarely discussed in the general chemistry lecture or lab, and these 

two topics comprise a large amount of real world applications and techniques.  

Introducing labs focused on the individual divisions of chemistry (analytical, biochemistry, 

inorganic, and organic) and their applications could promote higher student interest and increase 

their positive perceptions of chemistry. Students could also develop a firmer understanding of 

chemistry as an applicable science. This could also spark curiosity that could have otherwise been 

missed without exposure to upper level classes. Laboratories highlighting a single division of 

chemistry for undergraduate or high-school students are not uncommon [12, 13]; however, we 

sought to introduce students to multiple divisions of chemistry while focusing on the practical and 

scientific skills normally presented in a first-year laboratory class. Through the use of pre- and 

post-lab surveys we were able to identify the student’s initial perception, self-reported knowledge 

and interest of each division of chemistry and how that perception, knowledge and interest changed 

once each division was introduced. 
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7.2 METHODS 

7.2.1 Study Setting 

This study was conducted at a large, rural research university located in the southern United 

States during the Fall 2016 and Spring 2017 semesters. The university has approximately 20,000 

undergraduates and over 25,000 total students enrolled with an equal ratio of male (50.5%) to 

female (49.5%). The students have over 140 majors to choose from at their institution.  

For this study, the courses of interest were Honors General Chemistry Laboratory I (HCL1; 

Fall 2016) and Honors General Chemistry Laboratory II (HCL2; Spring 2017). Eligibility for 

enrollment in honors classes requires prior acceptance into the honors college. The honors college 

requires a minimum high school grade point average of 3.85 and a minimum ACT score of 29.  

Additionally, only students that successfully completed HCL1 are eligible to enroll in HCL2 the 

following semester. A total of 66 students were enrolled in HCL1 and 49 students in HCL2 with 

equal ratio of male and female students for both semesters. All students were first-time college 

students in Fall 2016. However due to credits acquired in high school, 65% of students were 

classified as either sophomores (60%) or juniors (5%). A breakdown of majors, as declared by the 

students in Fall 2016, are listed in Table 7.1.  

 

Table 7.1. Percent of students committed to each major as of Fall 2016.  

 % students 

Pre-chemical engineering 61 

Pre-med 24 

Biochemistry 8 

Undeclared science 6 
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 Content delivered in HCL1 and HCL2 are consistent with traditional chemistry laboratory 

classes. Students are required to read background and procedural information prior to lab with 

most experiments requiring a graded pre-lab quiz. The first 10 -15 minutes of lab cover safety, use 

of equipment, and any additional chemistry content deemed necessary. Over the course of the 

semester in HCL1, a large portion of time is spent teaching students to write a manuscript-style 

lab report. At the end of each experiment, lab reports serve as the graded summative assessment. 

Experiments performed in HCL1 and HCL2 are typical first year chemistry experiments 

commonly used. Over the last five years, continual student feedback has been solicited to shape 

the lab and meet the needs of the changing student population. A final survey at the last lab was 

also conducted. 

7.2.2 Survey Instrument 

A Likert scale type survey was employed to assess a wide range of attitudes. Likert scales 

are used to measure specific attitudes towards survey items and produce a high degree of reliability 

[14, 15]. Each survey question used in this study included at least one positive and one negative 

selection. In addition, at least one neutral response such as “neutral” or “I don’t know”, was 

included for students that did not have a strong attitude or understanding of what was being asked 

of them. Participation in the surveys was anonymous and completely optional, and therefore did 

not influence the students’ grade in the course. Since the survey was optional, participation varied 

from experiment to experiment.  

7.2.3 Introduction to Traditional Chemistry Divisions 

 Over the course of two semesters, one lab representing each of the traditional divisions of 

analytical, biochemistry, inorganic, and organic chemistry was introduced. Physical chemistry was 

not highlighted in our study as laboratories previously used in these classes fulfilled that purpose. 
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Each lab experiment introduced was acquired from the upper level chemistry course of the same 

name and was modified to the appropriate difficulty level. The analytical lab was an introduction 

to photometers and 3D printed instruments, the biochemistry lab was focused on DNA and 

enzymes, the inorganic lab was an introduction to the spectrochemical series, and in the organic 

lab students performed a fisher esterification synthesis. Prior to each lab, students participated in 

a short online survey to measure perceptions and self-reported knowledge toward that particular 

division of chemistry. The pre-survey was meant to provide a baseline toward the specific division 

of chemistry, before any exposure of reading or lab materials. In order to attain the most accurate 

survey responses, pre-lab reading materials were withheld until after the pre-survey closed. 

To introduce each of the traditional divisions of chemistry prior to lab students were 

assigned pre-lab readings and were required to write the procedure in their notebook. During lab, 

each experiment was introduced by a fourth-year chemistry graduate student or a tenured research 

professor who has specialized experience in the specific division of chemistry. Students were given 

an overview of the content covered in that particular division of chemistry, as well as real world 

applications and examples of current research being performed within the department. 

Additionally, the experienced graduate student or professor remained for the duration of lab to 

answer any questions the students may have about the experiment or that particular division of 

chemistry. Upon completion of the experiment, a post-lab wrap-up session was conducted to 

conceptualize and explain the subtleties of the experiment. A few days following the experiment, 

an online post-lab survey was administered to evaluate any changes in attitudes or understanding 

of the division. In typical class fashion, students were also required to complete a formal writing 

assignment such as a lab report or critical thinking questions. 
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7.3 LIMITATIONS 

One limitation of the broad applications of this study is the student population consisting 

of only honors students during one academic year. These students are within the top students at 

the university and therefore the scope of this study could be limited to students who are often the 

most involved and eager to be challenged. The labs introduced did not seek out the effectiveness 

of each lab in regards to content learning or obtaining measurable knowledge, but more as a way 

to engage students in chemistry.  

 The laboratories were presented to introduce students to an entire division of chemistry, 

but as divisions of chemistry are very broad and have many subdivisions this is another limitation 

of this study. The perception or interest in an entire division was self-reported from the students 

based on one exposure. Additionally, perception as well as perceived interest can be easily changed 

and can be dependent on the personality of the professor and excitement of the experiment. 
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7.4 RESULTS 

7.4.1 Survey Participation 

This study was conducted over two semesters in a two-part laboratory sequence with n = 

66 students in the fall and n = 49 students in the spring. Due to individual majors and honor college 

requirements, a decrease in enrollment between HCL1 and HCL2 is normal. Student participation 

in surveys was anonymous and on a volunteer basis, and therefore it is possible that students could 

participate in one survey but not the other. However, there was always a larger number of 

participants in the pre-survey as compared to the post-survey. Student participation in pre- and 

post-surveys for each division is outlined in Table 7.2. The max number of survey participants for 

the biochemistry survey is n = 66, and n = 49 for analytical, inorganic, and organic surveys. The 

highest participation in any survey was 65, and the lowest was 43, corresponding to 99% and 88% 

total participation, respectively.  

 

Table 7.2: Number of participants in pre- and post-surveys for each experiment.  

 Pre-survey Post-survey 

Analytical 47 45 

Biochemistry 65 62 

Inorganic 49 47 

Organic 49 43 

 

7.4.2 Survey Results 

In order to determine a baseline for student’s perceptions and self-reported knowledge in 

analytical, biochemistry, inorganic and organic chemistry, the following two questions were asked: 

1) Which statement best matches your perception of [division] chemistry, 2) Do you have any 

basic knowledge of [division] chemistry, and 3) Are you interested in [division] chemistry. For the 
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last question the following clarification statement was given: “We are not asking if you would 

change your major, but if you have any interest toward [division] chemistry”.  These questions 

were meant to gauge differences in attitudes or perceptions following the lab students participated 

in a post-survey. The post-survey questions were similar to the pre-survey questions and included: 

1) Did the lab change your perception of [division], 2) Do you think you have a better basic 

knowledge of [division] chemistry than before the lab, and 3) Did the lab/pre-lab lecture change 

your interest toward [division] chemistry.  

Survey responses for pre-perceptions in chemistry are outlined in Table 7.3. Prior to the 

experiment students showed a 55% positive perception toward biochemistry while 23% of the 

class stated they did not know enough about biochemistry to form an opinion. Analytical, 

inorganic, and organic chemistry had the lowest positive perceptions at 6, 22, and 18%, 

respectively. Interestingly, 45% of students reported not knowing enough about analytical 

chemistry to form an appropriate perception, whereas zero students indicated that response for 

organic chemistry. Furthermore, 35% of students regarded organic chemistry as hard while 27% 

remained neutral to the subject.    

 

Table 7.3: Pre-survey perception; numbers in % 

 Fun Neutral Boring Hard Don’t Know 

Analytical 6 21 9 19 45 

Biochemistry 55 20 2 0 23 

Inorganic 22 43 6 10 18 

Organic 18 27 2 35 0 

 

 

The second pre-lab survey question asked the students to self-report their knowledge of 

each division of chemistry (Table 7.4). Over half of students reported they had some knowledge 
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of organic chemistry, while 33% of students were not sure. Similar uncertainty existed for students 

self-reported knowledge of biochemistry at 49%, although 32% said they have some biochemistry 

knowledge.  Curiously, 72% of students said they had no knowledge of analytical chemistry while 

19% remained unsure.  

 

Table 7.4: Pre-survey self-reported knowledge; numbers in % 

 A lot Some Nothing Not Sure 

Analytical 0 9 72 19 

Biochemistry 3 32 15 49 

Inorganic 0 31 29 41 

Organic 0 53 14 33 

 

 

Concluding the lab, students were asked the same three questions. Overall, responses for 

the post-lab surveys were more one-sided than the pre-lab surveys. For instance, less than 5% of 

students reported not knowing enough about a particular division of chemistry (Table 7.5). Zero 

students reported they perceived biochemistry or inorganic chemistry as hard. Furthermore, just 

over 50% of students were neutral to analytical chemistry, while approximately 60% of students 

now perceive biochemistry, inorganic, and organic as fun.   

 

Table 7.5: Post-survey perception; numbers in % 

 Fun Neutral Boring Hard Don’t Know 

Analytical 27 51 13 4 4 

Biochemistry 63 32 0 0 5 

Inorganic 57 40 0 0 2 

Organic 58 33 5 2 2 
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 Responses for post self-reported knowledge showed an overall increase in the students 

understanding for each division of chemistry (Table 7.6). Over 80% of students reported having a 

better understanding of analytical and biochemistry, whereas 68 and 72% of students felt they had 

a better understanding of inorganic and organic chemistry following the lab. Less than 2% of 

students reported having a worse knowledge of inorganic, and zero students reported having a 

worse knowledge of analytical and biochemistry after the lab.  

 

Table 7.6: Post-survey self-reported knowledge; numbers in % 

 Yes Same Worse Don’t Know 

Analytical 87 13 0 0 

Biochemistry 81 19 0 0 

Inorganic 68 30 2 0 

Organic 72 12 14 2 

 

Student responses for their pre- and post- self-reported interest in the divisions is reported 

in Table 7.7 and Table 7.8. The questions asked were: 1) Are you interested in [division] 

chemistry and 2) Did the lab/prelab lecture change your interest or curiosity toward [division] 

chemistry.  As high as 55% of students answered that they did not know enough about the subject 

to gauge if they were interested, but after the lab exposure these numbers decreased drastically. 

Positive gains, although slight in some cases, were seen for each division. 

 

Table 7.7: Pre-survey interest; numbers in % of students 

 Interested Somewhat 
Not 

Interested 
Don’t Know 

Analytical 9 23 13 55 

Biochemistry 57 31 5 8 

Inorganic 18 53 12 16 

Organic 49 37 12 2 
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Table 7.8: Post-survey interest; numbers in % of students 

 More Same Less No Don’t Know 

Analytical 40 29 13 13 4 

Biochemistry 40 56 2 2 0 

Inorganic 36 51 2 9 2 

Organic 37 49 7 7 0 

 

At the conclusion of HCL2, a final end of the year survey was given asking for students 

feedback on the labs, assignments, and performance of their graduate teaching assistant throughout 

the semester. Since analytical, biochemistry, inorganic, and organic specific labs were introduced, 

this survey provided the students an opportunity to give feedback on those as well. Students were 

asked the following questions: 1) Did you like that we introduced upper level chemistry into your 

lab, 2) Do you have a better understanding of the different division of chemistry than you did prior 

to this class, and 3) Since taking this lab, are you more/same/less interested in chemistry, pertaining 

to the labs introduced. The students were also given the option to leave any comments or feedback 

about the labs introduced.  

Introduction of the labs highlighting each division of chemistry was very well received 

with 86% student satisfaction (Figure 7.1 A). When asked if students had a better understanding 

of chemistry prior to this laboratory class 93% of students responded affirmatively (Figure 7.1 B). 

In addition, 70% of students reported that they were more interested in chemistry since taking 

HCL1 and HCL2 (Figure 7.1 C).  
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Did you like that we introduced upper level chemistry into your lab? 

 % students   

Yes 86   

Neutral 7   

No 7   

 

Do you have a better understanding of the different division of 

chemistry than you did prior to this class? 

 % students   

Yes 93   

Same 7   

No 0   

 

Since taking this lab, are you more/same/less interested in chemistry? 

 % students   

More 70   

Same 28   

Less 2   

 

Figure 7.1. Summary of three survey questions and responses from the survey given at the end of 

the semester for HCL2.  

A. 

B. 

C. 
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7.5 DISCUSSION 

Students enrolled in large schools in the southeastern United States, especially those from 

rural areas, may first be introduced to chemistry in a college lecture and laboratory setting. Often 

these introductory classes are the only required course for many majors and therefore the exposure 

of chemistry in these classes may be the only view of chemistry students receive. Additionally, 

students are generally unsure of their majors and of the vast possibilities offered by specializing in 

chemistry. The “upper level” chemistry topics, more appropriately described as the traditional 

divisions of chemistry, are often approached during lecture but less often in “cookie-cutter” 

laboratory experiments.  

This lack of knowledge of the types of chemistry and applications of each division of 

chemistry is highlighted in the pre- and post- survey data of the student’s self-reported knowledge 

(Figure 7.2). The introduction of these labs “highlighting” the traditional divisions showed a great 

increase in the students’ perceived knowledge about the divisions. This self-reported knowledge 

does not necessarily reflect the students measured “knowledge”, however the stark increase in the 

student’s perceived knowledge is promising, especially for students to understand the vast nature 

of chemistry and future job opportunities as well as a variety of applications that chemistry offers.  

A key highlight from the reported data is the pre- and post-reported perception of each 

division of chemistry discussed. Figure 7.3 is a comparison the students reported pre- and post- 

positive responses about their perception of each division. Overall there was an increase in the 

positive perception for each division. The analytical response is especially interesting because the 

students were using 3D printed photometers made by senior undergraduate students who are 

majoring in chemistry. This greatly affected the students involvement in the lab, as they could see 

the kinds of projects they would be able to complete if they were to major in chemistry. The 50% 
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increase in positive perceptions of organic chemistry partially came from the 33% decrease in 

students identifying organic chemistry as “hard”. Organic chemistry is a notorious difficult class 

that causes many students to struggle, which can cause freshman students to have anxiety about 

the subject. The pre-lab lecture for the organic chemistry lab offered clarity for students on what 

exactly organic chemistry is and why so many people struggle with it. Therefore the overall 

increase of positive perceptions most likely came from the students actual understanding of topics 

covered in organic chemistry, which is evident from the increase in self-reported knowledge of 

organic chemistry (Figure 7.2).  

 

 

Figure 7.2. Comparison of students self-reported pre-knowledge (blue) and post-knowledge 

(orange) for each division of chemistry. Self-reported data listed is the combined responses of “a 

lot” and “some” from Table 7.4, and “yes” and “same” from Table 7.6.  
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Figure 7.3. Comparison of students positive pre-perception (blue) and post-perceptions (orange) 

for each division of chemistry. Perception data listed is gathered response of “fun” from Table 7.3 

and Table 7.5.   

 

The students self-reported pre- and post-interest was designated as positive, neutral, or 

negative interest and combined as shown in Figure 7.4. Positive interest includes responses of 

“interest” or “somewhat interested”. Overall there was a general increase in interest, albeit only 

slight for most divisions. It is also important to note that the content presented in the lab did not 

have a negative impact on the students interest. The high initial interest reported does not come as 

a surprise, as all of the students in HCL1 and HCL2 have declared a science or engineering major. 

However, it is interesting that analytical chemistry fell so far behind at 32% interest. This is most 

likely due to a lack of knowledge on the subject as students indicated very low self-reported 

knowledge (9%). Over half of students in HCL have declared pre-engineering as their major, with 

pre-chemical engineering as the most selected subset. Out of all the divisions of chemistry, 
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analytical chemistry is arguably the closest related field to engineering and this may explain the 

over 50% increase in interest once the lab was introduced.  

 

 

Figure 7.4. Comparison of students pre- and post- positive interest. Pre-interest (blue) data is listed 

is the combined responses of “interested” and “somewhat interested” from Table 7.7, and post-

interest (orange) is the combined responses of “more interested” and “same” from Table 7.8.  

 

Furthermore, the overall comparison between the students pre-interest and pre-knowledge 

revealed something very intriguing (Figure 7.5). Students reported a greater than 20% difference 

in interest compared to self-reported knowledge for all the division of chemistry. The largest pre-

interest/pre-knowledge gap was 53% for the division of biochemistry. Overall, the students 
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“fun”. It is fascinating that students are reporting a positive perception and interest in a division 
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that they self-reportingly do not understand. However, this interest could be due to the fact that 

they seek more information about biochemistry.  

 

 

 

Figure 7.5. Comparison of students pre-interest (blue) and pre-knowledge (orange) for each 

division of chemistry. Pre-interest data listed is the combined responses of “interested” and 

“somewhat interested” from Table 7.7, and pre-knowledge data is the combined responses of 

“yes” and “same” from Table 7.4. 

 

Overall, the introduction of the “upper level” divisions of chemistry was positively 

received by the students during the academic year.  A sampling of positive and constructive 

feedback from the students at the end of HCL2 is shown below in Table 7.9. These responses 

highlight the potential benefits of introducing students to a broad range of topics. 
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Table 7.9: End of the year student feedback about the incorporation of the new labs.  

“The upper level chemistry topics were very beneficial because the assignments for each lab 

required us to critically think about everything that was going on at the molecular level.” 

“Overall, I really enjoyed this lab. It is great to be exposed to different areas of chemistry that I 

had not really thought of that much before.” 

“The analytical lab was really cool because we got to work with something that other students 

had built.” 

“Because the material was new, and stuff we did not cover in class, I did not feel like I had a very 

good grasp of the science behind what I was doing.” 

“I think it helps freshman start to consider what parts of chemistry they might want to study in 

the future.” 
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7.6 CONCLUSION 

Introducing students to a single laboratory experiment highlighting the traditional divisions 

of chemistry was found to increase the students self-reported knowledge and positive perceptions 

of each respective division. While the students did not all decide to become chemistry majors, that 

is an unrealistic expectation from a single experiment and was not the intended goal for this 

exercise. Students did report an increase in perception, interest, and knowledge of the traditional 

divisions, which may lead to the students increased ability to consider chemistry as a viable major. 

Far from comprehensive, this investigation can serve as a platform for a more in-depth chemical 

education research study on how students perceive chemistry. 

 

7.7 IRB APPROVAL 
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