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Abstract 

 

 

 This thesis aims to employ biochar (a carbonaceous material) as a cost-effective sorbent 

to remove per- and polyfluoroalkyl substance (PFAS) from water by two case studies. Study 1 

seeks to identify which biochars perform better for the sorption of perfluorooctane sulfonate 

(PFOS) from water, and which physicochemical properties of biochars control PFOS sorption. 

The biochars with higher sorptive capacity of PFOS are further tested in Study 2 to investigate 

how these biochars perform at environmentally relevant conditions (e.g., pH, salt, and natural 

organic matter) for the sorption of PFOS and other C4-C8 PFAS compounds. Biochars produced 

from Douglas fir and poplar feedstocks exhibit high PFOS sorption efficiency. Biochar 

properties such as specific surface area, pore diameter, pore diameter/pore volume ratio, and 

hydrophobicity play important roles for PFOS sorption. Salt promotes PFAS sorption, while 

natural organic matter decreases PFAS sorption mainly due to the competition of sorption sites 

of biochars. 
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Chapter 1. Introduction   

1.1 PFAS History and Production 

On April 6th, 1938, Dr. Roy J. Plunkett and his research associates at DuPont were working with 

chlorofluorocarbon refrigerants in an attempt to make a refrigerant safer than those on the market 

[1]. Upon checking a compressed frozen sample of tetrafluoroethylene, they found a new 

material that had spontaneously polymerized into a waxy white solid substance and named it as 

polytetrafluoroethylene (PFTE) [2]. PFTE is uniquely special since it is inert to most chemicals 

and is one of the most slippery materials in nature, making it useful in aerospace, 

communications, electronics, architecture, and virtually all other industrial processes [2]. In 

1945, PFTE was trademarked as TeflonÊ and commercially sold in 1946, becoming the first 

generation of many per- and polyfluoroalkyl substances (PFAS) on the market [2]. In the same 

year, 3M licensed the Simons electrochemical fluorination (ECF) method, a method for 

synthesizing organofluoride molecules invented by Dr. Joseph Simons at Penn State University 

[3]. This ECF process yielded 30ï45% perfluorooctane sulfonyl fluoride (a precursor of 

perfluorooctane sulfonate; PFOS) as the main product and a wide range of other perfluorinated 

carboxylic acids (precursors to perfluorooctanoic acid; PFOA) as byproducts [4]. In 1949, 3M 

built their first pilot scale manufacturing ECF process in Cottage Grove, MN, and continuously 

developed the ECF method for fluorochemical products until 2002 [3]. It has been estimated that 

80ï90% of global PFOA manufacturing from the 1950s to 2002 was done by 3M plants in 

Antwerp, Belgium; Cottage Grove, MN; Cordova, IL; and Decatur in Alabama [5]. In 2000, 3M 

began voluntarily phasing out of the ECF perfluorooctyl chemistries for long-chain PFAS 

production, but continues to use it for short-chain PFAS [6]. Although it is not entirely clear, this 

phase out action was likely due to pressure from the regulatory agencies such as the U.S. 
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Environmental Protection Agency (EPA) [7]. The large-scale production of PFOA continued 

under a new process called fluorotelomerization (FT) developed by DuPont in the 1970s [8]. 

PFAS isomers created from FT approach differ from those derived from ECF, since produced 

isomers are pure, and typically have linear geometry (i.e., CF3(CF2)xC2H4R) [5, 8]. This process 

is estimated to account for 10ï20% of PFOA production globally from 1975 to 2004; however, it 

is currently the dominant method for making perfluorinated carboxylic acids and other 

fluorotelomer products in North America [5, 9]. Although 3M ceased the use of ECF method, 

both ECF and FT approaches are still being used to produce other PFAS compounds today [10, 

11]. 

 

PFAS is a broad family of chemicals, with over 4,700 different compounds identified [6, 12]. 

These compounds can either be classified as polymer or nonpolymer, which can be further 

categorized as perfluoroalkyl or polyfluoroalkyl substances, depending on the structure of the 

carbons and fluorine within the compound (Fig. 1.1) [12]. However, a large area of concern 

surrounding environmental contamination and health effects is focused on the C4ïC8 

perfluoroalkyl acids (i.e., compounds have four to eight carbons in the structure; Fig. 1.1). For 

example, C8 PFOA and PFOS, and C4 perfluorobutanoic acid (PFOA) and perfluorobutane 

sulfonate (PFBS) (Fig. 1.2) have been widely detected in the subsurface environment, including 

soil, sediment, surface water, groundwater, and biota [13-16]. 
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Fig. 1.1. Flowchart for PFAS classification, adapted from the IRTC Naming Convention for 

PFAS [12]. The family of PFAS chemicals can be easily expanded to cover over 4,700 chemical 

abstracts service (CAS) registered chemicals with so many different categories and functional 

groups in their structures. This thesis focuses on the perfluoroalkyl acids subgroup. Adapted 

from IRTCôs Naming Conventions for PFAS. 

 

 
Fig 1.2. Four common PFAS compounds widely detected in the environment are also included in 

this thesis: PFOS, PFOS, PFBS, and PFBS. These PFAS fall under the perfluoroalkyl acid 

subgroup, have a carbon chain length of four to eight and either a carboxylate or sulfonate group 

attached. 
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1.2 PFAS Use 

During the initial PFAS production, the synthesis process of PFOA and PFOS was still had uses 

in stain and water resistant products and protective coatings by the mid-1950s [6]. By the 1960s, 

PFOS was being implemented in the production of firefighting foams, also known as aqueous 

film-forming foams (AFFFs) [6]. AFFFs are effective in suppressing fires on highly flammable 

and hazardous liquids; however, they are one of the major sources for PFAS contamination to 

soil and groundwater (e.g., widely used by the Department of Defense; DoD) [17]. Firefighting 

foams are grouped into two major classes: class A and class B [17]. The Class A foams were 

developed in the 1980s and can be used for wild and structure fires [17]. These foams do not 

contain PFAS [18]. In contrast, the Class B foams are specifically designed to extinguish 

flammable and combustible liquids and gasses such as grease, tars, oil, gasoline, solvents, and 

alcohols [17]. Most of the class B foams used in the U.S. contain PFAS [17]. In 1976, Gore-

TexÊ began making waterproof jackets from expanded PTFE (ePTFE), which then was also 

used to make space suits for astronauts on the apollo missions, water resistant footwear and other 

outdoor clothing [19]. Production and synthesis of other fluorotelomers and long-chain (Ó C8) 

PFAS compounds also began in the 1970s for use in architectural resins and firefighting foams. 

By 2000, fluorotelomers (precursors to many types of PFAS) were the primary form of 

firefighting foams [6]. PFAS have many unique physiochemical properties such as 

hydrophobicity, water solubility, corrosion/heat resistance, ability to lower surface tension, and 

acidity that make them a useful chemical in many every day and industrial products [20, 21]. 

Glüge et al. (2020) found that PFAS were used in 64 different areas of industry and other use 

categories with 210 different ways that PFAS are directly employed in industry and consumer 

products [21]. PFAS long production history and use in so many areas have led to a present-day 

worldwide contamination crisis in the environment [22]. 
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1.3 PFAS Contamination and Health Effects 

PFAS are released into the environment from primary and secondary industries, AFFF 

applications, and many others since they are present in so many products [23]. Primary industrial 

facilities that produce PFAS release large amounts of them into the environment through air, 

wastewater, and stormwater emissions [23]. Secondary facilities refer to all other industrial 

facilities that may use fluoropolymers or other PFAS-based products as part of their specific 

industrial processes [23]. Examples of secondary industries include building and construction, 

cable and wiring, metal finishing and plating, paper products and packaging, semiconductors, 

textiles, apparel, and many others [9, 21, 23-27]. These industries inherently contaminate many 

forms of environmental media in some ways through direct discharge of industrial waste into air 

and waterways, AFFF applications contaminate soil and groundwater, or through the transport of 

PFAS in the environment [23]. PFAS can volatilize via stack emissions from industries, resulting 

in direct aerial contamination, long range air transport, and finally deposition to soil and surface 

water [28, 29]. 

AFFF is a large and highly concentrated source of PFAS for soil contamination, which further 

transports to surface water and groundwater through runoff and percolation [23]. Class B 

firefighting foams have been, and continue to be, stored and used at military installations, 

civilian facilities, airports, petroleum refineries and bulk storage facilities, and chemical 

manufacturing plants and storage facilities [4, 30]. Solid waste management facilities such as 

landfills are the final repository of PFAS from solid waste sources [23]. Landfill leachates 

contain high concentrations of PFAS from the consumer and industrial PFAS-containing solid 

waste they hold [31, 32]. The leachates are collected and sent to wastewater treatment plants 

(WWTPs) for treatment [23]. Contamination of WWTP effluent comes from a large variety of 
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sources other than landfill leachates [23]. WWTP effluents are a major threat to surface water 

contamination, since PFAS cannot be efficiently removed by conventional treatment methods 

[33, 34]. Biosolids from WWTPs are also a source of PFAS contamination, when they are used 

as agricultural fertilizers for land applications [35, 36]. PFAS from this contamination source 

will either be taken up by crops or percolated back into the groundwater [37, 38].  

 

Recently PFAS have been detected at levels above the U.S EPAôs proposed Maximum 

Contaminant level (MCL) of 4 ng/L in various environmental media across the United States 

[39]. PFAS occurrence in a drinking water distribution system near primary PFAS production 

facilities has been reported at a concentration range of 1,500 to 7,200 ng/L, while other drinking 

water distribution systems that are not heavily affected by primary industry still have PFAS 

concentrations ranging from 5 to 29 ng/L [40]. Industrial wastewaters have been tested and 

found to have effluent concentrations ranging from 662 to 1,143 ng/L [41]. PFAS have been 

detected ubiquitously in WWTP effluent with concentrations reaching several hundred ng/L [42]. 

For the year 2013, the total volume of landfill leachate generated in the U.S. was estimated to be 

61.1 million cubic meters, meaning the mass of measured PFAS from U.S. landfill leachate to 

WWTP was estimated to be between 563 and 638 kg in the year 2013 [43]. Soils adjacent to fire-

training areas that use the class B AFFFs have had PFAS concentrations ranging from 0.3ï

65,000 µg/g, leading to contamination of the surrounding groundwater concentration at 22 µg/L 

ɆPFAS [44].  

 

The first documentation of global contamination was reported on PFAS concentrations in 

wildlife  by Giesy and Kannan in 2001 [14, 15]. A common focus for studying PFAS 
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toxicological effects is immunomodulation, or how PFAS affect the function of the organismôs 

immune system [45]. A review published by Antoniou et al. (2022) reported the lowest observed 

adverse immunomodulation effect levels of PFOS in different small rodent species ranged from 

0.002ï3.5 mg/kg/day [45]. Another review by Boyd et al. (2022) showed that PFAS may have 

adverse cancer related health effects in low doses among animals; however, it is difficult to 

confidently describe the response for the cancer-related effects from a mechanistic standpoint 

[46]. Documentation of fluorochemical presence in plant workers has dated back to 1980, but 

there were no health effects reported at that time [47]. PFOA, PFOS, and other PFAS were later 

documented in human blood samples by Hansen et al. (2001) with samples purchased from 

biological supply companies [15, 48]. PFAS contamination in living organisms has been 

attributed to their ability to bind to blood proteins, giving them long half-lives within the body 

[6, 49-51].  

 

Some of the most comprehensive evidence for PFAS toxicity in humans arises from a group of 

studies on the communities near the DuPont Washington Works fluorotelomer plant in West 

Virginia [52]. These studies found probable links between PFOA exposure and elevated levels of 

cholesterol, thyroid disease, pregnancy-induced hypertension, ulcerative colitis, and kidney and 

testicular cancer [52-56]. This group of studies was one of the largest PFAS exposure groups 

ever monitored, with over 69,000 participants [57]. Grandjean et al. (2012) observed that 

children with 2-folds higher concentrations of PFAS in their blood serum at age 5 exhibited a 

50% decline in antibody concentrations two years later at age 7, supporting the hypothesis that 

PFAS impair immune system function for children [58]. Similarly, a study by Grandjean and 

Budtz-Jørgensen in 2013 had a benchmark dose of 1.3 ng/mL PFOS and 0.3 ng/mL PFOA 
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among children in the Faroe Islands and estimated that drinking water advisories are several 

hundred-folds high, based on dose response curves [59]. The 3M Decatur (AL)  manufacturing 

workers had some of the highest PFAS concentrations in their blood, and so did the surrounding 

residents due to the contaminated water [60]. Fig 1.3 shows what human populations in Alabama 

may be at risk of PFAS contamination, based on a recent PFAS concentration survey conducted 

by Viticoski et al. (2022).  
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Fig. 1.3. This map contains the major rivers and populated areas of Alabama along with the total 

PFAS concentration from several locations within Alabama rivers sampled by Viticoski et al. 

(2022). PFAS analyzed included PFBS, PFPeA, PFHxA, PFOA and PFOS. Decatur is in north-

central Alabama and is known for its high PFAS concentrations in residents and the surrounding 

water from years of PFAS manufacturing. However, residents that get their drinking water from 

the Coosa, Alabama, and Mobile rivers are at risk of high PFAS concentrations. Large 

populations along these rivers listed from northeast to southwest include Gadsden, Rainbow 

City, Pell City, Millbrook, Montgomery, Prattville, Selma, Pritchard, and Mobile. Residents in 

Valley, Phenix City, Eufaula may also be at risk due to PFAS levels in the Chattahoochee River. 
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1.4 PFAS Regulation 

Regulation of PFAS compounds have not come until recent years, and original regulations have 

focused on long-chain PFAS compounds. In 2016, the U.S. EPA released a lifetime health 

advisory level (HAL) for the PFOA and PFOS, the two most widely detected PFAS, at 70 ng/L 

combined in drinking water [61]. In June 2022, the U.S. EPA released significantly more 

stringent HALs for PFOA and PFOS at 0.004 ng/L and 0.02 ng/L, respectively, while adding two 

new PFAS compounds, PFBS and hexafluoropropylene oxide dimer acid (GenX), at HALs of 

2,000 ng/L and 10 ng/L respectively [62]. The most recent U.S. EPA proposal on PFAS 

regulation was announced on March 14th, 2023, where enforceable maximum contaminant levels 

(MCLs) of 4 ng/L for PFOA and PFOS (individual concentrations) were proposed, as well as 

Hazard Index (HI) for perfluorononanoic acid (PFNA), perfluorohexane sulfonate (PFHxS), 

PFBS, and GenX [63]. This HI is a tool used to determine the toxicity of a mixture of chemicals 

based on their combined concentrations [63, 64]. The calculation for the proposed HI is as 

follows: 

(ÁÚÁÒÄ )ÎÄÅØ ()
    Ȣ 

     ρȢρ  

where the sum of the measured concentration of each chemical cannot be above a value of 1.0 

(unitless). Some states have their own PFAS regulations in drinking water, and Michigan, 

Minnesota, New Hampshire, New Jersey, New York, Ohio, and Vermont have sued PFAS 

manufacturers for threats to public health and the environment [65]. In 2021 alone, state 

legislatures considered a combined 196 bills related to PFAS, that range from regulating 

production to drinking water standards [65]. The PFAS studied in thesis along with their physical 

and chemical properties can be found in Table 1.1. 
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Table 1.1. Physical and chemical properties of the C4-C8 PFAS used in this thesis. 

Acronym Full Name 
CAS 

No. 

MW 

(g/mol) 

Chemical 

Formula 

Density 

(g/cm3) 

at 20-

40°C 

Melting 

Point 

(°C) 

Boiling 

Point 

(°C) 

Solubility 

(mg/L) at 

25°C 

Vapor 

Pressure 

(Pa) 

Henryôs 

Constant 

(Kaw) 

CMC 

(mg/L) 
pKa 

PFBA 
Perfluorobutanoic 

acid 
375-
22-4 

214 C3F7COOH 
1.61 to 
1.65 

-17.5 120 
327 to 

5.60×106 
0.22 to 

4.48×103 
6.40×104 to 2.0 

1.35×105 to 
1.62×105 

0.20 to 
1.60 

PFBS 
Perfluorobutane 

sulfonate 

375-

75-5 
300.10 C4F9SO3H 

1.81 to 

1.85 

20.4 to 

70.4 

80 to 

214 

107 to 

1.60×105 

1.60×10-6 

to 631 

1.20×10-8 to 

10.5 
n/a 

0.14 to 

0.30 

PFPeA 
Perfluoropentanoic 

acid 

2706-

90-3 
264.10 C4F9COOH 1.71 

-13.2 to 

25.3 
139 

61.0 to 

4.90×105 

1.10 to 

2.72×103 

1.30×10-8 to 

7.20 

5.27×104 to 

6.05×104 

-0.10 to 

0.40 

PFPeS 
Perfluoropentane 

sulfonate 

2706-

91-4 
350.10 C5F11SO3H 

1.81 to 

1.84 

10.7 to 

78.4 

198 to 

225 

8.10 to 

4.20×106 
3.80×105 8.90×10-9 n/a n/a 

PFHxA 
Perfluorohexanoic 

acid 

307-

24-4 
314.10 C5F11COOH 1.76 

7.8 to 

14.0 

136 to 

157 

5.00 to 

6.90×105 

5.10 to 

562 

1.00×10-8 to 

26.90 

2.22×104 to 

4.34×104 

-0.16 to 

1.60 

PFHxS 
Perfluorohexane 

sulfonate 

355-

46-4 
400.10 C6F13SO3H 1.84 

26.7 to 

190 

95 to 

238 

0.60 to 

3.40×105 

1.10×10-6 

to 47.9 

8.00×10-9 to 

140 
7.28×103 

0.14 to 

0.30 

PFOA 
Perfluorooctanoic 

acid 

335-

67-1 
414.10 C7F15COOH 1.80 

-8.69 to 

65.7 

188 to 

204 

0.01 to 

1.20×106 

0.03 to 

1.72×103 

8.30×10-9 to 

370 

1.65×103 to 

1.57×104 

-0.50 to 

3.70 

PFOS 
Perfluorooctane 

sulfonate 

1763-

23-1 
500.10 C8F17SO3H 

1.84 to 

1.85 

15.2 to 

185 

133 to 

249 

2.40 to 

1.10×106 

3.30×10-4 

to 34 

7.60×10-10 to 

1.90 x103 

536 to 

4.57×104 

0.14  to 

0.30 

MW: Molecular weight.  

CMC: Critical micelle concentration. 

pKa: Acid dissociation constant. 

n/a: Not available. 
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1.5 PFAS treatment technologies  

Ultimately, PFAS remediation must lead to a destruction process to stop their persistence in the 

environmental cycles. Therefore, PFAS remediation consists of to two main technologies: (I) 

PFAS removal from environmental media; and (II)  PFAS destruction [66]. The techniques 

currently employed in PFAS removal include physical, chemical, biological, and treatment train 

techniques combining different removal techniques [67]. More specifically, these techniques 

include conventional flocculation and coagulation, sedimentation, filtration, sorption, ion 

exchange resins, polymers, nanomaterials, foam fractionation, ozone fractionation, and soil 

stabilization [66, 68]. Conventional water treatment methods use coagulation and flocculation 

approaches that are not successful at removing PFAS due to their chemical properties such as 

high water solubility and are therefore unsuccessful [66, 69, 70]. Modern technologies have 

given birth to many more advanced water treatment options. One common solution to address 

environmental contaminant issues is via sorptive removal [71]. Some of the more advanced 

sorption technologies such as resins offer short equilibrium times and high sorption efficiencies 

of PFAS, reaching capacities as high as 2,390 mg/g for PFOS [72, 73]. Anion exchange resins 

contain ethanol groups, giving them a more favorable surface structure for PFAS sorption than 

other sorbents [72, 74]. Wu et al. (2018) also employed sorptive tactics, fabricating a layered 

porous graphite structure that displayed sorption capacities as high as 1,240 mg/g for PFOS and 

366 mg/g for PFBS [75]. Nanomaterials such as carbon nanotubes and nanosized iron oxides are 

also potential PFAS sorbents being tested [72]. These nanomaterials have reported equilibrium 

times less than two hours and capacities as high as 700 mg/g [76]. However, some of the most 

successful sorption materials to date are polymers [72, 77-80]. For example, Liu et al. (2022) 

found that positive aromatic framework polymers with an N,N-dimethyl-butylamine amendment 
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had a sorption capacity of over 2,000 mg/g and removed 99.99% of PFOA (1,000 ng/L initial 

concentration) in less than 2 min [80]. There have also been studies that show natural materials 

such as minerals possess surface characteristics suitable for PFAS sorption [72, 81, 82]. 

Although minerals tend to have a much lower sorption capacity compared to other sorbents, 

modifications can drastically improve their results [72, 83]. Surface modification of sorbents is a 

strategy for many materials towards enhanced sorption of PFAS [84, 85]. Since PFAS are 

hydrophobic and typically have a negatively charged functional group, sorbent surface 

modifications typically attempt to improve hydrophobicity and/or make negative charges 

positive to promote hydrophobic interactions and electrostatic interactions [84, 86]. 

 

Activated carbon (AC) has been widely used to treat a variety of environmental contaminants 

due to its relatively easy production process and high sorption capacity for many contaminants 

[72, 87]. AC is a carbonaceous material pyrolyzed from substances with high carbon and low 

inorganic contents, which is also commonly referred to as granular activated carbon (GAC) or 

powdered activated carbon (PAC) [88, 89]. AC has been used for potable water treatment since 

1862, and performs well at removing a wide variety of contaminants [90, 91]. The sorption 

capacity of AC has been reported to reach up to 120 and 290 mg/g for PFOA and PFOS 

respectively [72]. It is generally agreed that AC is effective at removing long-chain PFAS, while 

showing poor performance for short-chain compounds [72, 92, 93]. AC performance is also 

greatly reduced for waters with presence of other organic contaminants or natural organic matter 

(NOM) [72, 94]. Some studies have also had success in stabilizing PFAS in the sub surface with 

AC both at the lab and field scales [95-97]. Although AC is not the most efficient adsorbent, it is 

cost effective compared to other options and already widely implemented in many water 
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treatment scenarios [66]. Both GAC and PAC have been successfully implemented in WWTPs 

and shown promising removal performance for long-chain PFAS compounds [98-104]. 

Generally, specific surface area (SSA) and hydrophobicity are the two main properties for the 

efficient removal of PFAS by AC. 

 

1.6 Biochar Production, History, Qualities, and Use in Water Treatment. 

Similar to AC, biochar is defined by the International Biochar Initiative as a solid material 

obtained from the thermochemical conversion of biomass in an oxygen-limited environment 

[105].  

Biochar is deemed as the precursor of activated carbon (AC) in that both can be derived from 

similar materials (AC can also be made from coal), but biochar is generally produced at lower 

pyrolysis temperatures (normally less than 1,000 °C). However, there are some types of AC 

made at lower pyrolysis temperatures, and many ACs have been known to be made from 

feedstocks such as coconut and palm shells [106, 107]. Therefore, a clear definition separating 

biochars from ACs has not yet been reached. Herein, the carbonaceous material produced from 

biomass under oxygen-free (N2) conditions will be referred to as biochar in this thesis. 

Biochar is also produced naturally by wildfires, but evidence of anthropogenic biochar 

production dates to over 2,000 years ago with links to tribes in the Amazon River basin [108-

110]. These amazon soils known as Terra Preta, meaning ñthe black soils of the Indiansò, were 

derived from slash and burn activities [108-112]. For most of its known existence, biochar has 

been used primarily as a soil amendment, due to its high surface area, increased biomass 

production, and ability to increase nutrient and water holding capacity [109, 113]. Areas of Asia, 

specifically Japan and Korea, also have a long history of biochar use as a soil amendment [108, 
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109]. During research on Terra Preta in the mid-1990s, it was discovered that biochar also had 

the potential to reduce atmospheric CO2, and in the early 2000s, research on other biochar uses 

for environmental heath began [114]. Fast forward to present day, it has been found that biochar 

has uses in water and wastewater treatment, building materials, climate change mitigation, 

carbon sequestration, as well as many other environmental uses that are still being explored [109, 

115, 116]. Although biochars historical use in water treatment is short lived it has proven 

successful in removing heavy metals, organic and inorganic contaminants, nitrogen, phosphorus, 

pesticides, and antibiotics [117-122].  

 

Biochar has richer surface functional groups than AC, due to the lower pyrolysis temperatures 

during production [123, 124]. A lower pyrolysis temperature coupled with the waste derived 

feedstocks inherently makes biochar more cost-effective, tunable, and energy-efficient compared 

to AC. For example, the energy demand, average greenhouse gas emission, and price tag 

between biochar and AC are reported at 6.1 vs. 97 MJ/kg, 0.9 vs. 6.6 kg CO2 eq/kg, and $350ï

1,200/tonne vs. $1,100ï1,700/tonne, respectively [89, 125]. Furthermore, biochar has also shown 

to offer carbon sequestration and energy production benefits during pyrolysis, compared to AC 

[89]. Additionally, biochar sorptive removal of PFAS is expected to be promising, due to high 

SSA, rich functional groups, hydrophobicity, and tunable surface functionalities [76]. Biochar 

also converts wastes from agriculture and forestry into useful materials, creating a circular 

economy and keeping the biochar production cost low. All these benefits clearly suggest biochar 

holds the high promise to remove PFAS from water. 

 

1.7 Biochar for PFAS Removal and Scope of This Thesis 



28 

 

Recent studies have shown that biochar derived from many feedstocks is an effective way for the 

sorptive removal of PFAS from water [126-130]. However, these studies lack fundamental 

knowledge on what mechanisms likely play a key role in PFAS sorption with respect to which 

physicochemical properties of biochars, as well as what and the extent to which environmental 

factors affect PFAS sorption performance. Therefore, two case studies were conducted in this 

thesis. Study 1 screened out which biochars perform better for PFAS sorption and which biochar 

physicochemical properties influence the sorption efficiency of PFAS. In total, 15 biochars 

pyrolyzed in the lab plus one commercially produced biochar were used in batch sorption 

experiments for PFOS. Physiochemical properties of all biochars were systematically analyzed, 

including elemental content, pH, SSA, pore volume, pore diameter, hydrophobicity, surface 

charge, functional groups, and surface crystallography. PFOS was used as a representative PFAS 

compound in batch sorption experiments. Structural equation modeling (SEM) was used to 

narrow down what physiochemical properties most influence biochars sorption efficiency. It was 

hypothesized that SSA, hydrophobicity, and functional groups will be the key players for PFOS 

sorption. 

 

Based on the PFOS batch sorption data from Study 1, the biochars with higher PFOS sorption 

capacity were used in Study 2 with several sets of experiments. First, a screening experiment 

containing C4-C8 PFAS compounds in a cocktail solution was conducted using these biochars in 

a relatively clean background media. These selected biochars were also used to sorb C4-C8 

PFAS from water under different environmental conditions varying in pH, salt, and natural 

organic matter (NOM) concentrations. Specifically, different solution pHs, concentrations of 

salts and NOM were investigated to quantify biochars sorptive performance under different 
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environmental conditions. Ultimately, an artificial groundwater solution was utilized to assess 

how environmental conditions affect biochars performance for all C4-C8 PFAS. It was 

hypothesized that high solution pH and addition of NOM will negatively impact biochars 

sorption performance. However, salts may improve sorption due to cations decreasing the 

effective charge and increasing PFAS aggregation. Data gathered from the two case studies in 

the thesis will provide insights into how to further improve biochars sorptive abilities for future 

research as well as needed information about biochars sorptive efficiency for PFAS in real world 

scenarios.  
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Chapter 2: Mechanistic Understanding of Perfluorooctane Sulfonate Sorption by Biochars 

2.1 Abstract 

Biochar has recently emerged as a cost-effective solution to combat PFAS pollution in water, but 

mechanistic understanding of which physicochemical properties of biochars affect PFAS 

sorptive removal from water remains elusive. Herein, 15 biochars were pyrolyzed from 5 

feedstocks (corn, Douglas fir, eucalyptus, poplar, and switchgrass) at 3 pyrolysis temperatures 

(500, 700, and 900°C) to investigate their removal efficiency and mechanisms of PFOS from 

water. A commercial biochar was also included for comparison. Biochar physiochemical 

properties, including elemental composition, pH, specific surface area (SSA), pore structure, 

hydrophobicity, surface charge, surface functional groups, and crystalline structure were 

systematically characterized. Batch sorption data showed that the Douglas fir 900, poplar 900, 

and commercial biochars removed over 95% of PFOS from water. Structural equation modeling 

(SEM) was used to unravel which biochar properties affect PFOS sorption. Interestingly, biochar 

pore diameter was identified as the most critical factor controlling PFOS removal, but pore 

diameter/pore volume ratio, SSA, pyrolysis temperature, hydrophobicity, and elemental 

composition all played variable roles. It has been hypothesized that biochars with small pore 

diameters and large pore volumes have a narrow yet deep pore structure that traps PFOS inside 

once already sorbed, resulting in an enhanced PFOS sorption. Biochars with small pore diameter, 

low nitrogen content, and high pyrolysis temperature were favorable for enhanced PFOS 

sorption. Our findings mechanistically advance the understanding of using biochars with 

optimized properties to remove PFOS and possibly other similar PFAS compounds from water. 
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2.2 Introduction 

PFAS have been extensively used in a wide spectrum of products such AFFF for fire training 

purposes, surfactants, paints, and adhesives since the early 1940s [2, 6, 19, 20]. On March 14th 

2023, the U.S. EPA proposed setting MCLs for PFOA and PFOS at 4 ng/L and a HI for PFNA 

PFHxS, PFBS, and GenX [63]. PFAS remediation cost is ultimately paid for by tax dollars so a 

cost-effective, efficient, and sustainable treatment technique for PFAS removal is critical [131]. 

GAC is efficient at removing long-chain PFAS compounds, but high production and operation 

costs in WWTPs make it an undesirable option [89, 125]. Biochar is similar to AC in that it is a 

low-density carbonaceous material, produced by the pyrolysis of agricultural and forestry wastes 

in an oxygen-limited environment, and can be thought of as a pre-cursor to activated carbon 

[132-135]. The lower energy demand, average greenhouse gas emission, and price tag of biochar 

make it a more lucrative and eco-friendlier alternative [89, 125]. Additionally, biochar sorptive 

removal of PFAS is expected to be promising, due to high SSA, rich functional groups, 

hydrophobicity, and tunable surface functionalities [76]. All these benefits clearly suggest 

biochar holds the highest promise to remove PFAS from water. 

 

Recent studies back this hypothesis, showing that biochar derived from many feedstocks is an 

effective tool for PFAS sorption [126-130]. However, these studies lack key information about 

what biochar properties promote or inhibit sorption efficiency. Thus, the current knowledge on 

which biochar types, what physicochemical properties, and what environmental factors affect 

sorptive performance remain unclear. This research aims to provide an in-depth investigation 

into biochar physiochemical properties for PFOS removal from water. The findings from this 
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study will shed light on the mechanistic understanding for the development of next generation 

biochars for effective and efficient removal of PFAS from water. 

 

2.3 Materials and Methods 

2.3.1 Chemicals and Reagents 

Potassium perfluorooctane sulfonate (PFOSK at 95% purity) was purchased from Matrix 

Laboratories (Mount Prospect, IL). The physiochemical properties of PFOS were shown in 

Table 1.1. Sodium chloride (NaCl) was purchased from Acros Organics. ACS-grade methanol 

was purchased from VWR. Deionized (DI) water and Milli-Q water were produced using a 

Milli -Q Ultrapure water system (Darmstadt, Germany). 

 

2.3.2 Feedstocks for Biochar Production 

Five feedstocks, i.e., corn cob (Zea mays), Douglas fir (Pseudotsuga menziesii), eucalyptus 

(Eucalyptus benthamii), poplar (poplus spp.), and switchgrass (Panicum virgatum) were used to 

produce biochars (one commercial biochar was also included for comparison). These five 

feedstocks include two grasses (corn and switchgrass), two hardwoods (eucalyptus and poplar), 

and one softwood (Douglas fir). Although corn is not actually a grass feedstock, its properties are 

more similar to grass than to wood feedstocks and will be referred to as a grass feedstock for the 

remainder of study. Detailed descriptions of feedstocks are shown in Table 2.1. 
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Table 2.1. Basic descriptions of the 5 feedstocks used for biochar production. 

Feedstock Details 

Corn Cob Obtained from the Auburn University Variety Testing Program. Ears of corn 

were shelled and ground on site at the seed station in Auburn. Sizes ranged 

approximately 0.5ï10 mm. 

Douglas Fir Obtained from ForestconceptsÊ Precision Feedstocks® (Sample ID; 

2015.04.06.01.6A.B). Douglas Fir chips were processed by cascading to 0.8 

mm Lab Crumbler®. Chip sizes ranged 0.51ï1.14 mm. 

Eucalyptus  Obtained from ForestconceptsÊ Precision Feedstocks® (Sample ID; 

2015.02.23.001.A). The Eucalyptus chips were processed by cascading to 0.8 

mm Lab Crumbler®. Chip sizes ranged 0.51ï1.14 mm. 

Poplar Obtained from ForestconceptsÊ Precision Feedstocks® (Sample ID; 

2015.06.18.01.A.E). The poplar chips were run by a hammer mill to pass 

though mesh 30 (but not mesh 60). 

Switchgrass Obtained from the University of Tennessee Biofuels Initiative (UTBI) 

program.  

Commercial a Rouge BiocharÊ was obtained from Oregon Biochar Solutions produced at 

~1,000°C from softwood feedstocks and powdered from a roller mill.  

a Commercially produced biochar was donated by Oregon Biochar Solutions. 

 

2.3.3 Biochar Production 

The slow pyrolysis process of feedstocks was used to produce biochars at three targeted 

temperatures of 500, 700, and 900°C using an MTI 1100X furnace (MTI Corporation Richmond, 

CA). The heating gradient started at a rate of 8.5°C/min from 25°C to 200°C, where it was held 

for 30 min, allowing the furnace to purge any moisture and precisely reach the desired 

temperature. The same rate of 8.5°C/min was then used to reach the targeted pyrolysis 

temperatures (500, 700, and 900°C) and held there for 30 min to ensure even and complete 

pyrolysis of the feedstocks. The furnace was then cooled down to 200°C at a rate of 8.5°C/min. 

Then the biochar was allowed to cool down on its own within the sealed furnace. A detailed 

depiction of biochar production was shown in Fig. 2.1. Biochar samples were stored in beakers 

covered by foil inside a desiccator. The commercial biochar donated by Oregon Biochar 
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Solutions was produced in an oxygen limited environment at 1,000°C, but a detailed production 

method was not provided due to intellectual property rights. In total, 16 biochars (15 biochars 

produced from 5 feedstocks at 3 pyrolysis temperatures and one commercially produced biochar) 

were used for PFOS removal from water (described below). 

 

 
 

Figure 2.1 (a) Schematic showing the pyrolysis of biochar in a furnace under N2 condition. (b) 

quartz tube holding the feedstock inside the furnace for biochar production. 

 

An easy way to increase biochar SSA for better PFOS sorption is to reduce particle size. This 

was done by ball milling in an MTI planetary ball mill (4 × 500 mL capacity; MTI Corporation 

Richmond, CA). All biochar samples were ball milled at 500 rpm for 3 h, in which 10 mL of 

methanol was added to the milling jar to facilitate particle breakup. After ball milling, biochar 

was saturated with methanol and transferred to 50 mL polypropylene centrifuge tubes. The 

biochar samples were then centrifuged at 9,500 rpm for 30 min, and the methanol supernatant 

N2 

N2 out 

Temperature Screen 

Control Panel 

Start Button 

Heating 

Indicator 

Furnace 

a 

Tube Block 

Fiberglass 

wool 

Feedstock 

Steel sheet 

b 

Quartz Tube 



35 

 

was discarded. The remaining biochar/methanol slurry left over was dried for 24 h at 70°C to 

ensure all methanol was evaporated. This drying process caused coagulation between biochar 

particles so the biochars are re-ground with a pestle and mortar and stored in a desiccator for 

later use.  

 

2.3.4 Detailed Characterization of Physicochemical Properties of the Biochars 

The physicochemical properties of biochars, including elemental composition, pH, SSA, pore 

structure, hydrophobicity, surface charge, surface functional groups, and crystallinity were 

systematically characterized. Briefly, elemental composition of biochars was analyzed on a 

Vario MICRO, Elementar (Ronkonkoma, NY) using the ASTM D5373-21 method [136]. This 

analysis was performed using 1.01ï1.33 g of biochar, and samples were run in duplicate. The pH 

of biochar suspensions (0.1 g/L) was measured on an Orion star pH meter (Thermo Fischer 

Scientific Waltham, MA) in triplicate. The nitrogen adsorption/desorption isotherms were 

measured at 77 K using a micrometrics MicroActive for ASAP 2460 2.02 (Anton-Paar, Ashland, 

Virginia) to determine biochar SSA and pore structure. The SSA was obtained according to the 

Brunauer-Emmett-Teller (BET) equation and total pore volume was calculated by N2 adsorbed 

amount at a relative pressure of 0.99. Both pore size and pore size distribution were calculated 

from N2 desorption via the Barrett-Joyner-Halenda (BJH) method, assuming that all pore shapes 

are cylindrical and the absorbed amount is from both physical adsorption onto the pore walls and 

capillary condensation in mesopores [137]. 

 

The contact angle of water droplets was used to assess the hydrophobicity of biochars on a ramé-

hart Contact Angle Goniometer (Succasunna, NJ) equipped with the DROPimage software (Fig. 
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2.2). Biochar hydrophobicity was determined using a modified sessile drop method [138]. 

Briefly, a double-sided tape was adhered to a microscope slide and a small amount (<0.005 g) of 

each biochar was spread to form a thin homogeneous layer on the double-sided tape. Contact 

angles on either side of the water droplets were measured at a contrast above 80% and a tilt of 

less than 0.2°. A blank measurement of the double-sided tape was found to have a contact angle 

of approximately 90° (±2° to account for instrument error), meaning the tape was neither 

hydrophobic nor hydrophilic. 

 

Figure 2.2. (a) Image of water droplet on biochar through the lens of the goniometer and (b) an 

image of the water droplet being measured with DROPimage software. 

 

Surface charge and particle size of biochar suspension (0.1 g/L in 1 mM NaCl) were measured in 

a DTS1070 disposable folded capillary cells on a Malvern Pro Blue Zetasizer Particle size 

analyzer (Malvern Panalytical Ltd, U.K.). Surface functional groups of biochars were measured 

on a Jasco Fourier-transform infrared (FT-IR-6600) (Jasco Inc., Easton, MD) spectrometer using 

the FT-IR Diffuse reflectance infrared Fourier transform (DRIFT) method. Biochar samples were 

mixed with potassium bromide (KBr) at a mass ratio of ~300: 1 (KBr: biochar), and infrared 

absorbance was measured between wavenumbers 600 and 4000 cmï1 at a scanning rate of 4 cm/s. 

After obtaining the raw data, the obtained curves were smoothed and zero corrected using the 

Jasco Spectra Manager Program. Proto manufacturing XRD (X-ray diffraction) powder 
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diffraction system (Proto Manufacturing, Taylor, MI) was used to analyze the crystallographic 

structure of biochars. Biochar samples were prepared by spreading the fine biochar powders 

uniformly across a small shallow magnetic dish. The dish was then adhered to a magnetic holder 

on the instrument for analysis. Biochar samples were scanned at a rate of 2.2°/min at 30 mA and 

40 kV with 2-theta of 10° and dwelling time of 5 seconds. 

 

2.3.5 Batch Sorption Experiments of PFOS by Biochars and PFOS Concentration Analysis 

Batch sorption experiments were conducted to determine the removal efficiency (%) of PFOS by 

the 16 biochars. Experiments were performed in triplicate using 50-mL polypropylene centrifuge 

tubes in a total volume of 40 mL. All stock solutions of PFOS, biochar, and NaCl were made 

with Milli -Q water and stored in 1 L polypropylene bottles. For the experiment, biochar and 

NaCl were diluted to 0.1 g/L and 1 mM, respectively. Biochar suspensions were sonicated and 

shaken vigorously before spiking to break apart any coagulation that may have occurred. PFOS 

was spiked last at a concentration of 500 µg/L and samples were placed on an orbital shaker for 

48 h (sorption equilibrium was achieved within 48 h). Samples were then centrifuged at 9,500 

rpm for 30 min, and 25 mL of supernatant was pipetted out by passing through 2 sequentially 

stacked 0.22 µm polypropylene filters to remove any excess biochar particles. The first 5 mL of 

supernatant was discarded to eliminate the interference of PFAS loss, due to membrane filtration. 

Then, 0.9 mL of supernatant was transferred to a 2 mL polypropylene microcentrifuge tube and 

spiked with 0.1 mL internal standard in methanol. Final internal standard concentration was 20 

µg/L in a 90% water 10% methanol solution. Samples were then vortexed and 300 µL was 

transferred to a polypropylene autosampler vial. Samples were stored at 4°C until analysis 

(within 2 weeks). 
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PFOS concentrations in the samples were analyzed on the Vanquish Binary ultrahigh 

performance liquid chromatography (UPLC), quadrupole-orbitrap tandem mass spectrometer 

(MS/MS; Exploris 120, ThermoScienific), based on the retention time (RT) and the exact mass 

of [MïH]ï, which was further verified via tandem MS, when needed. The limit of quantification 

(LOQ) of PFOS was estimated to be around 10 parts per trillion (ppt). The instrument had a 

delay column between pump and autosampler (HypersilGOLD, 1.9 µm, 175 Å, 3 × 50 mm) to 

separate any PFAS in the liquid chromatography (LC) system and solvents from the analytes. An 

Accucore RP-MS, 2.6 µm, 2.1 × 100 mm C18 column was used for UPLC separation of PFOS 

analytes. Mobile phase composition consisted of 2 mM ammonium acetate in high performance 

liquid chromatography (HPLC)-grade water and HPLC-grade acetonitrile. Sample injection 

volume was 10 µL. A constant flow of 0.2 mL/min was maintained in the column at 40 °C. The 

gradient began at 20% 2 mM ammonium acetate for the first 1.8 min then to 95% at 13.4 min, 

held at 95% for 0.5 min, back to 20% at 14.5 min, and then re-equilibrated at 3.5 min. The 

UPLC-HRMS/MS system was interfaced with a heated electrospray ionization source. The MS 

scan range was 100ï1000 m/z with a resolution of 60,000, standard automatic gain control 

(AGC) target, 70% radiofrequency (RF) lens, maximum injection time auto, with EASY-IC run-

start on. The spray voltage was 2,200 V, ion transfer tube temperature was 250°C, vaporizer 

temperature was 175 °C, and mild trapping was on. The sheath gas was 30 and aux gas 5 

(arbitrary units). A targeted inclusion mass list with retention time windows was used for 

comparing the standard and sample fragmentation pattern with a 5-ppm mass tolerance. Raw 

UPLC-MS/MS data was analyzed by Xcalibur 4.4, TraceFinder 5.1 EFS, and Compound 

Discoverer 3.2 software. 
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2.3.6 Statistical Analyses 

Linear regression models in R [139], were used to unravel potential relationships between 

feedstock type, pyrolysis temperature, and biochar physiochemical properties with PFOS 

removal. Gathered information from these linear regression models were used to build SEMs for 

determining which biochar physicochemical properties are most important in controlling PFOS 

sorption [140]. This SEM package in R has been widely used in ecology and natural resource 

fields to explain complex causal relationships among various variables [141-143], which is the 

scenario in our study involving 5 feedstock types, 3 pyrolysis temperature, and diverse 

physicochemical properties (section 2.4). Particularly, SEM enables us to generalize the 

considered properties and efficiency of all biochars to filter out which physiochemical properties 

of biochars may affect PFOS sorption. Like other multivariable analyses, SEM works the best 

when the variables of interest are normalized, so direct comparisons can be made. This was 

achieved by log transforming all data, including pyrolysis temperature and PFOS removal. To 

this end, biochar properties and performance can be compared using standard deviation rather 

than respective units, allowing direct comparison of which properties carry more weights for 

PFOS sorption. Three different SEMs were created to find the most likely influence of sorption 

between physiochemical properties, while the best model was discussed in depth. Explanation on 

PFOS removal, lowest Akaike Information Criterion (AIC) weight score, and strongest influence 

from pore structure were considered when choosing the best model.  
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2.4  Results and Discussion 

2.4.1.  Physicochemical Properties of Biochars 

As expected, biochar was mostly comprised of carbon, with a carbon content ranging from 

74.1% (switchgrass 700) to 95.6% (Douglas fir 900) (Table 2.2 and Fig. 2.3). Higher contents 

of nitrogen were observed in biochars produced from grass feedstocks compared to soft and 

hardwood feedstocks (p < 0.05) (Table 2.2 and Fig. 2.3). It is hypothesized this increased 

nitrogen content comes from the naturally higher nitrogen content of grass feedstocks compared 

to wood materials. For example, Bransby et al. (1998) found that switchgrass had nitrogen 

contents as high as 1.26% while Özcan et al. (2020) found that poplar only had 0.65% nitrogen. 

Except for the hardwood feedstocks, the hydrogen content exhibited an inverse relationship with 

pyrolysis temperature (Table 2.2) [144, 145]. The linear regression model analyses showed that 

there was no consistent statistical trend between pyrolysis temperature and feedstock type with 

contents of other elements (e.g., S). 
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Figure 2.3. Elemental composition of the 16 biochars used in this study, including (a) carbon 

content (%) and (b) hydrogen, nitrogen, sulfur, and oxygen contents (%). The error bars 

represent the standard deviations from duplicate analysis of each biochar sample. 
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Table 2.2. The production yield, pH, SSA, pore volume, pore diameter, pore diameter/pore volume ratio, and carbon (C), hydrogen 

(H), nitrogen (N), and sulfur (S) contents of the 16 biochars used in this study. 

 

 

a Pyrolysis temperature. b Production yield. c BET specific surface area (SSA). d BJH pore volume (PV). e BJH pore diameter (PD). f 

pore diameter/pore volume ratio.  

 

Biochar sample 
PT 

(°C) a 

PY 

(%) b 

pH 

 

SSA 

(m2/g) c 

PV 

(cm3/g) d 

PD 

(nm) e 

PD/PV 

(nm/cm3/g) f 
C 

(%) 

H 

(%) 

N 

(%) 

S 

(%) 

Corn 500 500 40.8 ± 7.3 6.82 ± 0.03 56.7 0.117 9.18 78.8 83.2 3.02 1.00 0.04 

Corn 700 700 33.8 ± 8.1 6.78 ± 0.05 112 0.119 4.00 33.7 86.7 1.83 0.81 0.03 

Corn 900 900 21.8 ± 4.4 6.85 ± 0.15 33.6 0.070 33.5 476 86.0 1.36 0.72 0.07 

Douglas fir 500 500 38.1 ± 5.3 5.91 ± 0.00 163 0.122 2.70 22.2 84.4 2.99 0.07 0.02 

Douglas fir 700 700 27.9 ± 9.0 6.00 ± 0.08 453 0.107 12.8 120 91.3 1.98 0.13 0.01 

Douglas fir 900 900 24.1 ± 13 6.09 ± 0.11 410 0.124 10.7 86.2 95.6 0.98 0.31 0.06 

Eucalyptus 500 500 51.0 ± 13 6.16 ± 0.01 379 0.117 8.35 71.3 86.6 2.94 0.10 0.01 

Eucalyptus 700 700 34.0 ± 5.1 6.7 ± 0.07 134 0.090 7.83 86.9 90.7 1.55 0.19 0.02 

Eucalyptus 900 900 19.9 ± 9.5 6.61 ± 0.09 429 0.099 12.0 122 84.3 2.63 0.17 0.02 

Poplar 500 500 34.8 ± 16 6.47 ± 0.05 292 0.238 2.59 10.9 88.3 3.09 0.09 0.02 

Poplar 700 700 27.1 ± 15 6.51 ± 0.06 393 0.129 14.6 114 87.6 1.79 0.14 0.02 

Poplar 900 900 20.9 ± 8.8 6.72 ± 0.09 60.9 0.073 8.02 110 83.8 2.68 1.26 0.07 

Switchgrass 500 500 41.6 ± 10 7.03 ± 0.07 121 0.087 16.6 191 83.2 2.59 1.07 0.09 

Switchgrass 700 700 30.8 ± 8.9 7.02 ± 0.04 232 0.099 18.8 190 74.1 1.53 0.72 0.06 

Switchgrass 900 900 22.4 ± 8.8 5.92 ± 0.12 60.9 0.082 22.7 276 77.9 1.25 0.75 0.07 

Commercial 1,000 n/a 8.60 ± 0.01 471 0.184 8.94 48.5 83.0 1.71 0.27 0.17 
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Interestingly, all biochar suspensions were measured neutral or slightly acidic, except for the 

commercial biochar with an unknown production method. Ball milling of biochar is 

hypothesized to enhance CO2 exposure, making the biochars more acidic. However, this 

hypothesis was ruled out since there was no significant difference of pH (æpH = 0.01; n = 3) for 

the Douglas fir 700 biochar with vs. without ball milling. Similar pH results were reported for 

other biochars produced from Douglas fir feedstock [146]. Linear regression model results 

indicated there was no significant difference of biochar pH with pyrolysis temperature and 

feedstock type in this study. 

 

SSA and pore structure of biochar are important properties affecting PFAS sorption. A biochar 

with higher SSA has more sites for PFOS sorption, but other surface features such as pore 

diameter and pore volume are also important. As shown in Table 2.2, most biochars produced at 

700°C exhibited the highest SSA, which is inconsistent with the notion that higher pyrolysis 

(e.g., 900°C) produces biochars with higher SSA. We speculate that ball milling did not 

proportionally increase the SSA of biochar as a function of pyrolysis temperature, rather 

feedstock property (Table 2.1), pyrolysis temperature, and ball milling co-determined the SSA 

of biochars (Table 2.2). Nevertheless, woody feedstocks (e.g., Douglas fir and poplar) generally 

produced biochars with a much higher SSA, compared to biochars produced from other 

feedstocks (i.e., corn cob and switchgrass) (Table 2.2). 

 

Biochar hydrophobicity is thought to be influenced by several factors such as porosity, particle 

size, alkalinity, pyrolysis conditions, feedstock type, O/C molar ratio, and functional groups 

present. [147-152]. All biochars had a contact angle greater than 90° (Fig. 2.4), meaning their 
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surfaces are overall hydrophobic. The Douglas fir biochars were significantly more hydrophobic, 

while the corn biochars were significantly less hydrophobic at the p < 0.05 level. Biochars 

produced at 700°C had a significantly lower contact angle than biochars produced at 500 and 

900°C (p < 0.05). Overall, the hydrophobic propensity of biochar surfaces is expected to sorb 

hydrophobic PFAS molecules (CïC backbone) via hydrophobic interactions [153]. 

 

Figure 2.4. The contact angle (ɗ) of 16 biochars. A contact angle above 90° indicates 

hydrophobicity. The error bars represent the standard deviations between samples and the 

number (n) indicates total effective measurements. 

 

All  biochars have a point of zero charge (pHPZC) ranging from pH 2ï4 (Fig. 2.5). At 

environmentally relevant pH conditions (e.g., 5ï9), the biochars were negatively charged (e.g., ï

25.0 to ï58.1 mV), indicative of electrostatic repulsions between negatively charged biochars 

and anionic PFOS (Fig. 2.5). The Douglas fir, switchgrass, and commercial biochars were less 

negatively charged compared to corn and poplar-derived biochars (p < 0.05), suggesting a less 

electrostatic repulsion between these three biochars with PFOS. However, the differences of zeta 
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potential among the biochars did not exhibit a significant effect on PFOS (e.g., no significant 

relationship between zeta potential and PFOS removal at p > 0.05). Therefore, zeta potential was 

not considered in the SEM analysis. Similarly, feedstock type and pyrolysis temperature were 

found to have a negligible impact on the zeta potential of biochars (p > 0.05), further suggesting 

that zeta potential should be ruled out during the SEM analysis. 
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Figure 2.5. Zeta potential of (a) grass-, (b) hardwood-, and (c) softwood-derived biochars used 

in this study. The error bars represent the standard deviations from duplicate experiments. 
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The surface functional groups of biochars after pyrolysis were comprised of carbon, oxygen, and 

hydrogen. Similar to Keiluweit et al. (2010), we found an increasing degree of condensation 

across the three pyrolysis temperatures in this study [154]. Approximately 10 different 

characteristic peaks were identified for the produced biochars (Fig. 2.6 and Table 2.3). These 10 

characteristic peaks were at 3650-3600 cmï1 (free OïH stretching of phenolic and alcoholic ï

OH); 3500-3100 cmï1 (water, H-bonded hydroxyl (-OH) groups); 3100-3000 cmï1 (CïH 

stretching of substituted of aromatic C); 3000-2900 cmï1 (asymmetric CïH stretching of 

aliphatic CHx); 1750-1700 cmï1 (C=O stretching of ketones and carboxylic acids); 1600-1550 

cmï1 (C=C and C=O stretching of carboxylic carbon); 1350-1100 cmï1 (O-H and Ŭ-CH2 

bending); 1257 cmï1 (C-O-C groups and aryl ethers); 1350-1100 cmï1 (CïOïC symmetric stretch 

in ester groups of cellulose and hemicellulose); and 881ï683 cmï1 (various types of substituted 

C-H bending) [154-157]. More importantly, biochars produced at low pyrolysis temperatures, 

particularly at 500°C, retained most of these functional groups (Fig. 2.6 and Table 2.3). Only 

two characteristic peaks were identified on the surfaces of the commercial biochar at 1584 cmï1 

(C=C stretching of aromatic components and C=O stretching of conjugated ketones and chinons) 

and 1212 cmï1 (C-O stretching of alkyl aryl ether) [155, 156] (Fig. 2.6). This could be due to the 

high pyrolysis temperature (1,000°C) for producing the commercial biochar. Biochars negative 

surface charge can be attributed to surface functional groups. Specifically, phenolic and 

carboxylic groups on the biochars surface are regarded as major contributors responsible for the 

negative surface charges of biochars observed in this thesis. Carboxylic functional groups are the 

dominant functional groups on biochars surface (Table 2.3 and Fig 2.6).  
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Table 2.3. Surface functional groups of biochars determined by the Fourier-transform infrared 

(FT-IR) spectroscopy analysis. 

 

  

Wavenumber 

(cmï1) 

Characteristic 

Vibration 

Functionality Structure 

3650-3600 ófreeô O-H 

stretching 

alcoholic and phenolic -OH, 

not hydrogen bonded [154, 

158] 
 

3500-3100 phenolic H-bonded 

hydroxyl -OH 

water, H-bonded hydroxyl (-

OH) groups [154, 158] 

 

3100-3000 substituted aromatic 

C 

[154, 159] 

 

3000-2900 symmetric C-H 

stretching 

aliphatic CHx [154, 160] 

 

1750-1700 C=O stretching mainly carboxyl with traces of 

aldehydes, ketones, and esters 

[154, 161-163] 
 

1600-1550 C=O and C=C 

stretching 

C=O and C=C stretching of 

carboxylic [155, 156]  

 

1500-1250 

 

Ŭ-C-H2 bending alphatic -CH3 deformations 

[158, 164]   

1350-1100 N-H bending N-H stretching of amine 

groups [86] 

 

1350-1100 C-O-C symmetric 

esters 

C-O stretching of esters [155, 

156]  

881-683 

 

C-H deformation aeromatic CH out-of-plane 

deformation and less 

substituted rings at lower 

wavenumbers [165, 166] 
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Figure 2.6. Fourier-transform infrared (FT-IR) spectra of the 16 biochars. Triplicate experiments 

were conducted for each biochar sample. 

 

The XRD spectra showed that five different peaks were identified for the 16 biochars (Fig. 2.7). 

The first peak around 9° is representative of oxygen atoms that may intercalate into interlayer 

space, which is bonded to the graphite planar surface during the pyrolysis process [167]. A wide 

peak near 25° is indicative of tridymite and graphitic platelets [168]. Peaks on the downslope of 

the broad tridymite graphitic peak (26ï28Á) represent the (0, 0, 2) plane of biocharôs graphitic 
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structure and the last broad peak at 45° signifies short-ranged order in graphene oxide layers 

[167, 169]. Overall, the intensity of the broad peak around 45° (graphitic platelets and short 

ranged order in graphene oxide layers) increased as the pyrolysis temperature was increased 

(Fig. 2.7). This suggests that the carbonaceous structure in biochars became more ordered at 

higher pyrolysis temperatures. 

 
Figure 2.7. X-ray diffraction (XRD) spectra of the 16 biochars used in this study. With 

increasing pyrolysis temperature (from 500 to 900°C), the aromatic carbon became more 

ordered, which is reflected by the increased intensity at higher pyrolysis temperatures. 

 

Overall, different feedstocks and pyrolysis temperatures tended to produce a wide variety of 

biochars with different physicochemical properties. All biochars were rich in carbon (74.1ï

95.6%), but nitrogen content in grass-derived biochars were higher than that of biochars derived 

from woody feedstocks (Table 2.2). The pH of biochars was neutral or slightly acidic, while the 

commercial biochar was alkaline (Table 2.2). SSA is a function of pyrolysis temperature, 
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feedstock properties, and ball milling but woody feedstocks produce biochars with higher SSA 

than grass feedstocks. All produced biochars were hydrophobic, with corn feedstocks producing 

the biochars with the lowest hydrophobicity while Douglas fir biochars having the greatest 

hydrophobicity. Surface charge of biochars ranged from ï25.0 to ï58.1 mV at environmentally 

relevant pH conditions, suggesting electrostatic repulsions between biochars and PFOS. All 

biochars shared similar characteristic peaks based on FT-IR and XRD spectra, while peak 

intensities are reduced as a function of pyrolysis temperatures. 

 
 

Figure 2.8. Proposed schematic showing how increasing pyrolysis temperature affects the 

ordering of carbon and graphite sheets of the biochars. 

 

2.4.2. PFOS sorption by Biochars 

Batch sorption experiments were used to investigate the removal efficiency (%) of PFOS by the 

16 biochars. The Douglas fir 900, poplar 900, and commercial biochars removed >95% of the 

added 500 µg/L PFOS from solution (Fig. 2.9). The linear regression model analyses showed 

that pyrolysis temperature was a significant factor for PFOS removal. For example, for every 

Increasing Pyrolysis Temperature 
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1°C increase in the pyrolysis temperature, we found a 0.052% (±0.051%; 95% CI) increase in 

PFOS removal (p < 0.05; r2 = 0.29). However, biochar produced at one pyrolysis temperature did 

not significantly outperform another in terms of PFOS removal and there was not one feedstock 

type that systematically outperformed other feedstock types for PFOS removal. While biochars 

derived from woody feedstocks at 900°C did perform significantly better than other biochars, 

removing 28.24% (±13.99%; 95% CI) more PFOS than other biochars in this study (p < 0.05; r2 

= 0.59) (Fig. 2.9). 

 
Figure 2.9. PFOS removal efficiency (%) by the 16 biochars. Experimental conditions include 

500 µg/L PFOS, 100 µg/L biochar, and 1 mM NaCl. The error bars represent the standard 

deviations among triplicate experiments. 

 

2.4.3 PFOS Sorption Mechanisms 

Biochar properties vary significantly due to the diversity of their respective feedstocks and 

pyrolysis temperatures, making trend analysis difficult . The corn 900 biochar was found to be an 

extreme outlier in several physiochemical properties analyzed (e.g., SSA, pore diameter, pore 

volume, and pore diameter/pore volume ratio) and poplar 500 biochar was also an extreme 
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outlier with respect to pore volume and pore diameter/pore volume ratio, so both biochars were 

removed from the dataset before SEM construction. Removing these two biochars allowed for 

better trend analyses among dependent variables (e.g., when corn 900 and poplar 500 were 

removed, the r2 comparing PFOS removal to pore diameter/pore volume ratio was increased 

from 0.12 to 0.27). 

 

Feedstock type and pyrolysis temperature are two independent variables in this study, meaning 

that the selection of a given feedstock at a pyrolysis temperature dictates the outcome of all other 

dependent variables (e.g., physicochemical properties like SSA, hydrophobicity, and thus PFOS 

removal ability). However, categorical variables would not have worked in this SEM due to the 

small sample size, so feedstock type was also removed from the model construction. Given that 

pyrolysis temperature is an independent variable, it does not have a direct impact on PFOS 

removal. Rather, it affects the individual biochar properties, which in turn affect PFOS sorption. 

A path coefficient connecting pyrolysis temperature and PFOS removal enables us to capture the 

unexplained variables in the model (e.g., zeta potential and pH), which helps us to explain the 

holistic influence of pyrolysis temperature on PFOS removal, as shown in Fig. 2.10. 

  




