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Abstract 
 
 

Sulfur-containing biomolecules participate in various chemical and structural functions in 

enzymes. When sulfate is limiting, bacteria upregulate ssi enzymes to utilize organosulfonates as 

an alternative source. The alkanesulfonate monooxygenase enzymes mitigate sulfur scarcity 

through desulfonation of various alkanesulfonates releasing sulfite which is incorporated into 

sulfur-containing biomolecules. This two-component monooxygenase system utilizes flavin as a 

substrate with the SsuE enzyme supplying reduced flavin to SsuD.  It is unclear what structural 

properties of flavin reductases of two-component systems dictate catalysis. The SsuE enzyme 

undergoes a tetramer to dimer oligomeric switch in the presence of FMN. Oligomeric state changes 

are common in flavin reductases but the roles and regulation of the quaternary structural changes 

have not been evaluated. Intriguingly, the flavin reductases of two-component systems contain π-

helices located at the tetramer interface. π-Helices are generated by a single amino acid insertion 

in an established α-helix to confer an evolutionary advantage.  

Substitution of the π-helix insertional residue in SsuE (Tyr118) generated FMN-bound 

Y118A and Y118S SsuE variants, unlike the wild-type enzyme which is flavin-free. Structural and 

kinetic analyses were performed on these canonical flavoprotein variants and on the flavin-free 

variants (Y118F and ΔY118 SsuE) to understand the roles of π-helix in SsuE. We further 

investigated the structural effects of perturbing the π-helix in SsuE by solving the three-

dimensional structures of Y118A SsuE in the oxidized form, when reduced, and in the apo form. 

Our findings show the π-helix is vital in the functioning of SsuE as a flavin reductases of two-
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component systems. In combination, the studies suggested the π-helix in SsuE promotes structural 

stability through hydrogen bonding and π-stacking interactions, and facilitates the transfer of 

reduced flavin to SsuD through protein-protein interactions. The π-helix may regulate the 

oligomeric changes in SsuE upon flavin binding and could be vital in controlling dioxygen 

reactivity. We also report herein that reduced flavin transfer from SsuE to SsuD occurs through a 

channeling mechanism facilitated by conformational changes in the flexible loop of SsuD. Overall, 

these studies unravel the evolutionary role of the π-helices in defining oligomeric state changes 

and in the transfer of reduced flavin in two-component monooxygenase systems.  
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CHAPTER ONE 

LITERATURE REVIEW 

1.1 Sulfur Metabolism in Bacteria 

1.1.1 General Introduction to Sulfur Metabolism 

Sulfur is a ubiquitous element with a relative abundance of ~1.9% that exists in different 

forms and is vital in living organisms. As the sixth most abundant element on Earth, sulfur is found 

in the Earth’s mantle as sulfide minerals and in crustal rocks as sulfide or sulfate minerals. Native 

sulfur is found in both active and dormant volcanoes. Sulfur also exists as a trace gas in the 

atmosphere and as dissolved sulfate and dimethyl sulfide in the ocean.1, 2 Sulfur occurs in rocks 

and sediments as pyrite (FeS2) and gypsum (CaSO4), and as sulfate in seawater. Microorganisms 

are crucial in the sulfur cycle from which they also benefit.3  

Sulfur is a constituent of amino acids methionine and cysteine the only sulfur containing 

canonical amino acids. The other amino acids contain only CHON atoms. Cysteine readily forms 

intra- and interchain disulfide bonds with other cysteine residues in protein structures, which 

provides protein structural stabilization. Cysteine is also a crucial amino acid in oxidoreductases 

(such as thioredoxins, cytochromes, and Fe-S proteins) as it mediates electron transfer.4, 5 

Methionine is a hydrophobic amino acid and tends to be located in the hydrophobic core of 

globular proteins and interacts with the lipid bilayer in membrane-spanning protein domains. In 

the synthesis of eukaryotic proteins, methionine is the initiating amino acid; but in prokaryotes, the 

initiating amino acid is N-formyl methionine. After initiation of translation, the methionine 

residues may be removed, and therefore may not contribute to protein structure.4  
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Sulfur participates in unique chemistry and constitutes cofactors (biotin, CoA, glutathione, 

CoM, thiamine, and thiocyanate), hormones (insulin, vasopressin), penicillin and sulfa drugs (also 

known as sulfonamide drugs). It is also vital in sulfur-based photosynthesis. Sulfur can serve as a 

source of energy (through sulfate reduction or sulfide oxidation) and energy storage in the form of 

adenosine 5'-phosphosulfate (APS) and 3'-phosphoadenosine 5'-phosphosulfate (PAPS).22 Sulfur 

is a constituent of Fe-S clusters in enzymes. The formation of Fe-S cluster involves sulfur transfer 

from L-cysteine, a reaction catalyzed by cysteine desulfurases (IscS or SufSE).6, 7  Owing to the 

importance of sulfur in living organisms, sulfur was potentially involved in the development of 

early life.1 Studies on Archaean rocks suggest that microorganisms with sulfur-based metabolism 

existed 3.5 billion years ago.8-13  

The cycling of sulfur involves chemical and biological transformations that occur through 

different oxidation states (from –2 to +6).3 The ability to exist in multiple valence states enables 

sulfur to be involved in various geochemical and biochemical processes.1 The sulfur cycle is 

complex and augments other elemental cycles such as carbon and nitrogen.3 Sulfur is assimilated 

in bacteria from inorganic and organic sources. In aerobic soils, sulfur predominantly exists in the 

form of ester-sulfur and sulfonates (95% of the total sulfur). In the lab setting, bacteria are usually 

supplied with inorganic sulfur (sulfate) and therefore optimal sulfur conditions are met.14 The 

sulfur cycle entails a cohort of successive reactions in which sulfur transits through different 

oxidation states. The main oxidation states of sulfur are -2 for thiol and thiolate (such as cysteine 

and hydrogen sulfide), 0 for elemental sulfur, and +6 for sulfate. Microorganisms are crucial in the 

transformation of both inorganic and organic sulfur.15 Assimilation of organosulfur is vital for 

symbiotic relationships in bacteria, nitrogen fixation, and other metabolic processes requisite for 
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survival, pathogenicity, and adaptation. Unfortunately, a detailed understanding of the mechanism 

and regulation of sulfonate metabolism is lacking.16, 17 

1.1.2 Sulfur Assimilation Pathway in Bacteria 

Sulfate compounds are central in sulfur assimilation in bacteria. The sulfate compounds 

cross the cell membrane through ABC-like transporter proteins, and then undergo enzymatic 

transformations inside the cell.3 The sulfur assimilation process in bacteria commences with the 

activation of sulfate (SO4
2–) through the adenylation of sulfate (Figure 1). This ATP consuming 

reaction, catalyzed by ATP sulfurylase (ATPS), generates adenosine 5′-phosphosulfate (APS).18, 

19 The APS is phosphorylated by APS kinase to 3′-phosphoadenosine 5′-phosphosulfate (PAPS), 

a potential sulfate donor. PAPS is usually reduced to sulfite (SO3
2–), which is further reduced to 

bisulfide (HS–). Bisulfide and O-acetylserine are utilized in the biosynthesis of cysteine and other 

sulfur-containing biomolecules.17, 20, 21 Bacteria can also hydrolyze APS without the formation of 

PAPS to release sulfite (APS reductase pathway). The bacterial APS and PAPS reductases exhibit 

a high sequence similarity. Plants can only utilize the APS reductase pathway (Figure 1.1).17  

Sulfur-containing biomolecules are requisite in bacteria for survival and pathogenicity, and 

hence, disruption of different enzymes in the pathway affects overall metabolic processes.17 

Inhibition of sulfate assimilation steps disrupts sulfur-based redox processes, a concept that can be 

harnessed in drug development against pathogenic bacteria.22 APS reductase catalyzes the first 

committed step in sulfate reduction.17, 23 Inhibitors targeting APS reductase in M. tuberculosis 

resulted in decreased cellular levels of sulfur-containing metabolites.17 In E. coli, the presence of 

APS signals sulfate excess resulting in the upregulation of sulfate assimilation genes. In addition, 

the use of organosulfur compounds in bacteria as a source of sulfur is repressed by high levels of 
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sulfate. Therefore, cellular APS levels helps bacteria distinguish when to utilize inorganic and 

organic sulfur sources.24  

 

 

 
 
Figure 1.1:  Proposed sulfur assimilation pathway and cysteine biosynthesis in bacteria.  Bacteria 

can follow either the APS reductase pathway or the PAPS reductase pathway. Plants utilize the APS 

reductase pathway only.  (Adapted from 17, 19). 
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1.1.3 Persulfides in Trafficking of Sulfur in Biosynthetic Pathways 

Numerous studies to elucidate the functional roles of sulfur in cofactors and biomolecules, 

and their involvement in diverse metabolic processes have been evaluated. However, the 

trafficking of sulfur for incorporation in cofactors and nucleosides is vaguely understood. The 

persulfide group (R–S–SH) is the predominant sulfur donor for sulfur incorporation in 

biomolecules.25 The persulfide form of sulfur delivers the sulfur to acceptor molecules.25 Bisulfide 

is utilized in vitro in the enzymatic and non-enzymatic synthesis of sulfur-containing cofactors and 

nucleosides. Bisulfide reacts with a free active cysteine to form an enzyme persulfide intermediate 

which ensures safe trafficking and delivery of bisulfide.25 The interaction of bisulfide with 

oxidized thiols generate persulfides which enhances the reactivity of bisulfide.26 The persulfide 

group is chemically rich because each sulfur can exist in three different oxidation states; sulfane 

(S0), persulfide (S1-) or sulfide (HS–). Sulfane sulfur is an electrophile and can transfer electrons 

to a range of nucleophiles.27 The sulfur atoms in persulfides can be attacked to release the second 

sulfur as a bisulfide (HS–) or thiol (Figure 1.2a and Figure 1.2b). The exterior sulfur in the 

persulfide can act as a nucleophile, generating a disulfide bond (R–S–S–R) (Figure 1.2c). This 

versatility makes persulfide groups suitable for the incorporation of sulfur in several metabolic 

pathways.28   

The amino acid cysteine participates in the biosynthesis of most sulfur containing cofactors 

in bacteria and eukaryotes.29, 30 Cysteine desulfurases and rhodanese homology domain proteins 

play a crucial role in thiol transfer and incorporation. Cysteine desulfurases forms a protein 

persulfide on an active cysteine with a free L-cysteine converting the L-cysteine to L-alanine 

(Figure 1.3a).28 Examples of cysteine desulfurases include NifS/IscS enzymes which are found in 

all bacteria and eukaryotes and in some Archaea species.31-33 Cysteine desulfurases are pyridoxal 
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5′-phosphate (PLP) -dependent and utilizes PLP to cleave of the C–S bond of L-cysteine after the 

formation of a persulfide enzyme intermediate.34  

There are three distinct cysteine desulfurases found in E. coli which are homologous to 

NifS. These are IscS, CsdA also known as CSD, and SufS also known as CsdB.35-38 NifS is cysteine 

desulfurase involved in the biosynthesis of nitrogenase Fe–S clusters.39 Although IscS participates 

in the mobilization of sulfur for Fe–S cluster biosynthesis, it is not restricted to sulfur fixation.37 

IscS is involved in thionucleosides and thiamin/biotin biosynthesis and in the incorporation of 

 

 
 

 

Figure 1.3: Biosynthetic pathways generating sulfur-containing cofactors in E. coli which 

involve IscS. (Adapted from 34). Copyright © 2014 Elsevier B.V. All rights reserved. 
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selenium into selenoproteins and selenouridine residues.35, 40, 41  Different sulfur acceptors (shown 

in blue in Figure 1.3) mediate the transfer of sulfur from IscS persulfide to different sulfur 

containing cofactors.34  

Rhodaneses are thiosulfate sulfur transferases found in all three domains of life, which 

transfer the thiosulfate sulfur to other enzymes involved in sulfur metabolism.42, 43 The mechanism 

of rhodaneses involve an active site cysteine of rhodanese enzyme accepting sulfane sulfur from 

thiosulfate, and transferring it to a sulfur acceptor.25 Thil is a rhodanese which participates in 

thiamin and 4-thiouridine biosynthesis.25, 34 Rhodanese also transfers the thiosulfate sulfur to 

cyanide (Figure 1.4).42, 43 Rhodanese, in the course of sulfur trafficking helps downregulate 

bacterial cyanide toxicity. Cyanide is produced in bacteria as a defensive metabolite or for invasive 

purposes. Cyanide forms stable complexes with transition metals and hence it is highly toxic in 

most living organisms.44, 45  

Endogenous production of H2S by pathogenic bacteria such as Staphylococcus aureus and 

Clostridium difficile enhances their pathogenicity and survival.46 However, a high cellular 

bisulfide level is toxic requiring regulation of intracellular H2S concentrations or a safe sulfur 
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Figure 1.4: The active site cysteine of rhodanese accepts sulfane sulfur from thiosulfate and 

transfers it to cyanide. (Adapted from 25).  
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delivery strategy in the biosynthetic pathways.25 In Staphylococcus aureus, H2S is converted 

bisulfide in the cytoplasm. The bisulfide is bound to sulfide:quinone oxidoreductase (SQR) to form 

SQR-bound persulfide (Figure 1.5). The bisulfide is passed to reduced cellular LMW thiols 

(LMW-SH) through a reaction that forms LMW persulfides (LMW-SSH). CstBPDO uses O2 to 

oxidize LMW persulfides to either LMW thiol-S-sulfonate or CstB-S-sulfonate (shown as R-S-

SO3
–). The thiosulfate (TS) is generated by CstBRhod (or other cellular rhodanese proteins) 

through persulfide transferase activity, or directly via LMW persulfide reacting with LMW thiol-

S-sulfonate or CstB-S-sulfonate (Figure 1.5). The thiosulfate is processed by CstBRhod, 

CstARhod, or other cellular rhodanese proteins (thiosulfate sulfurtransferases) to SO3
2– and sulfane 

sulfur (S0). The SO3
2– is transported out of the cell by TauE while sulfane sulfur may be 

assimilated.47  Similar rhodanese sets have been identified in human pathogenic bacteria, 

Enterococcus facaelis and Bacillus anthracis and are thought to regulate intracellular bisulfide 

concentrations.47 

 
 

Figure 1.5: Proposed H2S detoxification by cst operon enzymes in Staphylococcus aureus. 

(Adapted with permission from 47). Copyright (2015) American Chemical Society. 
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1.1.4 Sulfur Incorporation and Occurrence in Biomolecules  

Sulfur is found in a variety of biological compounds such as cofactors and thionucleosides 

(Figure 1.6). Various biomolecules contain sulfur since sulfur has a wide range of chemical and 

structural properties.25 The thiol (–SH) group of cysteine functions as an acid or a base, and forms 

a disulfide (R–S–S–R) bond that participates in protein-stabilization. The thiol group can also 

participate in hydrogen bond interactions (donor or acceptor), is a potential catalytic nucleophile, 

and can bind a metal ligand.25  

The sulfur atom in thiamin (vitamin B1) bears a partial positive charge which stabilizes the 

carbanionic form involved in the transketolation of sugars and α-keto acid decarboxylation.48 

Examples of such decarboxylations are reactions catalyzed by pyruvate and α-ketoglutarate 

dehydrogenase enzymes. These enzymes also utilize lipoic acid which bears two sulfur atoms that 

cycles between the reduced dithiol and oxidized cyclic disulfide form during catalysis (Figure 

1.6).25 The molybdenum cofactor (Figure 1.6) also contains two sulfur atoms which serve as the 

metal binding site of the molybdopterin ligand and sustains the redox potential of molybdenum 

during catalysis in enzymes such as sulfite oxidase, xanthine dehydrogenase, and aldehyde 

oxidase.49 The sulfur atom in biotin (Figure 1.6) contributes to an essential ring structure that 

generate the stable carboxylate form of biotin.25, 50, 51 Coenzyme A functions as the main acyl 

group carrier in all cells in carbohydrates, amino acids, fatty acids and ketone body metabolism. It 

forms an energy-rich thioester bond with the acyl moiety for example in acetyl-CoA.52, 53 

Numerous sulfur-containing nucleobases in tRNA function as recognition centers in enzymes that 

assign amino acids to tRNA during translation (Figure 1.6).25  
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Figure 1.6: Sulfur-containing cofactors and RNA nucleosides. (Adapted from 25).  
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The side chain of methionine contains a thioether group (R–S–R) which is hydrophobic. 

The thioether group of methionine has a lone pair of electrons on the sulfur atom and hence can 

function as a metal ligand.54  This lone pair of electrons of methionine makes a nucleophilic attack 

on ATP in the generation of S-adenosylmethionine (SAM) (Figure 1.7, reaction A).54 SAM has a 
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Figure 1.7: Generation of SAM and its reactions. (Adapted from 25). 
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cationic sulfur (sulfonium) which allows it to participate in diverse reactions. The sulfonium group 

can leave as a neutral thioether enabling SAM to perform methylation reaction. The SAM cofactor 

is crucial in the transfer of ribosyl and aminoalkyl groups (Figure 1.7, reactions B–D). The 

sulfonium group endows SAM with the ability to generate 5′-deoxyadenosyl radicals (Figure 1.7, 

reaction E). These SAM utilizing reactions involve iron-sulfur clusters and other cofactors that are 

redox centers.25  

1.1.5 Scavenging Sulfur during Sulfur Starvation Conditions 

Sulfur-containing biomolecules participate in various enzymatic chemical and structural 

functions.25 The primary source of sulfur in bacterial systems is inorganic sulfates. Bacteria are 

usually supplied with sufficient inorganic sulfates in the laboratory.14 However, bacteria often find 

themselves in environments with low sulfate availability and utilize organosulfonates as an 

alternative source of sulfur through desulfonation. The organosulfonates exist as natural products 

of low and high molecular weight most of which can be desulfonated. The process of desulfonation 

entails cleavage of the C-S bond of organosulfonates by desulfonation enzymes; taurine 

dioxygenase and alkanesulfonate monooxygenase enzymes releasing sulfite. The desulfonation 

enzymes are induced when sulfonate serves as a carbon and energy source, or by sulfate-starvation-

induced (ssi) stimulon when organosulfonates serve as a sulfur source in bacteria.55  

Sulfonates are widely available and are utilized by aerobic bacteria as an alternate source 

of sulfur during sulfate limitation.56 The desulfonation of these organosulfonates is catalyzed by 

desulfonation enzymes which are expressed when sulfate is limiting in bacteria and include the α-

ketoglutarate-dependent dioxygenase (TauD) and alkanesulfonate monooxygenase (SsuD). The 

ssi enzymes are encoded by the tauABCD and ssuEADCB genes respectively (Figure 1.8), and are 

repressed by the presence of sulfate.57  
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The taurine dioxygenase (TauD) enzyme desulfonates taurine (2-aminoethanesulfonate) 

releasing sulfite and aminoacetaldehyde. TauD belongs to the non-heme Fe(II) oxygenase family. 

TauD also converts α-ketoglutarate to succinate with the release of a CO2 molecule (Figure 1.9).59  

 

 
 
Figure 1.8: The tau and ssu operons are induced during sulfur starvation. The ssu operon encodes 

for a flavin reductase (SsuE) and alkanesulfonates monooxygenase (SsuD), while tau operon 

codes for taurine dioxygenase. Both operons encode for ABC-like organosulfonates transporter 

proteins.  (Adapted from 58). 

 
Figure 1.9: Desulfonation of taurine (2-aminoethanesulfonate) by TauD. TauD desulfonates 

taurine releasing sulfite and aminoacetaldehyde. (Adapted from 59). 
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The alkanesulfonate monooxygenase system catalyzes the desulfonation of 

alkanesulfonates as an alternative pathway for sulfur acquisition when sulfur is limiting in various 

bacteria. These enzymes are expressed under regulation of the sulfate-starvation utilization (ssu) 

operon commonly made up of five cistrons (ssuEADCB) (Figure 1.8).60 The alkanesulfonate 

monooxygenase system is a two-component system comprised of a NAD(P)H:FMN reductase 

(SsuE) that reduces flavin and delivers the reduced flavin to the monooxygenase enzyme (SsuD). 

The SsuD enzyme catalyzes the FMNH2-dependent desulfonation of alkanesulfonates generating 

sulfite, FMN, a molecule of water, and the corresponding aldehyde (Figure 1.10). The sulfite 

produced is incorporated into sulfur-containing biomolecules (Figure 1.6).57, 60 

 

The SsuD enzyme is able to desulfonate diverse organosulfonates including C-2 to C-10 

alkanesulfonates, 1,3-dioxo-2-isoindolineethanesulfonate, 2-(4-pyridyl)ethanesulfonate, and 

sulfonated buffers, and is found in a range of bacterial genera.57, 62-64 The alkanesulfonate 
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Figure 1.10: Desulfonation of alkanesulfonates by ssu enzymes. The desulfonation reaction is 

catalyzed by SsuD and utilizes reduced flavin supplied by SsuE. (Adapted from 61). 
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monooxygenase system in different bacterial systems resemble that of E. coli and is usually 

comprised of both SsuE/SsuD. In most cases, the SsuE gene is located in an operon that contains 

a SsuD homolog. The order of the ssu genes varies in different bacterial organisms. They usually 

contain an ABC-type transporter, a monooxygenase (SsuD), and a flavin reductase (SsuE). The 

flavin reductases are close homologs with >60% sequence identity.63  In some bacteria such as in 

Bacillus subtilis, Burkholderia cenocepacia, and Corynebacterium glutamicum, the operon 

contains a SsuD homolog but lacks an SsuE-like reductase.65-67 Although the ssu operon in Bacillus 

subtilis does not have the ssuE gene, a flavin reductase is encoded on a separate operon.68, 69 The 

SsuD in the organisms lacking ssuE gene may not require a specific flavin reductase.  Unrelated 

flavin reductases have been successfully utilized in some two-component oxygenase systems to 

supply unrelated oxygenase enzymes with reduced flavin.70, 71 The ssu genes are thought to have 

been acquired through horizontal gene transfer among bacterial systems.72 

Pseudomonas putida has the unique ability to desulfonate methanesulfonate, dimethyl 

sulfonate (DMSO), dimethyl sulfide, and arylsulfonates. The operon of Pseudomonas spp. 

contains an extra gene ssuF whose role has not been firmly established. The SsuF protein is thought 

to be either a transporter protein or a molybdopterin-binding protein. The ability of Pseudomonas 

spp. to desulfonate arylsulfonates has been attributed to the presence of SsuF.63 Pseudomonas 

aeruginosa was initially thought to have two sets of ssu operons (ssuEADCBF and ssuEDC), but 

the ssuEDC operon has been revised to the msuEDC annotation identified as the MsuE/D system.68, 

73 However, two gene clusters similar to E. coli ssuEADCB were identified in Bradyrhizobium 

japonicum.16  In addition to processing organic sulfonates in B. japonicum, the genes were shown 

to express sulfonate monooxygenases and sulfatases in soybean nodules, linking organosulfur 

utilization to nitrogen fixation and nodulation.16  
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1.1.6 The Alkanesulfonates Transport System  

Expression of ABC-like transporter proteins is requisite for the uptake of organosulfonates 

utilized by the tau and ssu systems.59, 60 The two-component alkanesulfonate monooxygenase 

system relies on an ATP-binding cassette (ABC)-type aliphatic sulfonate (SsuABC or on 

TauABC) transporter (Figure 1.11).57, 63 The ABC transporters generally bind and hydrolyze ATP 

to transport diverse substrates across membranes, bringing nutrients and other molecules into the 

cell or removing unwanted cellular molecules across the membrane. The ABC transporters are 

found in the three domains of life (bacteria, archaea and eukaryota). They exhibit two 

transmembrane regions and two soluble nucleotide binding domains.74, 75 The nucleotide binding 

domains of ABC proteins are highly conserved in both sequence and structure.75 The 

organosulfonates cross the cell membrane to serve as a sulfur and carbon source.  
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Figure 1.11: The alkanesulfonate monooxygenase system transporter proteins. 
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Although organosulfonates require transport systems across the cell membrane, little 

mechanistic knowledge is available on their transport. Sequences of some transporter genes have 

been identified.55 SsuA constitutes the periplasmic alkanesulfonate binding protein, SsuC is a 

membrane permease protein, and SsuB is an ATP-binding protein.60 The synergistic effort of 

sulfonate transporter proteins provides alkanesulfonates for the cytoplasmic proteins SsuE and 

SsuD to process (Figure 1.12).60 Three-dimensional studies on SsuA from X. citri shows a large 

binding pocket which should support binding of various alkanesulfonates.72 The alkanesulfonate 

uptake and ssu expression were shown to increase in uropathogenic E. coli (UPEC) during 

human urinary tract infections (UTI) and suggests the transporter system may be a potential 

therapeutic target against pathogenic bacteria.76 The transport of taurine into bacterial cell is 

exclusively dependent on the TauABC transporter proteins. The TauABC transporter proteins can 

also transport some alkanesulfonates into the cell.58 Although SsuD cannot desulfonate taurine, 

some alkanesulfonates can be desulfonated by the TauD enzyme. Therefore, taurine desulfonation 

is exclusively dependent on TauD.58  

1.1.7 Regulation of the ssi Operons  

The alkanesulfonate monooxygenase enzymes are expressed under the regulation of the 

ssuEADCB operon. In E. coli, the expression of the ssuEADCB genes is regulated by Cbl, a 

transcriptional activator which binds to the Cbl-binding site located upstream of the promoter at 

the -35 region. The Cbl protein binds at the upstream regions of the ssuEADCB and tauABCD 

operons during sulfate starvation conditions to activate their transcription.24, 77 The expression of 

the cbl gene is controlled by the transcriptional activator CysB that binds at the CysB-binding 

site.60 CysB upregulates the transcription of the ssu operon. The expression of the tau operon is 

also regulated by Cbl whose expression is activated by CysB in the tau system.78  
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Figure 1.12: Sulfonate uptake and desulfonation in E. coli. The alkanesulfonates enter the cell 

through ssuABC system and some can be transported via TauABC system (dashed lines). Taurine 

is transported into the cell only through TauABC (solid lines). It is not known how the 

alkanesulfonates and taurine cross the outer membrane. (Adapted from 58). 
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Studies on the regulation of ssi gene expression in E. coli shows that the CysB protein (a 

LysR-family transcriptional regulator) is key in regulating the expression of cysteine biosynthetic 

and ssi genes.79  The CysB protein upregulates the expression of cbl which encodes a LysR-family 

transcriptional regulator.78 During sulfate-rich conditions, adenosine-5-phosphosulfate (a cysteine 

biosynthetic intermediate) represses cbl, consequently suppressing the expression of both the ssu 

and tau operons.80  

Recent studies of the E. coli transcription regulatory network identified fumarate and 

nitrate regulatory protein (FRN), and Cbl are positive regulators of Ssu enzymes.81 The FNR is a 

transcriptional regulator of a several genes involved in respiratory pathways. It is responsive to 

oxygen levels and its transcriptional activity requires an iron–sulfur cofactor.82, 83 CysB was 

identified as a negative regulator, while integration host factor (IHF) can be a negative or positive 

regulator for the ssu operon.81 IHF is a global regulator of many DNA functions in prokaryotes 

including replication and transcription, hence housekeeping levels are always maintained.84, 85 The 

CysB regulator is also involved in the assimilation of organosulfur in Pseudomonas spp.63, 86-88 

The regulation of ssi genes in Pseudomonas spp. could be different from that of E. coli because 

there is no cbl gene or its equivalent identified in P. aeruginosa and P. putida genomes.89, 90 

Although some transcriptional regulators have been reported, the regulation of organosulfur 

assimilation in pseudomonads during sulfur starvation conditions is not well known.63, 91-94  
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1.2 Flavoproteins in Enzymology 

1.2.1 Flavin  

Flavin-dependent proteins are versatile and participate in different functions. The flavin 

cofactors are involved in various fundamental enzymatic redox reactions.95, 96 The term flavin 

encapsulates a group of molecules whose structure contains a heterocyclic isoalloxazine ring 

(7,8-dimethylisoalloxazine) which is the business-end of the flavin molecule (Figure 1.13). 

Naturally occurring flavins include lumiflavin, riboflavin, flavin mononucleotide (FMN), and 

flavin adenine dinucleotide (FAD) (Figure 1.14). These flavins all have an isoalloxazine ring but 

have different R-groups.97  

 

Lumiflavin has a methyl group attached to the isoalloxazine ring at position N-10 and 

riboflavin has a ribityl sugar side chain attached at the same position (Figure 1.14). FMN has an 

additional phosphate group at the end of the ribityl sugar side chain, while FAD has an adenine 

dinucleotide group attached to the phosphate group of the FMN constituents. A natural riboflavin 
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Figure 1.13: The isoalloxazine ring of flavins. 
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analog called roseoflavin  (Figure 1.14) produced by Streptomyces davawensis and Streptomyces 

cinnabarinus manifests antibiotic activity through the targeting of flavoenzymes and 

flavoswitches.98, 99 The isoalloxazine ring is not synthesized in mammals and is supplemented in 

the diet as riboflavin (vitamin B2). Riboflavin, the precursor in the synthesis of other flavin 

cofactors is typically converted to FMN and FAD in mammals to sustain physiological functions. 

Ariboflavinosis (riboflavin deficiency) in man and experimental animals has been linked to 

neuromuscular disorders, neurological disorders, cardiovascular diseases, and cancer.100-102 This 

is because riboflavin is used to synthesize cofactors FMN and FAD, which are crucial in diverse 

functions including energetic metabolism, maintenance of redox homeostasis, and protein folding 

and function.97, 103-105
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Figure 1.14: Structures of naturally occurring flavin. 
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1.2.2 Biosynthesis of Flavins in Bacteria  

Many bacteria and plants synthesize riboflavin (constituted of ribityl side chain attached to 

the N10 of the isoalloxazine ring).106, 107 The biosynthesis of the isoalloxazine moiety of riboflavin 

is the most complex and its detailed biosynthetic pathway is largely unknown. Studies have shown 

that some reactions in the artificial synthesis (nonenzymatic) of isoalloxazine do not require 

catalysts suggesting that the initial flavin synthesis may have occurred spontaneously before the 

evolution of enzymatic macromolecules.107-109 The biosynthesis of flavin utilizes GTP (1) which 

is converted (through several intermediate steps) to 5-amino-6-ribitylamino-2,4(1H,3H)-

pyrimidinedione (6)  (Figure 1.15). The 5-amino-6-ribitylamino-2,4(1H,3H)-pyrimidinedione 

intermediate is formed from different precursors in different organisms. In fungi and Archaea, the 

2,5-diamino-6-ribosylamino-4(3H)-pyrimidinone 5’-phosphate (2) (the first committed pathway 

intermediate) is reduced and deaminated.110, 111 In eubacteria and plants, the reduction of the side 

chain of 2,5-diamino-6-ribosylamino-4(3H)-pyrimidinone 5’-phosphate occurs before the 

deamination step.112-115 The 5-amino-6-ribitylamino-2,4(1H,3H)-pyrimidinedione 5’-phosphate 

(5) is dephosphorylated to generate 5-amino-6-ribitylamino-2,4(1H,3H)-pyrimidinedione (6) 

through an unknown mechanism. The dephosphorylation of 5- amino-6-ribitylamino-2,4(1H,3H)-

pyrimidinedione 5’-phosphate (5) is required because a phosphate ester is not a possible substrate 

for the condensation of 5-amino-6-ribitylamino-2,4(1H,3H)-pyrimidinedione (6) with 3,4-

dihydroxy-2-butanone 4-phosphate (8) catalyzed by 6,7-dimethyl-8-ribityllumazine synthase 

(VIII). The 3,4-dihydroxy-2-butanone 4-phosphate (8) is obtained from ribulose 5-phosphate (7) 

through a series of rearrangements and elimination.107  

The final two steps in the synthesis of FMN and FAD (Figure 1.15) are catalyzed by an 

ATP-dependent riboflavin kinase (generating FMN and ADP), and an ATP-dependent FMN 



24 
 
 

adenylyltransferase (generating FAD and ADP).116 The phosphorylation of riboflavin and  

subsequent adenylation steps in eukaryotic organisms  are catalyzed by two separate enzymes.117, 

118 In most prokaryotes, a single bifunctional enzyme (FAD synthetase) functions as both a 

riboflavin kinase and FMN adenylyltransferase to phosphorylate the ribityl end of riboflavin to 

form FMN, and further adenylate the FMN to FAD in a two ATP-dependent reaction.119-123  
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Figure 1.15: Biosynthetic pathway of flavin. (Adapted from 107). 
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Table 1.1: Organic intermediates and enzymes involved in flavin biosynthesis 

 
Organic molecules/Intermediates 
 

Enzymes involved in flavin synthesis steps 

1. GTP 
 

I. GTP cyclohydrolase II  

2. 2,5-diamino-6-ribosylamino-4(3H)-
pyrimidinone 5′-phosphate 
 

II. 2,5-diamino-6-ribosylamino-4(3H)-
pyrimidinone 5′-phosphate 
deaminase 

3. 5-amino-6-ribosylamino-
2,4(1H,3H)-pyrimidinedione 5′-
phosphate 

III. 5-amino-6-ribosylamino-
2,4(1H,3H)-pyrimidinedione 5′-
phosphate reductase 
 

4. 2,5-diamino-6-ribitylamino-4(3H)-
pyrimidinone 5′-phosphate 

IV. 2,5-diamino-6-ribosylamino-4(3H)-
pyrimidinone 5′-phosphate reductase 
 

5. 5-amino-6-ribitylamino-2,4(1H,3H)-
pyrimidinedione 5′-phosphate 
 

V. 2,5-diamino-6-ribitylamino-4(3H)-
pyrimidinone 5′-phosphate 
deaminase  
 

6. 5-amino-6-ribitylamino-2,4(1H,3H)-
pyrimidinedione 
 

VI. Hypothetical phosphatase 

7. ribulose 5′-phosphate VII. 3,4-dihydroxy-2-butanone 4-
phosphate synthase  
 

8. 3,4-dihydroxy-2-butanone 4-
phosphate  

VIII. 6,7-dimethyl-8-ribityllumazine 
synthase 
 

9. 6,7-dimethyl-8-ribityllumazine 
 

IX. Riboflavin synthase 

10. Riboflavin 
 

X. Riboflavin kinase 

11. FMN 
 

XI. FAD synthetase 

12. FAD 
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1.2.3 Spectral Properties of Flavin at Different Oxidation States  

Flavin and flavoproteins exhibit various spectroscopic properties which facilitates their 

spectroscopic characterization in redox reactions involving different flavin intermediates.97, 124, 125 

Flavoproteins can carry out one- and two-electron transfers depending on the flavin 

environment.126-128 The generation of the hydroquinone form of the flavin can occur when flavin 

is reduced by a two electron transfer, or by a two-single electron transfer through a semiquinone 

intermediate. The different spectral properties of flavin are based on the oxidation state of the 

isoalloxazine ring.129 An absorption spectrum with a peak at ~450 nm is usually observed with 

oxidized flavin (both free and bound) (Figure 1.16). The oxidized flavin also has fluorescence 

properties with maximum emission wavelengths of around 520 nm.130  

A single electron transfer to oxidized flavin generates a neutral semiquinone (red in color 

with a broad absorbance between 500-650 nm with maxima at 580 nm) or an anionic semiquinone 

(light blue in color, has an absorbance peak at 370 nm but weakly absorbs beyond 550 nm) (Figure 

1.16).124, 125 The semiquinone flavin portrays a weak absorbance at 450 nm but has a strong peak 

at ~370 nm (Figure 1.16). Although free semiquinone flavin shows no fluorescent properties, the 

flavin semiquinone can exhibit fluorescent properties when bound to enzymes.130 The fully 

reduced flavin (hydroquinone form) is colorless, has no absorbance peak at 450 nm (Figure 1.16), 

and is assumed to be nonfluorescent, although some fluorescence has been observed with some 

flavoenzymes at specific excitation wavelengths. The fluorescence properties of reduced flavin is 

generally dependent on the buffer pH, viscosity, the active site environment, and substitutions on 

the isoalloxazine ring.125, 131   
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The flavin semiquinone can be generated when free fully-oxidized flavin is mixed with 

free fully-reduced flavin in solution.97 At least, 5% of the semiquinone portrayed stability at 

pH 7 even when not bound to protein.97 The equilibrium shifted towards semiquinone formation 

when protein was flavin-bound.97, 124 The N1 of the isoalloxazine ring can be protonated or 

deprotonated resulting in different redox states and different ionic flavin species. Generally, the 

neutral and anionic forms of flavin are considered physiologically relevant (Figure 1.17). The 

cationic forms of flavin can only be observed at extremely low pH values.132  Flavin can exist in 

other electronic states ( charge-transfer states) in which there is a partial charge transition between 

 

 

Figure 1.16: The spectral properties exhibited by flavins corresponds to the different 

oxidation states. (Adapted from 97). Copyright © 2000 The Biochemical Society/Portland 

Press. 
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the three redox  states (Figure 1.17).132 The unique and resolute spectral properties of the different 

forms of flavin allows one to trace the flavin oxidation states in catalytic events and in evaluation 

of the step-wise mechanisms exhibited by flavoproteins.  
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Figure 1.17: Flavin can exist in different redox and ionic states. Generally, the neutral and anionic 

forms of flavin are considered physiologically relevant. The cationic forms of flavin can only 

be realized at extremely low pH. (Adapted from 132). 
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1.2.4 Flavoproteins 

Flavoproteins refers to the proteins whose execution of biological functions is 

dependent on the flavin cofactor. The seminal flavoprotein was characterized through structural 

determination and chemical synthesis in the Richard Kuhn (Heidelberg) and Paul Karrer 

(Zurich) labs as old yellow enzyme in the 1930’s. The compound was named “riboflavin” after 

the ribityl side chain attached at the N(10) position (Figure 1.13) and word “flavus” (Latin for 

yellow) based on its color. Flavin cofactors have a characteristic yellow color and possess a 

heterocyclic alloxazine chromophore.133, 134 In 1879,  Blyth identified a yellow compound isolated 

in cows’ milk and reported it as lactochrome.135 Prior to the identification of lactochrome, 

bioluminescence by luciferase had been reported in non-scientific descriptions.136 It was later 

determined that many biologically relevant flavin compounds were FMN and FAD both of which 

are synthesized from riboflavin (Figure 1.15).97, 106, 107  

Flavoproteins can be classified based on the substrate they utilize, the number of electrons 

per catalytic cycle, electron acceptors, and structural and physicochemical properties.132 

Flavoproteins perform different functions and have been extensively explored. The flavin 

cofactors are involved in various fundamental enzymatic redox reactions involving one- and 

two-electron transfer reactions.95, 97, 105, 137-156 The chemical versatility of flavoproteins is based 

on the flavin environment (usually the enzyme active site).128 Canonical flavoproteins are flavin-

bound with the flavin being either tightly or covalently bound. The flavin-free flavoproteins 

however, are typically supplied with free flavin.95, 96 The covalently bound flavoproteins have the 

flavin attached to the protein through either the 8α-methyl group or through the C6 of the flavin 

isoalloxazine ring. The residues that form covalent bonds at the 8α-methyl group are Cys, Tyr, and 
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His. Cys is the only amino acid that forms a covalent bond through the C6 position of the 

isoalloxazine ring.155  

Flavoproteins are commonly categorized into oxidases, reductases, dehydrogenases, and 

monooxygenases. Flavin dehydrogenases (which include acyl-CoA, succinate, and alcohol 

dehydrogenase) do not use O2 in the transfer of two electrons and a proton (Figure 1.20).150 Flavin 

oxidases use dioxygen to oxidize the substrate, and generate H2O2 (Figure 1.20). They first get 

reduced by the substrate before substrate oxidation. The reduced flavin is stabilized before 

reacting with dioxygen.97 Examples of enzymes that are flavin oxidases include glucose, glycine, 

and amine oxidase.139-141 Flavin monooxygenases insert oxygen atom(s) in diverse substrates 

releasing the other oxygen atom as water. They form and utilize peroxyflavin intermediates to 

insert an oxygen atom in the substrate they catalyze (Figure 1.20).157-159 Some flavoproteins are 

involved in  electron transport.137, 149-152 While some flavoproteins form reactive oxygen species 

contributing to oxidative stress, others counter oxidative stress by decreasing hydroperoxide 

levels.128  

1.2.5 Reactivity of Flavin with Molecular Oxygen  

Flavoproteins display remarkable differences on how they react with molecular oxygen, 

but there is no common explanation for the differential reactivity.156, 160 The ability of the reduced 

flavin to react differently with dioxygen has been linked to the chemical versatility of 

flavoproteins.161 Oxygen is not always the intended electron acceptor for flavoproteins, hence 

flavin-dependent redox reactions can occur under low oxygen levels. Some flavoproteins (oxidases 

or monooxygenases) utilize oxygen as a substrate. Suppression of dioxygen reactivity is favored 

by the flavoproteins involved in the redox reactions that do not need oxygen, minimizing reactive 

oxygen species formation.160 Several factors including charge distribution, protein dynamics, 
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ligand binding, and solvation effects have been proposed to regulate oxygen reactivity with 

flavoproteins.156, 160 

The fully reduced hydroquinone flavin can undergo non-enzymatic oxidation in the 

presence of molecular oxygen (Scheme 1.1).97 The oxidation of reduced flavin occurs through 

electron transfer from a singlet reduced flavin to triplet O2 to form a caged radical pair.154 Collapse 

of the radical pair, followed by spin inversion generates the flavin hydroperoxide which can 

dissociate yielding H2O2 and oxidized flavin (Scheme 1.1).97, 154  

 

Flavin monooxygenases form peroxyflavin intermediates which they utilize to insert an 

oxygen atom in the substrate in the reactions they catalyze.157-159 The flavin monooxygenases can 

be flavin-containing or be a part of a two-component flavin-dependent monooxygenase system. 

The flavin-containing monooxygenases are reduced using pyrimidic substrates (NADH and/or 

NADPH) whereas the two-component monooxygenase enzymes are supplied with reduced flavin 

by a flavin reductase (which catalyzes the transfer of reducing equivalents from NAD(P)H (Figure 

1.18). These flavoproteins accepts a hydride from NAD(P)H, and can donate one or two electrons 

 
FlredH O2 Fl

FlHOO

+ Fl O2O2

FlHOOH  
 
 

Scheme 1.1: Activation process of oxygen by reduced flavin. (Adapted from 97). 
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to an acceptor. NADPH varies from NADH by an extra phosphate group attached at one of the 

sugars in NADPH (Figure 1.18). The isoalloxazine end of flavin becomes reduced (Figure 1.19a), 

while the nicotinamide end of pyrimidic substrates becomes oxidized (Figure 1.19b). The NADP+ 
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Figure 1.18: Structure of reduced isoalloxazine-end of flavin (a) and the oxidized nicotinamide 

moiety of pyridine nucleotides (b). 
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and NAD+ participate in anabolic redox processes and catabolic metabolism, respectively. The 

extra phosphate in NADPH is far from the business-end of NADP+ and typically has no influence 

on electron transfer.162  

Once the reduced flavin is bound to the monoxygenase enzyme, the flavoprotein uses the 

reduced flavin to activate O2 forming the reactive peroxyflavin (Fl-OO-) or hydroperoxyflavin (Fl-

OOH) intermediates (Figure 1.20). Flavin monooxygenases have a unique ability to form and 

stabilize peroxyflavin (Fl-OO-) or hydroperoxyflavin (Fl-OOH) intermediates depending on the 

type of reaction they catalyze (Figure 1.20). The C4a-hydroperoxyflavin (the oxygenating 

intermediate) act as an electrophile or nucleophile to insert one oxygen atom into a substrate 

(Figure 1.20).97, 163 The other atom of the dioxygen is incorporated into water in these flavin-

dependent monooxygenase catalyzed reactions.158 They stabilize C4a-hydroperoxyflavin 

intermediate and out-competes possible side-reactions which eliminates the wasteful production 

of reactive oxygen species and minimizes the NAD(P)H oxidase activity.158  

Flavin monooxygenases forms a quasi-stable C4a(hydro)peroxyflavin, which is considered 

the activated form of oxygen.  The C4a(hydro)peroxyflavin incorporates a single oxygen atom into 

organic substrates (Figure 1.20). The reactions catalyzed by flavin monooxygenases exhibit regio-

, chemo-, and stereospecificity which facilitates the synthesis of different compounds.104, 164-166 

Flavin monooxygenases stabilize the C4a-(hydro)peroxyflavin adduct unlike most oxidases which 

produce hydrogen peroxide without the formation of detectable stable intermediates. Such 

oxidases would either form an unstable C4a-hydroperoxyflavin forms which rapidly decays, or 

accepts a second electron (Figure 1.20). Structural characterization of monooxygenases and 

oxidases capable of stabilizing the C4a-hydroperoxyflavin shows that a hydrogen bonding of C4a-

(hydro)peroxyflavin at the N5 position is crucial for stabilization.156 The C4a-(hydro)-
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peroxyflavin intermediate in SsuD and in bacterial luciferase have been shown to be stabilized by 

a conserved cysteine residue.167-169 In addition, the presence of Arg226 at the active site of SsuD 

is important in stabilizing the C4a-(hydro)-peroxyflavin  intermediate.170  

 

N
H

N

NH

N
R

O

O
N
H

N

NH

N
R

OH

O

N
H

N

NH

N
R

O

O
O
O

Hydroperoxyflavin

Peroxyflavin

N
H

N

NH

N
R

O

O
O
O

H

O2
-

N

N

NH

N
R

O

O

HO2
-

H2O2

H+

HO2
-

Electrophilic 
substitutions

Nucleophilic 
substitutions

O2

 

Figure 1.20: Activation of molecular oxygen by reduced flavin. (Adapted from 97, 163). 
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1.3 Two-Component Flavin-Dependent Systems  

1.3.1 Examples of Two-Component Flavin-Dependent Systems   

Flavin-dependent monooxygenases can have flavin bound or utilize flavin as a substrate. 

The two-component flavin-dependent monooxygenase systems are a group of flavin-dependent 

enzymes made up of a flavin-reductase (that reduces flavin) and a monooxygenase enzyme, that 

utilizes the reduced flavin to activate dioxygen and insert an oxygen atom into the substrate(s). 

The NAD(P)H:flavin reductases are usually smaller in size than the monooxygenases they supply 

with reduced flavin. The genes coding for both the NAD(P)H:flavin reductase and monooxygenase 

of two-components system are often located on the same operon. The reductive and oxidative half-

reactions are catalyzed by separate enzymes in two-component flavin-dependent monooxygenase 

systems. The two-component flavin-dependent enzymes catalyze diverse reactions that include the 

oxidation of environmental aromatic and polycyclic compounds for use as carbon sources, the 

biosynthesis of antibiotics, bioluminescence, the oxidation of long-chain alkanes, and the 

desulfurization of sulfonated compounds (Figure 1.21).171 In two-component flavin-dependent 

monooxygenase systems, the flavin reductase and the monooxygenase enzymes usually have a 

higher affinity for oxidized flavin and for reduced flavin respectively.171, 172 

The first two-component flavin-dependent monooxygenase system to be identified was 

bacterial luciferase.173-176 Bacterial luciferase uses FMNH2 and oxygen as co-substrates to catalyze 

the oxidation of a long-chain aldehyde producing a carboxylic acid resulting in the emittance of 

visible light (Figure 1.21). Bacterial luciferase has been utilized in a wide range of applications as 

a bioreporter and a gene reporter in mammalian cells.177, 178 Several other two-component 

monooxygenase systems have since been identified, which catalyze a diverse range of reactions 

(Figure 1.21).  
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The monooxygenase enzymes utilize reduced FAD or FMN (supplied by flavin reductase) 

to insert an oxygen into their respective substrates.171 The nitrilotriacetate (NTA) monooxygenase 

(NTA-Mo) oxidatively cleaves nitrilotriacetate using reduced flavin supplied by the associated 

flavin reductase (component B). The NTA-Mo hydroxylates an α-carbon which spontaneously 

collapses to form iminodiacetate (IDA) and glyoxylate (Figure 1.21).179, 180 The ethylene-diamine-
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Figure 1.21: Examples of two-component flavin-dependent monooxygenase systems. (Adapted 

from 171). 
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tetra-acetic acid (EDTA) degrading monooxygenase system present in Mesorhizobium species 

catalyzes the FMNH2 dependent oxidation of EDTA to form ethylenediaminetriacetate (ED3A) 

and glyoxylate. This is followed by further oxidation of ED3A to ethylenediaminediacetate 

(Figure 1.21). The EDTA monooxygenase enzyme (EmoA) can also oxidize NTA and 

diethylenetriaminepentaacetate (DTPA). EmoA is supplied with reduced FMNH2 by EmoB, the 

associated flavin reductase.181, 182 

Several two-component systems involved in bacterial sulfur acquisition have been 

identified. The two-component alkanesulfonate monooxygenase system catalyzes the FMNH2-

dependent oxygenolytic cleavage of C-S bond of various alkanesulfonates into sulfite and the 

corresponding aldehydes during sulfur scarcity conditions in bacteria (Figure 1.22).57 The 

biocatalytic desulfurization of petroleum through 4S-pathway in Rhodococcus erythropolis 

utilizes four enzymes; DszA, DszB, DszC, and DszD, which desulfurizes organosulfur compounds 

(Figure 1.23). The DszD (NADH:FMN oxidoreductase) supplies monooxygenases DszC and 
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Figure 1.22: The two-component FMNH2-dependent alkanesulfonate monooxygenase system. 

(Adapted from 61).  
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DszA with FMNH2. DszC converts DBT to DBT sulfone while the DBT sulfone is converted into 

2’-hydroxybiphenyl-2-sulfinite by DszA. The DszB enzyme catalyzes the final step in 

desulfurization of DBT by cleaving the C-S bond of 2'-hydroxybiphenyl-2-sulfinate releasing 2-

hydroxybiphenyl and sulfite but does not use flavin cofactor.183-186 The Rhodococcus erythropolis 

strain IGTS8 utilizes alkylated dibenzothiophenes (DBTs) in crude oil as a source of sulfur without 

degrading the fuel value of the product through the 4S-pathway.187  Dibenzothiophenes are the 

largest group of sulfur-containing compounds found in petroleum derivatives underlining the 

importance of the Dsz system.188  
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Another crucial two-component FMNH2-dependent monooxygenase biocatalytic 

desulfurization system is found in P. putida DS1 which desulfurizes dimethyl sulfide (DMS). The 

DMS is converted to sulfite through dimethyl sulfoxide (DMSO), dimethyl sulfone (DMSO2), and 

methanesulfonate (MSA) intermediates (Figure 1.24). The DMS is oxidized in two successive 

steps into DMSO and dimethyl sulfone (DMSO2). The DMSO2 is further converted by SfnG 

(FMNH2-dependent monooxygenase) to methanesulfinate and a molecule of formaldehyde. The 

methanesulfinate is converted to methanesulfonate (MSA) by a FMNH2-dependent 

monooxygenase (MsuC). The MSA is desulfonated by MsuD (FMNH2-dependent 

monooxygenase) releasing sulfite and a molecule of formaldehyde. The FMNH2 for SfnG enzyme 

is provided by SfnE while for the MsuC and MsuD steps, the FMNH2 is supplied by MsuE (Figure 

1.24).163 The unique desulfurization of DMSO2 by the Sfn enzymes is dependent on a 

transcriptional regulator SfnR.163  
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Figure 1.24: Desulfurization pathway of dimethyl sulfide (DMS) in the Pseudomonas spp. (that 

utilize DMS). (Proposed based on information obtained from 91, 163, 189 and Wicht, D.K (personal 

communication). 
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1.3.2 Kinetic Analysis of the Flavin Reductases and Monooxygenase of Two-Component 

Monooxygenase Systems 

1.3.2.1 Flavin Reductases of Two-Component Monooxygenase Systems  

The flavin reductase enzymes of two-component systems utilize reducing equivalents from 

pyridine nucleotides to catalyze the reduction of flavin. They have a substrate specificity for either 

FAD or FMN, and can have a preference for NADH and NADPH, or can utilize both NADH and 

NADPH with similar efficiencies.190 Because the flavin reductases of two-component systems 

supply the associated monooxygenase with reduced flavin, the flavin preference is observed in 

both the flavin reductase and monooxygenase enzymes. Flavin reductases either have oxidized 

flavin tightly bound and manifest a signature spectrum for oxidized flavin or are flavin-free as 

purified and utilize flavin as a substrate during catalysis.2, 57, 171 Despite the numerous structural 

studies and biochemical analyses on flavodoxin and flavodoxin-like domains, the chemistry 

behind flavin binding and the process of electron transfer remains unclear.191  

The mechanism of two-component flavin reductases vary depending on whether flavin is 

tightly bound or utilized as a substrate. Some flavin reductases with a tightly bound flavin follow 

a ping-pong mechanism during flavin reduction (Figure 1.25). The bound flavin is reduced by 

NAD(P)H followed by the release of oxidized pyridine nucleotide. A second free flavin docks and 

is reduced by the primary reduced bound flavin.172, 192 The flavin reductases with no bound flavin 

follow an ordered-sequential kinetic mechanism in which either the flavin or pyridine nucleotide 

binds first to the flavin reductase (Figure 1.26). In an ordered sequential mechanism, a ternary 

complex must be formed for the flavin reduction to occur. After flavin reduction, the oxidized 

NAD(P)+ or the reduced flavin is released and the other product follows.57, 192, 193  
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The kinetic mechanisms followed by flavin reductases of two-component systems can vary 

depending on flavin concentration and the availability of the monooxygenase enzyme.62 The SsuE 

enzyme has no flavin bound as purified, and utilizes flavin as a substrate. The SsuE enzyme had a 

higher catalytic efficiency with FMN compared to FAD suggesting it has a preference for FMN as 

a substrate but can use either NADH or NADPH as the reductant.2, 57, 171 The SsuE enzyme also 

has a tighter binding affinity (1000-fold) for oxidized FMN over the reduced flavin which 

facilitates product release.2, 61  The reduction of FMN by SsuE is achieved through an ordered 
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Figure 1.25: Flavin reductases with tightly bound flavin tend to follow a ping-pong kinetic 

mechanism. (Adapted from 171) 
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Figure 1.26: Flavin reductases with no bound flavin utilize flavin as substrate and follows an 

ordered sequential kinetic mechanism. SsuE uses FMN as a substrate and follows an ordered 

sequential kinetic mechanism. (Adapted from 171). 
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sequential kinetic mechanism in which NADPH binds first, followed by FMN resulting in the 

formation of a ternary complex. Following charge transfer, product release also occurs sequentially 

with NAD(P)+ being the last to be released. The rate-determining step (hydride transfer from 

NAD(P)H to FMN) occurs after the ternary complex is formed.2  

The SsuE enzyme is tasked with supplying SsuD with FMNH2, for SsuD to cleave the C-

S bond in various alkanesulfonates yielding sulfite.57 When SsuD was included in SsuE flavin 

reductase assays, the steady-state kinetic parameters did not change.2 The kinetic parameters for 

SsuE changed in the presence of both SsuD and octanesulfonate, adopting an equilibrium-ordered 

kinetic mechanism. The results from these studies suggested that substrate NAD(P)H, and product 

NAD(P)+ were in equilibrium with the free SsuE enzyme. As such, the flavin reduction by SsuE 

was independent of NADPH and the equilibrium was oriented to the formation ternary complex. 

The Km value for SsuE in single-enzyme assays was comparable to the Kd value in flavin titrations 

with SsuE implying that the Km value for FMN by SsuE represented the dissociation constant. The 

inclusion of SsuD and octanesulfonate in the SsuE flavin reductase assay resulted in a 10-fold 

increase in Km value for FMN which suggested a decrease in FMN binding affinity by SsuE in 

presence of SsuD.2, 194 The weak FMN binding in the presence of SsuD would be strategic in 

ensuring productive flavin transfer from SsuE to SsuD once flavin reduction takes place. The 

mechanistic change to a rapid equilibrium mechanism by SsuE orients the reaction to form the 

ternary complex and ultimately facilitates flavin transfer. The observed kinetic mechanistic 

behavior coupled with an increase in the Km value for FMN by SsuE (in the presence of SsuD and 

alkanesulfonates) facilitates flavin exchange between SsuE and SsuD.2, 194 

A charge-transfer complex between the pyridine nucleotide and the flavin is characterized 

spectrally by a broad peak from 550 and 800 nm.195-198 Such a peak is also observed in flavin 
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reductases that utilize flavins as substrate.199 Rapid reaction kinetic studies of flavin reduction by 

SsuE at 450 and 550 nm showed three phases associated with distinct steps involved in flavin 

reduction.200 After substrate binding, the initial phase occurs which involves the generation of the 

initial charge-transfer complex (CT-1) between FMN and NADPH with a rate constant (k1) of 

241 s−1 (Scheme 1.2). The second phase leads to the charge-transfer complex (CT-2) between 

reduced flavin and the NADP+ with a rate constant (k2) of 11 s−1. The transition step of CT-1 to 

CT-2 is associated with a hydride transfer from NADPH to FMN. The final phase in flavin 

reduction entails the conversion of CT-2 to the Michaelis complex (MC-2) of SsuE (which 

contains bound products) with a rate constant (k3) of 19 s−1. Hydride transfer to FMN from 

NADPH is the rate-limiting step in flavin reduction as supported by isotope studies with [4(R)-2H] 

NADPH.200  

At elevated flavin concentrations, hydride transfer was inhibited with SsuE suggesting the 

step was rate-limiting. The charge-transfer complex observed in SsuE was weaker than that of 

flavin reductases with tightly bound flavin. This correlates with weak flavin binding at the active 

site of flavin-free flavin reductases. An effective flavin reductase in a two-component system 

should catalyze flavin reduction while promoting subsequent transfer. A flavin reductase with 

tightly bound flavin would hinder effective flavin transfer.194 The sequential-ordered kinetic 
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Scheme 1.2 Formation of charge–transfer complex in FMN reduction by SsuE. (Adapted from 

200). 
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mechanism by SsuE changed to a rapid equilibrium-ordered mechanism when SsuD and 

octanesulfonate are included, suggesting that protein-protein association between SsuE and SsuD 

alters the kinetics of SsuE.2  

The kinetic mechanism of flavin reductases might alternate between sequential and ping-

pong depending on flavin concentration and availability of the intended monooxygenase enzyme.62 

A general kinetic mechanism was proposed for flavin reductases in the flavodoxin-like 

superfamily based on experimental data and three-dimensional studies on SsuE, EmoB and other 

NAD(P)H:FMN reductases (Figure 1.27).62 For flavin-free flavin reductases which follow a ping-

pong mechanism, one FMN binds tightly and acts as a prosthetic group (Figure 1.27 reaction 1). 

The bound flavin is reduced (Figure 1.27 steps 2) and a second FMN binds weakly, and is reduced 

by the primary reduced flavin (Figure 1.27 step 3) followed by product release. The flavin-free 

flavin reductases which follow sequential-ordered kinetic mechanism binds FMN follows steps 1, 

2, and then 4. Flavin reductases with tightly bound flavin usually follows a ping-pong kinetic 

mechanism involving steps 2 and 3. The kinetic mechanism followed by NADPH-dependent FMN 

reductases in the flavodoxin-like superfamily may also vary depending on cellular flavin 

concentrations.62 

FMN reductases can be classified into ferredoxin reductases, nitroreductases and 

flavodoxin-like superfamilies based on the SCOP database.62 The flavin reductases of ferredoxin 

reductase and nitroreductase superfamilies follow a similar catalytic mechanism.62, 171 Of the FMN 

reductases in the flavodoxin-like superfamily, only SsuE and EmoB have been characterized, both 

of which portray distinct kinetic mechanisms.62, 171 The NADH:flavin reductase (EmoB) follows 

a ping-pong kinetic mechanism although it is flavin-free as purified (Figure 1.25).172 EmoB is the 

FMN reductase of a two-component system (associated with EmoA) involved in EDTA 
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degradation. The three-dimensional structure of EmoB has two-stacked FMN molecules. One 

FMN is tightly bound to EmoB and acts as a cofactor, while the second FMN binds loosely and 

NADH reduces it. The EmoB redox processes occur on the second loosely stacked FMN.62, 172 

Recent studies suggested the tightly bound FMNH2 in EmoB could be transferred to EmoA 

through direct channeling involving protein–protein interactions.201 
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Figure 1.27: Proposed kinetic mechanism for flavin reductases in the flavodoxin-like 

superfamily. Replace FMN with FAD for flavin reductases that utilize FAD as substrate. 

(Adapted from 62). 
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1.3.2.2 Monooxygenase of Two-Component Monooxygenase Systems  

Flavin-dependent monooxygenases of two-component monooxygenase systems catalyze a 

range of reactions which entails oxidation of the corresponding substrates.171 In the 

alkanesulfonate monooxygenase system, the SsuD enzyme catalyzes the FMNH2-dependent 

oxygenolytic cleavage of the C-S bond of various alkanesulfonates as an alternative sulfur source 

during sulfur limiting conditions (Figure 1.10).57 The SsuD enzyme binds reduced flavin supplied 

by SsuE, and activates dioxygen to form the C4a-(hydro)peroxyflavin intermediate that cleaves 

alkanesulfonates releasing a molecule of sulfite, the corresponding aldehyde, FMN, and water.57, 

170, 194  

The desulfonation reaction by SsuD could occur either through the formation of a C4a-

peroxyflavin (Fl-OO-), or through a C4a-hydroperoxyflavin (Fl-OOH) intermediate. In the C4a-

peroxyflavin (Fl-OO-) mechanism (Figure 1.28, peroxyflavin intermediate route I through V), the 

reduced flavin activates O2 to form a peroxyflavin intermediate. The peroxyflavin intermediate 

attacks the sulfur atom of the alkanesulfonate generating a peroxyflavin-organosulfonate adduct 

(Figure 1.28, peroxyflavin intermediate route step III). The peroxyflavin-organosulfonate adduct 

undergoes a Baeyer–Villiger rearrangement releasing sulfite and a peroxyalkane intermediate. An 

abstraction of a proton by an active site base from the C1 of the alkane side of the adduct results 

in heterolytic cleavage of the O-O bond of the alkane-flavin adduct, to release the corresponding 

aldehyde, and the C4a-hydroxyflavin (Figure 1.28, hydroperoxyflavin intermediate route step 

IV).194In the mechanism involving C4a-hydroperoxyflavin (Fl-OOH) intermediate, the reduced 

flavin activates O2 to form a C4a-hydroperoxyflavin intermediate. An abstraction of a proton from 

C1 of the alkanesulfonate by an active site base generates a carbanion intermediate, which carries 
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a nucleophile attack on the hydroperoxyflavin resulting to an unstable 1-hydroxyalkanesulfonate. 

The 1-hydroxyalkanesulfonate then collapses producing the corresponding aldehyde and sulfite  

(Figure 1.28, hydroperoxyflavin intermediate route I through IV).194 The sulfite product of 

desulfonation by SsuD is incorporated into sulfur-containing biomolecules alleviating the sulfur 

scarcity in bacterial systems.57, 170, 194 The other products of the desulfonation reaction are the 

 

 
 
Figure 1.28: Proposed mechanism of alkanesulfonate desulfonation by SsuD. The desulfonation 

reaction by SsuD could occur through the formation of a C4a-peroxyflavin (Fl-OO) or C4a-

hydroperoxyflavin (Fl-OOH) intermediate. (Adapted from 189, 194). 
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corresponding aldehydes, FMN, and water.57, 170, 194 Accumulation of aldehydes in bacteria may 

result in cellular toxicity. The aldehyde product can be metabolized as a source of carbon and 

energy, or be utilized in the synthesis of biomolecules, alcohol and fatty acids.55, 202, 203  

 

1.3.3 Structural Properties of the Two-Component Flavin-Dependent Enzymes 

1.3.3.1 Structural Properties of the NAD(P)H:FMN Reductases of Two-Component Flavin 

Monooxygenase Systems 

The structure of the NAD(P)H:FMN reductases of two-component flavin monooxygenase 

systems have a flavodoxin fold. The flavodoxin fold is composed of five parallel, centrally located 

β-strands flanked by α-helices (Figure 1.29). The flavin reductases of two-component 

 
 

Figure 1.29: The NAD(P)H:FMN reductases of two-component flavin monooxygenase 

systems have a flavodoxin fold. SsuE has the β-strands arranged in the order 21345 and 

flanked by α-helices. The α2A and α2B helices occur between β1 and β2. 
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monooxygenase systems are members of the NAD(P)H:flavin reductase family which have the 

conserved classical flavodoxin sequence (T/S)XRXXSX(T/S). This motif facilitates FMN binding 

through hydrogen bond formation with the phosphate group of FMN.62, 204, 205 The SsuE enzyme 

belongs to the flavodoxin-like superfamily and has a flavodoxin motif (SPRFPSRS) from residue 

8 to 15, while EmoB has a corresponding amino acid sequence (SPSRNSTT) from residue 11 to 

18.172 Interestingly, the SsuE enzyme being a sulfur scavenging flavin reductase contains no 

cysteine residues and has only one methionine (Figure 1.30). Protein evolutionary studies between 

the flavodoxin-like folds and the (βα)8-barrel suggests that these two folds might have originated 

from a common ancestor.206  This could help trace the evolutionary development of two-

component flavin monooxygenase systems. The structural properties of flavin reductases of two-

component flavin monooxygenase systems remain largely underexplored. Only a few three-  

dimensional structures of flavin reductases of two-component monooxygenase systems have been 

resolved which include EmoB, MsuE, 3k1y and SsuE. 

 

 
Figure 1.30: Amino acid composition of SsuE (P80644) from E. coli (191 amino acids and 

Molecular Weight, 21252.13 Daltons). 
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The three-dimensional structure of SsuE was solved by molecular replacement of the 

EmoB crystal structure which has 37% sequence similarity to SsuE. The three-dimensional 

structure of apo-SsuE, FMN-bound SsuE, and FMNH2-bound SsuE are tetramers with a 222 

symmetry.62 The SsuE enzyme has the β-strands arranged in the order 21345 and are flanked by 

α-helices (Figure 1.30). The α2A and α2B helices 

occur between β1 and β2.62 The overall structure 

was described using the FMN-bound form of 

SsuE which had a resolution of 1.9Å. The tetramer 

of SsuE is a dimer of dimers (Figure 1.31) chain 

A through D. It shows one well-ordered bound 

FMN in each monomer which is located in a 

similar position to the FMN in other flavodoxins. 

Chains B and D have a second bound FMN, which 

is less ordered.62 Several residues position the 

FMN in the active site of SsuE (Figure 1.32). The Ser residues 8, 13, and 15 and Arg10 coordinates 

the phosphate group of FMN in the three-dimensional structure of SsuE (Figure 1.32).62, 204  

Conformational changes of SsuE based on different oxidation states of flavin (FMNH2 and 

FMN) were investigated. The crystals of SsuE showed a weaker electron density for the bound 

FMNH2 (product) as compared to FMN (substrate).62 Previous results have shown that SsuE has 

1000-fold higher affinity for FMN compared to SsuD. The affinity is reduced 10-fold when FAD 

is utilized with SsuE.2 The reduction of FMN weakens SsuE FMN binding because the FMNH2 

SsuE would be in the product release mode. The reduction of the FMN-bound SsuE resulted in 

A

C

B

D

SsuE Tetramer
 

Figure 1.31: The tetramer of SsuE (dimer 

of dimers). 
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one flavin bound to chains A, C, and D, with chain B having no FMNH2 bound. The FMNH2 are 

weakly bound culminating in a conformational shift in Arg10.62   

The three-dimensional studies which showed SsuE existed as a tetramer contradicts with 

the initial characterization in which SsuE was reported as a dimer.12, 75 The three-dimensional 

structure of flavin-bound SsuE was obtained by soaking preset SsuE crystals (tetramer) in flavin 

K77
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V75
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Figure 1.32: Active site of SsuE showing residues that position FMN in the active site. The 

Ser residues 8, 13, and 15 (highlighted in red) and Arg10 coordinates the phosphate group of 

FMN in three-dimensional structure in SsuE. 
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which is thought to have forced the oligomeric state of FMN-bound SsuE to be a tetramer. In 

addition, previous studies also showed that SsuE binds one FMN per monomer but some 

monomers had of SsuE had two FMN bound in the three-dimensional structure. However, the 

flavin bound SsuE structure was solved using two-fold stoichiometric levels of flavin.57, 62 This 

could be the reason that two FMN were bound in some monomers of SsuE. In addition, preformed 

crystals of SsuE were soaked in FMN solution. High concentrations of FMN usually leads to SsuE 

inhibition. Because contradicting oligomeric states were reported with SsuE, sedimentation 

velocity studies were performed to investigate the oligomeric form of SsuE in solution in the 

presence and absence of FMN. The apo-SsuE was shown to exist as a tetramer while the FMN-

bound SsuE was a dimer suggesting that a tetramer-dimer equilibrium may exist with SsuE that is 

flavin-dependent.62 

Comparative studies show that the flavin reductases of two-component monooxygenase 

systems (EmoB, SsuE, 3k1y) have a π-helix centrally located at the tetramer interface (Figure 

1.33).62 π-Helices result from mutations that insert a single residue in an established α-helix to 

create 5 amino acids per turn (rather than 4 amino acids per turn) and a bulge at the point of 

insertion. The presence of π-helices is the result of protein evolution and is associated with a gain 

or enhancement of function. The π-helices are generally conserved within functionally-related 

proteins and can be used as markers for evaluating evolutionary relationships as well as identifying 

unique functions associated with protein families.207, 208  
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Figure 1.33: Structural alignment of the flavin reductases of two-component monooxygenase 

systems that contain π-helices.  EmoB (Cyan), SsuE (Grey), and 3k1y (Blue) have the π-helix 

centrally located at the tetramer interface, and is highlighted in red for SsuE. 
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1.3.3.2 Structure of Monooxygenase Enzymes of the Bacterial Luciferase Family  

Some of the two-component flavin monooxygenase enzymes belong to the bacterial 

luciferase family. Enzymes within this family have a triosephosphate isomerase (TIM)-barrel fold, 

which have a characteristic eight alternate α-helices and eight parallel β-strands that fold to form 

a doughnut-like protein fold (Figure 1.34). TIM-barrel proteins also have the active site residues 

positioned at the C-terminal end of the β-barrel.209-213 None of the monooxygenases in the 

luciferase family have reduced flavin-bound in the resolved three-dimensional structures. 

Substrate binding has been shown to induce conformational changes in both bacterial luciferase 

and SsuD. This poses a challenge in understanding the catalytic events in these monooxygenases, 

 

Figure 1.34: TIM-Barrel fold in SsuD, characterized by eight alternate α-helices and eight 

parallel β-strands that fold to form a doughnut-like protein fold. The unresolved loop in SsuD 

is part of the insertion region from Glu233 to Asp307 (highlighted in brown). 
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because the spatial arrangement of active site residues may be different during catalysis from those 

shown in the flavin-bound three-dimensional structures. LuxAB and LadA are the only members 

with oxidized FMN bound in the three-dimensional structure.2, 61, 167, 170, 171, 209, 214-217 The SsuD 

enzymes belong to the bacterial luciferase family but diverges from the classical TIM-barrel 

structure by the presence of several discrete insertion regions. One such insertion at the putative 

active site of SsuD is largely unresolved in the three-dimensional structure, and has been associated 

with conformational changes in this region.211, 218 This disordered loop region is conserved in all 

SsuD homologs, and has been proposed to close over the active site.61, 218 Flexible loops in TIM-

barrel proteins contribute to the dynamics of the enzyme active site and in substrate binding. 

During catalysis, loop closure over the active site protects the substrate and intermediates from 

bulk solvent.219-221  

Several approaches have been employed to unravel the role of the flexible loop in SsuD. 

The Arg297 residue located in the loop region of SsuD is highly conserved and contributes to 

catalysis. Generation of R297C and R297A SsuD variants showed no desulfonation activity, but 

the R297K SsuD had a 4-fold decrease in the kcat/Km value compared to wild type SsuD.216 

Molecular simulations on the loop region in SsuD (residues 250–282) showed the loop region to 

be highly mobile when both C(4a)-peroxyflavin intermediate (FMNOO-) and octanesulfonate were 

bound to SsuD.222 This mobile loop was suggested to facilitate the transfer of reduced flavin from 

SsuE to SsuD.61, 220, 222 Partial deletions of the loop region in SsuD did not affect the binding 

affinity for reduced flavin or result in overall changes to the protein secondary structure.218 

However, the resultant SsuD variants were unable to desulfonate alkanesulfonates suggesting that 

a lid-gating conformational change could not be achieved for catalysis.218 Unproductive oxidation 

of reduced flavin was observed with the SsuD deletion variants suggesting the flexible loop 
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protects reduced flavin from unproductive oxidation. The studies on SsuD also associated the 

flexible loop to assisting in the transfer of reduced flavin from SsuE to SsuD.218 

Although the monooxygenases of the luciferase family are structural homologs, they share 

low sequence identity. They have several conserved amino acid residues that are vital for 

enzymatic activity.57, 209-212, 214, 223-227 For instance, SsuD from E. coli shares 15% and 16% 

sequence identity with V. harveyi LuxAB and Geobacillus thermodenitrificans LadA respectively, 

although their active sites have conserved amino acid residues that are responsible for flavin 

binding and catalysis.57, 210, 211 Several catalytically relevant amino acid residues have been  
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Figure 1.35: The active site residues in SsuD. 
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identified in the active site of SsuD which include Cys54, Arg226, His228 and His333, all of which 

are conserved in the bacterial luciferase family (Figure 1.35).2, 61, 167, 170, 171, 215-217  

 
1.3.3.3 Mechanism of Reduced Flavin Transfer in Two-Component Flavin-Dependent 

Monooxygenase Systems 

The flavin reduction step is vital in a two-component system, and the subsequent reduced 

flavin transfer step is essential for the monooxygenase-catalyzed reaction to occur. Reduced flavin 

is highly unstable and is oxidized when exposed to dioxygen forming reactive oxygen species 

(mainly hydrogen peroxide and superoxide radicals). Understanding how two-component system 

enzymes counters the unstable nature of reduced flavin preventing non-enzymatic oxidation is 

rather critical. Free diffusion, direct channeling mechanisms, or both mechanism have been 

proposed as the modes of reduced flavin transfer from flavin reductases to the oxygenases in two-

component systems (Figure 1.36). In free diffusion, the flavin reductase does not come into 

contact with the monooxygenase during flavin transfer, and the reduced flavin reaches the 

monooxygenase by diffusing through bulk solution (Figure 1.36a).157, 228, 229 Free diffusion is non-

specific, energetically expensive (because any potential recipient can bind the reduced flavin), and 

may undergo autoxidation generating reactive oxygen species. In the two-component system 

involved in EDTA degradation in Mesorhizobium sp. BNC1, initial studies suggested reduced 

flavin diffuses from EmoB to the associated monooxygenase, EmoA (Figure 1.36a). Although 

EmoB is flavin free, the three-dimensional structure shows one tightly bound FMN, and a second 

FMN bound that is loosely stacked on the tightly bound flavin. The loosely bound flavin diffuses 

to EmoB (in Mesorhizobium sp. BNC1) upon reduction.62, 172 However, protein-protein 

interactions were recently identified between EmoB and EmoA (in Chelativorans sp. BNC1) 

through isothermal titration calorimetry, molecular docking, and kinetic assays suggesting that 



58 
 

a) Reduced flavin transfer by free diffusion (dissociative mechanism)  
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b) Direct transfer of reduced flavin involves SsuE-SsuD interaction (channeling mechanism) 
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Figure 1.36: Mechanisms of reduced flavin transfer in two-component monooxygenase enzyme 

systems. 
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channeling of reduced flavin from EmoB to EmoA was the likely mode of flavin transfer.201 

Reduced flavin was transferred from EmoB to EmoA through diffusion when a membrane that 

impeded physical interaction between EmoA and EmoB was utilized resulted into slow rate of 

EDTA monooxygenation. However, the EmoA had a faster turnover when in physical contact with 

EmoB suggesting a channeling mechanism of reduced flavin transfer was more favorable in the 

EDTA degradation system.201 For channeling of reduced flavin to occur, the flavin reductase has 

to interact with the monooxygenase enzyme in the right orientation (Figure 1.36b). Specific 

protein-protein interaction regions must be available for the two enzymes to associate. A direct 

channeling mechanism is energetically inexpensive and prevents the formation of reactive oxygen 

species.215, 229  

Several studies support direct channeling in the transfer of reduced flavin in several two-

component monooxygenase systems which involves protein-protein interaction. Protein-protein 

interactions were observed between SsuE and SsuD through pull-down assay indicating a possible 

channeling mechanism for reduced flavin transfer from SsuE to SsuD.215 Further investigations 

were conducted to identify the interaction sites and relate protein-protein interaction with flavin 

transfer events in SsuE/D system (Figure 1.37). Studies involving hydrogen deuterium exchange 

showed remarkable differences in solvent accessibility for SsuE and SsuD upon complexation. 

Regions 78−89 (KAAYSGALKTLL) and 118−124 (YALKPVL) in SsuE and regions 251−261 

(DDETIAKAQAA) and 285−295 (EISPNLWAGVG) in SsuD showed a decrease in deuterium 

exchange upon SsuE−SsuD complexation (Figure 1.37A). These protected sites are the regions 

involved in protein-protein interactions. In SsuE, the protected sites are located on two different 

α-helical regions one of which contains the π-helix in SsuE (Figure 1.37B). The protected sites in 

SsuD are in the flexible loop region over the active site (Figure 1.37B).62, 229  
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Interruption of the interaction sites in SsuD led to diminished reduced flavin transfer from 

SsuE to SsuD resulting to no observable sulfite production. Protein-protein interactions between 

SsuE and the SsuD variants were adversely affected as supported by pulldown assays and  

fluorimetric titration studies.229 The results suggested that the primary mode of reduced flavin 

 
 

 

 

Figure 1.37: Identification of protein-protein interaction sites between SsuE and SsuD. Solvent-

protected sites in SsuE and SsuD were identified through HDX-MS. Part of the π-helix in SsuE is 

involved in protein-protein interaction. (Adapted with permission from 229). Copyright (2015) 

American Chemical Society. 
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transfer from SsuE to SsuD was by direct channeling and involved the interaction of SsuE and 

SsuD enzymes. Protein-protein interactions would bring the active sites of SsuE and SsuD into 

proximity facilitating reduced flavin transfer.  Increasing the supply of reduced flavin by elevating 

the concentrations of SsuE and its substrates (NAD(P)H and FMN) recovered some desulfonation 

activity by SsuD despite having the interaction sites disrupted, indicating that reduced flavin 

transfer from SsuE to SsuD could be achieved by diffusion under specified conditions.229 The 

higher affinity characteristic of SsuD for reduced flavin relative to SsuE ensures simultaneous 

well-coordinated capture and utilization of reduced flavin by SsuD, and reduces non-enzymatic 

oxidation.61 Such increased affinity for reduced flavin is common in monooxygenases of two-

component monooxygenase systems and augments reduced flavin transfer in both diffusion 

mediated and protein-protein interaction transfer mechanisms.171  
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1.4 π-helices in Proteins 

1.4.1 Introduction to Helical Structures in Proteins 

The chief secondary structures in protein architecture are α-helices and β-sheets.208 The 

stability of protein helical structures is determined by recurring hydrogen bonds between the 

backbone carbonyl oxygen (C=O) and amide hydrogen (NH).  Helical structures constitute 

majority of secondary structures in most proteins and are classified into 310-helices, α-helices, and 

π-helices based on the backbone hydrogen bonding pattern. The 310-helices exhibit (i←i + 3), α-

helices have (i←i + 4), and π-helices (i←i + 5) hydrogen bond repeats (Figure 1.38).208 

Approximately 31% of amino acids in proteins participate in α-helices which qualifies α-helices 

to be the most abundant type of secondary structures. The 310-helix have been identified in 

approximately 4% of secondary structures.231, 232  
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Figure 1.38: Assignment of helical structures in proteins.  The helical structures are assigned 

based on H-bonds between backbone carbonyl oxygen (C=O) of residue i and amide hydrogen 

(NH) of residue i + n. The helical protein structures are classified into 310-helix, α-helix, and π-

helix with corresponding i←i + 3 (black), i←i + 4 (green), and i←i + 5 (blue) respectively. 

(Adapted from 230).   
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The π-helices in enzymes were thought to be rare, but recent studies suggest that they are 

more common. π-Helices result from mutations that insert a single residue in an established α-

helix to create 5 amino acids per turn (rather than 4 amino acids per turn) and a bulge at the point 

of insertion.207, 208 Recent analysis of helical structures show π-helices to be the same as α-bulges, 

α-aneurisms, π-bulges, as well as looping outs.207 Natural π-helices typically have 7 residues that 

have 2 π-type H-bonds.208 The diameter of a π-helix exceeds that of an average α-helix by ~1 Å 

(Figure 1.39 and Figure 1.40).233 They have large radii implying backbone chain atoms are not 

in van der Waals contact along the helix axis.234 The formation of π-helices requires an alignment 

of five amino acid residues to allow (i←i + 5) hydrogen bond which is energetically expensive 

 

 
 

Figure 1.39: Top view and side view of α-helix, 310-helix and π-helix in alanine deca-

peptide. (Adapted with permission from 235). Copyright (2011) American Chemical Society. 
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and requires a large entropic energy.236  The π-helices tend to be unstable because the dihedral 

angles  (ϕ and Ψ) are at the edge of the allowed minimum energy region in the Ramachandran 

plot.237  

 

 

Although π-helices are rarely reported, it is estimated that 10-15% of all known proteins 

have π-helices.207, 208 However, recent studies suggest that π-helices could be common.207, 208, 238, 

239 The evolutionary origin of π-helices provides insights into why they are cryptic, rarely assigned, 

and unrecognized.207 The highest number of π-helices in a single protein chain is eight (Protein 

Data Bank entry 2a65).207, 240 Although there are no extended π-helices in proteins, short π-helices 

do exist.241 Transformation from α-helices to 310 or π-helices can also occur during catalysis.233 

Protein simulations have also shown the formation of π-helical conformations during catalysis.242-

244 It is unclear if such conformations reflect the true occurrence of π-helices.245 Through molecular 

dynamics simulations of peptides, π-helix formation has been observed.246-248 The transition of α-

 

 

Figure 1.40: Top view of π-helix (left) and 310-helix (right). (Adapted from 91, 163, 233). Copyright 

© 2016, Rights Managed by Nature Publishing Group. 
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helices to π-helical structures during catalysis has also been reported through molecular dynamics 

simulation.249, 250  In addition, site-directed spin-labeling (SDSL) and 2H-isotopic labeling has been 

utilized to distinguish helical structures in protein. SDSL involves the 2H-labelling of the amino 

acid side chain i and the introduction of a cysteine at i + 1, i + 2……  i + 4, for nitroxide spin-

labeling. Electron spin echo envelope modulation (ESEEM) spectroscopic studies (which uses 

SDSL and deuteration) can then be used to monitor changes in 2H-ESEEM patterns.251 Although 

secondary structure and protein folding are usually studied using circular dichroism, the difference 

between a π-helix and an α-helix are usually not distinguishable by this method.252-254 

1.4.2 Generation of π-Helices in Protein  

Environmental conditions trigger mutations in living organisms resulting in proteins 

acquiring novel functionalities.255-257 A knowledge gap exists on how the first protein folds 

occurred and how protein secondary structure and folds have evolved over time.207 Francois Jacob 

in 1970 lays a strong argument for protein evolution which maintains that evolution modifies what 

already exists culminating into new or advanced functions.258 The π-helices are evolutionary 

products linked to the introduction of a single amino acid residue into α-helices resulting in a bulge 

conformation.207, 208 The π-helices are thought to have evolved from proteins containing α-helices. 

They are found in sub-branches of larger protein superfamilies, are highly conserved, and augment 

functional sites in proteins.207, 239, 259 The presence of π-helices is the result of protein evolution 

and is associated with a gain or enhancement of a function. They are conserved in functionally-

related proteins, although such proteins may have low sequence identity. For example, the 

chelatase family of proteins (with less than 12% overall sequence identity), possess a π-helix at 

the active site and catalyze the insertion of metals into various proteins.208, 260-263  
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The π-helices are informative markers of evolution and have functional implications. They 

provide insight into the origin and evolution of proteins, and on the diversification of protein 

functions. 185, 186 Creation of π-helices is energetically unfavorable. After the π-helix has been 

developed and accommodated in a protein, its removal becomes even more energetically 

unfavorable. Deletion of the inserted residue in the π-helix of heat shock transcription factor 

created an α-helix but resulted in an unstable protein.264 The interconversion of α- and π-helices 

during evolution is bidirectional but is skewed towards π-helix formation. The gain and loss of π-

helices correlate temporally (during evolutionary over long time) and spatially (structurally at 

specific sites) resulting in modified functionality.207 Mutational insertions resulting in π-helices is 

a phenomenon in protein evolution and is significant in solving the evolutionary route of many 

protein families.208 The mutation leading to a π-helix could be directly adaptive or originate from 

a genetic drift in a stable protein culminating in a non-adaptive change that can further advance to 

adaptive mutations.255, 256  

The flavin reductases of the NAD(P)H:FMN reductase family have a π-helix centrally 

located at the dimer of dimers interface.62 For the flavin reductases initially evaluated, the π-helix 

emanates from an insertional mutation involving a tyrosine residue. The Tyr118 residue insertion 

generated the π-helix in SsuE enzyme and was the candidate insertional residue in EmoB from 

Mesorhizobium sp. BNC1, and in an uncharacterized oxidoreductase (3k1y) found in 

Corynebacterium dipththeriae (37% and 29% structural similarity respectively).62, 172 All of these 

flavin reductases belong to two-component monooxygenase systems.62 The insertional tyrosine 

residue is absent in other members of the NAD(P)H:FMN reductase family which do not have an 

associated monooxygenase (Scheme 1.3).62 Therefore, the π-helices in SsuE-like flavin reductases 

may have developed to provide a distinct function in two-component monooxygenase systems.  
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1.4.3  π-helices Augment Function in Proteins 

The π-helices in proteins tend to be less favored unless they confer a functional advantage. 

The π-helices augment functional sites in proteins and are highly conserved in sub-branches of 

protein superfamilies.207, 239, 259 The phosphorylase descendant of the UDP:glycosyl transferases 

has a π-helix resulting from a Trp residue insertion at the pyridoxal phosphate binding site.265 This 

conversion of an α- to a π-helix is responsible for their deviation from UDP-glucose to pyridoxal 

phosphate-dependent.207 A tyrosine insertion transforms an α-helix to a π-helix in mercuric ion 

reductases (“ancient” members of the pyridine nucleotide-disulfide reductases). The inserted Tyr 

is a catalytic residue at the mercury binding site.207, 266 In acetylcholine esterase (a subgroup of the 

 

 

 

Scheme 1.3: Tyr insertions in flavin reductases of two-component monooxygenase systems.  

(Adapted with permission from 62).  Copyright (2014) American Chemical Society. 



68 
 

α/β hydrolase superfamily), an α-helix to π-helix transformation introduces a bend that alters the 

shape of the active site pocket which positions the glutamate of the Glu-His-Ser catalytic triad. 

The π-helices are also conserved in protein families in heat shock transcription factors (a subgroup 

of peroxidredoxins), and in halo- and bacteriorhodopsin.207, 264, 267-269 The π-helix in M1 (a subunit 

of a transmembrane domain) is involved in the activation of endplate-receptor and in muscle 

nicotinic acetylcholine receptors (AChR) desensitization. This π-helix regulates ion conductance 

and the binding of agonists through gating.270 π-Helices are prevalent in ferrochelatases in which 

they aid in metal binding.271 A surface exposed π-helix in soybean lipoxygenase is located at the 

mobile loop region. The π-helix is highly dynamic and participates in substrate recognition (Figure 

1.41).272 The π-helices in heme-copper oxidases differs in length and are involved in inter-helical 

interactions.273 The π-helices enhance protein structure by facilitating protein folding and by 

changing the orientation of the protein chains.238  

 

 

Figure 1.41: Lipoxygenase π-helix flexibility increases with substrate binding. (Adapted with 

permission from 272). Copyright © 2014 American Chemical Society. Further permission 

requests should be directed to the ACS). 
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Unique structural dynamics associated with π-helices augment protein function. The 

soluble methane monooxygenase (MMOH) has a hydroxylase component which contains an active 

site π-helix. This enzyme belongs to the bacterial multicomponent monooxygenases (BMM). 

Upon binding of a product analog, the π-helix in MMOH was initially reported to elongate.274 

Thorough scrutiny of this π-helical segment disproved the elongation of a single long π-helix, and 

showed that the structural behavior was a result of two overlapping π-helices (πB and πD).  The 

πD is reported to shift in an esophageal peristaltic-like manner during substrate binding.207 Such 

peristaltic shifts of π-helices was revealed in toluene-4-monooxygenase hydroxylase (related to 

MMOH).207, 275 Ligand binding at the regulatory subunit results in a peristaltic-like shift of the 

active site π-helices in all BMMs.207 The buried active site cavity enlarges for substrate binding.207 

The π-helical shift phenomena explains the activation of BMMs by their regulatory subunits.276 In 

toluene-4-monooxygenase, π-helical shifts at the active site coordinates with a shift in a nearby π-

helix (πE-helix). Upon ligand binding, the πE-helix (conserved in BMM enzymes) undergoes 

conformational changes which influence the regulatory subunit. The coordinated movement of π- 

helices influence the buried active sites in BMM enzymes and shows how π-helices removed from 

the active site can influence the active site.207  

π-Helical structures have been identified in various flavin reductases based on three-

dimensional structures. The π-helices identified so far are highly conserved in a sub-branch of 

NADPH:flavin reductases (Figure 1.42), suggesting that the π-helices enable a common 

functionality.62 The flavin reductases bearing π-helices are members of two-component 

monooxygenase systems but the role of the π-helices in these enzymes is not known.62 The flavin 

reductases bearing π-helices exist as tetramers and the π-helices are located at the tetramer 
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interface. The π-helical structure could be a norm in some flavin reductases associated with two-

component monooxygenase systems, which suggests a common evolutionary path. 

1.4.4 π-helices show Preference for Certain Amino Acids  

The occurrence of amino acids within different types of secondary structures has been 

under scrutiny to reveal the sequences that are preferred for certain secondary structures. The 

amino acid residues tend to be located at specific positions within secondary structures.277 

Aromatic and large aliphatic amino acids (Ile, Leu, Tyr, Trp, Phe, His and Asn) are more prevalent 

 

Figure 1.42: Phylogenic tree of the flavodoxin superfamily. Among the NAD(P)H:FMN 

reductases, only the SsuE sub-branch have a π-helix shows (highlighted in orange). (Adapted 

with permission from 62).  Copyright (2014) American Chemical Society. 
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in π-helices than small amino acids residues (Ala, Gly and Pro).208 Hydrophobic and aromatic 

residues are commonly found in π-helices suggesting that hydrophobic and aromatic interactions 

involving side chains help stabilize π-helices.238 Residue preference can be position specific with 

large amino acids (Phe, Trp, Tyr, Ile, Leu and Met) located at the start and end of the π-helix. The 

bulkiness of these residues provides favorable van der Waals interactions at the side chains which 

stabilizes the π-helices. Polar residues (Asn, Glu, Thr and Ser) are preferred at other positions 

within the π-helix, while Asn had a high propensity to be positioned at the middle of the π-helix.208  

The amino acid residues immediately preceding and after the π-helices show no sequence 

preferences except at the +1 position. A Pro residue has a high propensity to be located at the +1 

position (the first residue after the π-helix).208 Although Pro is associated with breakage of at least 

two adjacent hydrogen bonds, the Pro at the +1 position (in a 7 residue π-helix for example) would 

form a hydrogen bond with the residue at position π3.208, 278 The π-helices tend to have a Pro 

residue at the point where the helix shifts to an α-helix.207, 208, 259 The pyrrolidine ring in Pro shifts 

the carboxyl group of the amino acid at π4 away from the helical axis resulting in another non-

hydrogen bonding carboxyl group.208 Although Pro enhances a π-turn formation, it could also limit 

the size of π-helices.208, 279  The high probability of Pro at the +1 position and low propensity to be 

within the π-helices implicate Pro as a π-helix terminator.208   

Comprehensive analysis of structural properties of π-helices and the preferences for certain 

amino acid sequences is requisite in understanding the forces that stabilize π-helices.208 The 

interactions between side chains of residues in a π-helix (van der Waals, aromatic ring stacking, 

and a few electrostatic interactions) are a stabilizing factor, illuminating why aromatic and bulky 

aliphatic amino acids are likely to be located at the start and end of π-helices. Alignment of π-helix 

residues may generate shorter and even stronger hydrogen bonds.208 Steric repulsion in the residues 
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could contribute to the instability of π-helices limiting their occurrence in protein structures.208, 280 

Although experimental studies imply that π-helices are unstable, molecular dynamics simulation 

suggest π-helices could be more stable than α-helical conformations.207, 208, 237 Stability of protein 

secondary structures is also dependent on entropic effects. When the volume and surface area of a 

π-helix  were compared to those of an α-helix, the π-helix had 10% less volume and surface area, 

suggesting that solvent entropic effect for π-helices are more favorable.281 This compensates the 

required entropic effect to the alignment of residues in a π-helix.208  

1.4.5 Assignment of π-helices in Secondary Structures of Proteins  

Several algorithms have been developed to assign secondary structure in proteins based on 

three-dimensional coordinates. Dictionary of Secondary Structure of Proteins (DSSP) and 

STRuctural IDEntification (STRIDE) are the commonly used algorithms to assign protein 

secondary structure using three-dimensional coordinates.283, 284 The STRIDE algorithm capitalizes 

on main chain dihedral angles and hydrogen bond energy in the assignment of protein secondary 

 

 
 
Figure 1.43: SACF and DSSP algorithms assigning helical structures. The algorithms showed 

different results for the same protein strand. (Adapted with permission from 282). Copyright © 

2016 by 282; licensee MDPI, Basel, Switzerland. 
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structure. DSSP assigns secondary structure based solely on hydrogen bond energy. The DSSP 

algorithm utilizes (i←i + n) hydrogen bond repeats to assign helices. The DSSP-based n value for 

an α-helix, 310-helix, and π-helix are 3, 4 and 5 respectively. STRIDE utilizes both hydrogen bonds 

and backbone chain dihedral angles to assign the secondary structures.283-288  

Although secondary structures in majority of proteins have been assigned based on DSSP 

and STRIDE, these algorithms can have limitations. Assignment of secondary structures in 6,000 

proteins using DSSP identified only nine π-helices.239   Both STRIDE and DSSP were unable to 

identify π-helices that had been identified using graphical analysis of three-dimensional 

structures.260, 289 For precise assignment of π-helices in proteins, modification of the existing helix 

identification algorithms is needed.208 The π-helices are cryptic and tend to escape the angular 

restrictions and stringent H-bonding allocation standards of DSSP.207 Using different algorithms 

in protein structure assignments often show observable disagreements. For instance, SACF and 

DSSP assign a different helical structure to the same strand (Figure 1.43).282 The increasing use 

of modified π-helix definition algorithms reveal that π-helices are more prevalent than initially 

reported.208 A recently coined algorithm Assignment of Secondary Structure in Proteins (ASSP) 

shows improved functionality.230 The π-HUNT script identified π-helices in the flavin reductases 

of two-component monooxygenase systems including SsuE.207  

1.5 Protein Oligomerization 

1.5.1 Importance of Protein Oligomerization 

Oligomerization is a form of protein self-association involving two or more monomers. It 

is an interactome of tertiary structures resulting in high-order oligomers.  Oligomerization allows 

a relatively short single gene to encode for a large protein. Two or more peptide sequences encoded 
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by specific gene(s) interact to form a multimeric protein. Through oligomerization, the effective 

concentration is increased and the resultant protein is more stable (Figure 1.44a). Although 

oligomerization may not be a requirement for activity, the active sites of some oligomeric enzymes 

are found in the oligomeric interfaces.290, 291 As few as two residues may be required for 

oligomerization and mutations at the oligomeric interface may lead to a loss of enzymatic 

activity.292 Surfaces between oligomers could be allosteric sites for cofactor or substrate binding 

and can cooperatively trigger conformational changes in the other oligomers (Figure 1.44b).291  

 

 
 

 

Figure 1.44: Oligomerization and enzyme activity. Oligomerization can optimize enzyme 

activity through enhancement of concentration and stability through oligomeric assemblage 

(a). Oligomerization can trigger cooperativity (b), conceal or reveal active sites based on the 

need for enzymatic activity (c), or even create new binding sites (d). (Adapted with permission 

from 291). Copyright © 2004 Elsevier Ltd. 
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Oligomerization and oligomeric state changes can create new binding sites at the protein interface 

and can also conceal or reveal active sites in proteins based on the need for protein activity (Figure 

1.44c). Oligomerization may create new binding sites and help in regulating protein complexes 

(Figure 1.44d).291 Oligomerization can therefore be an efficient method for regulating enzymatic 

activity. 

1.5.2 Oligomeric State Changes in Flavin Reductases 

Oligomeric state changes have been observed in flavin reductases of two-component 

systems.62, 293 The NADPH:FMN reductase from Vibrio harveyi associated with the bacterial 

luciferase system (both apo and native enzymes) exists in a monomer-dimer equilibrium.293 The 

half-site activity reported with LuxG, a flavin reductase associated with bacterial luciferase, 

LuxAB from Photobacterium leiognathi (TH1) which exists as a dimer, could be as a result of 

oligomeric state changes during catalysis.294 A dimer-tetramer equilibrium that is dependent on 

enzyme concentration exists with FerB, a NADPH:FMN reductase of  Paracoccus denitrificans.295  

The SsuE enzyme was reported to be a dimer in the initial characterization through gel 

filtration studies, but was shown to be a tetramer in the three-dimensional structure.57, 62 Because 

contradicting oligomeric states were reported with SsuE, sedimentation velocity studies were 

performed to investigate the oligomeric form of SsuE in solution in the presence and absence of 

FMN. The apo-SsuE was shown to exist as a tetramer while the FMN-bound SsuE was a dimer 

suggesting the existence of a tetramer-dimer equilibrium that is flavin-dependent.62 Oligomeric 

state changes could be a norm within flavin reductases and could have a role in substrate binding 

and in management of catalytic events. Although the flavin reductases exist in different oligomeric 

states, it is unclear how these oligomeric states relate to catalysis and how they are regulated. Broad 

and intense structural pursuits in this group of enzymes therefore becomes imperative. The basis for 
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the dissociation of the tetramer to dimers in SsuE upon flavin binding has not been established and 

requires further scrutiny. The oligomeric state changes might help reveal the FMN binding sites 

which are located at the interface of the tetramer.  

In addition to oligomeric state changes in SsuE, a π-helix is centrally located at the tetramer 

interface. This π-helix abuts the active site of SsuE and may have an indirect role in catalysis 

through initiating flavin-induced oligomeric changes.62 The oligomeric state changes observed in 

flavin reductases of two-component systems could also facilitate coordination of the protein-

protein interaction sites. In the three-dimensional structure of SsuE, the hydroxyl group of Tyr118 

forms a hydrogen bond with the carbonyl group of Ala78. The N atom of Ala 78 in turn forms a 

hydrogen bond with FMN. This hydrogen-bond network involving the π-helix in SsuE could be 

influencing the oligomeric changes from a tetramer to dimer upon FMN binding.62 In addition, the 

loop before the π-helix was proposed to be vital in FMN binding through side chains of His112, 

while the N’s of Thr109 and Gly108 forms hydrogen bonds with FMN at N3, O2, and N1.62 Any 

conformational changes within the π-helix in SsuE should therefore influence the loop residues 

affecting substrate binding and catalytic events. In the reverse, flavin binding could trigger 

conformational changes at the loop region weakening the hydrogen-bonding network at the 

tetramer interface, culminating into the observed flavin-induced oligomeric state changes. 
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1.6 Summary 

Although sulfur-containing biomolecules are critical in the execution of various chemical and 

structural functions, sulfur trafficking and incorporation are vaguely understood.25 Bacteria often 

find themselves in environments with low sulfate availability and hence utilize organosulfonates 

as an alternative source of sulfur through desulfonation. The desulfonation of organosulfonates 

entails the cleavage of the C-S bond of organosulfonates by taurine dioxygenase and the 

alkanesulfonate monooxygenase system enzymes releasing sulfite. The desulfonation enzymes are 

usually induced in aerobic bacteria by sulfate-starvation-induced (ssi) stimulon when 

organosulfonates serve as a sulfur source.55 Several two-component flavin-dependent 

monooxygenase systems are involved in bacterial sulfur acquisition from alkanesulfonates. The 

two-component flavin-dependent monooxygenase systems are made up of a flavin reductase and 

a monooxygenase enzyme, that utilizes the reduced flavin to activate dioxygen and insert an 

oxygen atom into the substrates. The genes encoding for both NAD(P)H:flavin reductase and 

monooxygenase are often located in the same operon in a two-component system. The two-

component alkanesulfonate monooxygenase system catalyzes the FMNH2-dependent 

oxygenolytic cleavage of C-S bond of various alkanesulfonates into sulfite and the corresponding 

aldehydes during sulfur scarcity conditions in bacteria.57 The alkanesulfonate desulfonation 

enzymes are expressed under the regulation of the sulfate-starvation utilization (ssu) operon 

commonly made up of five cistrons (ssuEADCB).60  

Many enzymes that comprise flavin-dependent two-component systems utilize flavin as a 

substrate, but it is not clear what structural properties of the FMN reductase dictate flavin reduction 

and transfer. The SsuE/SsuD system is comprised of a NAD(P)H:FMN reductase (SsuE) that 

reduces flavin and delivers the reduced flavin to the monooxygenase enzyme (SsuD). The SsuD 
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enzymes catalyzes the FMNH2-dependent desulfonation of alkanesulfonates generating sulfite, 

FMN, a molecule of water, and aldehyde.57 Reduced flavin is highly labile in aerobic condition 

results to formation of reactive oxygen species upon uncoupling. Understanding the structural 

properties of the NAD(P)H:FMN reductases of two-component flavin monooxygenase systems is 

imperative because reduced flavin has to be transferred from the reductase to the monooxygenase 

in the presence of dioxygen.171 Flavin transfer from SsuE to SsuD involves protein-protein 

interaction and the interaction sites have been identified.215, 229  Flavoproteins display remarkable 

differences in how they react with molecular oxygen, but there is no common explanation for the 

differential reactivity.156, 160 The ability of the reduced flavin to react differently with dioxygen has 

been linked to the chemical versatility observed with flavoproteins.161 Flavin monooxygenases and 

some oxidases form a quasi-stable C4a(hydro)peroxyflavin, which then incorporates a single 

oxygen atom into organic substrates. Structural characterization of monooxygenases and oxidases 

capable of stabilizing C4a-hydroperoxyflavin shows that a hydrogen bonding of C4a-

(hydro)peroxyflavin at the N5 position is crucial for such stabilization.156  

Distinct structural features enhance catalysis in flavin reductases of two-component 

monooxygenase systems. The SsuE enzyme alters its oligomeric state from a tetramer to a dimer 

in the presence of FMN.62 Oligomeric state changes are a common phenomenon among flavin 

reductases, but the rationale and regulation of these quaternary structural changes in flavin 

reductases has not been explored.62, 293-295, A π-helix characterized by an insertional mutation of 

Tyr118 in the α4-helix is located at the tetramer interface of SsuE. Similar π-helical structures 

were identified at the oligomeric interface of other FMN reductases in the flavodoxin superfamily 

that were part of two-component systems.62 Although >80% of π-helices are preponderantly 

activity-oriented, the roles of the π-helix in SsuE and other flavin reductases of two-component 
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flavin-dependent monooxygenase systems have not been elucidated. The π-helices often confer a 

gain or enhancement of a function that provides an evolutionary advantage.207, 208 The evolutionary 

roles of the π-helices in flavin reductases of two-component monooxygenase systems have not 

been reported.  

The structural properties of flavin reductases of two-component flavin monooxygenase 

systems remain largely underexplored. Only a few three-dimensional structures of flavin 

reductases of two-component monooxygenase systems have been resolved which include EmoB, 

MsuE, 3k1y and SsuE.62, 204, 205 The apo-SsuE was shown to exist as a tetramer while the FMN-

bound SsuE was a dimer suggesting the existence of a tetramer-dimer equilibrium that is flavin-

dependent.62 Comparative studies showed that the flavin reductases of two-component 

monooxygenase systems (EmoB, SsuE, 3k1y) have a π-helix centrally located at the tetramer 

interface.62 π-Helices result from mutations that insert a single residue in an established α-helix to 

create 5 amino acids per turn (rather than 4 amino acids per turn) and a bulge at the point of 

insertion. The presence of π-helices is the result of protein evolution and is associated with a gain 

of function. The π-helices identified so far are highly conserved in a sub-branch of NADPH:flavin 

reductases, suggesting that the π-helix enable a common functionality.62 The flavin reductases 

bearing π-helices are members of two-component monooxygenase systems but the role of the π-

helices in these enzymes is not known.62 The flavin reductases bearing π-helices exist as tetramers 

and the π-helices are located at the tetramer interface.62 The π-helical structure could be a norm in 

some flavin reductases associated with two-component monooxygenase systems, which suggests 

a common evolutionary path. Studies on the functional roles of oligomeric state changes in flavin 

reductases are pivotal for catalysis and for understanding the regulation of enzymatic activity. The 

π-helix could help regulate the oligomeric state changes observed with SsuE. The different 
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oligomeric states observed in flavin reductases of two-component monooxygenase systems could 

be not only vital in flavin reduction but also in the transfer of reduced flavin to SsuD. These studies 

are globally pivotal in not only understanding the catalytic events in the flavin reductases and 

monooxygenase of two-component monooxygenase systems but also in comprehending the 

mechanism of reduced flavin transfer. 
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CHAPTER TWO 

2 Transformation of a Flavin-Free FMN Reductase to a Canonical Flavoprotein through 

Modification of the π-helix 

2.1 Introduction 

Sulfur is a critical element in bacteria for effective cellular function and therefore appropriate 

sulfur levels need to be consistently maintained. Many bacteria are able to utilize alternative 

sources of sulfur to ensure their survival when sulfur is limiting. The sulfonate-sulfur utilization 

operon (ssuEADCB), expressing SsuD, SsuE, and alkanesulfonate transporter proteins, is 

upregulated when sulfur is scarce to replenish and maintain adequate sulfur levels in bacterial 

systems.60 The SsuD monooxygenase enzyme cleaves the C-S bond of alkanesulfonates resulting 

in the generation of sulfite and the corresponding aldehyde.57 Because SsuD is an FMNH2-

dependent monooxygenase, reduced flavin has to be provided by the flavin reductase SsuE. The 

flavin is not tightly bound to SsuE and is utilized as a substrate in the NADPH-dependent FMN 

reductase reaction.57 The weaker binding of flavin to SsuE compared to that of canonical 

flavoproteins promotes the transfer of reduced flavin to SsuD.  

There have been several flavin-dependent two-component systems identified in bacteria 

that catalyzes diverse reactions. The mechanism for reduced flavin transfer in these systems has 

been proposed to be either a diffusion or channeling mechanism depending on the system under 

investigation.171, 296 Although the mechanism of flavin transfer has been investigated in several of 

these systems, structural information detailing how the flavin reductases utilize flavin as a 

substrate is limited. Initial characterization of the alkanesulfonate monooxygenase enzymes 

demonstrated a dimeric quaternary structure for SsuE.57 The three-dimensional structure of SsuE 

exists as a dimer of dimers.62 However, results from sedimentation velocity studies showed that 
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SsuE undergoes an oligomeric switch from a tetramer to a dimer when FMN is bound.62 These 

observed alterations in the quaternary structure indicate that the oligomeric state of SsuE is 

dynamic and dependent on enzyme and substrate concentrations. It remains unclear how these 

oligomeric states relate to catalysis and flavin transfer. Interestingly, SsuE has a conserved π-helix 

at the tetramer interface between the dimer of dimers (Figure 2.1).62 

 

Generally, π-helices are characterized by the insertion of a single-residue into α-helices to 

provide an evolutionary advantage through enhancement or gain of protein function.207, 208, 297, 298 

The identification of π-helices as discrete secondary structural elements is often overlooked in the 

analysis of protein three-dimensional structures.207 The π-helix in SsuE is generated by the 

insertion of Tyr118 into helix α4, and is conserved within a subgroup of the NAD(P)H:FMN 

 

 
Figure 2.1: The tetrameric structure of SsuE with the π-helix located at the tetramer interface 

highlighted in green. The structure was rendered with PyMOL using Protein Data Bank entry 

4PTZ for SsuE.62 
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reductase family with known three-dimensional structures (Figure 2.2).62 Members of the 

subgroup are flavin reductases of two-component monooxygenase systems that are dependent on 

reduced flavin transfer from the NAD(P)H:FMN reductase to the monooxygenase enzyme.62 

The conserved nature of the π-helix in the two-component NAD(P)H:FMN reductase 

members suggests that it may play a defined role in mechanistic events.62, 207 Given the location 

of the π-helix at the tetramer interface, this structural alteration may impart a distinct functional 

 
 

 

 

 

 

 

 

 

Figure 2.2: Comparison of the helix α4 of Shigella flexneri ArsH (gray) from the 

NAD(P)H:FMN reductase family with the π-helix in SsuE (green). A π-helix is present in a 

subgroup of the NAD(P)H:FMN reductase family that includes SsuE, generated by the 

insertion of Tyr118 insertion resulting in a bulge that is not present in the α-helix ArsH. The 

structures were rendered with PyMOL using Protein Data Bank entries 4PTY (SsuE) and 2fzv 

(ArsH).62, 204 
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role on this subgroup of enzymes within the family. These studies were performed to evaluate the 

functional role of the π-helix of SsuE. The Tyr118 amino acid insertion was substituted with 

alanine to evaluate how alteration of the π-helix structural element affects the functionality of 

SsuE. The Y118A SsuE variant showed striking differences in flavin affinity compared to that of 

wild-type SsuE, resulting in altered catalytic function. Results from these studies have provided a 

foundation for further investigations that aim to probe the dynamic structural feature of SsuE that 

dictates catalysis. 

2.2 Experimental Procedures 

2.2.1 Materials 

All chemicals were purchased from Sigma-Aldrich, Bio-Rad, or Fisher. Escherichia coli strain 

BL21(DE3) was purchased from Stratagene (La Jolla, CA). DNA primers were synthesized by 

Invitrogen (Carlsbad, CA). The expression and purification of wild-type SsuE and SsuD were 

performed as previously reported.2 All UV- vis absorbance spectra were recorded using an Agilent 

Technologies diode-array spectrophotometer (model HP 8453) equipped with a thermostated 

water bath. 

2.2.2 Construction of Y118A SsuE Variant 

 The Y118A SsuE variant was generated using the recombinant pET21a plasmid containing the 

ssuE gene. Primers for the Y118A SsuE variant were designed as 27-base oligonucleotides 

substituting the TAT Tyr codon with the GCG Ala codon. The variant construct was confirmed by 

DNA sequencing analysis at Davis Sequencing (Davis, CA). The confirmed variant was 

transformed into E. coli BL21(DE3) competent cells for protein expression and stored at -80 ˚C. 

The Y118A SsuE variant was purified as previously reported.2 Protein fractions for wild-type SsuE 

were collected on the basis of sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-
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PAGE) analysis and UV-visible absorbance at 280 nm. For Y118A SsuE, the protein fractions 

were collected on the basis of absorbance values at 457 nm and purity on 12% SDS-PAGE. The 

concentrations of SsuD and SsuE were determined from A280 measurements using molar extinction 

coefficients of 47.9 and 20.3 mM-1 cm-1, respectively.2 A Bradford assay was used to determine 

the concentration of Y118A SsuE prior to the determination of the molar extinction coefficient. 

The standard curve used in the Bradford assay was generated with varying bovine serum albumin 

(BSA) concentrations between 0.2 and 0.8 mg/mL. Following purification, the proteins were 

frozen and stored at -80 °C.  

 Circular dichroism (CD) spectra for wild-type and Y118A SsuE were obtained with 1.2 μM of 

each protein in 10 mM potassium phosphate buffer (pH 7.5) as previously described.215 Spectra 

were recorded on a Jasco (Easton, MD) J-810 spectropolarimeter. The experiments were 

performed at 25 °C using a 0.1 cm path length cuvette. Measurements were taken in 1 nm 

increments from 300 to 185 nm using a scanning speed of 50 nm/min and a bandwidth of 1 nm. 

An average of eight scans was performed for each sample. The background correction was 

achieved using the default parameters of the Jasco J-720 software. Each spectrum is the average 

of eight accumulated scans. 

2.2.3 Preparation and Reconstitution of Apo-Y118A SsuE 

 Deflavination of Y118A SsuE was performed with the addition of 25 mM potassium phosphate 

(pH 7.5), 10% glycerol, and 3 M potassium bromide (5 mL) to an equal volume of flavin-bound 

Y118A SsuE (176 µM) in 25 mM potassium phosphate (pH 7.5), 0.1 M NaCl, and 10% glycerol. 

A 5 mL saturated acidified ammonium sulfate solution [72% (w/v), pH 2.0] was added to the 

Y118A SsuE solution. After the mixture had been continuously stirred for 1 min, an additional 20 

mL of the saturated acidified ammonium sulfate [72% (w/v), pH 2.0] was added, resulting in 
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precipitation of the protein. The precipitated protein solution was centrifuged at 12096g for 10 min 

at 4 °C and the protein precipitate redissolved in a 5 mL volume of 25 mM potassium phosphate 

(pH 7.5), 0.1 M NaCl, and 10% glycerol. The precipitation and dissolution were repeated to 

remove any residual flavin. After a 30 min incubation at 4 °C, the solution was centrifuged for 5 

min at 4424g to remove any denatured protein.299 Deflavinated Y118A SsuE (5 mL) was dialyzed 

against 1 L of 25 mM potassium phosphate (pH 7.5), 0.1 M NaCl, and 10% glycerol for 3 h 

followed by a second overnight dialysis, frozen, and stored at −80 °C. The final concentration of 

deflavinated Y118A SsuE was 123 μM, resulting in a 70% yield. Reconstitution of deflavinated 

Y118A SsuE was performed by the addition of free FMN to deflavinated Y118A SsuE in a 1:1.2 

molar ratio, followed by incubation overnight at 4 °C. Unbound flavin was removed with an 

Amicon Ultra-4 centrifugation filter (10 kDa molecular weight cutoff). The flow-through was 

discarded, and the protein sample retained in the filtration device was washed three times with 25 

mM potassium phosphate (pH 7.5), 10% glycerol, and 0.1 M NaCl.  

2.2.4 Identification of the Flavin Bound to Y118A SsuE  

 Waters quadruple time-of-flight (Q-TOF) mass spectrometer was used to identify the flavin 

bound to Y118A SsuE. The Y118A SsuE variant (176 μM) was buffer exchanged with 25 mM 

potassium phosphate (pH 7.5) to remove glycerol. The flavin cofactor was extracted by heat 

denaturation at 80 °C for 10 min. The sample was cooled to 25 °C and centrifuged at 12096g for 

10 min to separate the protein pellet and the flavin-containing supernatant. The mass-to-charge 

ratio (m/z) of the flavin extract was determined using the Q-TOF mass spectrometer in positive 

ion mode at room temperature by direct injection.  
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2.2.5 Kinetic Properties of Y118A SsuE 

 Steady-state kinetic parameters measuring the oxidase activity of FMN-bound Y118A SsuE 

(0.04 μM) were obtained with varying concentrations of NADPH (3−60 μM) in 25 mM Tris-HCl 

(pH 7.5) and 100 mM NaCl at 25 °C. Electron transfer to ferricyanide was performed with FMN-

bound Y118A SsuE (0.04 μM), varying concentrations of NADPH (5−50 μM), and 1 mM 

ferricyanide in 25 mM Tris-HCl (pH 7.5) and 100 mM NaCl at 25 °C. The initial rates for both 

experiments were obtained by monitoring the decrease in absorbance at 340 nm with the oxidation 

of the reduced pyridine nucleotide. Coupled assays with deflavinated Y118A and wild-type SsuE 

monitoring the desulfonation of octanesulfonate were performed as previously described.61 The 

reactions were initiated by the addition of 500 μM NADPH to a reaction mixture containing wild-

type or Y118A SsuE (0.6 μM), FMN (2 μM), SsuD (0.2 μM), and varying concentrations of 

octanesulfonate (5−2000 μM) in 25 mM Tris-HCl (pH 7.5) and 0.1 M NaCl at 25 °C. The reaction 

was quenched after 3 min with 8 M urea, and the sulfite product was quantified as previously 

described.61  

 Binding of flavin to Y118A and wild-type SsuE was monitored on a Cary Eclipse Agilent 

(Santa Clara, CA) fluorescence spectrophotometer with an excitation wavelength at 280 nm and 

emission measurements at 344 nm. A 1.0 mL solution of deflavinated Y118A or wild-type SsuE 

(0.1 μM) in 25 mM potassium phosphate (pH 7.5) and 0.1 M NaCl was titrated with FMN (from 

0.022 to 0.44 μM), and the fluorescence spectrum was recorded following a 2 min incubation after 

each addition of FMN. The Kd value for FMN binding was determined as previously described.2 

The concentrations of FMN bound to apo Y118A and wild-type SsuE enzymes were computed 

using Equation 2.1, in which [SsuE] is the concentration of SsuE used, I0 is the fluorescence 
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intensity of SsuE before FMN titration.  Ic represents is the fluorescence intensity of SsuE after 

each FMN addition while If is the fluorescence intensity after the final FMN addition.   

The concentrations of FMN-bound SsuE (y) was plotted against the total FMN concentration (x), 

and the dissociation constant (Kd) determined using Equation 2.2.  

2.2.6 Reductive Titrations of Y118A SsuE 

 A 1 mL anaerobic solution of Y118A SsuE (40 μM) in 25 mM potassium phosphate (pH 7.5), 

100 mM NaCl, and 10% glycerol was prepared by at least 15 cycles of evacuation followed by 

equilibration with ultra-high-purity argon gas in an airtight vial. An oxygen scavenging system 

composed of 20 mM glucose and 10 units of glucose oxidase was also included to ensure the 

solution was kept anaerobic. The anaerobic NADPH solution (1 mM) was prepared separately in 

10 mM Tris-HCl (pH 8.5), and the solution was deoxygenated as described for Y118A SsuE before 

the solution was added to an airtight titrating syringe in an oxygen-free glovebox. The anaerobic 

cuvette containing deoxygenated Y118A SsuE and the titrating syringe containing NADPH were 

assembled in the oxygen-free glovebox. The FMN-bound Y118A SsuE (40 μM) anaerobic solution 

was titrated with NADPH (0−160 μM) at 25 °C, and the enzyme was allowed to reach equilibrium 

before the spectrum was recorded.  

 Following the titration, buffer exchange was performed to determine if the reduced flavin 

remained bound to the Y118A SsuE variant. Buffer exchange was performed with 25 mM 

potassium phosphate (pH 7.5), 10% glycerol, and 0.1 M NaCl, utilizing a 10000 molecular weight 

cutoff Amicon Ultra-4 centrifugation filter (Millipore, Billerica, MA). Buffer exchange was 

 
[𝐹𝐹𝐹𝐹𝐹𝐹]𝑏𝑏𝑏𝑏𝑏𝑏𝑏𝑏𝑏𝑏 = [𝑆𝑆𝑆𝑆𝑆𝑆𝑆𝑆] 𝐼𝐼0−𝐼𝐼𝑐𝑐

𝐼𝐼0−𝐼𝐼𝑓𝑓
                                              Equation 2.1 
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performed three times by centrifugation at 4025g in an oxygen-free glovebox. The reduced Y118A 

SsuE variant was equilibrated with atmospheric oxygen, and a UV−visible absorption spectrum of 

the oxidized enzyme was recorded. 

2.3 Results 

2.3.1 Spectroscopic Analysis of Y118A SsuE  

 The three-dimensional structure and kinetic studies of SsuE provided insight into the flavin 

reduction mechanism of SsuE.2, 62, 200 At the tetramer interface of SsuE is a π-helix formed by the 

insertion of Tyr118 into helix α4.62 The π-helix is conserved among several flavin reductases that 

belong to the NAD(P)H:FMN reductase family. The flavin reductases are members of two-

component monooxygenase systems, and the π-helix may impart a functional advantage to these 

flavin reductases.62 The Y118A SsuE variant was generated to investigate the structural and 

functional role of the π-helix in SsuE. The purified Y118A SsuE protein exhibited a yellow color 

with characteristic absorbance peaks at 370 and 457 nm consistent with a flavin-bound protein 

(Figure 2.3). As previously described, recombinant wild-type SsuE does not exhibit a similar 

spectral signature following purification (Figure 2.3).2, 57  

 The CD spectra of wild-type and Y118A SsuE were similar suggesting there were no major 

changes in the gross secondary structure when a substitution was introduced into the π-helix of 

SsuE (Figure 2.4). Deflavination of Y118A SsuE was achieved by mild acidification followed by 

salt precipitation and dissolution of the precipitated protein (Figure 2.3).299 The deflavinated 

Y118A SsuE variant could be reconstituted with flavin to generate the flavin-bound form, and the 

reconstituted protein had the flavin-bound spectral features restored. The CD spectra of 

deflavinated Y118A SsuE resembled those of Y118A SsuE prior to deflavination and wild-type 
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Figure 2.3: The UV-visible absorption spectra of Y118A and wild-type SsuE. The UV-visible 

absorption spectra of Y118A SsuE (blue), deflavinated Y118A SsuE (green), and wild-type 

SsuE (black). Purified wild-type SsuE does not contain a bound flavin. The Y118A SsuE 

variant showed a characteristic oxidized flavin spectrum with peaks at 370 and 457 nm that 

was no longer present following deflavination. 
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SsuE, indicating the secondary structure was not compromised during the deflavination procedure 

(Figure 2.4).  

 

 

 
 

Figure 2.4: The far-UV circular dichroism spectra of flavin-bound Y118A SsuE, deflavinated 

Y118A SsuE, and wild-type SsuE. Spectra of flavin-bound (blue), deflavinated (green), and 

wild-type (black) SsuE were obtained with 1.2 µM protein in 10 mM potassium phosphate 

buffer, pH 7.5, at 25 °C. Measurements were taken in 1 nm increments from 300 nm to 190 

nm in a 0.1 cm path length cuvette. Each spectrum is the average of eight accumulated scans. 
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2.3.2 Identification of the Flavin from Y118A SsuE  

 Flavin reductases that utilize flavin as a substrate typically have a distinct substrate preference 

for FMN or FAD.171 Catalytic investigations have previously identified FMN as the preferred 

substrate for SsuE over other flavin forms.57 The Y118A SsuE variant was denatured and the 

supernatant extracted in an effort to characterize the bound flavin. The flavin was retained in the 

supernatant suggesting that the cofactor is not covalently bound to Y118A SsuE. The spectral 

properties of the flavin extract corresponded to that of free FMN (Figure 2.5).  

 
 

Figure 2.5: Identification of the flavin bound to Y118A SsuE. A. UV-visible absorption 

spectra of flavin extracted from Y118A SsuE (150 µM) (black), the FMN standard (green), 

and the FAD standard (orange). 
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 Mass spectrometric analysis was used to identify the flavin based on the mass-to-charge ratio. 

The noncovalent bound flavin in the Y118A SsuE variant was FMN giving a peak with an m/z 

value of 457.11 similar to the calculated molecular weight for FMN (Figure 2.6). 

 

 
 

Figure 2.6: Identification of the flavin bound to Y118A SsuE using mass spectrometry. The 

Y118A SsuE variant was buffer exchanged with 25 mM potassium phosphate (pH 7.5) to 

remove glycerol. The flavin cofactor was extracted by heat denaturation at 80 ˚C for 10 mins 

followed by centrifugation. The mass-to-charge ratio (m/z) of the flavin extract was determined 

at room temperature using QTOF-MS in positive ion mode by direct injection.  
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The molar extinction coefficient of Y118A SsuE was determined by measuring the UV–visible 

spectroscopic absorbance at 457 nm, before and after denaturation of Y118A SsuE followed by 

centrifugation to remove precipitated protein. The molar extinction coefficient for Y118A SsuE at 

457 nm was 13300 M-1 cm-1 at pH 7.5.300 To establish the binding stoichiometry of Y118A SsuE 

and FMN, both the deflavinated protein and the extracted cofactor were quantified. The 

concentration of flavin-bound Y118A SsuE was determined using a Bradford assay, and the 

extracted FMN concentration was calculated using a molar extinction coefficient for FMN at 450 

nm of 12500 cm−1M−1. A flavin:protein stoichiometry of 0.90 ± 0.06 was calculated from the ratio 

of the concentration of extracted flavin to monomeric Y118A SsuE. The Kd value for FMN binding 

to deflavinated Y118A SsuE was 8.2 ± 1 nM, approximately 2-fold lower than that of wild-type 

SsuE (17 ± 1 nM) (Figure 2.7).  

2.3.3 Steady-State Kinetic Properties of Y118A SsuE 

There were no observable structural perturbations in the Y118A SsuE variant based on results from 

CD spectroscopy (Figure 2.4), but it was not clear if the flavin-bound Y118A SsuE variant could 

support catalysis. Both flavin reductase and desulfonation assays were performed to evaluate the 

catalytic activity of Y118A SsuE. The flavin reductase assays measured the kinetic properties of 

Y118A SsuE only, and the desulfonation activity monitored the ability of the variant to supply 

reduced flavin to SsuD. A progressive decrease in absorbance at 457 nm was observed upon 

anaerobic titration of FMN-bound Y118A SsuE with NADPH (Figure 2.8). This was coupled with 

the gradual disappearance of the yellow flavin pigment in the reaction solution, which was slowly 

restored over approximately 30 min upon exposure of the same solution to oxygen. Full reduction 

of the bound flavin required approximately one equiv of NADPH (Figure 2.8 inset).  
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Figure 2.7: Flavin binding to Y118A and wild-type SsuE. A 1.0 mL solution of deflavinated 

Y118A or wild-type SsuE (0.1 µM) in 25 mM potassium phosphate (pH 7.5) and 0.1 M NaCl 

was titrated with FMN (0.022 to 0.44 µM), and the fluorescence spectrum recorded following 

a 2 min incubation after each addition of FMN (at an excitation wavelength of 280 nm and 

emission wavelength of 344 nm). The Kd value for FMN binding to deflavinated Y118A SsuE 

was 8.2 ± 1 nM approximately 2-fold lower than wild-type SsuE (17 ± 1 nM).  
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Figure 2.8: Anaerobic NADPH titration of FMN-bound Y118A SsuE. An anaerobic solution 

of FMN-bound Y118A SsuE (40 µM) in 25 mM potassium phosphate (pH 7.5), 0.1 M NaCl, 

and 10% glycerol was titrated with a solution of NADPH (1 mM) in 10 mM Tris-HCl (pH 8.5) 

at 25 ˚C. Spectra were recorded after the addition of 0-4 equiv of NADPH to Y118A SsuE. 

The arrow indicates the decrease in absorbance at 457 nm with the addition of each aliquot of 

NADPH. The oxidized FMN-bound Y118A SsuE spectrum is colored in green, and the reduced 

FMN spectrum after titration with NADPH is colored in blue. The inset shows the absorbance 

changes at 340 nm (closed circles) were plotted vs the equivalents of NADPH added. Linear 

regression of the 340 nm plot gave an average of 1.05 ± 0.06 equiv of NADPH oxidized per 

FMN. 

 



97 
 

The bound flavin was able to support reduction by NADPH in anaerobic titrations, and 

>99% of NADPH-reduced flavin remained bound to Y118A SsuE following anaerobic buffer 

exchange (Figure 2.9). Although the flavin was reduced in anaerobic titrations, the Y118A SsuE 

variant was unable to support NADPH oxidase activity as is typically observed with wild-type 

SsuE with varying concentrations of NADPH. The absence of NADPH oxidase activity 

corresponds to the slow reactivity of the flavin observed in the reductive titration with NADPH.  

 
 

Figure 2.9: Reductive titrations of Y118A SsuE. UV-visible absorbance spectra of Y118A 

SsuE (green), NADPH reduced Y118A SsuE (black), and oxidized Y118A SsuE following 

equilibration of the reduced enzyme with atmospheric oxygen (blue). An anaerobic solution of 

Y118A SsuE (40 µM) was titrated with NADPH (0-160 μM) at 25 ˚C. Reduced Y118A SsuE 

was buffer washed in a centrifugation filter in an oxygen-free glovebox. Following the buffer 

wash the sample was allowed to air equilibrate to obtain the oxidized spectrum.  
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Although Y118A SsuE reacted slowly with oxygen, electron transfer from the reduced 

flavin to ferricyanide was observed with a kcat/Km value for NADPH of 10 ± 1 µM-1 min-1 (Figure 

2.10).  The ferricyanide concentration was saturating to maintain pseudo-first-order kinetic 

conditions at varying NADPH concentrations (Figure 2.11). Comparable experiments with wild- 

 

Figure 2.10: Steady-state kinetics of Y118A SsuE with ferricyanide. Initial rates were 

determined by measuring the decrease in absorbance at 340 nm for Y118A SsuE (0.04 µM) 

with varying concentrations of NADPH (5 – 50 µM), and ferricyanide (1 mM) in 25 mM Tris-

HCl (pH 7.5) and 100 mM NaCl at 25 ˚C. The trace is the average of three separate 

experiments, and the data were fit to the Michaelis-Menten equation to obtain the steady state 

kinetic parameters. 
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type SsuE could not be performed because the flavin is released following flavin reduction with 

wild-type SsuE due to the 1000-fold greater Kd value for reduced flavin relative to the Kd of the 

 
 

Figure 2.11: Steady-state kinetics of Y118A SsuE with ferricyanide. Steady-state kinetic 

experiment measuring electron transfer to ferricyanide was performed with FMN-bound 

Y118A SsuE (0.04 µM) at a constant NADPH concentration (200 µM) with varying 

concentrations of FeCN (0 - 2000 µM), in 25 mM Tris-HCl (pH 7.5) containing 100 mM NaCl 

at 25 ˚C. The ferricyanide was saturating at 1 mM in relation to varying concentrations of 

NADPH. 
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oxidized form.207, 208 In addition, there was no measurable sulfite generated with Y118A SsuE in 

the SsuD desulfonation reaction that is dependent on SsuE supplying reduced flavin to SsuD in 

the assay. Therefore, the Y118A SsuE reduced flavin was not effectively transferred from Y118A 

SsuE to SsuD to support desulfonation. 

 

2.4 Discussion 

 The presence of π-helices in proteins has been linked to enhanced function and is generally 

characterized by intrastrand hydrogen bonding between an amide and carbonyl group five amino 

acid residues apart resulting in wide turns.207, 208, 297, 298 These distinct secondary structural 

elements are often involved in interhelical interactions that play defined roles in protein function. 

Algorithms used to assign secondary structure often incorrectly annotate the π-helix as α-

helices.207, 208 However, with a growing interest in π-helices, specified functional roles for these 

secondary structural elements have been experimentally identified in a limited number of proteins. 

The π-helices generally have distinct amino acid preferences for aromatic and large aliphatic amino 

acids that are thought to stabilize the secondary structure through van der Waals interactions.208 

The π-helices are conserved within proteins that have related functions and have been used as 

markers for evaluating evolutionary relationships as well as identifying unique functions 

associated with protein families. 

 The single-residue substitution of Tyr118 with Ala in the π-helix of SsuE transforms the FMN-

dependent reductase into a canonical flavoprotein retaining the specificity for FMN. There was a 

2-fold increase in the affinity of Y118A SsuE for oxidized FMN compared to that of the wild-type 

enzyme. Although the increase in FMN affinity was minimal, this difference may be enough to 
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shift the Y118A SsuE variant to a canonical flavoprotein.  The Y118A SsuE flavin cofactor was 

reduced in reductive titrations, and the flavin remained bound to the Y118A SsuE variant following 

multiple buffer washes in a centrifugal filter under anaerobic conditions. Interestingly, Y118A 

SsuE was unable to support standard NADPH oxidase and desulfonation activities observed for 

the wild-type enzyme. Therefore, the flavin is reduced, but the reduced flavin is not released and 

effectively transferred to SsuD. Structural evaluation of π-helices supports a role for these 

secondary structures in substrate and cofactor recognition.207, 208, 297, 298 The π-helix in soybean 

lipoxygenase is dynamic and participates in the recognition of the fatty acid substrate.272 

Additionally, some metalloproteins utilize π-helical structures for the proper positioning of 

coordinating metal ligands.301 Thus, π-helical regions can provide a unique support for aligning 

critical residues, such that their orientation and separation are optimal for amino acid side chain 

interactions. In the three-dimensional structure of SsuE, hydrogen bonding occurs between the 

hydrogen of the hydroxyl group of Tyr118 and the oxygen atom backbone carbonyl of Ala78 

across the tetramer interface (Figure 2.12). The amide nitrogen of Ala78 hydrogen bonds to the 

O4 atom of FMN bound to the active site.  Substitution of Tyr118 to Ala should disrupt the 

hydrogen bonding interactions with Ala78 across the tetramer interface (Figure 2.12). The 

preservation of this intricate hydrogen-bond network may be essential in maintaining the 

functional properties of SsuE. In SsuE, the hydrogen bonding network formed by the π-helix may 

function in maintaining the structural integrity and requisite flavin contacts crucial for effective 

transfer.62 Substitution of Tyr118 with Ala in SsuE likely altered critical contacts made by the π-

helix across the tetramer interface leading to an active site environment that supports flavin 

reduction but not the subsequent transfer to SsuD (Figure 2.12).  
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 Interestingly, the reduced FMN-bound Y118A SsuE variant showed a relatively slow reactivity 

with oxygen, but NADPH oxidation by the variant could be monitored with ferricyanide as the 

electron acceptor. Canonical flavoproteins display marked differences in their reactivity with  

oxygen, but there are no clearly defined structural features that explain these differences.160 A 

combination of charge distribution, dynamics, ligand binding, and solvation effects has been 

Tyr118 Ala78

FMN

 

 

Figure 2.12: Hydrogen bonding interactions of Tyr118 centered in the π-helix of SsuE. A 

hydrogen bonding network is formed between the dimer interface of SsuE. The Tyr hydroxyl 

group forms a hydrogen bond with the α-carbonyl group of Ala78 across the tetramer interface. 

FMN bound to the active site is stabilized through hydrogen bonding of the amide nitrogen of 

Ala78 to the O4 atom of the flavin. The structure was rendered with PyMOL using Protein 

Data Bank entry 4PTY for SsuE. 
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proposed to play a role in controlling the oxygen reactivity of flavoproteins.156, 160 However, the 

distinct structural properties that control oxygen reactivity for two-component flavin reductases 

have not been fully assessed. The active site of SsuE would need to protect the reduced flavin prior 

to flavin transfer. The ability of the active site to protect reduced flavin from oxidation in wild- 

type SsuE is difficult to evaluate because of the immediate release of the flavin following 

reduction. The structural properties of the active site may slow the reactivity of reduced flavin with 

molecular oxygen, and may be a mechanistic feature of flavin reductases associated with two-

component systems that utilize flavin as a substrate.  

 The SsuE enzyme was previously classified as a member of the NAD(P)H:FMN reductase 

family.5 Members of the NAD(P)H:FMN reductase family all have a flavodoxin fold and exist as 

dimers or tetramers with similar oligomeric geometries. The enzymes belonging to the 

NAD(P)H:FMN reductase family are further divided on the basis of the presence or absence of a 

π-helix. Members of the subgroup of the NAD(P)H:FMN reductase family that contain a π-helix 

are members of two-component systems, but there are limited structures available for this group. 

Some members of the NAD(P)H:FMN reductase family are canonical flavin reductases with a 

bound flavin that contain an α-helix in a position comparable to that of the π-helix due to the 

absence of the Tyr insertion. Comparison of the helix α4 of the canonical flavoprotein Shigella 

flexneri ArsH (gray) from the NAD(P)H:FMN reductase family with the π-helix in SsuE shows 

the formation of a distinct bulge in SsuE resulting from the insertion of Tyr118 (Figure 2.2).62, 204 

The results described provide compelling evidence of the importance of the π-helix in SsuE and 

promote a potential role of the π-helix in other FMN-dependent reductases. Studies that aim to 

identify the role of the π-helix in SsuE provide a tractable system for other flavin reductases that 

also possess a π-helix within the subgroup of the flavodoxin superfamily. The π-helix appears to 
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offer an evolutionary advantage to SsuE by promoting flavin transfer, but the rationale for how the 

π-helix evolved in these systems is not known. The results reported herein serve as a foundation 

for further studies to firmly establish the role and evaluate the evolutionary relationship of the π-

helices in SsuE and related flavin reductases. A reasonable explanation for the π-helix in a two-

component system would be to provide a structural switch to promote flavin transfer. The 

coordinated regulation of flavin reduction and transfer is imperative in the alkanesulfonate 

monooxygenase system given the role of the system in providing an alternative sulfur source when 

optimal sources of sulfur are limiting. Environmental pressures resulting from sulfur starvation 

may have led to an autonomous enzyme system in bacteria to provide an alternate mechanism for 

sulfur acquisition. Independent reductive and oxidative half-reactions would provide a means for 

these systems to adjust their substrate specificities and independently develop regulatory 

mechanisms for promoting flavin transfer. However, it is still not certain if FMN-dependent two-

component systems represent a more recent model for oxygenase reactions, and if the π-helix in 

SsuE is coupled to the mechanistic and regulatory strategies of two-component systems. These 

studies support a model in which the π-helix in SsuE tetramer interface provides the FMN 

reductase transformative mechanistic properties that allow the enzyme to be a part of the two-

component monooxygenase system.  
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CHAPTER THREE 

3 Regulation of Catalytic Activity and Oligomeric State Changes in FMN Reductases of 

Two-Component Monooxygenase systems  

3.1 Introduction 

The desulfonation enzymes SsuE and SsuD are upregulated in bacteria during sulfur 

starvation to cleave the C-S bonds of various alkanesulfonates generating sulfite.57 The sulfite 

generated is incorporated into various sulfur containing biomolecules. The SsuD enzyme binds 

reduced flavin supplied by the SsuE enzyme, then activates dioxygen to form the C4a-

(hydro)peroxyflavin intermediate. Following dioxygen activation, the SsuD enzyme utilizes the 

C4a-(hydro)peroxyflavin intermediate to cleave alkanesulfonates releasing a molecule of sulfite, 

FMN, water and the corresponding aldehyde.57 The substrate promiscuity characteristic of SsuD 

helps mitigate sulfur scarcity when bacteria are in sulfur limiting conditions.57 For the 

desulfonation reaction to occur, reduced flavin has to be transferred from SsuE to SsuD. Flavin 

reductases of two-component monooxygenase systems are able to effectively transfer reduced 

flavin to the monooxygenase enzymes in the presence of molecular oxygen.194 However, the 

structural properties that enable these flavin reductases to traffic the labile reduced flavin product 

to the oxygenase are not understood.  

The structural and conformational changes in enzymes of two-component monooxygenase 

systems must be synchronized to simultaneously support flavin reduction, reduced flavin transfer, 

and the oxidation of substrates. The transfer of reduced flavin from SsuE to SsuD was suggested 

to occur through protein-protein interactions because protein-protein interactions were observed 

between SsuE and SsuD through affinity chromatography and fluorimetric titrations.215  Recent 

hydrogen-deuterium exchange mass spectrometry studies identified the interaction sites in both 
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SsuE and SsuD.229 The interaction sites in SsuD are located over the active site of SsuD, at a loop 

region which was shown to be highly flexible during catalysis.222, 229, 302 Partial deletion of the 

interaction region in the loop region of SsuD eradicated the ability of SsuD to interact with SsuE 

resulting in loss of desulfonation activity.229 In the SsuE enzyme, the interacting regions include 

the π-helix located at the tetramer interface of SsuE. This π-helix is associated with a tyrosine 

residue (Tyr118) inserted at helix α4 resulting to a bulge at the point of insertion.62 Both the π-

helix and the insertional tyrosine residue are highly conserved in flavin reductases of two-

component monooxygenase systems.62, 303   

Results from studies with SsuE suggested the enzyme undergoes substrate-induced 

oligomeric state changes. The SsuE enzyme is flavin-free as purified, exists as a tetramer, and 

utilizes flavin as a substrate. When an equimolar concentration of FMN was added, the oligomeric 

state of SsuE changed to a dimer.62 Such oligomeric state changes are increasingly being observed 

in various flavin reductases but the reason for adoption of different oligomeric states has not been 

evaluated.293-295 Structural analyses have suggested a potential link between the π-helix of SsuE 

and the observed flavin-induced oligomeric state changes. The hydroxyl group of Tyr118 residue 

in SsuE forms a hydrogen bond with the carbonyl group of Ala78, while the N-atom of Ala78 

forms a hydrogen bond with the O4 of FMN. In addition, the loop region before the π-helix borders 

the FMN binding site and facilitate flavin binding through hydrogen bonds with the amide groups 

of Gly108 and Thr109, and through the side chain of His112. As a result, the loop region and π-

helix in SsuE were thought to contribute in the flavin-induced oligomeric shifts.62 

Perturbation of the π-helix in SsuE through the substitution of Tyr118 with Ala resulted in 

a FMN-bound SsuE variant.303 Although the Y118A SsuE variant retained flavin specificity for 

FMN, the flavin remained bound even when reduced.  The reduced Y118A SsuE variant had slow 
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reactivity in NADPH oxidase assays, but supported electron transfer to ferricyanide. There was no 

measurable sulfite production by SsuD when coupled with Y118A SsuE, which correlated with 

the inability of Y118A SsuE to support multiple flavin reduction turnovers.303  

The identification of π-helices as discrete secondary structures is often overlooked when 

characterizing three-dimensional structures of proteins.207, 208 An extensive secondary structural 

analysis determined ~15% of protein structures contain π-helices. Increasing exploration of π-

helices shows they are catalytically relevant in >80% of enzymes containing the π-helical 

structures.207, 208 The conserved π-helices in evolutionary-related flavin reductases of two-

component systems suggests the π-helices have common functionalities. The characterization and 

kinetic studies on Y118A SsuE were requisite in determining the roles of π-helix in SsuE, but it 

was not feasible to make resolute functional conclusions based on the Y118A SsuE variant alone. 

Additional Tyr118 SsuE variants were generated for structural and functional investigations on the 

role of the π-helix in flavin reduction and transfer, and in regulating oligomeric state changes in 

SsuE.  

3.2  Materials and methods 

3.2.1 Materials 
 
E. coli strains (XL-1 and BL21(DE3)) were purchased from Stratagene (La Jolla, CA). Plasmid 

vectors and pET21a were obtained from Novagen (Madison, WI). DNA primers were synthesized 

by Invitrogen (Carlsbad, CA). Ampicillin, streptomycin sulfate, lysozyme, potassium bromide, 

ammonium sulfate, reduced nicotinamide adenine dinucleotide phosphate (NADPH), flavin 

adenine dinucleotide (FAD), flavin mononucleotide (FMN), bovine serum albumin (BSA), 

glycine, lysozyme, ethylenediaminetetraacetic acid (EDTA), potassium phosphate (monobasic 

anhydrous and dibasic anhydrous), dimethyl sulfoxide (DMSO), 5,5-dithiobis-(2-nitrobenzoic 
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acid) (DTNB), lysozyme, and urea were from Sigma (St. Louis, MO). Isopropyl-β-D 1-

thiogalactoside (IPTG), sodium chloride, and glycerol were obtained from Macron Fine Chemicals 

(Center Valley, PA). 1-octanesulfonate was purchased from Fluka (Milwaukee, WI).  

3.2.2 Site-Directed Mutagenesis and Purification of the Y118 SsuE Variants 

Variants of Tyr118 in SsuE were generated to investigate the roles of the π-helix in flavin 

reduction and transfer to SsuD, and in the regulation of oligomeric state changes. The SsuE primers 

were designed as 27-base oligonucleotides for the Y118S, Y118F, and ΔY118 SsuE variants. The 

primers were ordered from Life Technologies by substituting TAT for Tyr with TCT, TTT, and 

deleting the TAT codon for the Y118S, Y118F, and ΔY118 SsuE variants, respectively. The 

Qiagen kit plasmid purification protocol was utilized to prepare the SsuE plasmid used for site-

directed mutagenesis. Following site-directed mutagenesis, the SsuE variants were confirmed 

through DNA sequencing analysis (Eurofins/Genomics, Louisville, KY). The previously 

generated Y118A SsuE variant was also utilized in these studies.303 The SsuD and SsuE enzymes 

were expressed and purified from a pET21a expression vector in E. coli strain BL21(DE3) as 

previously described.2 The protein fractions for the flavin-free SsuE enzymes and SsuD were 

collected based on the UV-visible absorbance at 280 nm. For the flavin-containing SsuE variants, 

the fractions were collected based on UV-visible absorbance at 457 nm. The secondary structural 

analysis on the Y118 SsuE variants was performed using circular dichroism studies from 300 to 

185 nm with 1 nm increments as previously outlined.303  

3.2.3 Kinetic Analysis of the Y118 SsuE Variants  

Flavin reductase and desulfonation activity was assessed with the Y118 SsuE variants as 

previously described.61, 303 The flavin reductase assays were performed on Y118 SsuE variants 

(0.04 µM) by varying FMN concentrations (0-1.5 µM) at a fixed NADPH concentration (200 µM), 
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and monitoring NADPH oxidation through the decrease in UV-visible absorbance at 340 nm.  

The initial rates were obtained by fitting the linear part of the reaction when <10% of NADPH had 

been consumed.193 The steady-state coupled assay with SsuE and SsuD monitoring sulfite 

production was performed as previously described.61  

Rapid-reaction kinetic analysis with the Y118 SsuE variants were performed using an 

Applied Photophysics SX.18 MV stopped-flow spectrophotometer as previously outlined.218 The 

single-turnover experiment was performed by mixing wild-type or Tyr118 variants of SsuE (35 

μM) with wild-type SsuD (35 μM)  and FMN (30 μM)  in 50 mM potassium phosphate (pH 7.5), 

0.2 M NaCl, and 10% glycerol in one syringe against 250 μM NADPH and 50 μM octanesulfonate 

in 10 mM Tris–HCl (pH 8.5), 0.1 M NaCl, and 10% glycerol. Similar rapid kinetic experiments 

were set up in the absence of SsuD and octanesulfonate to monitor the flavin reduction half-

reaction and the subsequent non-enzymatic flavin oxidation.218 The experiments were performed 

in single-mixing mode by reacting equal volumes of solutions from each syringe. The change in 

absorbance at 450 nm was monitored over 100 seconds. The kinetic trace was standardized and 

plotted in Kaleidagraph (Synergy) software. 

3.2.4 Fluorimetric Titrations of the Y118 SsuE Variants with SsuD 

FMN-bound Y118 SsuE variants (0.4 µM) in 25 mM potassium phosphate (pH 7.5) were 

titrated with 0.04 - 1.1 µM aliquots of SsuD as previously described.215 The fluorescence 

emission at 525 nm  was measured (using an excitation wavelength of 450 nm) on a Cary Eclipse 

Agilent (Santa Clara, CA) fluorescence spectrophotometer with slit widths set at 5 nm. The 

concentrations of SsuD bound to FMN-bound SsuE variants were calculated using Equation 3.1, 

in which [SsuE] is the concentration of SsuE used, I0 is the fluorescence intensity of FMN-bound 

[𝑆𝑆𝑆𝑆𝑆𝑆𝐷𝐷]𝑏𝑏𝑏𝑏𝑏𝑏𝑏𝑏𝑏𝑏 = [𝑆𝑆𝑆𝑆𝑆𝑆𝑆𝑆] 𝐼𝐼0−𝐼𝐼𝑐𝑐
𝐼𝐼0−𝐼𝐼𝑓𝑓

                                              Equation 3.3                            
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SsuE before SsuD titration. Ic represents the fluorescence intensity of SsuE after each SsuD 

addition while If is the fluorescence intensity after the final SsuD addition. The [SsuD]bound (y) was 

plotted against the total SsuD concentration, and the dissociation constant (Kd) was calculated 

using Equation 3.2. 

 

3.2.5 Evaluation of the Mechanism of Reduced Flavin Transfer between SsuE and SsuD  

To identify the role of protein-protein interactions in reduced flavin transfer, the previously 

generated inactive Y118A SsuE variant was utilized to compete with SsuE for interaction sites on 

SsuD in desulfonation assays.303 The reaction mixture contained SsuE (0.06 µM), FMN (2 µM), 

SsuD (0.06 µM), octanesulfonate (1 mM), NADPH (0.25 mM), and varying concentrations of 

Y118A SsuE (0.01-0.3 µM) in 25 mM Tris (pH 7.5), and 0.1 M NaCl in a total volume of 0.5 mL. 

The endpoint assay was initiated by the addition of NADPH and was incubated for 3 minutes at 

25 °C, and quenched with the addition of 8 M urea (167 µL).  The sulfite product was measured 

as previously described.61 An experiment to evaluate the dependence of desulfonation on the 

concentration of wild-type SsuE was performed in the absence of Y118A SsuE by varying wild-

type SsuE (0.01- 0.12 µM) at constant concentrations of substrates and SsuD as outlined above. 

3.2.6 Evaluation of the Oligomeric States of the Y118 SsuE Variants 

The molecular weights of the Y118 SsuE variants (50 µM) were determined using Agilent 

Bio SEC-3, 4.6 x 300 mm, 100 Å column loaded into a 1260 Infinity GPC/SEC chromatograph. 

The flow rate was 0.2 mL/min and the injection volume was 100 µL. The experiment was run with 

150 mM sodium phosphate (pH 7.0), and 100 mM NaCl. A gel filtration standard from Bio-Rad 

(1.35 to 670 kDa) was used to generate a curve for fitting the molecular weights based on retention 

𝑦𝑦 = (𝐾𝐾𝑑𝑑+𝑥𝑥+𝑛𝑛)−�(𝐾𝐾𝑑𝑑+𝑥𝑥+𝑛𝑛)2−4𝑥𝑥𝑥𝑥
2

                             Equation 3.4 
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times. The standard curve (Log of molecular weight versus retention time) was generated based 

on the elution time monitored at 280 nm.  

3.2.7 Crystallization of Y118A SsuE. 

The Y118A SsuE enzyme for three-dimensional studies was purified as previously 

outlined.2, 303 Following purification, the Y118A SsuE enzyme was buffer exchanged with 10 mM 

HEPES (pH 7.0), and 0.1 M NaCl, and concentrated to 11 mg/mL. Crystal growth was carried out 

by the hanging drop method at 24 °C. Drops containing 4 μL of purified SsuE Y118A protein at 

11 mg/mL were mixed with 2 μL of a reservoir solution of 0.1 M sodium citrate, 12.5% PEG 6000 

and small crystals (25 x 25 x 50 μm) formed by 3 – 4 days.  For data collection, crystals were 

soaked in a storage buffer of 0.1 M sodium citrate, 20% PEG 3350 followed by soaking in a cryo 

solution and serially washed in 0.1 M sodium citrate, 20% PEG 3350 supplemented with 20% 

(v/v) glycerol as a cryoprotectant for less than 30 s and flash cooled at -160 °C.  

3.2.8 Data Collection and Solution of the Three-Dimensional Structure of Y118A SsuE.  

Diffraction data (0.25° oscillation images for a total of 180°) were collected at the Stanford 

Synchrotron Radiation Laboratory (Stanford, CA) beamline 14-1 at a wavelength of 0.9795 Å at 

100 K.  The exposure time per frame was 9.92 s with a crystal to detector distance of 300.0 mm.  

The data were indexed and scaled with XDS to 2.12 Å.304  The crystals were assigned to the space 

group C2 with unit cell dimensions a = 82.68 Å, b = 41.67 Å, c = 96.04 Å, and β = 101.02° (Table 

3.1).  Molecular replacement calculations were performed using Phaser in the Phenix program 

suite, using molecule A of 4BTZ as the search model with all ligands including FMN, waters, and 

alternate conformations removed and all B factors set to 20, yielding a clear solution with a log 

likelihood gain of 697 with two molecules in the asymmetric unit.305   
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The model was improved with a round of Auto Build in PHENIX. Further model building 

and refinement were performed using Coot and Phenix Refine.306  Waters were added 

automatically in Phenix, and the positions were verified following a cycle of refinement.  Molecule 

A contains residues 1 – 183, and molecule B contains residues 1 – 173.  Ramachandran analysis 

by MolProbity showed good geometry with 98.0% of the residues in the favored region and no 

residues in the outlier region.  The model includes 64 water molecules and no FMN was present 

in either molecule.307 

 

Table 3.1: Data Collection and Refinement Statistics for Y118A SsuE  

  Apo Y118A SsuE 
Data collectiona   
Beamline 14-1 
Wavelength (Å) 0.9795 
Space group C2 
Cell dimensions; a, b, c (Å), β (°) 82.68, 41.67, 96.04, 101.02 
Resolution (Å) 37.07 - 2.12 (2.18 - 2.12) 
Rmerge

b 0.099 (0.604) 
Total observations 69578 (5405) 
Total unique observations 18557 (1457) 
Mean ((I) / sd(I)) 8.4 (2.0) 
Completeness (%) 95.8 (88.9) 
Redundancy 3.8 (3.7) 
Wilson B-factor 24.45 
Refinement   
Resolution (Å) 35.57 - 2.117 (2.193 - 2.117) 
Rcryst

c 0.1651 (0.1986) 
Rfree 0.2341 (0.2825) 
Total unique observations 18540 (1799) 
No. of non-hydrogen atoms   
Protein 2796 
Water 64 
rms deviation bonds (Å) 0.012 
rms deviation angles (°) 1.120 
Overall mean B-factor (Å2) 29.56 
Ramachandran plot analysisd   
Favored region 98.0 
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Allowed region 2.0 
Outlier region 0.00 
adata indexed and scaled with XDS 
bRmerge = Σh|Ih - <I>|/ΣhIh, where Ih is the intensity of reflection h, and <I> is the mean 
intensity of all symmetry-related reflections 
cRcryst = Σ||Fo| - |Fc||/Σ|Fo|, Fo and Fc are observed and calculated structure factor 
amplitudes. Five percent of the relections were reserved for the calculation of Rfree. 
dCalculated with MolProbity 

 

3.3 Results 

3.3.1 Site-Directed Mutagenesis and Purification of the Y118 SsuE Variants 

 The conserved π-helix centrally located at the tetramer interface in SsuE is derived from a 

Tyr118 insertion in helix α4 resulting into a bulge at the insertion point. To investigate the 

functional and structural roles of the π-helix in SsuE, several variants of Tyr118 were generated. 

A Tyr118 SsuE deletion variant was generated because the known π-helices in flavin reductases 

of two-component monooxygenase systems are associated with insertion of a tyrosine at the 

tetrameric interface position.62 The Y118S SsuE variant was generated to conserve the hydroxyl 

group of Tyr118, which is within hydrogen bonding distance to Ala78 across the tetramer 

interface. In addition, the Y118F SsuE variant was generated to conserve the phenyl group 

associated with the tyrosine residue.  

 All the variants including the previously generated Y118A SsuE variant were expressed and 

purified as previously described.2, 303  The Y118S SsuE variant was FMN-bound similar to the 

Y118A SsuE, but the Y118F and ΔY118 SsuE variants were flavin-free similar to wild-type 

SsuE.303 The molecular weight of ΔY118 SsuE enzyme was confirmed through mass spectrometry. 

Interestingly, the Y118S SsuE variant was FMN-bound as was previously observed with Y118A 

SsuE. There were no significant perturbations in the gross secondary structure of the Y118 SsuE 

variants compared to the wild-type SsuE based on circular dichroism spectra.  
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3.3.2 Steady-State Kinetics on Y118 SsuE Variants 

Flavin reductase assays were performed with the Y118 SsuE variants to determine if 

electron transfer was affected by the substitutions at the π-helix. The flavin reductase activity was 

monitored under steady-state kinetic conditions for the Y118S, Y118F, and ΔY118 SsuE variants 

monitoring oxidation of NADPH. The Y118S and ΔY118 SsuE variants could not sustain flavin 

reductase activity. However, the Y118F SsuE variant had a kcat/Km value of 4000 ± 30 μM−1 min−1 

comparable to the wild-type value of 2300 ± 200 μM−1 min−1 (Table 3.2). The Y118 SsuE  variants 

with an amino acid substitution gave comparable dissociation constants for binding FMN as wild-

type SsuE (Table 3.2).303  The ΔY118 SsuE variant had 10-fold lower binding affinity for flavin 

than wild-type SsuE.  

 

 kcat 

(min-1) 

Km 

(µM) 

kcat/Km 

(µM-1min-1) 

Kd 

(nM) 

Wild-type SsuE  255 ± 27 0.11 ± 0.02 2300 ± 200 17 

Y118A SsuEa   - - - 8.2 

Y118S SsuE - - - 7 

Y118F SsuE 316 ± 2 0.08 ± 0.02 4000 ± 30 50 

ΔY118 SsuE - - - 170 

 

Table 3.2: Steady-state kinetic parameters for the Y118 SsuE variants measuring NADPH-

dependent FMN reductase activity.  The flavin reductase assays were performed with Y118 SsuE 

(0.04 μM) at varying concentrations of FMN (0−1.5 μM) in 25 mM Tris-HCl (pH 7.5), and 100 

mM NaCl, with the NADPH concentration held constant (200 μM). The reaction temperature was 

maintained at 25 °C. a was previously reported in  303.   
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Flavin reductases of two-component systems must transfer reduced flavin successfully to 

the monooxygenase enzymes for the insertion of single oxygen atom(s) into respective substrates 

to occur. Coupled assays were performed to evaluate the ability of the Y118 SsuE variants to 

support desulfonation. There was no measurable desulfonation activity observed in coupled assays 

(monitoring sulfite production) with the Y118A, Y118S SsuE, and ΔY118 SsuE variants (Table 

3.3). However, desulfonation activity was observed with the Y118F SsuE variant with a kcat/Km 

value of 2.0 ± 0.5 μM−1 min−1 compared to the wild-type SsuE value of 2.2 ± 0.3 μM−1 min−1 

(Table 3.3). The desulfonation activities with the Tyr118 SsuE variants correlated with the 

observed flavin reductase activities.  

 

 kcat 

(min-1) 

Km 

(µM) 

kcat/Km 

(µM-1min-1) 

Wild-type SsuE  93 ± 7 43 ± 6 2.2 ± 0.3 

Y118A SsuEa - - - 

Y118S SsuE - - - 

Y118F SsuE 16 ± 4 8 ± 1 2.0 ± 0.5 

ΔY118 SsuE - - - 

 

Table 3.3: Desulfonation activity of wild-type SsuD with the Y118 SsuE variants.  Steady-state 

desulfonation kinetics coupling SsuE with SsuD in the presence of NADPH, FMN, oxygen, and 

octanesulfonate. The reaction mixture contained 0.2 µM of SsuD, 0.6 µM of SsuE, 2 µM FMN, 

and 0.5 mM NADPH with varying octanesulfonate (10 to 1000 µM). The desulfonation 

experiment was performed in 25 mM Tris (pH 7.5) and 0.1 M NaCl, at 25 °C. a was previously 

reported in  303.   
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3.3.3 Rapid Reaction Kinetics Studies on Y118 SsuE Variants 

Rapid-reaction kinetic experiments were performed with the Y118 SsuE variants to further 

evaluate the functional roles of the π-helix in flavin reduction and transfer to SsuD. The reductive 

and oxidative half-reactions were monitored at 450 nm under single-turnover conditions. The 

reductive half-reaction catalyzed by wild-type SsuE was followed by a lag phase in the presence 

of SsuD (Figure 3.1 and Figure 3.2). The lag phase was proposed to represent the transfer of 

reduced flavin from SsuE to SsuD which involves protein-protein interactions or conformational 

changes associated with the binding of reduced flavin by SsuD.  

Following the lag phase, an increase in absorbance at 450 nm was observed due to 

oxidation of the reduced flavin. This lag phase between flavin reduction and oxidation was not 

observed with wild-type SsuE alone (when SsuD and octanesulfonate are not included in the 

reaction) because the oxidation of reduced flavin occurs immediately following the reduction 

phase. The oxidative half-reaction was non-enzymatic because SsuD and octanesulfonate were not 

included in the reaction. The kinetic traces for Y118A, Y118S and ΔY118 SsuE variants showed 

the reductive half-reaction, but there was no measurable FMNH2 oxidation following the reductive 

half-reaction with these SsuE variants in the presence or absence of SsuD (Figure 3.1 and Figure 

3.2).  
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Figure 3.1: Rapid-reaction kinetics with Y118A SsuE. Stopped-flow kinetics monitoring 

flavin reduction and oxidation with Y118A SsuE in flavin reductase conditions only, or when 

coupled with SsuD for desulfonation. Kinetic traces of Y118A SsuE (○), and wild-type SsuE 

(○) when only FMN and NADPH are added; and for Y118A SsuE and SsuD (●), or wild-type 

SsuE and SsuD (●) when FMN, NADPH, and octanesulfonate was included in the reaction. 

The kinetic traces were monitored at 450 nm by mixing Y118A or wild-type SsuE (35 μM) 

with FMN (30 μM) and SsuD (35 μM when included), against NADPH (250 μM) and 50 μM 

octanesulfonate when SsuD was included. The experiments were performed in 25 mM 

potassium phosphate buffer, pH 7.5, at 4 °C.  
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Figure 3.2: Rapid-reaction kinetic with ΔY118 SsuE. Rapid reaction kinetics of ΔY118 SsuE 

(compared to wild-type SsuE) in flavin reductase conditions and when coupled with SsuD for 

desulfonation in the presence of oxygen. Kinetic traces of ΔY118 SsuE (○), and wild-type 

SsuE (○) when only FMN and NADPH are added; and for ΔY118 SsuE and SsuD (●), or wild-

type SsuE and SsuD (●) when FMN, NADPH, and octanesulfonate was included in the 

reaction. The traces were obtained as described in Figure 3.1.  
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3.3.4 Evaluation of the Oligomeric States of Y118 SsuE variants  

The oligomeric states of the Y118 SsuE variants were evaluated to determine the effect of 

substituting or deleting Tyr118 in SsuE on the quaternary structure of SsuE. The Tyr118 in SsuE 

is within hydrogen bonding distance to Ala78 across the tetramer interface that may play a role in 

tetramer stabilization, regulation of FMN binding, and in regulating oligomeric state changes.62, 

308 The π-helix in SsuE could also play a role in flavin reduction and in the transfer of the reduced 

flavin to SsuD. The ΔY118 and Y118F SsuE variants were tetramers but the flavin-bound Y118A 

and Y118S SsuE were dimers (Table 3.4).  Deflavination of Y118A and Y118S SsuE did not 

 Molecular 

Weight, kDa 

Oligomeric 

Structure 

Wild-type SsuE 73.4 ± 5.3 Tetramer 

Y118A SsuE 42.2 ± 1.4 Dimer 

FF Y118A SsuE 39.1 ± 0.1 Dimer 

Y118S SsuE 41.7 ± 1.3 Dimer 

FF Y118S SsuE 39.5 ± 0.1 Dimer 

Y118F SsuE 78.6 ± 5.9 Tetramer 

ΔY118 SsuE 84.1 ± 11 Tetramer 

Table 3.4: Evaluating the quaternary structure of the Y118 SsuE variants. The molecular 

weights of the Y118 SsuE variants (total concentration of 50 µM) were estimated using Agilent 

Bio SEC-3, 4.6 x 300 mm, 100 Å (0.1 - 100 kDa) column loaded into a 1260 Infinity GPC/SEC 

chromatograph and compared to monomeric weight of 21.3 kDa for the wild-type SsuE. The 

standard curve (Log of molecular weight versus retention time) was generated based on elution 

monitored at 280 nm.  
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convert the dimeric state of the variants into a tetramer implying the oligomeric states of Y118A 

and Y118S were independent of the presence of flavin (Table 3.3).   

 

3.3.5 Protein-Protein Interaction Studies between the Variants of Tyr118 in SsuE and 

Wild-Type SsuD 

Recent hydrogen-deuterium exchange mass spectrometry studies identified the protein-

protein interaction sites in both SsuE and SsuD.229 In the SsuE enzyme, the interacting regions 

include the π-helix located at the tetramer interface which is associated with a tyrosine residue 

(Tyr118) inserted at helix α4 resulting to a bulge at the point of insertion.62 Fluorimetric titrations 

were performed to evaluate the effect of perturbing the π-helix in SsuE on protein-protein 

interactions with SsuD. The Y118A and Y118F SsuE variants interacted with SsuD giving Kd 

values of 0.0059 ± 0.0006 μM and 0.010 ± 0.001 µM respectively, compared to a Kd value of 0.018 

± 0.001 µM for wild-type SsuE. The ΔY118 SsuE variant showed no change in flavin-based 

fluorescence with the addition of SsuD suggesting that a residue at position 118 of SsuE was 

required for the interactions between SsuE and SsuD.  

 
 
3.3.6 Evaluating the Mechanism of Reduced Flavin Transfer between SsuE and SsuD  

Competitive assays are an excellent tool for determining if the transfer of ligands between 

two proteins occurs through diffusion or involves protein-protein interactions.309 The 

desulfonation activity of SsuD was shown to be linearly-dependent on levels of wild-type SsuE 

which corresponded to an increase in protein-protein interactions and ultimately reduced flavin 

transfer to SsuD (Figure 3.3a). A desulfonation experiment was set up containing fixed amounts 

of SsuD and wild-type SsuE (in a 1:1 ratio), and with varying concentrations of Y118A SsuE. 
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a) 

 

b)  

 
 

Figure 3.3: Competitive assay to evaluate the mechanism of reduced flavin transfer between 

SsuE and SsuD. a) Linear-dependence of desulfonation activity of SsuD on [SsuE], b) Y118A 

and wild-type SsuE competes for the interaction sites in SsuD. 
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Unlike  the wild-type SsuE, the Y118A SsuE variant was unable to transfer reduced flavin to SsuD, 

and therefore could not support desulfonation activity.308 Because both Y118A and wild-type  

SsuE enzymes can interact with SsuD, the two would compete for the interaction sites in SsuD 

resulting to a decline in catalytic activity when coupled together. The observed desulfonation 

activity would only be dependent on the SsuD interaction sites occupied by wild-type SsuE 

because the Y118A SsuE cannot transfer reduced flavin. If the transfer of reduced flavin occurs 

through diffusion, the catalytic activity would not change with the increase in amounts of Y118A 

SsuE because the reduced flavin would diffuse through the bulk solution to SsuD. There was an 

initial decrease in desulfonation activity observed with increasing concentrations of Y118A SsuE 

suggesting that the Y118A SsuE was competing with wild-type SsuE for the interaction sites in 

SsuD (Figure 3.3b). The decrease in desulfonation activity reached a plateau after 1 equiv of 

Y118A SsuE was added. The observed desulfonation activity by SsuD was only dependent on the 

interaction with wild-type SsuE because the Y118A SsuE cannot transfer reduced flavin to SsuD. 

The ability of wild-type SsuE and the Y118A SsuE variant to compete for the protein interaction 

sites in SsuD during desulfonation in steady-state conditions suggests that channeling mechanism 

was the mode of reduced flavin transfer between the alkanesulfonate monooxygenase system 

enzymes.   

 

3.3.7 Determination of Three-Dimensional Structure of Y118A SsuE.  

Previous studies showed that SsuE enzyme exists as a tetramer, is flavin-free as purified, 

and utilizes flavin as a substrate.57 Flavin binding in SsuE triggers an oligomeric state shift from a 

tetramer to a dimer.62 A π-helix resulting from a tyrosine residue (Tyr118) insertion created a bulge 

at the tetramer interface.62 Three-dimensional structural studies of the FMN-bound and 
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deflavinated Y118A SsuE were solved through 

X-ray crystallography (personal communication 

with our collaborator; Dr. Audrey Lamb). The 

holoY118A SsuE was obtained with a 

resolution 1.95 Å, existed as a dimer and had the 

flavin molecule exposed. Interestingly, the 

isoalloxazine ring of the FMN-bound to Y118A 

SsuE was drastically “flapping” over the active 

site. Upon reduction, the reduced Y118A SsuE 

(also a dimer obtained with a resolution of 1.9 

Å) adopted a conformation different from that 

of the oxidized holo Y118A SsuE variant. 

Deflavination of Y118A SsuE was performed to 

establish the effect of the bound flavin in the 

oligomeric state of Y118A SsuE. The three-dimensional structure of the apoY118A SsuE was 

obtained with a resolution of 2.1 Å and space group of C2 existed as a dimer (Figure 3.4). 

Comparing the deflavinated Y118A SsuE structure to that of wild-type, the π-helix region in wild-

type SsuE was now an α-helix in Y118A SsuE. The X-ray crystallography data obtained with the 

holo and apoY118A SsuE correlated with the results from size exclusion structural studies.  

  

 
Figure 3.4: Structural characterization of 

Y118A SsuE variant (apo) shows it exists 

as a dimer. 
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3.4 Discussion  

Understanding the structural properties of enzymes is pivotal to comprehending their 

functionalities. Several factors are key for protein folding among them; random and selective 

polypeptide chain behavior, optimization of energetics, and favorable geometry.310, 311 The chief 

secondary structures in protein architecture are α-helices and β-sheets.208 Helical structures are the 

dominant secondary structures in the majority of proteins and are classified into α-helices, 310-

helices, and π-helices based on the backbone hydrogen bonding pattern.208 The α, 310, and π-helical 

protein structures are conventionally assigned based on hydrogen bonding trends between the 

carboxyl group of amino acid i and the amino group of amino acids i + 3, i + 4, and i + 5 

respectively.312  Protein evolution shapes the structural properties of proteins to optimize their 

functions, or adjust the functions based on environmental pressures.313 The π-helices are 

characterized by a single-residue insertion into α-helices forcing a structural bulge as a result of 

five residues per turn. The π-helices are evolutionally designed to augment existing protein 

functions, or confer the enzymes with new catalytic roles.207  

Structural studies on SsuE identified a π-helix located at the tetramer interface that evolved 

through a tyrosine residue insertion (Tyr118) in helix α4 of this flavodoxin-folded protein.62 The 

π-helix is highly conserved at the tetramer interface in flavin reductases of two-component 

monooxygenase systems.62 Only histidine appears to mimic the role of tyrosine in generating π-

helices in flavin reductases of two-component monooxygenase systems. The hydroxyl group of 

Tyr118 in SsuE forms a hydrogen bond with the carboxyl group of Ala78 across the tetramer 

interface which may assist in stabilizing the tetrameric structure.62 The amino group of Ala78 also 

docks FMN in the active site of SsuE through hydrogen bonding.62 Substitution of Tyr118 in SsuE 

with Ala generated an FMN-bound Y118A SsuE variant which displayed kinetic properties 
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significantly different from wild-type SsuE enzyme.303 The wild-type SsuE utilizes flavin as a 

substrate with a preference for FMN over FAD and hence, the Y118A SsuE variant retained the 

specificity for FMN.57, 303  The flavin in Y118A SsuE was tightly bound and was not released 

following reduction. Interestingly, the Y118A SsuE variant did not support continuous turn-over 

in flavin reductase assays. In addition, there was no desulfonation activity in coupled assays with 

SsuD monitoring sulfite production. The rapid reaction kinetic traces for Y118A SsuE variant 

showed the reductive half-reaction, but no measurable FMNH2 oxidation either in single enzyme 

assay, or when both SsuD and octanesulfonate were included. Although the reduced Y118A SsuE 

variant had slow NADPH oxidase activity, it supported the transfer of electrons to other electron 

acceptors.303  

Additional variants of Tyr118 in SsuE were generated and experimental approaches 

implemented to further assess the catalytic and structural effect of mutating the π-helix in SsuE. 

Substitution of Tyr118 with serine generated an FMN-bound Y118S SsuE variant that displayed 

no measurable reductive or desulfonation kinetic activity as was previously observed with Y118A 

SsuE variant.303 Substitution of Tyr118 with serine eliminated the aromatic group but maintained 

a hydroxyl group that could participate in hydrogen bond formation across the tetramer interface 

with Ala78. However, the serine residue is less bulky and has a shorter side chain compared to the 

tyrosine residue which could influence the architecture at the tetramer interface by forming a weak 

hydrogen bond with Ala78. The substitution of Tyr118 with Phe in Y118F SsuE eradicates the 

hydroxyl group in tyrosyl side chain which would prevent formation of the hydrogen bond with 

Ala78. The Y118F SsuE variant was flavin-free and had comparable flavin reductase and 

desulfonation activities as wild-type SsuE enzyme, suggesting the aromatic side chain of Tyr118 

was required for catalysis. In addition, the binding affinity of Y118F SsuE for FMN was 
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comparable to that of wild-type SsuE. These kinetic similarities between Y118F and wild-type 

SsuE could be attributed to π-stacking interactions maintained at the tetramer interface by the 

phenyl groups of phenylalanine. Aromatic 

amino acids are often involved in π-π 

stacking interactions if the distance 

between them is < 7 Å.314, 315 The phenyl 

rings of Tyr118 in SsuE are ~5.3 Å apart 

which confers the tetrameric core with 

both parallel-displaced and/or sandwich π-

stacking interactions (Figure 3.5).316 

Therefore, multiple non-covalent 

interactions may play a role in stabilizing 

the tetrameric structure of SsuE and are 

requisite for catalytic activity. Our 

structural analysis on EmoB and 3k1y 

show that the π-stacking distances and 

hydrogen bond interactions are also 

maintained by the π-helical tyrosine in these flavin reductases of two-component monooxygenase 

systems.172, 317  

Since the π-helices in flavin reductases of two-component monooxygenase systems 

evolved through a tyrosine or histidine insertion, the Tyr118 residue was deleted (generating 

ΔY118 SsuE) to reverse the residue insertion in SsuE.62 This deletion eliminated both the phenyl 

and hydroxyl groups of Tyr118 in SsuE. Further, the deletion should decrease the number of amino 

5.3 Å

5.3 Å

 

 

Figure 3.5: The Tyr118 in SsuE are within π-

stacking distance which stabilize the quaternary 

structure of SsuE.  
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acids per turn from five (π-helix in wild-type SsuE) to four (α-helix) in the ΔY118 SsuE variant. 

The ΔY118 SsuE variant had no measurable flavin reductase and desulfonation activity. Following 

the reductive half-reaction with Y118A SsuE variant there was no measurable FMNH2 oxidation 

in rapid reaction kinetic traces in single enzyme assay, or when both SsuD and octanesulfonate 

were included. In addition, the ΔY118 SsuE variant had a 10-fold decrease in flavin affinity 

compared to the wild-type SsuE. Flavin binding in flavin reductases is dominated by 

serine/threonine-related hydrogen bonds of the flavin side chain and π-stacking interactions of the 

isoalloxazine ring with aromatic residues. The mutation of Tyr118 should not adversely affect the 

binding affinity of flavin because other flavin binding interactions were maintained. Although the 

creation of π-helices is unfavorable, the removal of a π-helix becomes even more energetically 

unfavorable after the π-helix has been developed and accommodated in a protein. The deletion of 

the insertion residue in the π-helix of a heat shock transcription factor created an α-helix but 

resulted into an unstable protein.264 Deletion of the π-helix insertional conserved residue (Ser 456) 

in GABA transporters GAT-1 decreased activity by ~92%. This π-helix was reported to regulate 

gating and coupling electrogenic ion and substrate fluxes.254 The deletion or substitutions of the π-

helix insertion residue or nearby residues in GABA transporter proteins GAT-1 adversely affected 

gating and coupling of ions and substrates.254 

Protein oligomerization (the interactome of tertiary structures resulting in formation of 

complex protein structures) enhances the effective concentration of active sites, stabilizes the 

protein’s three-dimensional structures, and is an efficient method for regulating enzyme 

activity.290, 291  The SsuE enzyme exists as a tetramer, but in the presence of the substrate FMN it 

shifts into a dimeric state.62 Closer scrutiny of the SsuE tetramer shows that the active site is located 

near the tetramer interface suggesting the oligomeric switch exposes the active site of SsuE for 
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catalysis and facilitate reduced flavin transfer to SsuD. Although oligomerization may not be a 

requirement for activity, the active sites in several oligomeric enzymes are found in the oligomeric 

interfaces.290, 291  The Tyr118 residue in SsuE is within hydrogen bonding distance to Ala78 across 

the tetramer interface and has been linked to tetramer stabilization, regulation of FMN binding, 

and oligomeric state changes in SsuE.62, 308 Size exclusion chromatography studies on Tyr118 

SsuE variants suggests the π-helix may regulate the observed oligomeric state shifts in SsuE. The 

Y118A and Y118S SsuE variants are FMN-bound as purified and exist as dimers which 

correspond with previous observations on flavin-bound SsuE. The dimeric structures were 

maintained even when the Y118A and Y118S SsuE enzymes were deflavinated. However, the 

Y118A and Y118S SsuE showed no flavin reductase or desulfonation activity when coupled with 

SsuD. The Y118F SsuE is flavin-free as purified and exists as a tetramer. Substitution of Tyr118 

with phenylalanine (Y118F SsuE) eliminated the hydroxyl group of tyrosine, potentially leading 

to the disruption of the hydrogen bond network. However, the Y118F SsuE variant may be able to 

maintain π-stacking interactions at the tetramer interface that facilitates tetramer stabilization and 

catalytic activity. The ΔY118 SsuE variant was predominantly tetrameric even in the presence of 

flavin. The deletion of Tyr118 may have disrupted both π-stacking and hydrogen bonding 

interactions required for the regulation of oligomeric changes. Alternatively, the π-helix mutation 

may have created a disordered region that no longer supported relevant noncovalent interactions 

required for catalysis. Substitution of the residues involved in regulation of the oligomeric states 

of proteins often result in a loss of enzyme activity.292 For instance, a single amino acid mutation 

destabilized the dimer of Vibrio harveyi flavin reductase.318 In addition, substitution of the amino 

acid that regulates the quaternary structure of lactate dehydrogenase from dimer to tetramer 

stabilized the tetrameric structure.319  
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Oligomeric state changes are common structural phenomena manifested in various flavin 

reductases. The roles and regulations of these oligomeric changes have not been investigated. The 

existence of flavin reductases in different oligomeric states could be critical in the regulation of 

catalytic events and for preventing futile reactions. A monomer-dimer equilibrium was shown to 

exist with the NADPH:FMN reductase from Vibrio harveyi associated with the bacterial luciferase 

system in both apo and native enzymes.293 Half-site activity was observed with LuxG, a dimeric 

flavin reductase associated with bacterial luciferase (LuxAB) system in Photobacterium leiognathi 

(TH1). This half-site activity was attributed to oligomeric state changes during catalysis.294 A 

dimer-tetramer equilibrium that is dependent on enzyme concentration was observed with FerB, 

an NADPH:FMN reductase of  Paracoccus denitrificans.295 It was previously observed (in 2006 

review) that the flavodoxin structures did not show obvious FMN binding sites and required major 

conformational changes to adopt a more open conformation.320 That observation holds true today 

on several flavin reductases and the oligomeric state changes could be the answer. For instance, 

oligomeric state changes have not been reported with EmoB despite its structural similarity with 

SsuE. However, the flavin binding sites in EmoB are located near the dimer-dimer interface and 

would not be accessible for flavin binding, reduction and transfer in the tetrameric form.171, 172  

The trafficking of reduced flavin in two-component flavin-dependent systems captures 

interest because of the unstable nature of free reduced flavin. If not successfully delivered to the 

intended oxygenase enzyme, reduced flavin could undergo non-enzymatic oxidation producing 

reactive oxygen intermediates. The mechanism of reduced flavin transfer in two-component flavin 

systems could occur through diffusion, direct channeling, or both. In free diffusion, the reduced 

flavin diffuses through the bulk solution from the flavin reductase to the monooxygenase 

enzyme.157, 228, 229 The direct channeling mechanism involves protein-protein interactions between 
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the flavin reductase and the oxygenase.161, 228 Protein-protein interactions were previously 

observed between SsuE and SsuD through affinity chromatography and fluorimetric studies 

indicating a channeling mechanism as the likely mechanism of reduced flavin transfer from SsuE 

to SsuD.215 The protein-protein interaction sites between SsuE and SsuD were identified through 

hydrogen-deuterium exchange studies.229 Perturbation of the interaction sites in SsuD through site-

directed mutagenesis resulted in the loss of desulfonation activity implying that reduced flavin was 

not being transferred from SsuE to SsuD.229 

Some of the residues which constitute the π-helix in SsuE including Tyr118 were implicated 

to be involved in protein-protein interaction with SsuD.229 To evaluate the effect of perturbing the 

π-helix in SsuE on protein-protein interactions with SsuD, fluorimetric titrations of Y118 SsuE 

variants with SsuD were performed. All the Y118 SsuE variants (except ΔY118 SsuE variant) 

interacted with SsuD with comparable affinities to that of wild-type SsuE, suggesting the 

substitution of Tyr118 did not adversely affect protein-protein interactions with SsuD. However, 

the deletion of Tyr118 adversely affected the ability of SsuE to interact with SsuD suggesting that 

an amino acid residue at position 118 in SsuE was required for interaction with SsuD to occur.  

A competition desulfonation assay was performed to further evaluate protein-protein 

interactions between SsuE and SsuD and to probe on the mechanism of reduced flavin transfer 

using the Y118A SsuE variant.309 Unlike wild-type SsuE, the Y118A SsuE variant does not 

support reduced flavin transfer to SsuD because the reduced flavin remains tightly bound.308 

Consequently, the Y118A SsuE variant does not support desulfonation of alkanesulfonates by 

SsuD.308 However, the Y118A SsuE variant is able to interact with SsuD. In a desulfonation 

reaction mixture coupling SsuD with both wild-type SsuE and Y118A SsuE variant, the SsuE 

enzymes should compete for the interaction sites on SsuD. As such, the desulfonation activity 
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observed with SsuD would only be dependent on wild-type SsuE and not on Y118A SsuE because 

only SsuE can provide SsuD with reduced flavin. There was an initial decrease in desulfonation 

activity as the concentrations of Y118A SsuE increased suggesting a competition existed between 

the SsuE enzymes for the interaction sites on SsuD. There was no significant change in 

desulfonation activity after 1 equiv of Y118A SsuE was added. If the transfer of reduced flavin 

between SsuE and SsuD occurs through diffusion, the catalytic activity would not decrease with 

increase in Y118A SsuE because the reduced flavin would diffuse through the bulk solution to 

SsuD. Protein-protein interactions bring the active sites of flavin reductase and monooxygenase 

enzymes in proximity facilitating direct transfer of reduced flavin and minimizing the crowding 

effect. In addition, the monooxygenase enzymes usually have characteristic high-affinity for 

reduced flavin which expedites the transfer and the binding of reduced flavin.61 The interactions 

between SsuE and SsuD alters the kinetic mechanism of SsuE from sequential kinetic mechanism 

(during flavin reduction) to a rapid equilibrium-ordered mechanism during desulfonation (when 

SsuD and octanesulfonate are included).2 Protein-protein interactions minimizes uncoupling of 

reduced flavin which would result in non-enzymatic oxidation generating reactive oxygen species. 

The channeling mechanism (as observed between SsuE and SsuD) also minimizes expenditure of 

NADH and NADPH for continued flavin reduction. Some two-component flavin systems have 

been shown to utilize both protein complexion and free diffusion under specified conditions.201, 

296, 321  

The perturbation of the π-helix in SsuE through generation of Y118A SsuE resulted into a 

canonical flavoprotein SsuE variant.303 Three-dimensional structural studies of the FMN-bound 

and deflavinated Y118A SsuE were solved through X-ray crystallography (personal 

communication with our collaborator; Dr. Audrey Lamb). The deflavinated and flavin-bound 
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Y118A SsuE were dimers in three-dimensional 

structures and through size exclusion 

chromatography, implying the π-helix 

perturbation impaired the tetramer formation. 

The structural effects of mutating Tyr118 in 

SsuE were not only manifested by the 

conversion of the tetramer SsuE enzyme to a 

dimer, but also in the conversion of the π-helix 

in wild-type SsuE to an α-helix in Y118A SsuE 

(Figure 3.6). The formation of π-helices 

requires an alignment of five amino acid 

residues to allow (i←i + 5) hydrogen bond which is energetically unfavorable and requires a large 

entropic energy.236  Natural π-helices typically have seven residues that have two π-type hydrogen 

bonds.208 The π-helix in wild-type SsuE contains two consecutive π-type hydrogen bonds (3.0 and 

3.3 Å) characterized by five amino acids per turn. However, the generation of Y118A SsuE 

resulted in tighter hydrogen bonds (2.0 and 2.1 Å) in the same region with four amino acids per 

turn. This is characteristic of an α-helix and reveals that the π-helix in wild-type SsuE converted 

into an α-helix in the Y118A SsuE variant. This information coupled with previous secondary 

structural studies, suggests that circular dichroism spectroscopy was unable to distinguish between 

π-helix in wild-type SsuE and α-helix in the Y118A SsuE.303 This shortcoming of circular 

dichroism spectroscopy has been previously observed with other systems.252-254 Although wild-

type SsuE undergoes flavin-induced oligomeric state changes to dimer, it was not clear how the 

tetramer dissociates.62 The dissociation of the SsuE tetramer could generate dimers AB/CD, AC/ 

Wild-type SsuE Y118A SsuE

 

Figure 3.6: Comparison of the π-helix region 

of wild-type SsuE with the α-helix in Y118A 

SsuE variant. 

 



133 
 

BD, or AD/BC (Figure 3.7). The three-dimensional dimeric structure of apo Y118A SsuE (Figure 

3.4) corresponds to the AC/BD dimers of the wild-type SsuE (Figure 3.7).  

 

 

Upon reduction, the Y118 SsuE variants showed slow oxygen reactivity in both single-

turnover and steady-state kinetic conditions.303 Flavoproteins show diverse reactivities with 

dioxygen but there is no consensus into the structural features that facilitate activation of dioxygen 

by flavin reductases.322 This oxygen-insensitivity by Y118 SsuE variants suggest the π-helix in 

SsuE may play a role in regulating oxygen reactivity with reduced flavin. In the three-dimensional 

structure of Y118A SsuE, the flavin molecule is exposed and highly mobile. The reduction of 

Y118A SsuE leads to conformational changes significantly different from that of oxidized Y118A 

SsuE (personal communication with our collaborator; Dr. Audrey Lamb). Despite the flavin 

molecule in Y118A SsuE variant being exposed which favors oxygen accessibility, the Y118A 

SsuE shows slow oxygen reactivity. For oxygen reactivity in flavoproteins, the active sites should 

favor oxygen accessibility to the flavin molecule and allow dioxygen reactivity with the reduced 

A

C

B

AC/BD Dimer

D

AB/CD Dimer AD/BC DimerSsuE Tetramer

FMN

 

Figure 3.7: SsuE exists as a tetramer (85.2 kDa) but in the presence of flavin, the tetramer 

dissociates into dimer (42.6 kDa).  

 

 



134 
 

flavin.323 However, accessibility of the flavin bound on flavoproteins to oxygen does not always 

translate to oxygen reactivity.  For instance, flavocytochrome b2 has a fully exposed flavin which 

is accessible to oxygen but it reacts slowly with oxygen.160, 324 The difference in oxygen reactivities 

with flavoproteins continue to be fascinating and interesting field in understanding flavin-

dependent chemistries.322 Some nitroreductases are oxygen-insensitive and support flavin-

dependent electron transfer to nitro compounds in the presence of oxygen. However, there is no 

consensus on the structural features that control oxygen reactivity in these flavin reductases.325-327 

These results on Y118 SsuE variants are novel and are fundamental in further assessment of 

oxygen reactivity and reduced flavin stabilization on SsuE and other NAD(P)H flavin reductases 

which has been difficult to assess due to the release reduced flavin.  

In conclusion, the insertion of Tyr118 insertion crafts a π-helix at the tetramer interface 

essential for flavin binding, flavin reduction, protein-protein interactions, and flavin transfer. The 

π-helical structure is essential for regulation of oligomeric state changes and could be involved in 

regulating oxygen reactivity. Certain structural features and sequences mediate oligomerization 

and protein–protein interactions in two-component flavin-dependent oxygenase systems. A recent 

study uncovered enabling surface loops that mediated protein interactions while disabling surface 

loops prevented unwanted interactions.328 The π-helix appear to be a key structural feature that 

augments oligomerization and protein–protein interactions in FMN reductases of two-component 

systems. These structural characterization and kinetic studies on variants of Tyr118 in SsuE are 

requisite in determining the evolutionary roles of π-helix in flavin reductases of two-component 

monooxygenase systems.   
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CHAPTER FOUR 

4 Investigations on the Conformational Changes in SsuE and Role of the Loop Region in 

SsuD during Catalysis 

4.1 Introduction 

Enzymes are not static and often adopt different conformations which correlate to the 

functional state of the enzyme. Conformational changes have been investigated in the 

alkanesulfonate monooxygenase enzymes (SsuE and SsuD) through three-dimensional structural 

studies, kinetic experiments, and computational simulations. Understanding the conformational 

changes in the two-component flavin-dependent monooxygenase systems provide insights into the 

catalytic events leading to flavin reduction by the flavin reductases, the mechanism of reduced 

flavin transfer to the associated monooxygenase enzymes, and the insertion of oxygen atoms into 

corresponding substrates by the monooxygenase enzymes. The different conformational state 

changes reported with the alkanesulfonate monooxygenase system range from quaternary state 

changes in SsuE to flexible loop movement in SsuD, which have been shown to be critical for 

catalysis and in flavin transfer between the two enzymes.62, 170, 215, 216, 218, 222, 303  

Flavin binding in the SsuE enzyme  culminates into robust conformational changes resulting 

into quaternary structural changes from a tetramer into a dimer.62 Oligomeric state changes are 

increasingly being identified in flavin reductases, but not much is known on how the quaternary 

structural changes influence catalysis and how they are regulated.293-295 The SsuE enzyme supplies 

SsuD with reduced flavin for desulfonation of alkanesulfonates during sulfur limitation in 

bacteria.57 It is not known how oligomeric state changes in SsuE are influenced by the presence of 

SsuD, and during reduced flavin transfer.57 The channeling mechanism of reduced flavin transfer 
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from SsuE to SsuD involves protein-protein interaction which may promote structural changes in 

both enzymes.171, 194, 215, 218, 229  

The SsuD enzyme is a monooxygenase enzyme and utilizes reduced flavin supplied by SsuE 

to activate molecular oxygen for the desulfonation reaction. The SsuD enzyme belongs to the 

bacterial luciferase family and has a TIM-barrel fold. Like most TIM-barrel proteins, SsuD enzyme 

has its active site positioned at the C-terminal end of the β-barrel.209-212 The SsuD enzyme deviates 

from other TIM barrel proteins by having numerous insertion regions. One insertion region in 

SsuD is largely unresolved in the three-dimensional structure and is located at the putative active 

site. The insertion region in SsuD was shown to be highly flexible and characterized by major 

conformational changes.211, 218 This unresolved region is conserved in SsuD homologs and has 

been proposed to close over the active site during catalysis.61, 218 Partial deletions of the loop region 

in SsuD did not affect the secondary structure of SsuD, but the deletion variants were catalytically 

inactive.218 Herein, we utilize site-directed spin labeling (SDSL) electron paramagnetic resonance 

(EPR) spectroscopy to probe potential oligomeric changes in SsuE in the presence of substrates 

and SsuD. We also utilize computational and experimental approaches to investigate the 

conformational changes in the loop region of SsuD.  

4.2 Materials and methods 

4.2.1 Materials 

E. coli strains (XL-1 and BL21(DE3)) were purchased from Stratagene (La Jolla, CA). Plasmid 

vectors and pET21a were obtained from Novagen (Madison, WI). DNA primers were synthesized 

by Invitrogen (Carlsbad, CA). Ampicillin, streptomycin sulfate, ammonium sulfate, reduced 

nicotinamide adenine dinucleotide phosphate (NADPH), flavin adenine dinucleotide (FAD), 

flavin mononucleotide (FMN), glycine, lysozyme, potassium phosphate (monobasic anhydrous 
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and dibasic anhydrous), dimethyl sulfoxide (DMSO), 5,5-dithiobis-(2-nitrobenzoic acid) (DTNB), 

and urea were obtained from Sigma (St. Louis, MO). Isopropyl-β-D 1-thiogalactoside (IPTG), 

sodium chloride and glycerol were obtained from Macron Fine Chemicals (Center Valley, PA). 1-

octanesulfonate was purchased from Fluka (Milwaukee, WI). MTSSL (1-oxyl-2,2,5,5-

tetramethyl-3-pyrroline-3-methyl) was purchased from Toronto Research Chemicals.  

4.2.2 Construction of SsuE and SsuD Variants.  

Recombinant pET21a plasmid containing the ssuE and ssuD genes were separately used to 

construct the SsuE and SsuD variants. The GAA codon for Glu20 and the GAT codon for Asp111 

were substituted with the Ala codon (GCG) in SsuD. For SsuE, the Trp36 codon (TGG) was 

substituted with the Cys codon (TGC) to generate W36C SsuE. Confirmation of the resultant ssu 

variants was performed through DNA sequence analysis. Confirmed variants were transformed 

into E. coli BL21(DE3) competent cells for protein expression, and glycerol stocks of wild-type 

SsuD and SsuE and their variants were stored at -80 °C. The variants were purified as previously 

reported.2 The SsuD enzyme concentrations were determined spectrophotometrically using a 

molar absorption coefficient of 47900 M−1 cm−1 at 280 nm. The concentrations of wild-type SsuE 

and W36C SsuE enzymes were determined spectrophotometrically using a molar absorption 

coefficient of 20340 M−1 cm−1 and 15930 M−1 cm−1 respectively at 280 nm.2  

4.2.3 SDSL EPR Spectroscopy Studies on SsuE  

Following purification of W36C SsuE, covalent spin labeling of W36C SsuE with 

sulfhydryl-specific methanethiosulfonate spin label (MTSSL) was performed. The MTSSL (1-

oxyl-2,2,5,5-tetramethyl-3-pyrroline-3-methyl) purchased from Toronto Research Chemicals 

contains a stable free radical. A 2 mM final concentration of MTSSL was added to 3 mL of 190 

µM W36C SsuE and the mixture incubated at 4 °C overnight. Unreacted MTSSL was removed 
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through buffer exchange in an Amicon® Ultra-4 centrifugation filter (10 kDa MWCO). The 

mixture was washed with 25 mM potassium phosphate (pH 7.5), 0.1 M NaCl, and 10% glycerol 

five times through centrifugation (4424 x g) for 20 min at 4 °C. The concentration of spin-labeled 

W36C SsuE was 110 µM in 4 mL resulting in a 77% yield. The SL (spin-labeled) W36C SsuE 

variant was confirmed through mass spectrometry. Desulfonation assays were performed under 

steady-state kinetic conditions with both spin-labeled and unlabeled W36C SsuE, as previously 

outlined.61 

Continuous wave EPR spectra were obtained at X-band (9 GHz) frequency on a Bruker EMX 

spectrometer (Bruker Biospin Corporation, Billerica, MA), fitted with the ER-4119-HS high 

sensitivity perpendicular-mode cavity. A temperature of 77 K was maintained by fitting the cavity with 

a liquid nitrogen finger Dewar. The spectra were recorded at a field modulation frequency of 100 kHz, 

a modulation amplitude of 0.1 mT, and a frequency of 9.413 GHz. All samples contained either 

unlabeled or SL W36C SsuE (60 µM) in 300 μL total volume and were prepared in 25 mM 

potassium phosphate (pH 7.5), 0.1 M NaCl, and 10% glycerol. Three separate solutions of 

NADPH-bound SL W36C SsuE, NADPH-bound SL W36C SsuE mixed with SsuD, and FMN 

were made anaerobic by alternate purging of high purity argon gas and evacuation for 20 min. 

Both NADPH-bound SL W36C SsuE and NADPH-bound SL W36C SsuE-SsuD samples were 

mixed with FMN and rapidly frozen quenched in an anaerobic chamber (summarized in Table 

4.1). Unlabeled W36C SsuE, SL W36C SsuE, SL W36C SsuE with SsuD, FMN-bound SL W36C 

SsuE, FMN-bound SL W36C SsuE with SsuD, the MTS spin label alone, FMN mixed with the 

spin label, and FMN alone, were prepared under aerobic conditions (summarized in Table 4.1). 
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4.2.4 Computational and Experimental Studies on the Loop Region in SsuD 

Computational simulation studies were performed to further investigate the loop movement 

in SsuD during catalysis.329 The conformational changes were monitored using Amber (over a 

1000 ns accelerated molecular dynamics simulation) comparing SsuD with no substrate bound, 

SsuD with both FMN and octanesulfonate (OCS) bound, and SsuD with reduced flavin and OCS 

bound.329  The molecular dynamics simulation  also identified the key residues on the loop region 

during catalysis. Site-directed mutagenesis studies and kinetic assays were performed on SsuD to 

experimentally evaluate the catalytic roles of the residues identified. 

• Unlabeled W36C SsuE • MTS spin label 

• SL W36C SsuE • FMN mixed with the spin label 

• SL W36C SsuE + SsuD • FMN alone 

• SL W36C SsuE + FMN • SL W36C SsuE + FMN + NADPH 

• SL W36C SsuE + SsuD + FMN • SL W36C SsuE + SsuD + FMN + NADPH 

 

Table 4.1: Different conditions for SDSL EPR analysis of W36C SsuE enzyme. The samples 

that included both FMN and NADPH mixed with either SL W36C SsuE, or SL SsuE and SsuD 

were prepared anaerobically. The rest of sample mixtures highlighted were prepared in the 

presence of oxygen. The samples contained either unlabeled or SL W36C SsuE (60 µM in 300 

μL total volume) and were prepared in 25 mM potassium phosphate (pH 7.5), 0.1 M NaCl, and 

10% glycerol. The NADPH and FMN concentrations were 60 µM when included.  
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4.3 Results 

4.3.1 Site-Directed Spin Labeling EPR Spectroscopy 

SDSL-EPR spectroscopy involves the use of thiol reactive spin labeling compounds (Figure 

4.1) to probe conformational changes and dynamics of thiolated proteins.330 Because SsuE and 

SsuD enzymes are sulfur scavenging, SsuE contains no cysteine in its structure. A cysteine residue 

was introduced through site-directed mutagenesis (W36C SsuE) at a site away from the active site 

and the tetramer interface of SsuE (Figure 4.2). The SL W36C SsuE was purified as previously 

described, followed by covalent labeling with MTS. The W36C SsuE variant was purified in the 

presence and absence of DTT to ensure that the cysteine residue remained reduced. Both 

preparations effectively reacted with the MTS spin label. The SL W36C SsuE variant was 

confirmed through mass spectrometry giving a mass of 21352 Da which correlated with a mass of 

W36C SsuE (21170 Da) with covalently attached spin label (183 Da) (Figure 4.3).  
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Figure 4.1: Commonly used nitroxide-based spin labels for SDSL EPR. A. Proxyl-

iodoacetamide (IAP) B. Proxyl-maleimide (MLS) C. Proxy-methanethiosulfonate (MTSL) D. 

Reaction between cysteine residue and MTSL with dihedral angles labeled X1 through X5. 

(Adapted from 331). 
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Figure 4.2: Spin labeling of SsuE for EPR studies. A cysteine was introduced at the blue-

highlighted outer regions of SsuE (away from the active site and from the tetramer interface) 

resulting into the W36C SsuE variant. Methanethiosulfonate spin label was reacted with W36C 

SsuE generating SL W36C SsuE. 
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  Desulfonation assays were performed with W36C SsuE (before and following spin 

labeling) to determine if the mutation or labeling affected catalysis. The W36C SsuE enzyme gave 

a kcat/Km values of 2.6 ± 0.6 comparable to the wild-type SsuE (2.1 ± 0.1 µM-1min-1) suggesting 

the mutation did not affect activity. In addition, the spin-labeling of W36C SsuE enzyme did not 

 
 

Figure 4.3: Mass spectrometric analysis of spin-labeled W36C SsuE. The SL W36C SsuE had 

a mass of 21352 Da compared to a mass of 21170 Da before spin labeling and 21253 Da for 

the wild-type SsuE enzyme. 
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affect the enzymes ability to reduce flavin and the transfer it to SsuD and gave a kcat/Km value of 

3.6 ± 1.2 µM-1min-1 (Table 4.2). 

 

EPR studies were performed to investigate spin labeled SsuE under various experimental 

conditions (Table 4.1). The unlabeled W36C SsuE was EPR silent because it lacked an unpaired 

electron (Figure 4.4). Spin labeling of W36C SsuE introduced a stable free radical enabling studies 

on SsuE through EPR. There were minor changes in the EPR signal with SL W36C SsuE when 

either NADPH, SsuD, or both NADPH and SsuD were added. Notably, the signal diminished 

significantly in the samples containing SL W36C SsuE mixed with FMN, or when SL W36C was 

mixed with both FMN and SsuD (Figure 4.4 and Figure 4.5). However, when the sample mixture 

supported flavin reduction (SL W36C SsuE, FMN and NADPH, or SL W36C SsuE, SsuD, FMN 

and NADPH), the EPR signals were comparable to SL W36C SsuE alone (Figure 4.4 and Figure 

4.5). There was a slight increase in EPR signal when SL W36C SsuE was mixed with both FMN 

and SsuD compared to when the SL W36C SsuE mixed with FMN. Interestingly, there was a 

similar increase in the EPR signal when SL W36C SsuE was mixed with SsuD, FMN, and 

 kcat 

(min-1) 

Km 

(µM) 

kcat/Km 

(µM-1min-1) 

Wild-type SsuE 50.8 ± 2.6 24.1 ± 1.6 2.1 ± 0.1 

W36C SsuE 20.3 ± 0.7 7.8 ± 1.8 2.6 ± 0.6 

SL W36C SsuE 16.7 ± 0.1 5.1 ± 1.7 3.6 ± 1.2 

Table 4.2: Steady-state kinetic parameters of wild-type and W36C SsuE variant monitoring 

SsuD desulfonation.  
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Figure 4.4: EPR spectra of SL W36C SsuE under different conditions. The signals correspond 

to various combinations of W36C SsuE. (A) W36C SsuE, (B) Spin-labeled SsuE, (C) SL W36C 

SsuE + SsuD, (D) SL W36C SsuE + FMN, (E) SL W36C SsuE + SsuD + FMN, (F) SL W36C 

SsuE + FMN + NADPH, and (G) SL W36C SsuE + SsuD + FMN + NADPH. Anaerobic 

conditions were maintained for (F) and (G). The experiments were performed in 25 mM 

potassium phosphate (pH 7.5), 0.1 M NaCl, and 10% glycerol. The concentration of the SL 

W36C SsuE and SsuD enzymes, of the substrate were 60 µM. EPR conditions: microwave 

frequency, 9.413 GHz; microwave power, 1.995 μW; temperature, 77 K; modulation 

amplitude, 0.1 mT. 
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NADPH compared to when the SL W36C SsuE was mixed with FMN and NADPH. In both cases, 

the slight increase could be attributed to protein-protein interactions between SL W36C SsuE and 

SsuD (Figure 4.5).  

 

 

 

Figure 4.5: EPR spectra of SL W36C SsuE under different conditions. The experiments were 

performed in 25 mM potassium phosphate (pH 7.5), 10% glycerol, and 0.1 M NaCl. The 

concentrations of the SL W36C SsuE and SsuD enzymes, and of the substrates were 60 µM. 

EPR conditions: microwave frequency, 9.413 GHz; microwave power, 1.995 μW; temperature, 

77 K; modulation amplitude, 0.1 mT. Inset initials; D (SsuD), F(FMN) and N (NADPH). 
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4.3.2 Computational and Experimental Studies Evaluating the Loop Region in SsuD 

Computational studies suggested that Arg297 located in the flexible loop of SsuD formed 

salt-bridges over the active site of SsuD with Glu20 and Asp111 during catalysis (Figure 4.6).332 

The Arg297-Glu20 salt-bridge in SsuD resulting in the open conformation would allow the 

substrates to access the active site and/or permit product release. The Arg297-Asp111 salt-bridge 

forming a closed conformation in SsuD would lock substrates in the active site during 

 
Figure 4.6: Molecular dynamics studies on the flexible loop region of SsuD. Computational 

studies proposed significant conformational changes over the active site of SsuD involving a 

switch from an Arg297−Asp111 salt bridge (closed conformation) to an Arg297−Glu20 salt 

bridge (open conformation). (Adapted with permission from 332). Copyright © 2012 Taylor & 

Francis. 
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desulfonation.332 Alanine variants of Glu20 and Asp111 were generated to evaluate the catalytic 

relevance of these residues through steady-state kinetic analyses. Steady-state kinetic parameters 

for E20A, D111A, and wild-type SsuD were obtained by monitoring the production of the TNB 

anion at 412 nm formed from the reaction of DTNB with the sulfite product. The kcat/Km values 

for the SsuD variants were comparable to the wild-type SsuD value of 1.4 ± 0.2 μM−1 min−1 (Table 

4.3).  

Recent computational simulation studies were performed to further elucidate the loop 

movement in SsuD following substrate binding and catalysis. The studies monitored 

conformational changes of SsuD with no substrate bound, SsuD with both FMN and 

octanesulfonate (OCS) bound, and SsuD with reduced flavin and OCS bound. The distance of ~22 

Å observed with apo SsuD between the Phe261 located in the mobile loop and Pro112 decreased 

to ~20 Å when both FMN and octanesulfonate (OCS) were bound (Figure 4.7a). Interestingly, the 

distance decreased to ~5 Å when both reduced flavin and octanesulfonate were included in the 

simulations. The Phe261 approached Pro112 during desulfonation over the active site of SsuD 

 kcat 

(min-1) 

Km 

(µM) 

kcat/Km 

(µM-1min-1) 

Wild-type SsuD 43.3 ± 4.3 31.2 ± 2.0 1.4 ± 0.2 

E20A SsuD 36.3 ± 3.7 32.2 ± 4.6 1.1 ± 0.2 

D111A SsuD 40.5 ± 3.8 36.3 ± 3.5 1.1 ± 0.2 

R297K SsuDa 1.5 ± 0.1 32.5 ± 4.6 0.04 ± 0.01 

R297A SsuDa ND ND ND 

Table 4.3: Steady-state kinetic parameters of SsuD enzymes. Evaluation of the catalytic 

role(s) of Arg297−Asp111 and Arg297−Glu20 salt bridges in SsuD. (ND; not detected, a; 

Previously determined).216, 235 
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(Figure 4.7b). The Phe261 and Pro112 residues were proposed to interact during catalysis to 

stabilize the mobile loop. This ~17 Å decrease in distance  between Phe261 and Pro112 

accompanies the significant conformational changes in the loop region of SsuD (Figure 4.7).329  

 

a) Monitoring changes in distance between Phe261 (in the flexible loop) and Pro112 in 

SsuD during catalysis.  

SsuD SsuD with both FMN 
and OCS bound

SsuD with both FMNH2 
and OCS bound  

b) Substrate binding is accompanied by significant conformational changes over the 

active site of SsuD involving Phe261-Pro112 residue interactions. 

Figure 4.7: Recent computational studies on the flexible loop region in SsuD. (Adapted with 

permission from 329). 
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Site-directed mutagenesis and kinetic assays were performed experimentally on SsuD to 

evaluate the functional roles of Phe261 and Pro112 during desulfonation reaction. Both codons for 

Phe261 (TTC) and Pro112 (CCA) in SsuD were replaced with that of Ala (GCG), generating 

F261A and P112A SsuD variants respectively. The F261A and P112A SsuD variants were 

confirmed by DNA sequence analysis (Eurofins/Genomics, Louisville, KY). The SsuD variants 

were purified and desulfonation assays performed as previously outlined.2, 222 Kinetic activity 

assays monitoring octanesulfonate desulfonation were performed on the F261A and P112A SsuD 

variants as previously described.2, 222 The kcat/Km values for the F261A and P112A SsuD variants 

were 3.1 ± 0.5 µM-1min-1 and 2.2 ± 0.4 µM-1min-1, respectively, compared to a kcat/Km value of 2.2 

± 0.3 µM-1min-1 for the wild-type SsuD enzyme (Table 4.4), suggesting that the F261A-P112A 

interaction was not required for catalysis.  

 

  

 kcat 

(min-1) 

Km 

(µM) 

kcat/Km 

(µM-1min-1) 

Wild-type SsuD 93 ± 7 43 ± 6.0 2.2 ± 0.3 

F261A SsuD 139 ± 10 45.0 ± 7.0 3.1 ± 0.5 

P112A SsuD 72.0 ± 5.0 33.0 ± 6.0 2.2 ± 0.4 

 

Table 4.4: Steady-state kinetic parameters of SsuD enzymes. Evaluation of the catalytic 

role(s) of the Phe261-Pro112 interactions in SsuD during desulfonation. 
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4.4 Discussion 

Enzymes undergo structural and conformational changes which facilitate the execution of 

biochemical functions. These structural fluctuations are crucial for substrate recognition and 

binding, orientation of catalytic residues, product release, and protein–protein interactions.333, 334 

Different approaches can be utilized to investigate structural fluctuations in proteins during 

catalysis. SDSL-EPR spectroscopy is a useful tool to probe the local environment in enzymes, 

intramolecular conformational changes during catalysis, and protein-protein interactions.330 

Simulation and molecular modelling is rapidly growing in enzymology as it facilitates mechanistic, 

structural, and functional understanding which could contribute to protein design and engineering. 

Computational enzymology techniques, such as the combination of quantum mechanics and 

molecular mechanics (QM/MM), may provide reliable predictions on the functioning of enzymes, 

often complement experimental studies, and can be useful in the interpretation of experimental 

findings.335, 336 

Various structural and conformational changes have been observed with the 

alkanesulfonate monooxygenase system enzymes. Flavin-free SsuE exists as a tetramer in solution, 

but changes to a dimer in the presence of flavin. These quaternary structural changes were not 

observed in three-dimensional studies of apo SsuE and when flavin bound.62 The FMN-bound 

SsuE three-dimensional structure was obtained by soaking the preset SsuE crystals in an FMN 

solution. This could have forced the oligomeric state of FMN-bound SsuE to be a tetramer, 

contrary to the dimer observed in solution. Even then, conformational changes were observed upon 

reduction of the FMN-bound SsuE three-dimensional structure that were different from that of the 

FMN-bound SsuE.62 Intriguingly, a π-helix exists at the tetramer interface of SsuE which helps 

stabilize the tetramer and has been proposed to regulate the flavin-induced oligomeric state 
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changes. The π-helical property is conserved in various flavin reductases of two-component 

systems and results from the insertional mutation of Tyr118 at the center of tetrameric interface. 

The π-helix in SsuE is located one residue away from the flavin binding site and could therefore 

be involved in the regulation of oligomeric state changes.62 Mutation of the π-helix impairs the 

catalytic ability of SsuE to support continued turnover. Generation of Y118A SsuE variant resulted 

in flavin-bound SsuE variant which existed as a dimer.303 The transfer of reduced flavin from the 

reductase to the monooxygenase enzymes is a crucial catalytic step in two-component flavin-

dependent monoxygenase systems. The transfer of reduced flavin from SsuE to SsuD was shown 

to occur through a channeling mechanism which occurs through protein-protein interactions 

between the enzymes.215, 229 Spin labeling EPR studies were performed to investigate 

conformational changes in SsuE during flavin binding, flavin reduction, and in the presence of 

SsuD. Spin labeling modification of proteins exploits the reactivity of the sulfhydryl group of 

cysteine residues engineered into proteins by site-directed mutagenesis. The cysteine residues are 

introduced at specific sites and should be the only cysteines in the enzyme. Any other cysteines 

are usually substituted with serine or alanine residues which may alter secondary structure and 

functional roles of the protein.331 Fortunately, the SsuE enzyme contains no cysteine residues 

because it is expressed in bacteria during sulfur starvation conditions.  

A cysteine residue was introduced through site-directed mutagenesis generating W36C 

SsuE and the variant was labeled with methanethiosulfonate spin label (MTS). The MTS is 

commonly used for spin labeling because it is sulfhydryl specific.331 The W36C SsuE variant was 

purified in the presence and absence of DTT to evaluate if the Cys was oxidized during 

purification. There was no significant difference in spin labeling on both purifications suggesting 

the Cys residues in W36C SsuE were not oxidized. Desulfonation activity comparable to that of 
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wild-type SsuE was observed with both unlabeled and spin-labeled W36C SsuE implying that the 

mutation and spin labeling did not affect the ability to transfer reduced flavin to SsuD for 

desulfonation. The spin label reacted with W36C SsuE to form a disulfide bond with the protein. 

The linker between the nitroxide ring and the protein backbone is flexible, which minimizes 

changes in native fold and function.331 The Trp36 residue in SsuE was an ideal site for site-directed 

spin labeling because it is positioned away from the active site of SsuE, away from the oligomeric 

interface, and away from the π-helix in SsuE. In addition, the Trp36 was not identified as part of 

the protein interaction regions with SsuD.229 The MTSSL side chain is comparable to that of 

tryptophan and therefore the spin labeling may not significantly alter the protein function.331  

SDSL-EPR spectroscopy can help probe structural and conformational changes in enzymes 

during catalysis.330 It can be used to identify and quantify conformational changes and characterize 

the energetics involved in protein-protein, protein-ligand interactions, and protein allostery.337 

Continuous wave EPR spectra from nitroxide labeled proteins can give information on fast motions 

(0.1 to 100 ns time scale) through EPR spectra which may reflect secondary structure, backbone 

motions, and tertiary contacts involving the spin label.338, 339 EPR studies were performed with 

labeled and unlabeled W36C SsuE in the presence of flavin, in the presence of SsuD, and under 

flavin reductase conditions. As expected, the non-spin labeled W36C SsuE showed no EPR signal 

since it lacks unpaired electrons (Figure 4.4). Covalent reaction between W36C SsuE and MTSSL 

introduced a stable free radical resulting into an EPR signal. There were minor changes in the EPR 

signal with SL W36C SsuE when NADPH, SsuD, or both NADPH and SsuD were Included. The 

EPR signal diminished when FMN was added to SsuE suggesting structural and conformational 

changes altering the spin-label environment. A similar decrease in signal intensity was observed 

when both FMN and SsuD were added to SL W36C SsuE. This decrease in EPR signal indicates 
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a shift in the magnetic field of SL W36C SsuE upon binding flavin suggesting a change in the spin 

label environment or quenching of the EPR signal.272, 340 The EPR signal of SL W36C SsuE with 

either FMN and NADPH, or FMN, NADPH and SsuD, approaches in resemblance to that of SL 

W36C SsuE alone. Addition of NADPH and FMN would support flavin reduction and therefore, 

the SL W36C SsuE enzyme would probably be in FMNH2-release mode. It was not possible to 

account for the changes in the EPR signal with SL W36C SsuE because the distance between the 

spin labels were ~27 Å which would impede spin-spin interactions. It would require pulse EPR 

techniques such as double electron–electron resonance (DEER) to monitor dipolar interactions 

between the spin labels in SL W36C SsuE. The pulse EPR techniques are able to yield distances 

and distance distributions between spin labels with distances up to 60 Å or more.341 DEER, also 

known as pulse electron double resonance (PELDOR) can also facilitate the characterization of 

protein’s conformational transitions and to determine oligomeric changes, and would therefore 

help study flavin-induced oligomeric changes in SsuE.342-344  

The SDSL EPR experiments on SsuE were performed at 77 K which should have impeded 

tumbling, and therefore further studies will be necessary in non-frozen state (such as at room 

temperature) to allow the spin label to rapidly and/or randomly tumble.345 Pulse EPR techniques 

are presently performed in frozen samples to unravel structural heterogeneity. Protein 

conformational changes which occur in millisecond time scale may alter the spin label 

environments triggering in the spin label to register different ns time scale motions. Therefore, 

conformational changes may result in two or more components of EPR spectrum which reflects 

the different motions of the nitroxide side chain. Because the quenching of EPR signal in SL W36C 

SsuE appear to be flavin-related, it would be important to repeat the experiments with different 

concentrations of FMN while monitoring the mobility of the spin label. In addition, the studies 
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could be performed with both SsuE and SsuD spin labeled. Overall, the structural and 

conformational changes on SsuE should depend on the distance distribution monitored by DEER 

coupled with motional components seen in EPR spectra, the equilibrium between protein 

conformers, and the rotameric states of the spin label.337 The EPR studies on the SsuE-SsuD 

enzymes could also be supplemented by fluorescence spectroscopic studies. 

Structural studies identified a π-helix located at the tetramer interface on SsuE which is 

highly conserved in flavin reductases of two-component monooxygenase systems.62 The π-helix 

in SsuE is located near the flavin binding site and was suggested to regulate flavin-induced 

oligomeric state changes.62 Generation of a Y118A SsuE variant resulted in FMN-bound Y118A 

SsuE variant which existed as a dimer. This π-helix mutation impaired the catalytic ability of SsuE 

to support continued flavin reductase activity.303 Based on the EPR results with W36C SsuE, we 

have generated W36C, Y118A SsuE double variant which will facilitate further investigations on 

the kinetics and oxygen reactivity of Y118A SsuE through SDSL EPR studies.   

The alkanesulfonate desulfonation enzyme SsuD has an insertion region that is largely 

unresolved in the three-dimensional structure and is located at the putative active site.211, 218 

Homology modeling was utilized to insert the unresolved loop region (residues 250−282). The 

loop region displayed tight interactions when both C(4a)-peroxyflavin (FMNOO-) and 

octanesulfonate were bound to SsuD. The SsuD enzyme portrayed poor binding for 

alkanesulfonates in the absence of reduced flavin which correlates with previous experimental 

findings.222  This highly flexible loop region has been proposed to close over the active site during 

catalysis.61, 218 Partial deletions of the loop region in SsuD did not affect the binding affinity for 

reduced flavin or result in overall changes to the protein secondary structure.218 However, the loop 
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region deletion SsuD variants were unable to desulfonate alkanesulfonates suggesting that a lid-

gating conformational change could not be achieved with the deletion SsuD variants.218  

Molecular dynamics simulation studies suggested conformational changes over the active 

site of SsuD involving a salt bridge switch from Arg297−Asp111 (closed conformation) to 

Arg297−Glu20 (open conformation) altered the accessibility of the SsuD active site.332 Similar 

steady-state kinetic parameters were observed for the E20A and D111A SsuD variants as wild-

type SsuD suggesting the Arg297-based salt bridges were not critical for the desulfonation reaction 

(Table 4.3). Therefore, the dynamic conformational changes to the proposed active form does not 

exist or is not initiated by a switch from the Arg297−Asp111 salt bridge to the Arg297−Glu20 salt 

bridge.222  Generation of R297C and R297A SsuD variants showed no desulfonation activity, but 

the R297K SsuD had a ~4-fold decrease in the kcat/Km value compared to the wild type enzyme.216 

The Arg297 SsuD variants had no measurable accumulation of the C4a-(hydro)peroxyflavin 

intermediate, and lacked the ability to bind alkanesulfonates. The Arg297 SsuD was shown to 

stabilize the C4a-(hydro)peroxyflavin intermediate essential for the desulfonation reaction. The 

R297K and R297A SsuD variants exhibited proteolytic susceptibility in the presence of substrates 

unlike wild-type SsuD, suggesting the Arg297 protects the enzyme from proteolytic digestion upon 

binding of the reduced flavin.216 The results from these studies suggest the Arg297 residue prevents 

the release of reactive intermediates during the desulfonation reaction in SsuD by facilitating a 

conformational change which actuates loop closure. In addition, it could be a catalytic base 

involved in orientation of alkanesulfonates in the active site of SsuD.216    

Recent computational simulations monitoring the loop region showed a distinct decrease 

in distance between Phe261 and Pro112 when both FMNH2 and OCS were included suggesting 

that the amino acids were interacting.329  Proline and tryptophan residues are cyclic residues and 



156 
 

are both hydrophobic which favors their interaction. Aromatic side chains in proteins have 

negatively charged π faces while the proline ring has a partial positive charge. In addition, the 

proline residue is conformationally restricted which allows its interaction with aromatic amino 

acids with minimal entropic or steric hindrance.346, 347 Experimental studies were performed on 

Phe261 and Pro112 in SsuD to evaluate the functional roles of these residues in the movement of 

the flexible loop of SsuD and in catalysis. There was no significant change in desulfonation activity 

with the F261A and P112 SsuD variants compared to wild-type SsuD suggesting that the F261A-

P112A interaction was not vital for catalysis.  However, the Phe261 and Pro112 residues may help 

keep solvent out of the active site in SsuD since they are both hydrophobic.329 Such hydrophobicity 

prevents the rapid breakdown of labile flavin intermediates.210 Enzymes with lid-gated active sites 

follow an induced fit mechanism for catalysis.348 The unproductive oxidation of reduced flavin 

was observed with the SsuD deletion variants attributing the flexible loop to the protection of 

reduced flavin.218 Flexible loops in TIM-barrel proteins contribute to the dynamics of the enzyme 

active site and in substrate binding. Loop closure over the active site protects the substrate and 

intermediates from bulk solvent during catalysis.219-221 Beside lid-gating over the active during 

catalysis, the flexible loop in SsuD may facilitate the transfer of reduced flavin from SsuE to 

SsuD.218 
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CHAPTER FIVE 

5 Evolutionary Studies on NAD(P)H:Flavin Reductases and Determination of 

Isofunctional Clusters  

5.1 Introduction 

Evolutionary-related enzymes may have a low sequence similarity and catalyze diverse 

reactions, but usually share conserved active sites architecture.349-351 Knowing the chemistry 

catalyzed by members in a superfamily can facilitate functional predictions of unknown related 

members. Evolutionary analyses of enzymes give functional clues on sequenced genes that do not 

have experimental information. A better structural understanding on the conserved structural 

features typical to each superfamily serves as a guide for enzymatic experimental design.352 Recent 

studies comparing the sequences and structures of the flavin reductases with known three-

dimensional structures identified evolutionary differences in secondary structure and functions.62 

The analysis identified a subset of flavin reductases that possessed π-helices in their structures. 

These enzymes were flavin reductases of two-component monooxygenase systems. The π-helical 

structure was missing in the other flavin reductases that did not have an associated monooxygenase 

enzyme. π-Helices develop during protein evolution through mutational insertion of a single 

residue in an already established α-helix resulting in a gain or enhancement of a function.62, 207, 208 

π-Helices are conserved in functionally-related proteins, even when the proteins may have low 

sequence identity. For example, the chelatase family of proteins (with less than 12% overall 

sequence identity) that catalyzes the insertion of metals into various proteins have a π-helix at the 

active site.208, 260-263 π-Helices in proteins tend to be less favored unless they confer a functional 

advantage. They augment functional sites in proteins and are highly conserved in sub-branches of 

protein superfamilies.207, 239, 259  
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The identified π-helices in a sub-branch of NADPH:flavin reductases are highly conserved, 

suggesting that they enable a common functionality.62 These flavin reductases exhibit the 

conserved flavodoxin fingerprinting motif (T/S)XRXXSX(T/S).62, 204 The flavin reductases 

bearing π-helices are members of two-component monooxygenase systems but the role the π-

helices play in these enzymes is still under investigation.62 The flavin reductases bearing π-helices 

exist as tetramers and have the π-helices centrally-located at the tetramer interface.62 In addition, 

the active sites of the flavin reductases bearing π-helices are located near the oligomeric interfaces. 

Some of these flavin reductases undergo flavin-dependent oligomeric state changes during 

catalysis.62 The π-helix in SsuE may assist in the regulation of quaternary structural changes, and 

may have developed to regulate structural changes required for catalysis. A challenge in 

identifying π-helices in flavin reductases is that only a few flavin reductases have been 

characterized or have their three-dimensional structures available. Evolutionary studies were 

utilized to further identify functional relationships in various flavin reductases based on the 

availability of three-dimensional structures and experimental characterization. In addition, 

Sequence Similarity Networks (SSN) were generated for SsuE through the Enzyme Function 

Initiative (EFI) to identify enzymes related to SsuE and to predict enzymatic functions on unknown 

SsuE-like enzymes.353  

5.2 Experimental Approach and Results 

5.2.1 Evolutionary Studies of SsuE and its Homologs 

Three-dimensional structural homologs of SsuE were identified through Dali search and 

the extracted sequences utilized for the evolutionary studies.354 The Dali server compares three-

dimensional structures of proteins in the protein data bank for structural and sequence 

alignments.354  The evolutionary studies  on the extracted flavin reductases were performed using 
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the maximum-likelihood method based on the JTT matrix-based model.355 The tree with the 

highest log likelihood (-6355.5383) is shown (Figure 5.1).  

The initial trees for the heuristic search were obtained automatically by applying Neighbor-

Join and BioNJ algorithms to a matrix of pairwise distances estimated using a JTT model, and then 

selecting the topology with superior log likelihood value. The tree is drawn to scale with branch 

 
Figure 5.1: Evolutionary relationships of SsuE and its homologs. (●) are flavin reductases 

of two-component flavin systems and have a π-helix in their structures. 
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lengths measured in the number of substitutions per site. The analysis involved 44 amino acid 

sequences. All positions containing gaps and missing data were eliminated. There was a total of 

79 positions in the final dataset. The evolutionary analyses were conducted in MEGA7.356 The 

closely related homologs of SsuE were EMOB, MsuE, and 3k1y have 37, 32, and 29% 

respectively, in structural similarity compared to the SsuE enzyme. These flavin reductases are 

members of two-component flavin systems and have a π-helix in their structures.  The other flavin 

reductases in the phylogenetic tree lacked the π-helical structure and do not have an associated 

monooxygenase enzyme (Figure 5.1). 

5.2.2 Sequence Similarity Network on Flavin Reductases 

The distribution of SsuE-like enzymes within bacterial phyla was computed using sequence 

similarity network (SSN) through the EFI-EST web tool.353 The EFI network information was 

developed on SsuE using E-value 5 (BLAST Expect value) which gives a maximum blast 

sequences of 5000. An alignment score of 26 representing >35% sequence identity with SsuE 

extracted a total of 1092 sequences (Figure 5.2). The node networks shown herein are 80% 

representative networks. While the nodes show individual homologous sequences, the edges 

reflect statistically significant similarities among the flavin reductases obtained through pairwise 

alignments based on BLAST.357  

Flavin reductases typically have a substrate preference for flavin (FAD and FMN), and for 

reduced pyridine nucleotides (NADH and NADPH).358 SsuE has a substrate preference for FMN 

but can equally utilize NADPH and NADH as a source of reducing equivalents.57, 303  Evolutionary 

studies show that 75% of flavoproteins are FAD-dependent.359 In addition, the majority of flavin-

dependent enzymes (90%) bind the flavin cofactor noncovalently. Whereas the FAD-dependent 
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proteins adopt a Rossmann fold (∼ 50%), the FMN-containing flavoproteins predominantly adopt 

a TIM-barrel or a flavodoxin fold.359  

 

Although all the SsuE homologs extracted through EFI were FMN-dependent, the majority 

were denoted as having a substrate preference for NADPH over NADH (Figure 5.3). Flavin 

reductases utilize the functionally equivalent NADH or NADPH for electrons in the form of 

hydride groups. The phosphate group that distinguishes NADPH from NADH is spatially and 

covalently distant from the chemically active nicotinamide moiety, and therefore has no role in 

redox chemistry. This NAD(P)H substrate specificity allows cellular regulation of different 
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Figure 5.2: Percentage identity used in Sequence Similarity Network (SSN) on SsuE. The SSN 

studies were based on an alignment score of 26 which corresponds with ~35% sequence 

identity. 
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enzymatic pathways, minimizes unproductive reactions, and maintains chemical driving forces for 

different pathways by controlling the levels of NAD(P)H and NAD(P)+.162, 360  

 

 Experimental, structural and theoretical information on enzymes in a superfamily can 

facilitate functional predictions of uncharacterized members in the superfamily. The functions of 

the SsuE-like enzymes (as predicted through the EFI-EST web tool) include FMN reductases 

associated with alkanesulfonate monooxygenases, methanesulfonate monooxygenases, EDTA 

degradation monooxygenases, luciferase-like monooxygenases, and hydroxymethylpyrimidine 

 

Figure 5.3: Substrate preferences demonstrated by FMN reductases as predicted by SSN 

studies. The NADPH-dependent FMN reductases (●) and NADH-dependent FMN reductases 

(●) were pooled using BLAST Expect value (E-value) of 5. The nodes show individual SsuE 

homologs and the edges reflect statistically significant similarities among the flavin reductases 

obtained through pairwise alignments. 
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transporter binding proteins (Figure 5.4). Most of the SsuE homologs are uncharacterized and the 

EFI-EST web tool could not predict their functions. Interestingly, the MsuE enzymes were 

distributed more in bacteria than SsuE enzymes although both are involved in sulfur scavenging 

during sulfur limiting conditions. The MsuE enzymes together with MsuD are involved in 

methanesulfonate desulfonation, while the SsuE enzymes support the desulfonation of diverse 

organosulfonates including C-2 to C-10 alkanesulfonates, 1,3-dioxo-2-isoindolineethanesulfonate, 

 

Figure 5.4: The function of SsuE homologs based on EFI-EST web tool analysis. The SsuE 

homologs identified were FMN reductases associated with alkanesulfonate monooxygenases 

(●), methanesulfonate monooxygenases (●) and EDTA degradation (●). Others included 

luciferase-like monooxygenase (LLM) partnered FMN reductases (●) and 

hydroxymethylpyrimidine ABC transporter binding protein (●).  Majority of SsuE homologs 

are largely uncharacterized (●). 
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2-(4-pyridyl)ethanesulfonate, and sulfonated buffers by SsuD in various bacteria.57, 62-64 Some 

SsuE-like proteins were predicted to be transporter proteins for hydroxymethylpyrimidine, a 

compound utilized in the biosynthesis of thiamine pyrophosphate (TPP) in prokaryotic cells. The 

hydroxymethylpyrimidine exists mainly as 4-amino-5-hydroxymethyl-2-methylpyrimidine 

pyrophosphate (HMP-PP)) and is coupled with 4-methyl-5-β-hydroxyethylthiazole phosphate to 

generate thiamine phosphate which is further phosphorylated to form TPP.361 

Structural characterization is pivotal in assigning secondary structure to proteins. Out of 

the 1092 SsuE homologs extracted through EFI, only SsuE (E. coli), EmoB, MsuE, and 3k1y have 

their three-dimensional structures solved (highlighted Figure 5.5). These flavin reductases are 

members of two-component monooxygenase systems and have a π-helix in their structure 

suggesting the π-helices enables a common functionality.62 π-Helices develop during protein 

evolution through a single residue insertion in an already established α-helix generating a bulge at 

the point of insertion. The π-helices confer evolutionary functional advantages in proteins.207, 208  

The insertional residues in the generation of π-helices are usually aromatic and large 

aliphatic amino acids (Ile, Leu, Tyr, Trp, Phe, His, and Asn).208 Several of the flavin reductases, 

of two-component monooxygenase systems have a tyrosine inserted at the tetramer interface 

generating π-helices. The recently solved three-dimensional structure of MsuE from Pseudomonas 

putida KT2440 (protein data bank 4C76) shows it existed as a dimer.362 However, our recent 

results from size exclusion studies gave molecular weight of 77 kDa for MsuE from Pseudomonas 

aeruginosa  compared to a monomeric mass of 20 kDa suggesting the MsuE enzyme could be a 

tetrameric protein.  
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Comparison of the three-dimensional structure of MsuE with those of the flavin reductases 

bearing π-helices shows a histidine residue located in the position of the π-helix tyrosine of SsuE 

(Scheme 5.1). Interestingly, another flavin reductase SfnE has a histidine in a similar position as 

the Tyr of SsuE (Scheme 5.1). Both MsuE and SfnE are flavin reductases of two-component 

monooxygenase systems that participate in scavenging for sulfur in bacteria. The SfnE enzyme 

supplies the associated monooxygenase SfnG with FMNH2 for the C-S bond cleavage of DMSO2 

MsuE

SsuE

EmoB

3K1Y

SfnE

 

Figure 5.5: Sequence similarity network (SSN) of characterized SsuE homologs. The 

highlighted enzymes (except SfnE) are the only SsuE-like FMN reductases that have their 

three-dimensional structures solved.  
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to generate methanesulfinate and a molecule of formaldehyde. The MsuE enzyme supplies MsuC 

with FMNH2 during the monooxygenation of methanesulfinate to methanesulfonate. In addition, 

the MsuE enzyme also supplies MsuD with FMNH2 for the desulfonation of methanesulfonate 

generating sulfite and a molecule of formaldehyde.163 The π-helical structure could be a norm in 

the flavin reductases associated with two-component monooxygenase systems indicative of a 

common evolutionary path and function.   

 

-helix

Insertional residue

π

 

Scheme 5.1: Tyr and His insertions in flavin reductases of two-component monooxygenase 

systems generate π-helices.   
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Conclusions 

A large number of flavoproteins have been characterized.363, 364 Flavoproteins are diverse in 

nature and enhance various redox reactions including hydroxylation, halogenation, and 

monooxygenation of substrates, DNA repair, luminescence, and cellular signaling.359 The 

chemistry catalyzed by flavoproteins differ from reaction to reaction making flavoproteins unique 

relative to other cofactor-dependent enzymes.160 Flavoproteins exhibit remarkable selectivity, a 

virtue required for biocatalytic applications.365 Two-component flavin-dependent oxygenase 

systems are increasingly being identified in which the reductive half-reaction and oxidative half-

reactions are catalyzed by separate enzymes.171  

Studies on the alkanesulfonate monooxygenase enzymes have assisted in elucidating the 

structural features that facilitate flavin reduction by SsuE, the transfer of the reduced flavin to 

SsuD, and desulfonation of various alkanesulfonates by SsuD. The reduction of flavin by flavin 

reductases and the transfer of reduced flavin to the monooxygenase enzymes are fundamental in 

the functioning of two-component flavin-dependent oxygenase systems.171 Although diffusion has 

been reported as a mechanism of reduced flavin transfer from some flavin reductases to the 

associated oxygenase enzymes, the transfer of reduced flavin in vast majority of two-component 

systems occurs through a channeling mechanism which requires protein-protein interactions 

between the flavin reductases and the associated monooxygenase enzymes.61, 201, 215, 229, 296, 321 This 

common flavin transfer mechanism utilized by the enzymes in FMN-dependent two-component 

systems suggests that analogous structural motifs are requisite to facilitate reduced flavin transfer. 

Competitive assays are an excellent tool for determining if the transfer of ligands between two 

proteins occurs through diffusion or involves protein-protein interactions.309 The wild-type and the 

Y118A SsuE variant were able to compete for the protein interaction sites in SsuD during 
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desulfonation conditions affirming the channeling mechanism was the mode of reduced flavin 

transfer between the alkanesulfonate monooxygenase system enzymes. The studies on SsuE lay a 

foundation for the evaluation of common structural motifs requisite in protein-protein interactions 

in FMN-dependent two-component systems.  

The transfer of reduced flavin from flavin reductases to the monooxygenase enzymes is 

followed by oxygen activation allowing the insertion of an oxygen atom into the corresponding 

substrates. Flavin monooxygenases react with molecular oxygen to form C4a-

(hydro)peroxyflavin, which incorporates a single oxygen atom into organic substrates in 

hydroxylation and epoxidation reactions, and Baeyer–Villiger oxidation of various substrates. 366 

Understanding the conformational changes in two-component flavin-dependent monooxygenase 

enzymes provide insights on how these structural changes promote varied catalytic functions. As 

such, different conformational changes have been reported with the alkanesulfonate 

monooxygenase enzymes ranging from quaternary structural changes in SsuE to loop movement 

in SsuD, which have been proposed to be critical for catalysis and in flavin transfer between the 

two enzymes.62, 170, 215, 216, 218, 222, 303  

The flavin reductases of the two-component monooxygenase systems have a conserved π-

helix located at the tetramer interface that originates from the insertion of a single amino acid 

residue usually histidine or tyrosine.62, 303 Although π-helices provide an evolutionary gain or 

enhancement of an existing function, the defined role of these discrete secondary structures 

remains largely unexplored. The algorithms used to assign secondary structures in proteins often 

incorrectly annotate π-helices as α-helices.207, 208 Using different algorithms in protein structural 

assignments often shows observable disagreement.282 The π-helices are cryptic and tend to escape 

the angular restrictions and stringent H-bonding allocation standards of DSSP.207 For precise 
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assignment of π-helices, modification of the existing helix identification algorithms is needed.208 

The use of modified π-helix definition algorithms shows that π-helices are more prevalent than 

initially reported.208 Another challenge in assigning π-helices in flavin reductases of two-

component flavin systems is that only a few three-dimensional structures have been solved. The 

π-helical structure enables SsuE to effectively utilize flavin as a substrate and transfer the reduced 

flavin to SsuD. This π-helix also promotes structural stability through a network of hydrogen bonds 

and π-stacking interactions at the tetramer interface of SsuE. The π-helical insertional residue 

Tyr118 in SsuE is required for flavin reduction and promotes the transfer of FMNH2 from SsuE to 

SsuD through protein-protein interactions.  

Oligomeric state changes are increasingly being identified in enzymes, but not much is 

known about how the quaternary structural changes influence catalysis and how these structural 

changes are regulated.293-295 Oligomerization is requisite for the proper functioning of many 

proteins.290, 291 Oligomeric interactions and the gross geometry of each monomer determines the 

stability and regulation of the quaternary structures. These factors are crucial in the regulation of 

cooperative conformational changes, and also influence the biochemical activity of the 

oligomers.367 It is critical we uncover the structural features and sequence which mediate 

oligomerization and protein–protein interactions. Based on the studies on SsuE, the π-helices could 

be vital in regulating the oligomeric state changes in flavin reductases of two-component systems 

upon flavin binding and catalysis.  

Flavin reduction by SsuE is followed by the transfer of reduced flavin to SsuD through a 

channeling mechanism which entails protein-protein interactions. The flexible loop over the active 

site of SsuD undergoes conformational changes which facilitate reduced flavin transfer, substrate 

binding, desulfonation reaction, and product release. The lid-gating conformation over the active 
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site of SsuD is accompanied by a decrease in distance between otherwise distant residues as was 

computationally manifested with Arg297 against Glu20 and Asp111, and Phe261 against Pro112. 

The evolutionary relationships between the flavin reductases homologous to SsuE predict that 

many of the SsuE homologs have not been characterized. Several flavin reductases extracted using 

EFI belong to two-component systems and are found in the cytosol. However, some of the flavin 

reductases homologous to SsuE were predicted to be membrane proteins involved in the transport 

of hydroxymethylpyrimidine, required in the biosynthesis of thiamine pyrophosphate (TPP) in 

prokaryotic cells.  

Many two-component oxygenase systems utilize a channeling mechanism for reduced 

transfer as supported through kinetic studies and the identification of protein-protein interaction 

sites. Flavin reductases have been used as surrogate flavin reductases to supply unrelated 

oxygenase enzymes with reduced flavin which begs the questions; (1) Do these flavin reductases 

have fingerprint interaction motifs because they are structurally similar? (2) Is the efficiency of 

reduced flavin transfer maintained between different surrogate flavin reductases and unrelated 

oxygenase enzymes? (3) What other structural conformations promote protein-protein interactions 

in two-component flavin systems without compromising the active site architecture? Such 

structural factors would for example include the π-helices and substrate-induced oligomeric state 

changes in the flavin reductases, and the mobile loop regions in the monooxygenase enzymes.  

Exploration of these issues calls for a combination of spectroscopic studies, hydrogen-deuterium 

exchanges analysis, and quaternary structural studies. Finally, there is a need to probe the plausible 

ancestry and determinants of catalysis in two-component flavin systems through comparative 

analyses. This approach should compare enzymes in the NAD(P)H:FMN family to fully evaluate 
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how the π-helices confer evolutionary advantages that regulate flavin reduction and reduced flavin 

transfer while controlling oligomeric state changes.  
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