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Abstract 

 
 
 Endothelial colony forming cells (ECFCs) have a high proliferative capability and can 

differentiate into endothelial cells, making them a promising cell source for vascularization of 

ischemic tissues and reendothelialization of injured vasculature. However, it is challenging to 

deliver the ECFCs to a target site and ensure that their therapeutic functionality is preserved. This 

research focuses on the development of approaches for subcutaneous and intravascular ECFC 

delivery with the aid of biomimetic poly(ethylene glycol) (PEG)-based hydrogels. 

Chapter 1 introduces current treatment for cardiovascular disease (CVD), endothelial cell 

(EC) sources for treating CVD, and the use of biomaterials to support the functionality of ECs. 

Chapter 2 describes the development of a microfluidic encapsulation platform that enables rapid 

production of highly uniform cell-laden hydrogel microspheres, which can be used for numerous 

applications including supporting injectable cell delivery. Chapter 3 presents the further 

exploration of the microfluidic platform for production of microspheroids with different geometric 

shapes, including axial ratio and diameter, and understanding of the underlying mechanism 

controlling microspheroidal geometry. In chapter 4, autologous equine ECFCs were encapsulated 

in PEG-fibrinogen hydrogel microspheres using the microfluidic platform and subcutaneously 

injected into distal limb wounds of horses, demonstrating the feasibility of scalable production of 

cell-laden microspheres for large animal cell therapy and realization of cell retention and survival 

after local injection. Results from this study can provide insight on ECFC delivery for 

vascularization of ischemic tissues for enhancing the wound healing process. In chapter 5, a study 

investigating the dynamic adhesion of ECFCs on peptide-grafted hydrogels under shear condition 

is reported. Novel peptide combinations were designed and evaluated for their ability to support 
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ECFC tethering and adhesion. These results can be applied for modification of vascular graft and 

stent surface for preventing restenosis, which is one of the main long-term causes of failed heart 

surgery. Overall, new approaches were developed for more efficient delivery of ECFCs 

subcutaneously and intravascularly to restore blood flow to ischemic tissues. 
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1. CHAPTER 1: Introduction 

1.1 Motivation for treating cardiovascular disease 

Cardiovascular disease (CVD) includes a variety of diseases that can affect the heart and the 

blood vessels, such as angina, myocardial infarction, stroke, hypertensive heart disease, and 

peripheral artery disease. CVD is a major cause of death worldwide. More than 17 million people 

died from CVD in 2008 (Mendis et al. 2011). Based on a report from American Heart Association, 

800,937 deaths were caused by CVD in the year of 2013 in the United States, which was 37 % 

more than cancer-related deaths (Mozaffarian et al. 2016). Though CVD can be caused by different 

factors, a major cause of CVD is atherosclerosis, where a plaque is formed within the artery wall. 

The plaque comes from the accumulation of leukocytes, cholesterol, triglycerides, and the 

proliferation of smooth muscle cells (SMCs), leading to the narrowing of the artery. As a result, 

blood flow through the artery is limited, causing regional ischemia. For years, numerous studies 

have explored the methods for treating CVD, and many effective medications as well as surgical 

therapies have emerged. However, many current treatments only have a limited therapeutic effect 

on CVD. Therefore, more work is still needed to identify better ways of treating CVD. 

1.1.1 Peripheral artery disease and injectable cell therapy 

Peripheral artery disease (PAD) is a common circulatory problem in which narrowed arteries 

cannot provide enough blood flow to the limbs. One of the major reasons for PAD is 

atherosclerosis in the arteries of the legs. PAD can lead to pain, numbness, and weakness in the 

limbs and diabetic foot ulceration for diabetic patients. Angiogenesis is the growth of blood vessels 

from pre-existing vasculature and has been studied extensively as a therapeutic approach to treat 

patients with PAD. Major strategies focus on intra-arterial and intramuscular injection of growth 

factors, such as vascular endothelial growth factor (VEGF), and therapeutic cells, such as bone 
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marrow mononuclear cells (Iyer and Annex 2017). For cell-based therapies, despite the promising 

results of many preclinical studies, the outcome from human clinical studies thus far have been 

disappointing. This is largely due to the use of a direct cell injection method, which may cause low 

cell viability and retention rates caused by the high shear forces in the needle and mechanical 

washout. Encapsulation of therapeutic cells in hydrogels has been shown to support cell 

proliferation and long-term survival (Nicodemus and Bryant 2008). Hydrogels can protect the cells 

from shear stress and significantly improve cell retention (Bidarra, Barrias, and Granja 2014). 

Therefore, cell encapsulation in hydrogel scaffolds could advance the potential of cell-based 

therapies. 

1.1.2 Coronary artery disease and restenosis 

When atherosclerosis develops within the coronary arteries, the blockage causes coronary 

artery disease (CAD). The shortage of blood supply to cardiomyocyte can lead to angina and even 

cardiac ischemia. For patients with mild CAD, medication is normally used to alleviate the 

symptoms. However, when severe atherosclerosis has developed, meaning more than 70 % 

occlusion has been detected in the coronary artery, surgical treatments will be necessary to restore 

enough blood flow to the affected region of the heart. The two most common surgical treatments 

for CAD are coronary artery bypass graft (CABG) and percutaneous coronary intervention (PCI), 

commonly known as angioplasty.  

CABG treatment bypasses the partially blocked portion of the coronary artery using a healthy 

vessel from other parts of the body, such as the great saphenous vein of the leg. However, in many 

patients, it is difficult to obtain vessels that are healthy and long enough for effective bypass. In 

these cases, synthetic vascular grafts are used as substitutes. Most of the artificial vascular grafts 

are made of polymer plastics such as expanded polytetrafluoroethylene, polyethylene terephthalate, 
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or polyurethane (Avci-Adali, Ziemer, and Wendel 2010). These materials have relatively poor 

biocompatibility compared to native vessels and can have stenosis, as well as thrombosis. Every 

10 years, the artificial vascular graft needs to be replaced due to occlusion. Although studies have 

shown that CABG is effective in lowering death and myocardial infarction rates (Hawkes et al. 

2006), it is a more invasive surgery with higher risk and cost when compared to angioplasty. 

As an alternative to replacing the narrowed portion of the coronary artery, the goal of 

angioplasty treatment is to widen the blocked portion by inflating a balloon guided with a catheter 

and place a stent to keep the portion open. Various types of stents have been developed for 

angioplasty; the two most commonly used are bare-metal stents (BMS) and drug-eluting stents 

(DES). BMS are small metal wire mesh tubes without coating, which expand after inflation of the 

balloon catheter and open the artery. Compared to balloon angioplasty alone, patients with BMS 

implantation had a significantly lower rate of restenosis at seven months (Serruys et al. 1994) and 

a reduced requirement for repeat intervention at one year (Macaya et al. 1996). However, in 15 % 

to 60 % of cases, bare-metal in-stent restenosis (ISR) still occurs with more challenging syndromes 

compared with conventional balloon angioplasty (Greenberg, Bakhai, and Cohen 2004). The ISR 

is believed to be the result of a vascular injury caused by angioplasty and stenting. The insertion 

of a stent will lead to endothelial denudation, followed by platelet adhesion and thrombus 

formation (Faxon, Sanborn, and Haudenschild 1987). Then a series of inflammatory responses 

cause endothelial proliferation and smooth muscle migration, resulting in neointimal hyperplasia 

(Mitra and Agrawal 2006).  

To prevent restenosis, DES were introduced to inhibit biological processes that lead to 

neointimal hyperplasia, as well as to deliver higher concentration of drugs directly to the site of 

the target lesion without systemic effects (Sousa, Serruys, and Costa 2003). The drugs, such as 
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Sirolimus and Zotarolimus, work as immunosuppressants with anti-proliferative effects on 

vascular SMCs (Puranik, Dawson, and Peppas 2013). Despite the significant advances of DES to 

reduce ISR, the incidence of ISR requiring target vessel revascularization and DES failure are still 

5 % to 10 %, which translates to 200,000 cases annually in the United States alone (Farooq, Gogas, 

and Serruys 2011, Lloyd-Jones et al. 2009). One of the reasons for DES failure is that the delivered 

drug not only inhibits the proliferation of SMCs but also impairs the recovery of the endothelium, 

causing late restenosis. 

Besides DES with anti-restenotic drugs, numerous studies have been conducted to prevent 

thrombosis and neointimal proliferation, such as utilizing nitric oxide (NO)-generating polymeric 

hydrogels to inhibit neointima formation (Lipke and West 2005) or employing endothelial 

progenitor cells (EPCs)-capturing stents to promote reendothelialization (Aoki et al. 2005). The 

captured EPCs can differentiate into endothelial cells (ECs) which form the endothelial lining on 

the interior surface of the blood vessels. Despite the enormous progress in artificial biocompatible 

surface technologies, the endothelium remains to be the ideal surface for preventing 

thrombogenesis and restenosis. Healthy ECs express antiplatelet and anticoagulant agents that 

prevent platelet aggregation and fibrin formation (Yau, Teoh, and Verma 2015). Studies have 

shown that facilitated reendothelialization attenuates intimal hyperplasia (Asahara et al. 1995, 

Wang, Cherng, et al. 2008). This may be achieved through the generation of nitric oxide by ECs 

to inhibit the mitogenesis and proliferation of SMCs (Garg and Hassid 1989).  

Intensive research has been conducted to promote reendothelialization by capturing circulating 

EPCs and various strategies for EPC capture have been developed, including capturing with 

antibodies (Aoki et al. 2005), peptides (Jun and West 2004, Seeto, Tian, and Lipke 2013), magnetic 

molecules, oligosaccharides, and aptamers (Avci-Adali, Ziemer, and Wendel 2010). All the 
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techniques mentioned above may also be applied to artificial vascular graft to capture EPCs. A 

confluent endothelial layer on the inner surface of grafts can improve the biocompatibility and thus 

reduce the frequency of invasive surgery to replace vascular grafts. 

1.2 Cell sources for treating vascular disease 

The endothelium, which is the lining of the blood vessel, consists of a monolayer of ECs. ECs 

have many physiological properties to ensure the normal function of blood vessels, including 

providing a non-thrombogenic surface, controlling the blood pressure through vasoconstriction 

and vasodilation (Furchgott and Vanhoutte 1989), and regulating gene expression and cell 

behavior by sensing the fluid shear stress from blood flow (Baeyens et al. 2016). Multiple sources 

of ECs have been used for investigation over the years including isolated mature ECs, such as 

human umbilical vein endothelial cells (HUVECs) and bovine aortic endothelial cells (BAECs), 

EPCs, and ECs derived from human induced pluripotent stem cells (hiPSCs), for which 

differentiation protocols were recently developed. 

1.2.1 Isolated endothelial cells 

Mature ECs can be isolated directly from human or animals. HUVECs are isolated from the 

luminal surface of human umbilical veins (Davis, Crampton, and Hughes 2007, Baudin et al. 2007) 

and are widely used in research as models providing general properties of human ECs due to their 

easy accessibility. Also, HUVECs are a good cell source that can provide a large number of cells. 

Even though HUVECs are normally considered differentiated, mature ECs, they still carry high 

proliferative potential, and at least 22 population doublings can be achieved through subculture 

(Bompais et al. 2004, Ingram et al. 2005). 

Besides HUVECs, BAECs are also widely used in EC research because of their well-

established isolation method and high proliferative potential (Voyta et al. 1984, Schwartz 1978). 
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Moreover, many other EC sources isolated from the human body are also available such as human 

coronary artery endothelial cells, human iliac artery endothelial cells, and human pulmonary artery 

endothelial cells. While there are multiple sources to obtain primary ECs for research, for disease 

treatment, an autologous source of ECs is highly preferable to avoid rejection by the immune 

system. However, due to low proliferative capacity or difficulty in maintaining phenotype in 

culture, autologous mature ECs are not the best sources for therapeutic purposes. 

1.2.2 Endothelial progenitor cells and endothelial colony forming cells 

EPCs are an important autologous EC source for many tissue engineering applications. They 

are unipotent stem cells that are capable of differentiating into ECs. Unlike ECs, EPCs have a high 

proliferative capability making them an ideal cell type for tissue repair, which requires a large 

number of cells. Many clinical research studies have been conducted using EPCs for 

reendothelialization such as vessel repair (Kong et al. 2004), coating of vascular grafts (Avci-Adali, 

Ziemer, and Wendel 2010), and for neovascularization of ischemic tissues (Gaffey et al. 2015). 

EPCs originate from bone marrow or the vessel wall and circulate in peripheral blood. A specific 

marker for EPCs has yet to be identified; instead, they are generally defined by possessing a variety 

of cell surface markers including CD34, CD133, and VEGFR2, similar to those expressed by 

vascular endothelial cells (Yoder 2012).  

EPCs can be separated into two types: early and late outgrowth EPCs, which can be isolated 

using different methods. The early outgrowth EPCs (Hur et al. 2004), also called colony forming 

units (CFUs), are isolated by plating peripheral blood mononuclear cells (MNCs) on fibronectin-

coated dishes, removing non-adherent cells, and are recognized at day 5 to 7 as elongated sprouting 

cells within discrete colonies. The late outgrowth EPCs (Ingram et al. 2004), also known as 

endothelial colony forming cells (ECFCs), are isolated by seeding peripheral blood mononuclear 
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cells on collagen-coated plates, removing non-adherent cells, and culturing for a much longer time 

than CFU cells. ECFCs carry a cobblestone morphology, are highly proliferative compared to 

CFUs, and actively participate in neovascularization. 

1.2.3 Induced pluripotent stem cell-derived endothelial cells 

HiPSCs are a promising cell source for creating ECs owing to their capability of unlimited 

proliferation. HiPSCs technology, which reprograms adult cells into pluripotent stem cells, was 

first introduced in 2006 (Takahashi and Yamanaka 2006). Unlike human embryonic stem cells 

(hESCs), hiPSCs can be used for deriving large quantities of autologous ECs, making them a good 

choice for regenerative medicine (Choi et al. 2009). Many studies have explored the therapeutic 

potential of human induced pluripotent stem cell-derived endothelial cells (hiPSC-ECs) in 

ischemic disease. Induced by bone morphogenetic protein-4 (BMP-4) and vascular endothelial 

growth factor-A (VEGF-A), hiPSCs can be differentiated into ECs. By following slightly different 

protocols, ECs subtypes such as arterial hiPSC-ECs, venous hiPSC-ECs, and lymphatic hiPSC-

ECs can be obtained (Rufaihah et al. 2013). Carrying endothelial phenotypes, the hiPSC-ECs are 

able to form a capillary-like network in 3D tissue-engineered constructs in vitro and increase 

capillary density and improve perfusion on in vivo animal models with a peripheral arterial disease 

(Rufaihah et al. 2011, Belair et al. 2015). 

1.3 The need for microengineered tissues 

Traditionally, researchers culture cells on a two-dimensional (2D) plastic or glass surfaces such 

as tissue culture flasks or well plates. However, in a real-world situation, cells inhabit an 

environment surrounded by other cells and extracellular matrix in three-dimensional (3D) space. 

Researchers realized that the gap between in vivo and in vitro condition may result in highly 

divergent cell function. Thus, many studies have been done in creating scaffolds that can support 
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3D cell culture and simultaneously mimic mechanical, structural, and compositional properties of 

native tissue. 

1.3.1 Biomaterials supporting endothelial cells 

A biomaterial is a substance that is engineered to interact with biological systems for directing 

therapeutic or diagnostic procedures. Many studies have been done in developing biomaterials that 

facilitate viability, attachment, and phenotypic maintenance of ECs. Among all the biomaterials, 

polymers have the mechanical, structural, and compositional properties that can be easily 

customized, making them a good option for tissue engineering (Chen, Liang, and Thouas 2013). 

Nanofiber mesh consisting of different copolymers modified with ECM proteins are explored 

as potential materials for tissue engineered vascular graft (He et al. 2005, Ma et al. 2005). The 

presence of ECM proteins can enhance the attachment and spreading of ECs. Besides nanofiber 

mesh, polymers can also be fabricated into thin films as coating for vascular grafts. Polyelectrolyte 

multilayered thin films with customized surface properties are suitable for attachment and 

proliferation of ECs (Boura et al. 2003). 

The research work mentioned above is mainly focused on developing biomaterials supporting 

ECs in 2D. However, the cellular environment is not a flat plastic or glass surface in vivo. Cell-

cell and cell-extracellular matrix (ECM) interaction are not limited in a 2D plane. Instead, cells are 

surrounded by abundant ECM which provides structural and biochemical support in a 3D 

environment. To better understand the interaction between biomaterials and ECs for therapeutic 

and diagnostic purposes, it is important to assess cell behavior in a 3D environment. 

Various types of biomaterials have been introduced for cell culture, aiming for the control of 

mechanical, structural, and compositional properties that can accurately represent features of 

native tissues, such as patterned glass substrates, elastomeric films, hydroxyapatite ceramics, and 
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fibrillary foams (Caliari and Burdick 2016). Among all the biomaterial systems, hydrogels are 

considered the most promising. Hydrogels are polymeric materials with a hydrophilic structure 

that can hold a large amount of water in the network. Compared to other biomaterials, hydrogels 

are capable of mimicking the mechanical properties of those soft native tissues and providing 

constructs for 3D cell culture. Their porous structure facilitates diffusion of oxygen and nutrients, 

which are essential for cell metabolism. Generally, hydrogels can be classified into two groups 

based on their natural or synthetic origins. Hydrogels with natural origins include proteins such as 

collagen and gelatin and polysaccharides such as alginate and hyaluronic acid. Synthetic hydrogels 

are formed through a chemical crosslinking reaction between polymer chains initiated with 

different mechanisms such as photo-initiation or thermal-initiation. Compared to natural hydrogels, 

synthetic hydrogels have the advantage of high reproducibility with limited batch to batch variation. 

Synthetic hydrogels can also be modified with natural components such as protein or peptides, 

extending their applications greatly. With the modification from natural components, hydrogels 

can provide the cells with binding sites and can be biodegraded later. They are able to protect the 

embedded cells and will not block the transportation of the nutrients because of the porous 

structure. 

Poly(ethylene glycol) (PEG) is a synthetic polymer that has attracted a lot of research interest 

in tissue engineering due to its biocompatibility. PEG has very minimal protein adsorption due to 

its steric hindrance of negative charges (Lasic et al. 1991); thus, it can minimize thrombogenic or 

inflammatory responses. To form a hydrogel with crosslinked polymeric network, PEG is first 

acrylated into poly(ethylene glycol) diacrylate (PEGDA) with a carbon-carbon double bond on 

each side. The chemical structure of PEGDA is shown in Figure 1.1. By exposing the photo-

initiator to light with a specific wavelength, the PEGDA hydrogel is formed after a rapid free 
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radical chain reaction. The light sources for activating the photo-initiator can be visible or 

ultraviolet light, and they are able to photocrosslink the hydrogel in vitro or in vivo. Compared to 

other approaches for crosslinking hydrogels, photocrosslinking is a relatively gentle procedure for 

the cells. The reaction happens in aqueous conditions without changing the temperature or pH. 

Therefore, the encapsulation of cells can be conducted simultaneously during the 

photocrosslinking process. Based on the advantages discussed above, PEGDA-based hydrogel was 

chosen as the biomaterial for the project. 

 

 
Figure 1.1 The chemical structure of PEGDA. 

1.3.2 Fabrication techniques for forming 3D hydrogel scaffolds 

Encapsulation of cells into 3D hydrogel scaffolds can provide the 3D environment for the cells. 

A number of techniques have been developed to fabricate hydrogel scaffolds with different 

geometric shapes. These techniques can be categorized into the following categories: molding, 

emulsification, microfluidics, and 3D printing. 

Molding 

Polydimethylsiloxane (PDMS) is a kind of polymeric organosilicon and is optically 

transparent, inert, non-toxic, and non-flammable. It is a viscous liquid that can be processed into 

any shape or size at the beginning and then crosslinked into a solid elastic state. Therefore, PDMS 

is an ideal choice as a mold for creating 3D cell culture scaffolds. For example, PDMS molds can 

work as reservoirs holding the hydrogel precursor solution with cells before conducting photo-
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crosslinking on the hydrogel. 3D hydrogel scaffolds containing cancer cell lines can be used as 

cancer models for investigations of cancer biology or pre-clinical testing of anti-cancer drugs 

(Roudsari et al. 2016, Pradhan, Clary, et al. 2017). Also, encapsulation of human pluripotent stem 

cells can be used for differentiation and growth of engineered human heart tissues (Kerscher et al. 

2016). Encapsulation of cells within PDMS molds is a straightforward method for preparing 3D 

cell culture scaffolds. 

Emulsification 

Though encapsulation of cells within PDMS mold is straight-forward, it has limited 

applications in creating spherical tissue constructs on a millimeter or micron scale. Thus, 

researchers developed a technique based on surface tension in a liquid-liquid dual-phase system. 

By adding a specific small amount of hydrogel precursor solution, which is the aqueous phase, 

into the oil phase, which is another immiscible phase, spherical hydrogel precursor droplet with a 

certain size can be formed within the oil. Exposed to light, the hydrogel can then be formed through 

a photo-crosslinking reaction. Millimeter-scale hydrogel beads containing cancer cells can be 

prepared as a 3D cell culture model, which closely mimics the native tumor microenvironment, 

and can be used as models for anti-cancer drug testing (Pradhan, Chaudhury, and Lipke 2014). 

Microfluidics 

Microfluidic systems are system processes with low volumes of fluids to achieve automated, 

high-throughput production. Compared to the two methods described above, microfluidic systems 

are capable of making highly uniform, micron-scale, spherical cell culturing scaffolds with high 

efficiency. The most common approach to preparing microfluidic systems is photolithography. A 

precleaned wafer is spin-coated with a thin layer of photoresist and then covered with an optical 

mask with a printed design of microfluidic channels. After exposure to ultra-violet (UV) light, the 
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photoresist will have a change in solubility, and thus can be rinsed away. Without the protection 

of photoresist, the oxide layer on the wafer can be etched with chemicals. After removal of leftover 

photoresist, the etched wafer can be used as a mold for preparing PDMS microfluidic devices. The 

development of microfluidic techniques significantly promotes the progress in tissue engineering. 

For example, Yu et al. used a droplet-based microfluidic system to encapsulate cancer cells within 

alginate microbeads and then trapped the cell-laden alginate beads in microsieve structure with 

continuous perfusion to investigate the response of the tumor spheroids to an anticancer drug (Yu, 

Chen, and Cheung 2010). Efforts are also made in optimizing the microfluidic system aiming for 

producing large quantities of highly uniform microgels with high post-encapsulation viability 

(Choi et al. 2016). 

3D printing 

As described above, most of the microfluidic systems are built with PDMS using soft 

photolithography, and numerous research fields have been benefited from the sophisticated-

designed PDMS devices. However, the fabrication process is typically labor-intensive, and the 3D 

complexity of the devices is limited due to the layered design on the wafer. 3D printing, as a rapidly 

developing technique, has been used to make complex microfluidic systems due to its 3D spatial 

fabrication ability as well as increasing resolution (Lee et al. 2010, Kolesky et al. 2014). Besides 

printing the microfluidic system used for making 3D cell culture scaffolds, 3D printing is also 

capable of printing the scaffold directly. Compared to other approaches, a 3D printer is able to 

manipulate multiple materials simultaneously and build heterogeneous structures with 

encapsulated cells and micro-channels for better nutrient diffusion (Hong et al. 2015). In this way, 

the engineered in vitro tissue model can best mimic the real physiological environment, making 
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these molds promising choices for drug screening and other fundamental studies such as wound 

healing and angiogenesis. 

By using the fabrication techniques mentioned above, hydrogels can be engineered into 

different geometric shapes, which are critical for their applications such as cell delivery, 

bioreactor-based cell production, high throughput screening, and 3D bioprinting (Seeto et al. 2017, 

Highley et al. 2019, Kropp, Massai, and Zweigerdt 2017, Brouzes et al. 2009). Different purpose 

can require a different geometric shape. For example, microspherical hydrogels are widely used 

for injectable cell delivery(Seeto et al. 2017, Zhao et al. 2016, Oliveira et al. 2015, Yao et al. 2013), 

and properly controlled sizes can improve cell retention while allowing for a smooth injection 

process. In a stirred tank or fluidized bed bioreactor system, hydrogels with different ARs will lead 

to different flow properties, which can be used to control the mixing and sedimentation process. 

Encapsulation of islets in fiber-shaped hydrogels were reported by An et al. to make delivered cells 

conveniently retrievable. Rapid production of hydrogels with a wide range of geometric shapes 

and physiologically relevant dimensions (10-1-103 µm) is important to meet the various needs for 

differing biomedical uses. 
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2. CHAPTER 2: Rapid Production of Cell-laden Microspheres Using a Flexible 

Microfluidic Encapsulation Platform 

2.1 Introduction 

Hydrogel microspheres are advantageous for use in a wide range of regenerative medicine 

applications (Lutolf and Hubbell 2005), including 3D cell culture (Workman et al. 2014), 

injectable cell delivery (Yao et al. 2012), disease modeling (Horning et al. 2008), cell 

differentiation (Shofuda et al. 2013), drug delivery (Dini, Alexandridou, and Kiparissides 2003), 

vaccine production (Tree et al. 2001), and cell production (Tashiro, Tsumoto, and Sano 2012). 

Depending on the application, cells can be either encapsulated within or seeded on the surface of 

the microspheres, in which case they are referred to as microcarriers.  

Microspheres can be fabricated using extrusion, atomization, emulsion, and microfluidics. 

Among these methods, emulsion and microfluidics are used more widely because they do not 

require the specialized equipment necessary for the other methods (Leong and Wang 2015). 

Although emulsion allows for scalable production and has been used successfully for mammalian 

cell encapsulation (Franco, Price, and West 2011, Pradhan, Clary, et al. 2017), this method of 

microsphere production has some inherent challenges. The emulsion process can require the use 

of harsh chemical solvents, necessitating further processing steps to minimize the negative impact 

on downstream cell viability, and can be time-consuming depending on the crosslinking method 

(Yang, Chung, and Ng 2001, King and Patrick 2000). Incorporating cells directly is also 

challenging; the high levels of shear stress make consistent maintenance of high cell viability 

during the emulsion process difficult. In addition, microspheres produced from emulsion usually 

have a broad size distribution which can be problematic for downstream applications where tight 

size distribution is critical (Khademhosseini and Langer 2007). In contrast, microfluidic 
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approaches can precisely produce uniform microspheres with a very narrow size distribution 

(coefficient of variance, CV < 5 %) (Headen et al. 2014). However, due to constraints in channel 

dimensions imposed by the use of photolithography for microfluidic chip fabrication, resulting 

microspheres typically have a maximum diameter of around 200 μm (Velasco, Tumarkin, and 

Kumacheva 2012). Furthermore, pressure differences and changes in flow stability within these 

smaller channels make it more challenging to encapsulate cells at high densities or in cell clusters, 

which tend to clog the microfluidic channels and junctions (Headen et al. 2014). High cell density 

is critical for therapeutic cell delivery as we have shown in previous work, where millions of cells 

were used for large animal cell therapy (Seeto et al. 2017). To minimize the delivered volume and 

fabrication time while achieving the desired therapeutic dose, high cell densities are required. 

However, the small dimensions of microfluidic chips limit the total number of cells that can be 

encapsulated per time, failing to meet the needs for therapeutic cell delivery. Additionally, there 

are other restrictions on the applications of microspheres where larger size microspheres are 

desired, for example, modeling large tumors for induction of hypoxia and necrosis, providing 

shear-protection for bioreactor-based cell production, and improving retention of injected 

therapeutic cells. In addition to the limitation on channel size, the complex process of 

photolithography makes adjustment of the channel dimensions of microfluidic chip difficult. It 

requires a substantial investment of time and resources to produce a microfluidic chip with a 

different design during process optimization.  

Having reported the use of hydrogel microspheres for large animal cell therapy (Seeto et al. 

2017), here we present for the first time the design of the custom-built microfluidic platform that 

overcomes some of the challenges inherent to microfluidic cell encapsulation using standard 

microfluidic chips. The microfluidic device, which is the major component of the platform, 
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leverages the use of 3D printing for scalable mold production and a custom-developed molding 

technique that does not require expensive reagents and facilities for photolithography. With a 

custom-designed T-junction and readily adjustable assembling components, the platform enables 

rapid production of microspheres with a wide range of diameters from 300 μm to 1100 μm. This 

robust platform also has the potential to be used with a variety of natural and synthetic polymers; 

here we have demonstrated microspheres produced with PEGDA, poly(ethylene glycol)-

fibrinogen (PF), and gelatin methacryloyl (GelMA) through rapid photocrosslinking. With the use 

of Eosin Y as the photoinitiator and a full spectrum light source, cells at high density (10-60 million 

cells mL-1 of hydrogel precursor solution, depending on application) were encapsulated including 

horse ECFCs, breast cancer cells, or human induced pluripotent stem cells (hiPSCs). The 

encapsulated cells were evenly distributed through the microspheres and maintained high viability 

and functional cellular activities. These results demonstrate the capabilities of this microfluidic 

encapsulation platform and show its potential for various regenerative medicine applications.  

2.2 Experimental Section 

2.2.1 Cell culture 

Isolation and culture of horse ECFCs from horse peripheral blood were performed based on a 

method that was previously published (Salter et al. 2015). All procedures involving animals were 

approved by the Auburn University Animal Care and Use Committee. ECFCs were cultured in 

Endothelial Cell Basal Medium-2 (Lonza) containing 5 % horse serum (HyClone) and SingleQuots 

Kit (Lonza) at 37 °C and 5 % CO2. The ECFCs were seeded and expanded on collagen-coated 

tissue culture polystyrene flask. When ECFCs reached 90 % confluency, trypsin/EDTA (Lonza) 

was added to detach the cells at 37 °C for 50 s and was neutralized by ECFCs medium followed 

by centrifugation at 200 g for 5 minutes. ECFCs were resuspended in medium and then 
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subcultured at a ratio of 1:6 or immediately used for experiment. Cells between passage 2-7 were 

used for all experiments. 

MCF7 (ATCC®HTB-22™) and MDA-MB-231 (ATCC®HTB-26™) human breast cancer cells 

were maintained in Dulbecco’s Modified Eagle’s Medium (DMEM, Gibco) supplemented with 

10 % fetal bovine serum (FBS, Atlanta Biologicals), 1 % (v/v) non-essential amino acids (Lonza), 

1 % (v/v) penicillin/streptomycin, 1 % (v/v) Glutamax (Gibco), and 1 % (v/v) sodium pyruvate. 

Cells were expanded and dissociated with trypsin/EDTA when reaching 90 % confluency. 

IMR-90 Clone 1 and 19-9-11 (WiCell) human induced pluripotent stem cells (hiPSCs) were 

cultured on human embryonic stem cell (hESC) qualified Matrigel (Corning) using mTeSR-1 

medium (Stem Cell Technologies) and passaged using Versene (Invitrogen).  

2.2.2 PEGDA synthesis 

PEG (10 kDa; Sigma) was acrylated to form PEGDA following a method from a previously 

published literature (DeLong, Moon, and West 2005). Briefly, PEG was first lyophilized, and then 

reacted with 0.4 M acryloyl chloride (Alfa Aesar) and 0.2 M triethyl amine (TEA, Sigma) in 

anhydrous dichloromethane (Acros) under argon overnight. 1.5 M K2CO3 (Fisher) was then added, 

and the solution was separated into aqueous and organic phase. The organic phase was collected 

and dried with anhydrous MgSO4 (Fisher). The PEGDA was then precipitated by cold ethyl ether, 

filtered, dried, and stored under argon at -20 °C. The degree of acrylation was estimated to be 96 % 

by nuclear magnetic resonance (NMR). PEGDA was dissolved in phosphate-buffered saline (PBS, 

Lonza) to 10 % (w/v) prior to use. 

2.2.3 PEG-fibrinogen synthesis 

PEG-fibrinogen (PF) was synthesized by following a previously published method (Almany 

and Seliktar 2005). In brief, fibrinogen (Type I-S; Sigma) was dissolved in 8 M urea (Sigma) in 
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PBS (Lonza) solution to a final concentration of 7 mg mL-1 with pH of 7.4. Then tris(2-

carboxyethyl) phosphine (Acros Organics) was added to the solution and reacted at pH of 8. 

PEGDA was dissolved in urea-PBS to a final concentration of 280 mg mL-1 and then slowly added 

to fibrinogen solution to react for 3 hours in dark at room temperature. After reaction, PEGylated 

fibrinogen was precipitated with acetone, followed by centrifugation to remove acetone, and then 

dissolved in urea-PBS again for dialysis. The product was dialyzed in sterile PBS over 24 hours in 

dark at 4 °C, and then stored at -80 °C. Protein content was calculated to be 12.5 mg mL-1 using a 

Pierce BCA protein assay kit (Thermo Fisher). PEGylation efficiency (εPEGylation) was calculated 

to be 98 % using Equation 1 (Dikovsky, Bianco-Peled, and Seliktar 2006). 

𝜀𝜀𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃 = [𝑃𝑃𝑃𝑃𝑃𝑃]
[𝐹𝐹𝑃𝑃𝐹𝐹𝐹𝐹𝑃𝑃𝑃𝑃𝑃𝑃𝐹𝐹𝐹𝐹𝑃𝑃]

× 𝑡𝑡ℎ𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒{𝑀𝑀𝑀𝑀𝑓𝑓𝑓𝑓𝑓𝑓𝑟𝑟𝑓𝑓𝑟𝑟𝑟𝑟𝑟𝑟𝑟𝑟𝑟𝑟

29×𝑀𝑀𝑀𝑀𝑃𝑃𝑃𝑃𝑃𝑃
}  

= [𝑃𝑃𝑃𝑃𝑃𝑃]
[𝐹𝐹𝑃𝑃𝐹𝐹𝐹𝐹𝑃𝑃𝑃𝑃𝑃𝑃𝐹𝐹𝐹𝐹𝑃𝑃]

× 166000
29×10000

  (1) 

2.2.4 GelMA synthesis 

GelMA was synthesized following previous protocols (Nichol et al. 2010, Van Den Bulcke et 

al. 2000) with modifications. Briefly, gelatin (Type B, bovine) was mixed at 5 % (w/v) into 

phosphate buffered solution (PBS, Gibco) at 60 °C with constant stirring until fully dissolved. 

Methacrylic anhydride (MA) was slowly added until the target concentration was reached (15 % 

w/v) and reacted at 60 °C for 2 hours. The reaction was stopped with PBS; methacrylated gelatin 

was dialyzed for seven days and lyophilized for five days. Lyophilized GelMA was dissolved in 

deuterium oxide (Fisher Scientific) for NMR analysis. 1H NMR spectra were collected using a 

Bruker 600 MHz NMR spectrometer. Before integration, phase and baseline corrections were 

applied to ensure accurate methacrylation calculations. GelMA was dissolved in PBS to 1.5 % 

(w/v) and kept at 37 °C prior to use. 
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2.2.5 3D printed bracket for scale up production of microfluidic device 

A bracket was 3D printed to hold the mold for creating the junction and the channels for the 

microfluidic device. The bracket was designed in Blender 2.77 and printed using the LulzBot TAZ 

5 with an acrylonitrile butadiene styrene (ABS) filament. The T-junction and the channels were 

molded with Teflon tubes and metal wires. To assemble the mold, two hollow Teflon tubes were 

inserted into the holes on the jig as shown in Figure 2.1 and Figure 2.2D. The top Teflon tube had 

a cylindrical end and the bottom one had a conical end for making the conical region at the junction. 

A metal wire was inserted into the hollow center of both Teflon tubes, and the uncovered part of 

the wire in between tubes could form a restriction segment. Another metal wire with tapered end 

was introduced through the third hole on the jig and inserted right below the conical end of the 

Teflon tube to make the outlet channel. The metal wires have different sizes and can be easily 

machined to obtain desired tapered end, providing flexibility in adjusting channel size and junction 

geometry. Multiple design parameters of assembled junction, including junction size, tapered end 

length, and outlet channel size were then checked under microscope to ensure consistency in 

device fabrication.  

After the channels were assembled to achieve the desired junction design, the bracket was fixed 

on a glass using binder clips. Polydimethylsiloxane (PDMS) microfluidic device was created with 

Sylgard 184 silicone elastomer kit (Dow Corning) by pouring the mixture of base and cure 

component into the bracket, and air bubbles were removed by vacuum. Then the PDMS was cured 

at 70 °C for 2 hours. Once the PDMS was cured, the channel molds were removed and the PDMS 

was extracted from the bracket. The PDMS was cleaned by sonicating in 70 % ethanol before and 

after each use. The total cost of each microfluidic device was estimated to be $2.90, which included 
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the cost of all components of the channels ($0.80 per device), the jig ($0.16 per device), and PDMS 

(14 g, $1.94 per device). 

 
Figure 2.1 Design of a reusable channel mold-holding jig for 3D printing, which is essential for 

consistent and scalable production of microfluidic devices. 

2.2.6 Cell encapsulation in hydrogel microspheres 

Cell encapsulation in hydrogel microspheres was achieved through the novel microfluidic 

encapsulation platform. Before cell encapsulation, hydrogel precursor solution was prepared by 

mixing the polymer solution (PEGDA, PF, or GelMA) with 0.1 % (w/v) of Pluronic F68 (Sigma), 

0.1 mM of Eosin Y photoinitiator (Fisher Scientific), 1.5 % (v/v) triethanolamine (Acros Organics), 

and 0.39 % (v/v) of N-vinylpyrrolidone (Sigma). Cells including equine ECFCs, MCF7 cells, 

MDA-MB-231 cells, IMR90 hiPSCs, and 19-9-11 hiPSCs were detached from tissue culture flask, 

centrifuged, and resuspended in crosslinking precursor solution to the desired, application-specific 

cell density of 10-60 million cells mL-1. 

Cells encapsulation and hydrogel photocrosslinking were conducted in a biosafety cabinet to 

keep the process sterile. The device had two inlets and one outlet where cells and hydrogel 

precursor mixtures were flowed from the top inlet, and mineral oil was flowed from the bottom 

inlet by using syringe pumps. When the two streams meet at the junction, microspheres were 
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formed due to emulsification and the cell-encapsulated microspheres were crosslinked by a 

2.8 W cm-2 full spectrum visible light (Prior Lumen 200). A mirror was placed behind the 

microfluidic device near the outlet to aid the crosslinking by reflecting the light that passed through 

the device. The microspheres were washed down from the outlet with cell media by using a third 

syringe pump. The microspheres were then washed twice with media by centrifugation at 200 g 

for 3 minutes to remove the residual mineral oil and cultured in well plates at 37 °C and 5 % CO2. 

To prepare the microspheres shown in Figure 2.2G-J, the following experimental parameters 

were employed. The flow rates for mineral oil were 4, 10, 10, and 9 mL h-1, respectively from G 

to J. The flow rates for hydrogel precursor solution were 0.8, 1, 0.5, and 1 mL h-1, respectively. 

The flow rates for washing were 10 mL h-1 for all conditions. The junction diameters of 

microfluidic device were 240, 460, 520, and 460 µm, respectively. The outlet channel diameters 

of microfluidic device were 380, 960, 770, and 960 µm, respectively. 

2.2.7 Microsphere geometry characterization:  

The uniformity of the microspheres was evaluated by measuring their maximum diameter and 

roundness on one and three days after cell encapsulation. Three batches of microspheres with at 

least 30 microspheres per batch were measured and the measurements were performed using 

ImageJ. Roundness measured in ImageJ is defined by Equation 2. 

𝑅𝑅𝑒𝑒𝑅𝑅𝑅𝑅𝑅𝑅𝑅𝑅𝑒𝑒𝑅𝑅𝑅𝑅 = 𝐴𝐴𝐹𝐹𝐹𝐹𝑃𝑃
𝜋𝜋 × 𝑀𝑀𝑃𝑃𝑀𝑀𝑃𝑃𝐹𝐹 𝑃𝑃𝑎𝑎𝑃𝑃𝑎𝑎2

 (2) 

Uniformity was also analyzed by coefficient of variance (CV) which is defined by Equation 3. 

𝐶𝐶𝑒𝑒𝑒𝑒𝐶𝐶𝐶𝐶𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑅𝑅𝑡𝑡 𝑒𝑒𝐶𝐶 𝑣𝑣𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑅𝑅𝑒𝑒𝑒𝑒 = 𝑆𝑆𝑃𝑃𝑃𝑃𝑃𝑃𝑆𝑆𝑃𝑃𝐹𝐹𝑆𝑆 𝑆𝑆𝐹𝐹𝑑𝑑𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃
𝑀𝑀𝐹𝐹𝑃𝑃𝑃𝑃

 (3) 

2.2.8 Post-cell encapsulation cell viability assay 

Cell viability after encapsulation was assessed by Live/Dead viability/cytotoxicity kit 

(Invitrogen). Cell-laden microspheres were incubated for 30 minutes with Calcein AM and 
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Ethidium homodimer-1, and then Z-stack-images were obtained with fluorescence microscopy 

(Nikon Eclipse Ti). Three regions with same size (250 × 250 µm) were randomly selected from 

each microsphere using ImageJ, and both live and dead cells were counted through the optical 

slices along the z-axis for approximately 550 µm. 

2.2.9 Scanning electron microscopy 

The ultrastructural features of the microspheres and the cell-laden microspheres were 

visualized through scanning electron microscopy (SEM). Microspheres were washed with PBS, 

fixed with 4 % glutaraldehyde (Electron Microscopy Sciences) for 1 hour and then fixed with 2 % 

osmium tetroxide (Electron Microscopy Sciences) for 1 hour, all at room temperature. The fixed 

microspheres were frozen in liquid nitrogen for 2 minutes and then dried in a freeze dryer 

(Labconco). Dried samples were mounted on carbon taped-aluminum stubs, sputter-coated with 

gold (Pelco SC-6 sputter coater) and imaged using scanning electron microscope (JEOL JSM-

7000F). 

2.2.10 Microsphere stiffness 

In order to measure the Young’s modulus of the hydrogel microspheres, they were subjected 

to compression testing under physiological conditions using MicroSquisher (CellScale). Briefly, 

cell-laden hydrogel microspheres were loaded onto the MicroSquisher platform maintained at 

37 °C in PBS, preconditioned for compression testing and made to undergo cycles of compression 

and relaxation at a rate of 2.5 μm s-1 for a minimum of 15 % strain. The force-displacement data 

obtained from the stress were converted to stress-strain curves and the lower portion of the curve 

(5-15 % strain) was used to estimate the Young’s moduli of microspheres. 
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2.2.11 Immunocytochemistry 

Encapsulated horse ECFCs were evaluated for the expression of cell proliferation maker Ki67 

with indirect immunofluorescence assay (IFA). Microspheres cryosection containing ECFCs were 

fixed with 4 % paraformaldehyde (PFA) solution and rinsed with PBS solution. ECFCs were then 

permeabilized with PBS-T containing 0.2 % Triton X 100 (Sigma) in PBS for 30 minutes and 

blocked with 3 % FBS at 4 °C overnight. The encapsulated cells were then incubated at room 

temperature for 2 hours with primary antibody solution which was rabbit anti-Ki67 (Abcam) at 

1:100 dilution in 3 % FBS solution. After incubation, cells were washed with PBS-T before 

applying secondary antibody. Alexa Fluor 680-conjugated goat anti-rabbit IgG diluted at 1:200 in 

3 % FBS solution was used as secondary antibody and incubated with cells at room temperature 

in dark for 2 hours. Cells were counterstained with DAPI, washed with PBS, mounted with 

ProLong Gold antifade reagent (Life technologies), and imaged with fluorescent microscopy. 

2.2.12 Statistical analysis 

All data were presented as mean ± standard deviation (SD). All statistical analysis was 

performed using Minitab 17 Statistical Software (Minitab Inc.). After verifying equal variances 

using F-test, Student’s t-test was performed to evaluate statistical significance between two groups. 

After checking for normality of distribution, one-way analysis of variance (ANOVA) followed by 

the Tukey-Kramer honest significant difference (HSD) test was performed to evaluate statistical 

significance between multiple groups. Statistical significance was declared if p<0.05. 

2.3 Results and Discussion 

This study established a novel microfluidic encapsulation platform and developed a new 

method for microfluidic device fabrication to overcome the limitations imposed by 

photolithography. Deviating from traditional microfluidic chip fabrication, this study established 
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a novel molding technique for fabricating microfluidic devices. The resulting devices employ a 

custom-designed T-junction and continue to provide the important advantages of using 

microfluidic systems for production of hydrogel microspheres. This new molding technique 

supports designing microfluidic devices with a wider range of dimensions for various components, 

including junction geometry, channel width, and device length. The ease and flexibility provided 

by this technique enables quick fabrication of prototypes for ready testing and design iteration, 

which is beneficial for understanding the fluid dynamics of microsphere production. The 

established microfluidic encapsulation platform was shown to be compatible with multiple 

polymers and cell types, and was able to produce highly uniform microspheres with high cell 

densities and a wide range of diameters through rapid photocrosslinking. The encapsulated cells 

were evenly distributed through the microspheres and could maintain high viability and cellular 

activities in long-term culture post-encapsulation. 

2.3.1 Microfluidic encapsulation platform using a novel custom design and device molding 

technique 

A novel microfluidic encapsulation platform was developed in this study. As shown in Figure 

2.2A-B, the microfluidic encapsulation platform is composed of three syringe pumps, a collection 

vessel, and the novel custom-designed polydimethylsiloxane (PDMS) microfluidic device. 

Aqueous polymer precursor solution, the discrete phase, flows into the device through the top inlet 

channel and the oil, the continuous phase, flows in through the bottom channel. The flow rate of 

the polymer precursor and oil can be independently adjusted using two syringe pumps, providing 

control over the polymer precursor/oil flow rate ratio. Microspheres are formed at the T-junction 

due to emulsification and then photocrosslinked in the outlet channel of the microfluidic device, 
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using a wide spectrum visible light source with a liquid light guide. At the end of the outlet, the 

microsphere hydrogels are washed down with and collected in media, controlled by a syringe pump. 

This encapsulation platform uses a high power visible light source to perform rapid 

photocrosslinking, which leads to a much higher production rate. Compared to other microfluidic 

platforms, microspheres here have a much shorter residence time passing through the light beam. 

It takes approximately 1 s for photocrosslinking, whereas other platforms take up to 20 s or longer 

per microsphere (Jiang et al. 2017, Zhao et al. 2016). As previously reported, using this platform 

4 million cells were encapsulated in 400 µL of PF precursor solution in 24 minutes, resulting in 

approximately 1500 cell-laden microspheres with diameters of 800 µm (Seeto et al. 2017). A range 

of power output (0.5 W- >3 W, 10 %-100 %) of the light source has been tested. In order to achieve 

rapid photocrosslinking, a minimum of 2.8 W cm-2 light was necessary to form microspheres with 

stable boundaries and structural integrity, and a mirror was placed behind the device to reflect the 

light for higher crosslinking efficiency. Power output can be increased for photocrosslinking 

without affecting the microsphere size and geometry. In addition to the light source power output, 

many other platform parameters were established through extensive iterative testing. For example, 

the distance of the light source from the outlet channel was optimized to support rapid 

photocrosslinking while keeping heat generation low enough to maintain high cell viability. 

Further improvements could be achieved by the use of an LED light source. 

As the major component of the platform, the microfluidic devices are fabricated using a new 

molding technique that is more flexible than the standard microfabrication techniques. When using 

standard photolithography microfabrication techniques, the maximum diameter of fabricated 

microspheres is generally determined by the height of microfluidic channels, which is usually 

around 200 μm (Velasco, Tumarkin, and Kumacheva 2012). This limitation is a result of the 
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channel height being dictated by the maximum thickness of photoresist that can be cast onto a 

wafer and depends on the series and choice of the photoresist. As a result, traditional microfluidic 

device fabrication is not suitable when microspheres with larger diameters are desired. This study 

overcomes the size limitation by employing a molding technique and designing a suitable T-

junction in the fabrication of the microfluidic device.  

The design of the microfluidic device channels is assembled with easily acquired components 

as shown in Figure 2.2D. Numerous iterations were able to be performed in the design of the 

reported device due to the ease of fabrication using the molding technique. In order to hold the 

assembly of the channels together and control the dimension of the microfluidic device, a reusable 

channel mold-holding jig was designed (Figure 2.1) and 3D printed (Figure 2.2C) with 

acrylonitrile butadiene styrene (ABS) filament (The 3D printable file of the jig is available upon 

request). The 3D printed jig is essential for consistent and scalable production of microfluidic 

devices. In addition, the cost of all components is relatively low (Figure 2.2D, detailed cost listed 

in Experimental Section). After the PDMS is cured, the molds of the channels can be easily 

removed (Figure 2.2E). Producing a microfluidic device with new channel dimensions takes 

approximately 1 hour, which allows for quick testing during prototype development. Although this 

molding fabrication approach may not provide the high level of consistency needed to 

commercially manufacture numerous identical microfluidic devices, it eliminates the need to use 

photolithography, making it advantageous for research groups wanting to do rapid, iterative design 

testing or for those who do not have ready access to expensive microfabrication facilities. 

Based on iterative testing, the final design of the microfluidic device is shown in Figure 2.2F. 

The T-junction and the channels are molded with Teflon tubes and metal wires, providing channels 

with a circular cross-sectional area instead of the rectangular cross-sectional area produced using 
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photolithography. In typical T-junction designs, the two inlet channels are perpendicular to each 

other, with the discrete phase entering the continuous phase channel at an angle and then 

progressing linearly to the outlet (Baah and Floyd-Smith 2014, Xu et al. 2008). Here, however, the 

discrete and continuous phase inlet channels are collinear with each other and the joint outlet 

channel is perpendicular to both inlets. When the microfluidic device is placed vertically, the 

collinear inlet channels can maximally exploit the density difference between two fluids to assist 

droplet formation, which will be discussed in the following paragraph. This unique design 

leverages the simplicity of the T-junction design while providing additional control over 

microsphere size and operational stability, typically only achieved using much more complex flow 

focusing microfluidic designs. In particular, manipulation of the inlet flow ratio enables control 

over microsphere size. This T-junction design has not to our knowledge been used before for 

microsphere fabrication. The top inlet channel was designed to contain a restriction segment as 

indicated by an asterisk. This was implemented to stabilize the precursor/oil interface prior to 

entering the outlet channel; without this restriction segment some of the denser precursor tends to 

escape from the aqueous flow into the oil phase and form unwanted droplets that sink to the bottom 

inlet in the vertically oriented device. Beneath the restriction segment is a conical region instead 

of a cylindrical region, which was introduced to eliminate the dead volume of hydrogel precursor 

solution. The metal wire has a tapered end that can be inserted into the Teflon tube forming the T-

junction. The tapered end slightly increases the flow speed at the T-junction to aid in microsphere 

formation. This approach is commonly used in microfluidic flow focusing techniques (Kim et al. 

2007, Anna, Bontoux, and Stone 2003) but not in standard T-junctions, where only the discrete 

stream (aqueous/polymer precursor) is entering the continuous stream at an angle, versus our 

modified T-junction design where both the continuous and discrete streams are perpendicular to 
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the outlet channel. The metal wires have different sizes and can be easily machined to obtain 

desired tapered end, providing flexibility in adjusting channel size and junction geometry. Since 

rapid photocrosslinking requires a high-power light source, the outlet channel length in this design 

was increased to achieve an optimal distance between the T-junction and the light source to 

minimize the influence of light back scattering. Previously, multiple methods were reported to 

prevent scattered light from reaching the junction, including embedding opaque materials in the 

device and reducing light power which resulted in extended crosslinking time (Wang et al. 2018). 

External shielding methods combined with opaque material embedding were tested in earlier 

iterations of the reported platform. However, it was determined that light was traveling down the 

interior of the outlet channel itself. As readily facilitated by the employed molding technique, the 

device length was extended to 10 cm, which provided the distance between the light source and 

the T-junction needed to eliminate this issue. 
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Figure 2.2 Microfluidic encapsulation platform using a novel custom design and device molding 

technique enables production of uniform hydrogel microspheres with a wide range of diameters. 

A) Schematic of the microfluidic encapsulation platform. B) Setup of the microfluidic 

encapsulation platform in a biosafety cabinet. C) 3D printing of the jig. The jig helps with 

consistent, low-cost, and scalable production of microfluidic devices. Design of the jig is shown 

in Figure 2.1. D) The printed reusable jig holds the assembly of the channels together. The T-

junction and the channels are molded with Teflon tubes and metal wires, enabling quick fabrication 

of prototypes for ready testing and design iteration, which is beneficial for understanding the fluid 

dynamics during microsphere production. E) PDMS microfluidic device after curing and channel 

mold removal. F) T-junction of the microfluidic device with precursor inlet on top and mineral oil 

inlet from bottom. The restriction segment for stabilization of the precursor/oil interface is 

indicated by an asterisk. (G-J) Hydrogel microspheres with a wide range of diameters (from 300 
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µm to 1100 µm) can be produced using the microfluidic encapsulation platform. The diameters of 

microspheres shown in the figures are 312 ± 13, 473 ± 15, 723 ± 7, and 1008 ± 47 µm respectively 

(n>20 microspheres per condition, experimental parameters are included in the Experimental 

Section). The hydrogel microspheres are shown in fluorescent green due to the Eosin Y used during 

photocrosslinking. 

The microfluidic device orientation within this platform is also a critical design parameter. In 

contrast to typical microfluidic device operation, the one in this study is orientated vertically 

instead of lying flat horizontally (Clausell-Tormos et al. 2008). Since the channel sizes are much 

larger than in traditional microfluidic chips, gravity is an important factor in successful device 

operation and needs to be considered. According to our preliminary studies during platform 

development, the vertical orientation allows the less dense oil, which is flowing in from the bottom 

inlet, to separate the denser hydrogel precursor/cell-precursor suspension, which is flowing in from 

the top inlet, in a more stable manner. Combining all the new design features mentioned above, 

the resulting microfluidic encapsulation system is able to rapidly produce uniform microspheres 

with a wide range of diameters from 300 µm to 1100 µm (Figure 2.2G-J) that can be used for 

numerous applications, including injectable cell delivery, bioreactor-based cell expansion and 

differentiation, and tissue sphere-based drug testing assays. 

In addition to the design of the microfluidic device itself, the collection wash fluid that flows 

over the outlet port at the end of the device is also critical to flow stabilization. Exiting 

microspheres are washed down from the end of the outlet channel into the collection tube resulting 

in them being immediately immersed in cell culture media. Without this wash stream, 

accumulation of microspheres at the outlet introduces unstable flow within the upstream channels 

which results in wide distribution of microsphere diameter and geometry. This is a novel approach 
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that to our knowledge has not been employed in other systems. Furthermore, such stable system 

flow enables the formation of a range of microsphere diameters within a range of flow rates by 

using a single microfluidic device design. More details will be discussed in a later section. Taken 

together with the novel custom-designed microfluidic device made by molding, this encapsulation 

platform can overcome the limitations of traditional microfluidic chip-based production and 

produce uniform microspheres with a wide range of diameters. 

2.3.2 Established microfluidic encapsulation platform is compatible with multiple 

photocrosslinkable polymers 

Using the established microfluidic encapsulation platform, microspheres have been produced 

using multiple photocrosslinkable polymers that have been widely employed for various tissue 

engineering applications (Nguyen and West 2002, Seliktar 2012). Here, we examined the 

photocrosslinkable hydrogel materials PF, GelMA, and PEGDA; these materials have been used 

for cancer tissue engineering (Pradhan, Hassani, et al. 2017), cardiac tissue engineering (Kerscher 

et al. 2017, Shin et al. 2016), and bone regeneration (Sonnet et al. 2013). These polymers were 

selected to demonstrate the compatibility of this setup with various polymers. The presence of the 

acrylate groups allows crosslinking and formation of hydrogels through free-radical chemistry 

(Odian 2004). The photoinitiator in polymer precursor solution triggers the photocrosslinking 

reaction once exposed to light. Acellular microspheres were fabricated with each of these 

polymers; scanning electron microscopy (SEM) images of the microspheres showed the typical 

porous structure present in these hydrogel scaffolds (Figure 2.3A-D) (Annabi et al. 2010). Using 

the same parameters for microsphere production, elastic moduli of microspheres formed using the 

three different polymers were evaluated by a compression testing (Figure 2.3E and F). All 

microspheres were observed to regain their initial geometries following compression. Elastic 
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moduli of PF, GelMA, and PEGDA were found to be 127.3 ± 24.4 Pa, 1894 ± 257 Pa, and 31,800 

± 5,280 Pa respectively (Figure 2.3G). Collectively, these results demonstrate that this microfluidic 

encapsulation platform has the capability to be used for producing microspheres with various 

polymer systems. 

 
Figure 2.3 Microspheres were able to be formed using a range of photocrosslinkable hydrogel 

materials. Porous structure of the hydrogel scaffolds shown by SEM of (A) GelMA microspheres 

(100x), (B) PF microspheres (1000x), (C) GelMA microspheres (1000x), and (D) PEGDA 

microspheres (1000x). (E-F) Compression testing was used to assess elastic moduli of the 

microspheres. G) Elastic moduli of PF, GelMA, and PEGDA were found to be 127.3 ± 24.4 Pa, 

1894 ± 257 Pa, and 31,800 ± 5,280 Pa respectively (n=3 separate measurements for each material). 

Elastic moduli were found to be significantly different between different materials (*p<0.05). 

2.3.3 Straightforward control of microsphere diameters by varying inlet flowrates and 

outlet channel diameter. 

In addition to fabricating microspheres with various materials, this microfluidic device also 

provides tight control over microsphere diameter. Based on extensive testing during platform 

development using multiple microfluidic device designs, the ratio of precursor to oil flow rate and 
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outlet channel diameter were found to be the critical parameters in controlling microsphere 

diameter. For example, by changing the precursor: oil flow rate ratio from 1:10 to 2:9 in a 

microfluidic device with 750 μm outlet channel diameter, the microsphere diameter increased from 

746 ± 46 μm to 788 ± 40 μm (Figure 2.4A). Similarly, microspheres increased in diameter from 

811 ± 22 μm to 951 ± 25 μm when changing the precursor: oil flow rate ratio from 1:10 to 2:9 in 

the microfluidic device with 920 μm outlet channel diameter (Figure 2.4A). These results 

demonstrate the diameters of microspheres can be changed by varying just the precursor: oil flow 

rate ratio without changing the outlet channel diameter. Conversely, when holding the flow rate 

ratio constant, the resulting microspheres were bigger in size as the outlet channel diameter was 

increased (Figure 2.4A). Roundness was found to be above 0.95 for all microspheres (Figure 2.4B). 

Representative images are shown in Figure 2.4C-F. 

In flow focusing and co-flow microfluidic chips, varying the inlet flow rate ratio is a common 

approach to adjust the size of the microspheres, and both experimental (Xu et al. 2006) and 

computational (Dupin, Halliday, and Care 2006) studies have been done. Channel diameter is the 

limiting factor in determining the maximum size of produced microspheres. Because of the 

constraints imposed by photolithography, traditional microfluidic chip fabrication is time-

consuming and has an upper limit of 200 µm for channel diameter (McDonald et al. 2000). By 

employing the molding technique used here in microfluidic device fabrication, the outlet channel 

diameter can be altered simply by selecting a different wire size for molding. The metal wire used 

in molding the outlet channel is commercially available in a wide range of diameters (250 μm – 

25 mm). This is highly advantageous for maximizing the microsphere diameter options available 

for specific applications, providing much greater flexibility than microfabrication. Together these 
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results show that microsphere diameter can be readily controlled by adjusting inlet flowrates and 

altering outlet channel diameter. 

 
Figure 2.4 Microfluidic device provides tight control over microsphere diameter. A) Hydrogel 

precursor to oil flow rate ratio and outlet channel diameter are critical in determining microsphere 

diameter. By changing the flow ratio or the outlet channel diameter, the size of microspheres can 

be adjusted. Diameters were found to be significantly different between all pairs (*p<0.05, n>78 

microspheres per condition). B) Roundness (above 0.95) was maintained under all conditions. (C-

F) The change of microspheres in size under different experimental conditions shown by 

fluorescent images. 

2.3.4 Highly uniform microspheres produced within and between batches 

Tight control over the size and shape of microspheres is critical for various applications, such 

as high-throughput drug screening (Brouzes et al. 2009), cell production (Kropp, Massai, and 

Zweigerdt 2017), bioprinting using microspheres as building blocks (Mironov et al. 2009), and 

cell delivery (Seeto et al. 2017). For regenerative medicine, high uniformity of microspheres 

prepared from multiple batches is needed to ensure smooth and consistent cell delivery by injection. 
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For high-throughput drug screening, tight control over size and shape of microspheres enables a 

better comparison of drug effects and reduces the number of required replicates. The microfluidic 

encapsulation platform presented in this study provides high uniformity of produced microspheres 

both between and within batches. As shown in Figure 2.5A-C, horse ECFCs were encapsulated 

within PF hydrogel microspheres at the high cell densities required for therapeutic cell delivery; 

these ECFC-laden microspheres, which are shown in fluorescent green, were highly consistent. 

Five separately prepared batches of ECFCs-laden microspheres were analyzed quantitatively for 

intra- and inter-batch comparison (Figure 2.5D); average microsphere diameter ranged from 740 

µm to 793 µm between batches with low variance (CV < 2 %) within each batch. For each of the 

five batches, average roundness was above 0.980 with a standard deviation of 0.01 between 

microspheres. 
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Figure 2.5 Microfluidic encapsulation platform enables high uniformity of microspheres both 

between and within batches. (A-C) PF microspheres with encapsulated horse ECFCs from 3 

separate batches. D) Tight control of microsphere size and shape was achieved by the microfluidic 

encapsulation platform within and between batches (n>54 microspheres per batch). Microsphere 

average diameter ranged from 740 μm to 793 μm between batches with low variance within each 

batch. The roundness was above 0.980 with the standard deviation of 0.01 for all batches. E) Cell 

distribution throughout the microsphere post-encapsulation shown by cryosections of ECFC 

microspheres. Hydrogel structure visualized in green (Eosin Y), nuclei in blue (DAPI). Inset 

schematic shows slice location based on measured diameter (Pink). 

Moreover, cell distribution within the microspheres was also assessed. Horse ECFC 

microspheres were cryosectioned after encapsulation. Cells were found to be distributed evenly 

throughout the microsphere volume as shown in Figure 2.5E. Collectively, these results show that 
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the microspheres produced by this microfluidic encapsulation platform have highly uniform size, 

shape, and inner cell distribution. 

2.3.5 Established microfluidic platform enables encapsulation with high cell density 

Encapsulation of cells at high densities and/or in clusters, rather than as single cells, creates 

substantial additional technical challenges, particularly in maintaining microsphere uniformity. 

Most studies on microfluidic encapsulation have reported producing microspheres with low cell 

densities (Choi et al. 2007, Koster et al. 2008), and very few studies have been conducted using 

higher cell densities (1-10 million cells mL-1) (Kumachev et al. 2011). This limitation is due to the 

junction becoming clogged and/or changes in the precursor viscosity. However, producing 

microspheres with a high cell density is critical for many downstream applications, including 

delivery of sufficient numbers of cells to achieve therapeutic benefit without exceeding limitations 

on injection volume.  

Encapsulation at high cell density for both single cells and cell clusters was tested. Following 

the design modifications described above for enhanced operational stability, the microfluidic 

device operated robustly under these challenging conditions. Single cells including horse ECFCs 

and MCF7 cells, and clusters of hiPSC were encapsulated at 10 million cells mL-1, 20 million cells 

mL-1, and 25 million cells mL-1, respectively (Table 2.1). The hiPSC clusters did not clog the 

junction. Resulting microspheres were uniform in size and shape for all encapsulation densities 

and had similar diameters post-encapsulation as shown in Figure 2.6A-C. Diameters of hiPSC, 

horse ECFC, and MCF7 microspheres were 878 ± 29 μm, 957 ± 31 μm, and 939 ± 26 μm (n>20 

microspheres for each cell type), which all show low standard deviation. High degree of roundness 

(above 0.95) was maintained for all cell types (Figure 2.6D). Furthermore, MCF7 cells at 60 

million cells mL-1 could be encapsulated without clogging the microfluidic device and the resulting 
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microspheres were highly uniform with diameters of 979 ± 13 μm and roundness of 0.98 ± 0.01 

(Table 2.1).  

 

Table 2.1 Cells encapsulated with high densities. 

Cell Type  Initial Cell 
Concentration Used  

[x 106 cells mL-1] 

Diameter 
(μm) 
(CV) 

Roundness 
(CV) 

Potential 
Applications 

ECFC 10 957 ± 31  
(0.03) 

0.98 ± 0.01 
(0.01) 

Cell delivery 

hiPSC 25 878 ± 29 
(0.03) 

0.98 ± 0.01 
(0.01) 

Stem cell 
differentiation 

Breast cancer 
(MCF7) 

20 939 ± 26 
(0.03) 

0.98 ± 0.01 
(0.01) 

Cancer tissue 
model 

Breast cancer 
(MCF7) 

60 979 ± 13 
(0.01) 

0.98 ± 0.01 
(0.01) 

Cancer tissue 
model 

 

Cell viability was evaluated post-encapsulation in all design iterations to assess the effect of 

device-associated shear stress and light exposure on the cells during encapsulation with this 

platform. Horse ECFCs, MCF7 cells, and MDA-MB-231 cells were found to have a high post-

encapsulation viability of 97 ± 1 %, 98 ± 1 %, and 97 ± 1 %, respectively. Microsphere 

encapsulated hiPSC clusters were also found to have high viability (Figure 2.6E). Accurate 

quantification without further processing to dissociate the cell clusters, which inherently reduces 

viability, was not possible. Results indicate that the microfluidic platform enables encapsulation 

at high cell densities while maintaining high cell viability. These results advance the ability to 

achieve commercial applications of cell-laden microspheres, such as therapeutic cell delivery, stem 

cell differentiation, and cancer tissue modeling. 
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Figure 2.6 Uniform microspheres with high cell densities can be fabricated for a range of cell types 

using the microfluidic encapsulation platform. Phase contrast images of (A) hiPSCs (25 million 

cells mL-1) (B) horse ECFCs (10 million cells mL-1), and (C) MCF7 breast cancer cells (20 million 

cells mL-1) encapsulated in PF microspheres. Encapsulation of single cells (ECFCs, MCF7 cells) 

and cell clusters (hiPSCs) was readily achievable; Figure 2.7A-B shows batch-to-batch 

comparisons for each cell type. D) Diameters of hiPSCs, horse ECFC, and MCF7 microspheres 

are 878 ± 29 μm, 957 ± 31 μm, and 939 ± 26 μm (n>20 microspheres for each cell type). 

Microsphere diameter was found to differ significantly between cell types (*p<0.05), possibly as 

a result of differences in cell size, cell encapsulation density, and pre-encapsulation cell 

dissociation method (clusters versus single cells). High degree of roundness (above 0.95) was 

maintained for all cell types. E) All tested cell types maintained high viability post encapsulation 

within PF microspheres (Live Green: Calcein AM, Dead Red: Ethidium homodimer). 
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Figure 2.7 Characterization of cell-laden PF hydrogel microspheres. (A-B) Cell-laden PF hydrogel 

microspheres with different cell types are uniform in size and shape within and between batches. 

C) Evaluation of elastic modulus of different cell-laden PF hydrogel microspheres at different time 

points. 

2.3.6 Cells maintain normal cellular activities post encapsulation 

Following encapsulation in the microfluidic platform, understanding the potential impact of 

this process on subsequent cellular function is important for downstream applications. Cells were 

found to maintain normal cellular activities after being encapsulated, including the ability to 

proliferate within the microspheres and to remodel the microsphere structure. As a proof-of-

concept, horse ECFCs were encapsulated in PF hydrogel microspheres and their cellular activities 

were assessed, including cell outgrowth, alteration of microsphere stiffness and morphology, and 

cell proliferation marker expression. When culturing the ECFC-laden microspheres in collagen-

coated well plates, ECFCs had round morphology upon encapsulation. Then the cells were seen to 

elongate and align along the edges of the hydrogel microspheres one day after encapsulation 

(Figure 2.8A). Generally, changes in cell morphology can be caused by external force exerted on 

cells from different sources, such as magnetic forces (Zhang, Le, et al. 2019), shear stress (Jadhav, 

Eggleton, and Konstantopoulos 2005), or interaction between cell adhesion molecules and their 

ligands (Zhang, Rejeeth, et al. 2019). Here, ECFC morphology changed through cellular binding 

to cell-adhesion sites provided by the fibrinogen in the PF hydrogel as shown in Figure 2.9A.  
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Figure 2.8 ECFCs maintained their highly proliferative phenotype post-encapsulation in PF 

microspheres. (A-B) Outgrowth of ECFCs from microspheres indicating high proliferative 

capability was maintained post encapsulation. C) The elastic modulus of microspheres with horse 

ECFCs have significantly increased from 142 ± 10 Pa on day 1 to 354 ± 62 Pa on day 3 (*p<0.05, 

n>4 microspheres per condition). Changes in elastic modulus were also measured for microspheres 

with cancer cells and hiPSCs (results shown in Figure 2.7C). (D-E) ECFCs remodeled the 

microsphere size and shape during culture. Similar cellular activities were observed over time on 

multiple batches of ECFC-laden microspheres cultured over a month (shown in Figure 2.9B). (F-

G) Encapsulated ECFCs remained proliferative within the microspheres as shown by the 

expression of cell proliferation marker Ki67 (Blue: DAPI, Magenta: Ki67). 

 On day 3, cell outgrowth from the microsphere was observed, and these cells formed a 

confluent layer (Figure 2.8B). The elastic modulus of the ECFC-laden microspheres was measured 

and found to increase significantly from day 1 to day 3 (Figure 2.8C), indicating the encapsulated 

cells were actively remodeling the microspheres. In-depth analysis for all cell types, although 

beyond the scope of this study, is ongoing for horse ECFCs (Seeto et al. 2017), breast cancer cells, 
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and hiPSCs. Cellular activity of encapsulated cells was found to differ between cell types, as 

expected based on the phenotypic differences. For example, rate of remodeling and changes in 

elastic modulus have been observed to be cell type dependent (results shown in Figure 2.7C). 

Additionally, size and shape of the ECFC-laden microspheres from 3 batches were quantified on 

day 0, 1, and 3 (Figure 2.8D-E). Both the diameter and roundness of the microspheres decreased 

along with time as a result of cellular activities of the encapsulated cells. Encapsulation did not 

substantially impact cell proliferation; the vast majority of ECFCs continued to show positive Ki67 

expression on both day 0 and day 4 post-encapsulation as shown in Figure 2.8F-G. Multiple 

batches of ECFC microspheres were maintained in culture for over one month; similar cellular 

growth and PF microsphere remodeling was observed over time as shown in Figure 2.9B. Taken 

together, these results provide initial evidence that the cells maintain viability and basic cellular 

activities following encapsulation using the microfluidic platform and justify further in-depth 

application-specific studies. 
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Figure 2.9 A) Morphology of encapsulated ECFCs changed along with time. B) Horse ECFC 

microspheres from 3 batches over time frame. 

2.3.7 Resulting microspheres enable long term cell culture 

Encapsulated cells can be cultured long-term within the microspheres. To demonstrate this, 

MCF7 breast cancer cells and MDA-MB-231 breast cancer cells were separately encapsulated in 

PF hydrogel microspheres (20 million cells mL-1) and cultured for at least one month. MCF7 cells 

grew as distinct local colonies with tight cell packing, as is characteristic of this cell type in 3D 

culture, and colonies were distributed uniformly throughout the microsphere. Colony outgrowth 

of MCF7 cells was observed under phase contrast microscope from day 14 to day 28 after 

encapsulation as shown in Figure 2.10A-C. In SEM images of the microspheres, increasing 

outgrowth of MCF7 cell colonies from the hydrogel material was seen over time (Figure 2.10E-

H). Encapsulated MDA-MB-231 cells were cultured for over 38 days, with continued maintenance 

of cell viability (Figure 2.10D). Multiple cell types have been tested and were able to maintain 
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viable for an extended period of time. Comprehensive studies of long-term culture are in progress 

for breast cancer cells, horse ECFCs (Seeto et al. 2017), and hiPSCs. Together, these results 

suggest that microspheres produced using the microfluidic encapsulation platform can be used for 

long term cell culture. 

 
Figure 2.10 Encapsulated cells were able to be cultured for an extended time post-encapsulation. 

(A-C) Increasing colony outgrowth of cancer cells from MCF7 microspheres, indicating 

proliferation of cells during long-term culture. Initial microsphere boundaries are indicated by a 

dashed line. D) Encapsulated MDA-MB-231 cells maintained high viability for a long-term. 

Viability assay was conducted on day 38 post-encapsulation (Live Green: Calcein AM, Dead Red: 

Ethidium homodimer). Separate live, dead, and nuclei images are shown in Figure 2.11. (E-H) 

SEM images of MCF7 microspheres with magnification of 1000x and 100x. Cancer cell colonies 

are indicated by arrows. 
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Figure 2.11 Viability of encapsulated MDA-MB-231 on day 38. 

To meet the need for a wide range of downstream applications, the field of tissue engineering 

needs to be able to rapidly encapsulate mammalian cells at high cell density in uniform 

microspheres using clinically applicable materials with tight control over microsphere shape and 

size, while maintaining high cell viability and cellular phenotype. However, the commercially 

available systems for cell-laden hydrogel microspheres production are mainly based on 

electrostatically assisted spraying (or electrospray) technology. Produced cell-laden droplets are 

polymerized through exposure to ions in the collection solution. Limited by this polymerization 

approach, encapsulation systems using electrospray are limited to use with only a few types of 

materials, such as alginate and agarose-based materials, and polymerization time can be up to 5-

10 minutes. Given the tighter control over microsphere size and more flexibility in terms of 

crosslinking approach and material selection, microfluidic systems have the potential to bridge the 

technological gap for realizing downstream commercial applications and have a competitive 

advantage in the marketplace. However, most microfluidic systems on the market and reported 

previously in the scientific literature only work with acellular materials or very low cell densities, 

and the resulting microspheres are small in size, which is limited by microfabrication technique 

used during microfluidic device production. Here we have described multiple advantageous 

features that can be employed to advance microfluidic platforms towards commercially applicable 
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production, including rapid production rate, wide range of sizes, materials selections, cell densities, 

and cell types, and easy device fabrication method, making the platform to be adopted by others 

easily. A table comparing current encapsulation systems and the novel microfluidic platform we 

developed is shown in Table 2.2, and more detailed information is shown in Table 2.3 and Table 

2.4.  
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Table 2.2 Comparison of established microfluidic platform attributes to existing cell-laden 

microsphere production systems. 

Production 
method 

 
(References) 

Microfluidic 
 

(This 
dissertation) 

Microfluidic 
 

(Headen et al. 
2014, Hidalgo San 

Jose et al. 2018, 
Tan and Takeuchi 
2007, Capretto et 

al. 2010) 

Nozzle-based 
droplet generator 

 
(Orive et al. 2005, 
Bidarra et al. 2010) 

Microfluidic 
 

(Kumachev et al. 
2011, Sakai et al. 

2011) 

Microfluidic 
 

(Jiang et al. 2017, 
Zhao et al. 2016) 

Crosslinking 
method Photo Chemical Chemical Thermal Photo 

Rapid 
crosslinking ++ - - - + 

Junction 
design 

Modified T-
junction with 

vertical 
orientation 

T-junction/ 
Flow focusing n/a T-junction/ 

Flow focusing 
T-junction/ 

Flow focusing 

Rapid/simple 
device 

fabrication 
with low cost 

+ 
(Molding) 

- 
(Photolithography) - - 

(Photolithography) 
- 

(Photolithography) 

Wide range of 
sizes ++ - + - - 

Support 
multiple 
materials 

+ - - - + 

High cell 
density  

(>106 mL-1) 
++ - + + - 

High 
production 

rate  
(>1 mL h-1) 

+ + ++ + - 

High 
uniformity + + + + + 
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Table 2.3 Microfluidic encapsulation platform support rapid production. 

* indicates data collected from direct measurement. 
# indicates calculated result based on directly measured data. 
 

Table 2.4 Examples of rapid production when producing microspheres with 800 µm diameter. 

Cell density 
(million mL-1)* 

Cells per microsphere# Encapsulation time per 
million cells (min)* 

10 2700 6 

20 5400 3 

60 16000 1 
* indicates data collected from direct measurement. 
# indicates calculated result based on directly measured data. 
 

2.4 Conclusion 

This study established a robust microfluidic cell encapsulation platform, including developing 

a new molding technique for microfluidic device fabrication (Figure 2.12). This new method 

overcomes the limitations imposed by traditional microfluidic chip fabrication using 

photolithography and provides great flexibility for altering the design of the microfluidic device. 

With a custom-designed T-junction and readily adjustable channel sizes, the established 

microfluidic encapsulation platform is compatible with multiple polymers and cell types; 

furthermore it can be used to produce highly uniform microspheres with high cell densities and a 

wide range of diameters through rapid photocrosslinking. The encapsulated cells are evenly 

distributed through the microspheres and can maintain high viability and appropriate cellular 

Diameter 
(µm)* 

Volume per 
microsphere (mL)# 

Preparation time per 
microsphere (s)# 

Flow rate of discrete 
phase (mL h-1)* 

Microspheres prepared 
per hour# 

300 1.4x10-5 0.1 0.5 36000 

800 2.7x10-4 1.0 1 3600 

1000 5.2x10-4 1.9 1 1900 
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activities in long-term culture. This microfluidic encapsulation platform can be a valuable tool for 

tissue engineered microsphere production for use in regenerative medicine applications. More 

studies for a thorough understanding of the fluid dynamics during microsphere production will be 

carried out in the future. 

 
Figure 2.12 Summary of the advantages of the established microfluidic encapsulation platform. 
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3. CHAPTER 3: Microfluidic Production of Microspheroidal Hydrogels with Different 

Geometric Shapes 

3.1 Introduction 

Microfluidics has become one of the most commonly used platform technologies for 

production of microspheroidal droplets, including microspheres and microrods, which can be used 

for encapsulation of cells, functional macro- or super- molecules, and drugs (Seeto et al. 2017, 

Hindson et al. 2011, Xu et al. 2009). Compared to other production approaches, such as 

electrospray and non-microfluidic emulsion techniques, microfluidics can produce microspheroids 

with higher uniformity and production throughput, and importantly, with different geometries, 

which influence many aspects of microspheroid function (Headen et al. 2014, Khademhosseini 

and Langer 2007, Baah and Floyd-Smith 2014). Towards that end, significant attention has been 

paid to geometry control in microfluidic production, such as control over microspheroid size and 

axial ratio (AR), the ratio of axial diameter to radial diameter (Garstecki et al. 2006, Kim et al. 

2007). 

 The geometric shape plays an important role in microspheroid function. Champion et al. 

reported that particle shape played a dominant role in the process of particle uptake by 

macrophages; thus leveraging control over shape expands possibilities in engineering drug 

delivery carriers (Champion and Mitragotri 2006). Von Maltzahn et al. showed the gold nanorods 

exhibited superior intrinsic absorption and photothermal efficacy as well as much longer 

circulation times in vivo compared with gold nanospheres, thereby working as more effective 

reagents for photothermal tumor therapy (von Maltzahn et al. 2009). De Vicente et al. 

demonstrated the importance of shape for sphere- and rod- based magnetorheological fluids, 

including differences in rheological properties (de Vicente et al. 2009). 
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Particularly in the tissue engineering field where hydrogels are commonly used for cell 

encapsulation, providing control over hydrogel geometry can be beneficial for various applications 

such as cell delivery, bioreactor-based cell production, high throughput screening, and 3D 

bioprinting (Seeto et al. 2017, Highley et al. 2019, Kropp, Massai, and Zweigerdt 2017, Brouzes 

et al. 2009). Each purpose requires a certain geometric shape for the hydrogels. For example, 

microspherical hydrogels are widely used for injectable cell delivery (Seeto et al. 2017, Zhao et al. 

2016, Oliveira et al. 2015, Yao et al. 2013), and properly controlled sizes can improve cell retention 

while allowing for a smooth injection process. In a stirred tank or fluidized bed bioreactor system, 

hydrogels with different ARs will lead to different flow properties, which can be used to control 

the mixing and sedimentation process (Xia et al. 2009). Encapsulation of islets in fiber-shaped 

hydrogels were reported by An et al. to make delivered cells conveniently retrievable (An et al. 

2018). Rapid production of hydrogels with a wide range of geometric shapes and physiologically 

relevant dimensions (10-1-103 µm) is important to meet the various needs for differing biomedical 

uses. 

Geometric shape has been varied in microspheroids with dimensions ranging from the 

microscale down to the nanoscale using various techniques. Rolland et al. utilized non-wetting 

molding techniques to produce a number of shapes as small as 200 nm (Rolland et al. 2005). 

Champion et al. reported a film-stretching method that can generate microspheroids with various 

axial diameter ranging from 200 nm to 10 µm (Champion and Mitragotri 2006). Karp et al. use 

template-assisted self-assembly to form cell aggregates with defined shape and size from 40 to 150 

µm (Karp et al. 2007). Compared to these techniques, microfluidic technology is advantageous 

when higher throughput production is needed. However, despite the advancements achieved by 

current microfluidic devices, most of the resulting microspheroids have relatively small sizes. This 
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limitation is due to the utilization of photolithography for microfluidic device fabrication. During 

fabrication of devices, the thickness of the spin-coated photoresist constrains the size of 

microfluidic channels, which thereby restricts resulting microspheroid size. Previously, we 

reported a custom-developed molding technique for fabrication of our microfluidic device (Seeto 

et al. 2019). With this technique, the diameter of the cylindrical microfluidic channels can be 

increased to 300-1100 µm compared to the typical photolithography upper limit of 200 µm 

(Velasco, Tumarkin, and Kumacheva 2012). 

Using our previously established microfluidic encapsulation platform, we have shown the 

capability to rapidly produce highly uniform, cell-laden hydrogel microspheres on a large-scale 

(Seeto et al. 2019, Seeto et al. 2017). Our microfluidic device uses a modified T-junction design, 

which combines the features from two commonly used microfluidic junction designs, the 

T-junction and flow focusing designs. In this study, we explore for the first time the ability to 

produce microspheroids with different geometric shapes and focus on understanding the governing 

fundamental physical principles of this platform. In particular we leverage this junction design’s 

control over capillary number, enabling production of microspheroids with varying ARs and 

diameters. These principles provide a better understanding of how to adjust the geometric shape 

of microspheroids by changing device design and experimental parameters including 

junction/outlet diameter ratio and continuous/discrete phase flow rate ratio.  

3.2 Experimental Section 

3.2.1 Microspheroid Production Using Microfluidic Platform.  

For microfluidic device fabrication, molding technique was employed where a 3D printed jig 

was used to hold the molds. The jig with molds was then fixed on a glass surface using binder 

clips. Polydimethylsiloxane (PDMS; Sylgard 184 silicone elastomer kit, Dow Corning) was 
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poured into the jig, degassed by vacuum, and cured at 70 °C for 2 hours. The molds were then 

removed. The PDMS microfluidic device was sterilized by sonicating in 70 % ethanol before and 

after each use. 

To produce hydrogel microspheroids using the microfluidic platform, hydrogel precursor 

solution was first prepared by mixing PEG-fibrinogen solution with 0.1 % (w/v) of Pluronic F68 

(Sigma-Aldrich), 0.1 mM of Eosin Y photoinitiator (Fisher Scientific), 1.5 % (v/v) triethanolamine 

(Acros Organics), and 0.39 % (v/v) of N-vinylpyrrolidone (Sigma-Aldrich). For cell-laden 

microspheroids production, cells were detached from tissue culture flask, centrifuged, and 

resuspended in hydrogel precursor solution to desired cell density. 

Microspheroid production was conducted in a biosafety cabinet to keep the process clean. The 

microfluidic device had two inlets and one outlet where the hydrogel precursor solution was 

pumped in from the top inlet, and the mineral oil was pumped in from the bottom inlet. Both flow 

rates were controlled by syringe pumps separately. Microspheroids were formed at the junction of 

the microfluidic device due to emulsification and then photocrosslinked by a high intensity visible 

light source (2.8 W/cm2; Prior Lumen 200). The microspheroids were washed down at the end of 

the outlet channel by using a third syringe pump and collected in a centrifuge tube. The residual 

mineral oil was removed through centrifugation.  

3.2.2 Microspheroid Geometry Characterization.  

The resulting hydrogel microspheroids, including microspheres and microrods, were imaged 

using an inverted Nikon Eclipse Ti microscope. Using ImageJ software (NIH), axial diameter and 

radial diameter of the microspheroids were determined. The Axial Ratio (AR) was calculated using 

the formula:  

𝐴𝐴𝐴𝐴𝑒𝑒𝑒𝑒𝑒𝑒 𝑅𝑅𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒 =  
𝐴𝐴𝐴𝐴𝑒𝑒𝑒𝑒𝑒𝑒 𝑅𝑅𝑒𝑒𝑒𝑒𝑑𝑑𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒
𝑅𝑅𝑒𝑒𝑅𝑅𝑒𝑒𝑒𝑒𝑒𝑒 𝑅𝑅𝑒𝑒𝑒𝑒𝑑𝑑𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒
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A higher AR value means a longer microrod, and a perfect microsphere has an AR value of 1. 

For clarification purposes, a microspheroid is named as microsphere when its AR is smaller than 

1.05, and axial diameter is reported as diameter in the text when the difference between axial and 

radial diameter is small (<5 %). 

Uniformity was analyzed by coefficient of variance (CV) which is defined as: 

𝐶𝐶𝑒𝑒𝑒𝑒𝐶𝐶𝐶𝐶𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑅𝑅𝑡𝑡 𝑒𝑒𝐶𝐶 𝑣𝑣𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑅𝑅𝑒𝑒𝑒𝑒 =  
𝑆𝑆𝑡𝑡𝑒𝑒𝑅𝑅𝑅𝑅𝑒𝑒𝑒𝑒𝑅𝑅 𝑅𝑅𝑒𝑒𝑣𝑣𝑒𝑒𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒𝑅𝑅

𝑀𝑀𝑒𝑒𝑒𝑒𝑅𝑅
 

3.2.3 Cell Culture and Maintenance.  

BJ-5ta (ATCC® CRL4001™) normal human foreskin immortalized fibroblasts were obtained 

from ATCC (Manassas, VA). The cells were cultured in media containing 70.6 % (v/v) Dulbecco’s 

Modified Eagle’s Medium (DMEM; Gibco), 18 % (v/v) Medium 199 (Gibco), 10 % (v/v) fetal 

bovine serum (FBS; Atlanta Biologicals), 1.4 % (v/v) glutaGRO (Corning), and 0.02 % (v/v) 

hygromycin B (Millipore). The cells were maintained at 37 °C with 5 % CO2. Cells cultured in 

tissue-culture flask were detached with TypLE™ Express Enzyme (Gibco) and used for 3D 

encapsulation. 

3.2.4 Cell Viability Assay.  

Cell viability after encapsulation was assessed using Live/Dead™ Viability/Cytotoxicity Kit 

(Invitrogen). Cell-laden microspheroids were incubated with Calcein-AM and Ethidium 

Homodimer-1 for 30 minutes. Z-stack images were then taken with fluorescence microscope 

(Nikon Eclipse Ti). Three regions with same size (192×192 µm) were randomly selected on each 

microspheroids using ImageJ, and live/dead cells were counted through the optical slices along the 

z-axis for approximately 350 µm. 
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3.2.5 Phalloidin Staining.  

Fibroblast-laden microspheroids were rinsed with PBS to remove media and fixed with 4 % 

paraformaldehyde for 30 minutes at room temperature. They were subsequently rinsed with PBS 

and stained with Alexa Fluor 568 Phalloidin and Hoechst 33342 for 1 hour. After washing with 

PBS, fluorescence images were obtained using confocal microscopy (Nikon AI Confocal Scanning 

Laser Microscope). 

3.2.6 Statistical Analysis.  

All data are presented as mean ± standard deviation. All statistical analysis was performed 

using Minitab 18 Statistical Software (Minitab Inc.). After checking for normality of distribution, 

one-way analysis of variance (ANOVA) followed by Tukey-Kramer honest significant difference 

(HSD) test was performed to evaluate statistical significance between multiple groups. Statistical 

significance was declared if p<0.05. 

3.3 Results and Discussion 

3.3.1 Modified T-Junction Design for Geometry Control. 

The control over microspheroid geometry, including AR and diameter, comes from the precise 

liquid manipulation provided by design of the microfluidic devices, especially the junction design. 

There are three commonly used junction designs for microfluidic devices: T-junction, flow 

focusing, and co-flow (Christopher and Anna 2007). Each design individually provides different 

advantages for controlling microspheroid size and AR during the production process. For 

T-junctions, varying the flow ratio, the ratio of discrete phase to continuous phase, enables the 

resulting microspheroids to have various ARs (Tice et al. 2003). For flow focusing and co-flow 

junction design, changing the flow ratio influences the final microspheroid diameter, whereas it is 

challenging to control AR through changes in flow ratio. Due to the complex and resource-
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intensive nature of traditional microfluidic device fabrication, computational simulation has 

previously been done for a range of junction designs to provide researchers with a better 

understanding of the mechanisms controlling microspheroid geometries (Dupin, Halliday, and 

Care 2006, Liu and Zhang 2009, Hong and Wang 2007). 

As the central component of the microfluidic platform employed in this study (Figure 3.1A), 

the microfluidic device uses a modified T-junction design, which combines the features from both 

T-junction and flow focusing designs. Here we examine the ability to use this design to control 

both diameters and ARs of resulting microspheroids by changing experimental conditions such as 

the flow fraction. In our modified T-junction design, the discrete phase is aqueous hydrogel 

precursor solution which flows into the microfluidic device from the top inlet. Mineral oil, the 

continuous phase, flows in from the bottom inlet. Microspheroidal droplets are formed at the 

junction and are photocrosslinked in the outlet channel. As shown in Figure 3.1B, after entering 

from the top inlet, the precursor solution flows into a restriction segment functioning as a flow 

stabilizer. Under the stabilizer is a conical region, which serves to eliminate dead volume of 

precursor solution. The outlet channel starts with a relatively small diameter at the junction and 

gradually increases to a constant size. Adjusting the size of this tapered end of outlet channel 

enables differing flow speed at the junction, providing control over the viscous force in 

microspheroid formation. Compared to traditional microfluidics, the modified T-junction design 

has larger channels with circular cross-sectional area which is achieved by the previously reported 

molding technique (Seeto et al. 2019). Unlike traditional microfluidics, this device is operated 

vertically instead of horizontally. The buoyant force caused by the difference in inlet fluid densities 

is more substantial with larger channel sizes. The vertical orientation exploits this density 

difference to assist microspheroid formation. Together, with all the design parameters mentioned 
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above, the modified T-junction design makes it possible to produce larger microspheroids with 

different ARs and sizes.  

 
Figure 3.1 Microfluidic platform with modified T-junction design. Schematic of the (A) 

microfluidic platform and (B) modified T-junction design. 

3.3.2 Uniform Microspheroids with a Wide Range of Geometric Shapes. 

In initial testing, this platform using the microfluidic device with modified T-junction design 

was able to produce uniform hydrogel microspheroids, including microspheres and microrods, 

with a wide range of geometric shapes. As shown in Figure 3.2(A-D), the resulting microspheres 

had diameters of 320 ± 13 µm, 585 ± 19 µm, and 1002 ± 56 µm (CV = 0.04, 0.03, and 0.06), 

respectively. This is a much wider range of diameters compared to the ones achieved by 

microfluidic devices fabricated through photolithography (Seeto et al. 2019). Even at the largest 

end of the diameter range, production of spherical hydrogels is possible with AR of 1.03 ± 0.02, 

1.02 ± 0.02, and 1.02 ± 0.02 that are close to 1, indicating high roundness. 

Leveraging the ability to readily fabricate microfluidic devices with varying design parameters, 

we probed the ability of this microfluidic platform to produce microspheroids with higher AR, or 

microrods. Changing inlet flow rates and design parameters, including junction diameter and outlet 
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diameter, enabled modulation of the resulting microrods AR; example microrods are shown in 

(Figure 3.2 E-H) with AR of 1.37 ± 0.04, 1.98 ± 0.10, and 3.54 ± 0.37 (CV = 0.03, 0.05, 0.10), 

respectively. 

Previously, microfluidic platforms with flow focusing and T-junction design were often used 

to produce microspheres and microrods (Wan et al. 2012, Seemann et al. 2012). However, they 

were small in size, restricting their use in downstream applications. The microfluidic platform used 

in this study was able to achieve similar goals, which is to produce highly uniform microspheroids 

while varying diameters and ARs in a much wider size ranges, greatly broadening the scope of 

their functions. 

 
Figure 3.2 Hydrogel microspheroids with different geometric shapes. (A-C) Imaged by a 

fluorescence microscope, hydrogel microspheres were shown to have high uniformity, high 

roundness, and a wide range of diameters. The green color came from the auto-fluorescence of the 

photoinitiator Eosin Y used in hydrogel photocrosslinking. (D) The hydrogel microspheres had 

diameters of 320 ± 13 µm (CV = 0.04), 585 ± 19 µm (CV = 0.03), and 1002 ± 56 µm (CV = 0.06), 

respectively (n>59 microspheres per condition). (E-G) Hydrogel microrods had high uniformity 

and a wide range of AR. (H) Hydrogel microrods with AR of 1.37 ± 0.04 (CV = 0.03), 1.98 ± 0.10 
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(CV = 0.05), and 3.54 ± 0.37 (CV = 0.10), respectively (n>20 microrods per condition). Data are 

presented as mean ± standard deviation. Scale bar = 1000 µm. 

3.3.3 Designs of Modified T-Junction Enable Control Over Geometric Shape. 

In modulating the microspheroid geometric shape, the dimensionless capillary number (Ca) 

plays an important role (Xu et al. 2006). It describes the relative effect of viscous forces to surface 

tension at the interface of two immiscible fluids: 

𝐶𝐶𝑒𝑒 =
𝑉𝑉𝑒𝑒𝑅𝑅𝑒𝑒𝑒𝑒𝑅𝑅𝑅𝑅 𝐶𝐶𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒
𝑆𝑆𝑅𝑅𝑒𝑒𝐶𝐶𝑒𝑒𝑒𝑒𝑒𝑒 𝑡𝑡𝑒𝑒𝑅𝑅𝑅𝑅𝑒𝑒𝑒𝑒𝑅𝑅

=
𝜇𝜇𝜇𝜇
𝛾𝛾

 

where μ is the dynamic viscosity of continuous phase (oil phase), ν is the relative velocity of 

continuous phase (oil phase) to discrete phase (aqueous precursor solution) at the junction, and γ 

is the interfacial tension (precursor solution–oil). The relationship between the microsphere 

diameter and Ca is described by: 

𝐷𝐷𝑒𝑒𝑒𝑒𝑑𝑑𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒𝑀𝑀𝑃𝑃𝑀𝑀𝐹𝐹𝑃𝑃𝑎𝑎𝑀𝑀ℎ𝐹𝐹𝐹𝐹𝐹𝐹 ∝
1
𝐶𝐶𝑒𝑒

 

As the Ca increases, the microsphere diameter decreases. As the Ca decreases, the microsphere 

diameter increases until it is restricted by the outlet channel diameter. Based on the definition of 

the Ca, as the ν increases, the Ca increases. When ν decreases, Ca has a lower value. And for the 

relative velocity ν, it is related to the flow fraction, which is defined as: 

𝐹𝐹𝑒𝑒𝑒𝑒𝐹𝐹 𝐹𝐹𝑒𝑒𝑒𝑒𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒𝑅𝑅 =
𝑃𝑃𝑒𝑒𝑒𝑒𝑒𝑒𝑅𝑅𝑒𝑒𝑅𝑅𝑒𝑒𝑒𝑒 𝐶𝐶𝑒𝑒𝑒𝑒𝐹𝐹 𝑒𝑒𝑒𝑒𝑡𝑡𝑒𝑒

𝑃𝑃𝑒𝑒𝑒𝑒𝑒𝑒𝑅𝑅𝑒𝑒𝑅𝑅𝑒𝑒𝑒𝑒 𝐶𝐶𝑒𝑒𝑒𝑒𝐹𝐹 𝑒𝑒𝑒𝑒𝑡𝑡𝑒𝑒 + 𝑂𝑂𝑒𝑒𝑒𝑒 𝐶𝐶𝑒𝑒𝑒𝑒𝐹𝐹 𝑒𝑒𝑒𝑒𝑡𝑡𝑒𝑒
 

The flow rate is a parameter that can be controlled during the experiment; therefore, by 

adjusting the flow rate, we can control the ν and Ca, eventually controlling the resulting diameter 

of microspheres. As the microsphere diameter increases and becomes larger than outlet channel 
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diameter, the droplets will elongate and become microrods because of the constraints from the 

outlet channel wall. 

When using a light source with consistent power output, exposure time plays an important role 

in controlling degree of photocrosslinking, which can be reflected in hydrogel stiffness (Bonino et 

al. 2011). To ensure consistent photocrosslinking, the microspheroids have a similar exposure time 

to the visible light source when traveling through the outlet channel, which means they have a 

similar flow velocity in the outlet channel. As shown in the equations below, flow velocity is 

defined by volumetric flow rate, controlled by syringe pumps, over cross-sectional area of the 

outlet channel, which is proportional to the square of outlet channel diameter.  

𝐹𝐹𝑒𝑒𝑒𝑒𝐹𝐹 𝑣𝑣𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑡𝑡𝑣𝑣 =  
𝑉𝑉𝑒𝑒𝑒𝑒𝑅𝑅𝑑𝑑𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒𝑒𝑒 𝐶𝐶𝑒𝑒𝑒𝑒𝐹𝐹 𝑒𝑒𝑒𝑒𝑡𝑡𝑒𝑒
𝐶𝐶𝑒𝑒𝑒𝑒𝑅𝑅𝑅𝑅 𝑅𝑅𝑒𝑒𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒𝑅𝑅𝑒𝑒𝑒𝑒 𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒

 

𝐶𝐶𝑒𝑒𝑒𝑒𝑅𝑅𝑅𝑅 𝑅𝑅𝑒𝑒𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒𝑅𝑅𝑒𝑒𝑒𝑒 𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒 ∝  𝐷𝐷𝑒𝑒𝑒𝑒𝑑𝑑𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒𝑂𝑂𝑂𝑂𝑃𝑃𝑃𝑃𝐹𝐹𝑃𝑃2  

Using this relationship, the total volumetric flow rate was adjusted according to the outlet 

channel diameter to achieve a similar velocity in the outlet channel for consistent crosslinking 

times. As a result, the ν is determined by not only the diameter of the junction, but also the diameter 

of the outlet channel. For example, for two microfluidic devices with the same junction diameter, 

the one with a larger outlet channel diameter will have a higher volumetric flow rate to achieve 

the same velocity in outlet channel, resulting with a higher velocity at the junction. 

To better quantify the ν in Ca, the Narrowing Ratio (NR) is introduced to describe the relative 

value of junction diameter and outlet channel diameter, which helps determine the tendency of a 

microfluidic device to produce microspheres or microrods: 

𝑁𝑁𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝑒𝐹𝐹𝑒𝑒𝑅𝑅𝑁𝑁 𝑅𝑅𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒(𝑁𝑁𝑅𝑅) =
𝐷𝐷𝑒𝑒𝑒𝑒𝑑𝑑𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒𝐽𝐽𝑂𝑂𝑃𝑃𝑀𝑀𝑃𝑃𝑃𝑃𝑃𝑃𝑃𝑃
𝐷𝐷𝑒𝑒𝑒𝑒𝑑𝑑𝑒𝑒𝑡𝑡𝑒𝑒𝑒𝑒𝑂𝑂𝑂𝑂𝑃𝑃𝑃𝑃𝐹𝐹𝑃𝑃
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With the same outlet channel diameter, the total volumetric flow rate remains constant to 

ensure similar flow velocity in the outlet channel, which is important for controlling degree of 

photocrosslinking as discussed previously. As the NR decreases, the junction diameter decreases, 

leading to a smaller cross-sectional area at the junction. As a result, the ν has a higher value, which 

means Ca has a higher value. When the values for NR is smaller than 0.5, the shape of the resulting 

droplets is typically spherical, and the size is determined by flow fraction. Similarly, as the NR 

increases, the ν has a lower value, decreasing the Ca. The size of the microspheroids is limited by 

outlet channel diameter. The shape can vary from microsphere to microrod and is determined by 

flow fraction. When the flow fraction increases, the AR increases. The description above is 

summarized in Figure 3.3. Collectively, by adjusting design parameters including junction 

diameter and outlet channel diameter, and experimental parameters such as the inlet flow rates of 

the precursor solution and mineral oil, the geometric shape of microspheroids can be adjusted. 
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Figure 3.3 A summary of governing fundamental physical principles for the modified T-junction. 

By adjusting design parameters such as junction diameter and outlet diameter and experimental 

parameters such as inlet flow rates of precursor and oil, we can control the capillary number at the 

junction. As a result, the size and shape of microspheroids can be adjusted. Images of microfluidic 

device were modified for better visualization. 

3.3.4 Control Geometric Shape by Varying Narrowing Ratio and Flow Fraction. 

To demonstrate the theory summarized in the previous section, microfluidic devices with two 

different NRs (0.4 and 0.7) were fabricated and operated with different flow fractions. The 

microfluidic device with NR = 0.4 produced spherical hydrogels (Figure 3.4A-C). When 

increasing the flow fraction from 0.05 to 0.07, the microsphere diameter increased significantly 

from 680 ± 12 µm to 930 ± 16 µm (Figure 3.4D). The resulting diameter stopped increasing with 

increases to flow fraction once the microspheres reached the size of the outlet channel. For the 

microfluidic device with NR = 0.7, the radial diameter was limited to the outlet channel diameter, 

approximately 800 µm. With an increase of flow fraction, the axial diameter increased 
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significantly from 824 ± 21 µm to 3013 ± 167 µm, leading to a significant increase of AR from 

1.02 ± 0.01 to 3.61 ± 0.20 (Figure 3.4E-I). Detailed information on device design parameters and 

experimental conditions is listed in Table 3.1. These results demonstrate that this microfluidic 

device provides tight control over microspheroid geometric shape by varying the NR and flow 

fraction. 

 
Figure 3.4 The microfluidic device provides tight control over the microspheroid geometric shape 

by varying the NR and flow fraction. (A-C) A microfluidic device with a small NR (NR = 0.4) 

produced microspheres. The diameter of microspheres changed with flow fraction. (D) When the 

NR = 0.4, quantitative analysis showed microsphere diameter increased with flow fraction and 

then stopped upon reaching the size of the outlet channel (*Significant difference between flow 

fractions for diameter, p<0.05, n>70 microspheroids per condition). (E-H) A microfluidic device 

with a large NR (NR = 0.7) produced both microspheres and microrods. By increasing the flow 

fraction, the radial diameter remained relatively constant while the axial diameter increased, 
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causing an increase in AR. (I) When NR = 0.7, quantitative analysis showed microrod AR 

increased along with flow fraction (*#&Significant difference between flow fractions for AR, axial 

diameter, and radial diameter, respectively, p<0.05, n>20 microspheroids per condition). Data are 

presented as mean ± standard deviation. Scale bar = 1000 µm. 

Table 3.1 Microfluidic device design parameters and experimental conditions for production of 

microspheroids shown in Figure 3.4. 

Device NR=0.4 NR=0.7 

Junction Size (µm) 370 530 

Outlet Size (µm) 915 765 

Flow Fraction 0.05 0.07 0.1 0.1 0.2 0.4 0.7 

Oil Flow Rate 
(mL/hr) 10 10 9 9 8 6 3 

Precursor Flow Rate 
(mL/hr) 0.5 0.8 1 1 2 4 7 

Axial Diameter (µm) 680 ± 12 930 ± 16 915 ± 12 824 ± 21 1036 ± 25 1468 ± 24 3013 ± 167 

Radial Diameter (µm) 660 ± 11 905 ± 15 894 ± 13 798 ± 16 845 ± 6 843 ± 7 851 ± 18 

Axial Ratio (AR) 1.01 ± 0.01 1.01 ± 0.01 1.01 ± 0.01 1.02 ± 0.01 1.22 ± 0.03 1.72 ± 0.03 3.61 ± 0.20 

Note: For microspheres (AR < 1.05), the diameter reported in the text is always the axial diameter. 

3.3.5 Cells Maintain Normal Function in Microspheroids 

BJ-5ta fibroblasts were encapsulated in hydrogel microspheroids (13 million cells/mL) with 

different ARs. Geometric shape of microspheroids and viability of encapsulated cells were 

observed one day after encapsulation for both qualitative and quantitative assessment. As shown 

in Figure 3.5A, the fibroblast-laden microspheroids from both groups were highly uniform with 

even cell distribution. The AR for each group was 1.37 ± 0.04 and 1.98 ± 0.10, respectively (Figure 

3.5B). Encapsulated cells maintained high viability (>92.7 % for both groups) one day (Figure 

3.5A, C) and one month after encapsulation. The cells formed an actin filament network as shown 
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in Figure 3.5A. These results show that the microfluidic platform can produce cell-laden 

microspheroids with different ARs. The encapsulated fibroblasts maintained normal cellular 

activities in long-term culture. 

 
Figure 3.5 Fibroblast-laden microspheroids with different AR supported normal cellular activities 

post-encapsulation. (A) Fibroblast-laden microspheroids had uniform geometric shape and even 

cell distribution visualized using phase contrast images. Encapsulated cells maintained high 

viability one day after encapsulation (Live: Green, Dead: Red) and formed an actin filament 

network shown by fluorescence images. (B) Fibroblast-laden microspheroids had different AR of 

1.37 ± 0.04 (CV = 0.03) and 1.98 ± 0.10 (CV = 0.05), respectively, for each group one day after 

encapsulation (n > 37 microspheroids per group). (C) Encapsulated fibroblasts maintained high 

viability of 95.8 ± 0.7 and 92.7 ± 0.5, respectively, for each group one day after encapsulation 

(n = 3 microspheroids per group). 
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As discussed in the introduction, the geometric shape of cell-laden hydrogels impacts their use 

in biomedical applications. For example, microspheres with smaller diameters can be employed as 

building blocks in 3D bioprinting since they can be extruded more easily through the nozzle 

(Highley et al. 2019, Xin et al. 2019). Cell-laden microspheres with larger diameters can be used 

for improving localized retention during therapeutic cell delivery (Seeto et al. 2017). Furthermore, 

providing certain defined geometries influences the encapsulated cellular function; controlling 

microspheroid shape, therefore, can guide the tissue development process. For instance, hydrogel 

microspheres with large diameters limit the diffusion of cell culture media, causing cell death in 

the center, and thereby inducing formation of a necrotic core which is desired in 3D tumor disease 

modeling (Pradhan, Chaudhury, and Lipke 2014). Microrods, with higher ARs compared to 

microspheres, can be used for culturing cells that are sensitive to spatial heterogeneity such as 

aligning cardiomyocytes and neurons to promote functional development of engineered cardiac or 

neural tissues (McCain et al. 2014, Hanson Shepherd et al. 2011). The microfluidic technology 

described in this study represents a promising new direction for understanding the role of ARs and 

diameters on tissue function, and provides opportunities for rapid production of these highly 

uniform microtissues for commercial use. 

Geometric shape of microspheroids directly impacts their performance. Control over the 

diameters and ARs of microspheroids opens many exciting possibilities for various applications. 

Currently a number of approaches have been developed to vary geometric shape from the micro 

scale down to nano scale, such as molding (Rolland et al. 2005), emulsion (Franco, Price, and West 

2011), electrospray (Jaworek 2007), and microfluidic techniques (Seemann et al. 2012). Compared 

to other methods, microfluidics can provide higher uniformity and production throughput 

(Khademhosseini and Langer 2007). However, most research using microfluidics to achieve 
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geometric shape control is done utilizing small channel sizes (Velasco, Tumarkin, and Kumacheva 

2012). Whereas the small size of resulting microspheroids is necessary for purposes such as drug 

delivery, the upper size constraint limits their use in many other applications. Here we described a 

microfluidic platform with a modified T-junction design that can control the diameters and ARs 

of microspheroids with larger sizes (on the dimensions of hundreds to thousands of microns). We 

also identified and examined the mechanisms by which this junction design provides geometric 

control, including the role of narrowing ratio, capillary number and flow fraction. Future work will 

further investigate these identified relationships, as well as consider the potential influence of 

transition length at the tapered end. Findings from this work can potentially be used by researchers 

to investigate geometric control in other microfluidic devices and may also be useful for 

comparison with computational modeling studies of microfluidic systems. 

3.4 Conclusion 

In conclusion, here we have demonstrated the ability to produce hydrogel microspheroids, 

including microspheres and microrods, using our novel microfluidic platform. The PDMS 

microfluidic device used in this platform employed a modified T-junction fabricated with a 

molding technique instead of photolithography. This special junction design enabled production 

of uniform microspheroids with a wide range of diameters and ARs. We have explored the 

mechanism of the junction design and its control over the geometric shape of microspheroids. We 

show by varying the design parameter, narrowing ratio, and experimental parameter, flow fraction, 

we can control the tendency of the microfluidic device to make microspheres or microrods and 

adjust the diameters and ARs. To demonstrate maintained cellular activities, we have encapsulated 

fibroblasts within the hydrogel microspheroids and have kept them in long-term culture with 

normal cellular behavior as well as high viability. With an understanding of the governing 
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principles summarized from both literature and experiment, this microfluidic platform could be 

used for scalable production of microspheroids with desired geometric shape for various 

applications, such as chemical synthesis, cosmetics, bioreactor-based cell production, injectable 

cell delivery, disease modeling for drug discovery, and 3D bioprinting. 
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4. CHAPTER 4: Encapsulation of Equine Endothelial Colony Forming Cells in Highly 

Uniform, Injectable Hydrogel Microspheres for Local Cell Delivery 

4.1 Introduction 

The importance of cell-based therapies such as ECFCs for treating ischemic disease has been 

increasingly recognized because of studies showing improved outcomes (Wang, Chen, et al. 2008). 

ECFCs, a subtype of EPCs, directly participate in new blood vessel formation (Medina et al. 2017). 

Despite the promising results of many in vitro studies, the outcome of the cell-based therapies in 

vivo is often unconvincing. This is largely associated with the use of a direct cell injection method 

which causes insignificant cell accumulation or low retention at the targeted injection site (Qian et 

al. 2007, Gaffey et al. 2015). Studies have shown that as few as 1 % of the injected cells are 

retained after direct cell injection, with typical retention being less than 10 % (Sheikh et al. 2012, 

Hofmann et al. 2005, Schachinger et al. 2008, Li et al. 2009, Dow et al. 2005). In addition, 

exposure to ischemia and inflammation also compromises the function and fate of the injected 

cells (Wang et al. 2010, Laflamme et al. 2007, Robey et al. 2008). 

Encapsulation of stem or progenitor cells in hydrogels has been shown to support cell 

proliferation and long-term survival (Rafii and Lyden 2003). In addition, hydrogels can act as 

semi-permeable media to protect the transplanted or delivered cells from the host immune system 

(Velasco, Tumarkin, and Kumacheva 2012). Cell retention at the desired location can be 

significantly improved by encapsulating cells in a hydrogel matrix prior to delivery (Bidarra, 

Barrias, and Granja 2014). Therefore, cell encapsulation in hydrogel scaffolds could advance the 

potential of cell-based therapies. 

The natural-synthetic hybrid hydrogel PF has been shown to support a range of tissue 

engineering applications (Lu et al. 2015, Fuoco et al. 2012, Peled et al. 2007, Pradhan, Clary, et 
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al. 2017, Kerscher et al. 2016), including angiogenesis. While the acrylated-PEG enables rapid 

formation of a supportive structure through photocrosslinking, the fibrinogen provides adhesive 

anchorage and degradability for cellular activity. A wide variety of cell types including SMC, 

induced pluripotent stem cells, and chondrocytes have been encapsulated in PF with minimal 

impact on cell viability (Peyton et al. 2008, Bearzi et al. 2014, Appelman et al. 2011, Almany and 

Seliktar 2005, Frisman, Seliktar, and Bianco-Peled 2012). Furthermore, injection of cells 

encapsulated within PF has been shown to enhance cell survival and differentiation compared to 

injection of cells suspended in aqueous saline solution, making PF a suitable biomaterial for cell 

delivery. 

Encapsulation of cells into hydrogel microspheres increases the flexibility of use of resulting 

engineered tissues for clinical applications, because of the ability to deliver microspheres by 

injection. However, typical cell encapsulation in microspheres using microfluidic devices is 

limited by low cell density which makes delivery of sufficient cell numbers in reasonable volumes 

for therapeutic applications challenging (Velasco, Tumarkin, and Kumacheva 2012).  

In this study, we present a custom-built microfluidic device that is capable of encapsulating 

ECFCs in PF hydrogel microspheres at a high concentration of 10 million cells/mL. The 

microspheres are highly uniform in shape and size. The encapsulated ECFCs were shown to have 

high viability post-encapsulation and their phenotype was preserved compared to cells in typical 

cell culture conditions. As an initial proof of concept for utilizing microspheres produced by the 

microfluidic device as clinical cell delivery vehicles, an in vivo cell delivery study was also 

performed by encapsulating and injecting autologous equine ECFCs into a distal limb wound 

model in adult horses. The outcomes of this study demonstrate the capabilities of this cell 



90 
 

encapsulation platform and examine its potential for supporting therapeutic cell delivery by 

injection. 

4.2 Methods 

4.2.1 Equine cell isolation and culture 

All procedures involving animals were approved by the Auburn University Animal Care and 

Use Committee. Isolation and culture of equine ECFCs from equine peripheral blood were 

performed based on a previously published method (Sharpe et al. 2016). ECFCs were cultured in 

Endothelial Cell Basal Medium-2 (Lonza) containing 10 % horse serum (HyClone) and 

SingleQuots Kit (Lonza) at 37 °C and 5 % CO2. The SingleQuots Kit contained hydrocortisone, 

hFGF-β, VEGF, R3-IGF-1, ascorbic acid, hEGF, GA-1000, and heparin. The ECFCs were seeded 

and expanded on collagen coated tissue culture polystyrene flasks. When ECFCs reached 90 % 

confluency, cells were subcultured using trypsin/EDTA (Lonza) to detach the cells at 37 °C for 

50s, followed by neutralization with fresh medium and centrifugation at 200 g for 5 minutes. 

ECFCs were resuspended in medium and then subcultured at a ratio of 1:6 or immediately used 

for experiments. Cells between passage 2-7 were used for all experiments. 

4.2.2 PEGDA synthesis 

PEG (10 kDa; Sigma) was acrylated to form PEGDA following a previously published method 

(DeLong, Moon, and West 2005). Briefly, PEG was first lyophilized and then reacted with 0.4 M 

acryloyl chloride (Alfa Aesar) and 0.2 M triethyl amine (TEA, Sigma) in anhydrous 

dichloromethane (Acros) under argon overnight. 1.5 M K2CO3 (Fisher) was added, and then the 

solution was separated into aqueous and organic phases. The organic phase was collected and dried 

with anhydrous MgSO4 (Fisher). The PEGDA was then precipitated by cold ethyl ether, filtered, 
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dried, and stored under argon at 20 °C. The degree of acrylation was estimated to be 96 % by 

NMR. 

4.2.3 PEG-Fibrinogen synthesis 

PF was synthesized by following a previously published method (Almany and Seliktar 2005). 

In brief, fibrinogen (Type I-S; Sigma) was dissolved in 8 M urea (Sigma) in PBS (Lonza) solution 

to a final concentration of 7 mg/mL with pH of 7.4. Tris (2-carboxyethyl) phosphine (Acros 

Organics) was added to the solution and reacted at pH of 8. PEGDA was dissolved in urea-PBS to 

a final concentration of 280 mg/mL and then slowly added to the fibrinogen solution and allowed 

to react for 3 hours in the dark at room temperature. After reaction, PEGylated fibrinogen was 

extracted with acetone, then centrifuged to remove acetone, and finally dissolved in urea-PBS 

again for dialysis. The product was dialyzed in sterile PBS over 24 hours in the dark at 4 °C and 

then stored at 80 °C. Protein content was determined to be 12.5 mg/mL using a BCA protein assay 

kit (Thermo Fisher). PEGylation yield was calculated to be 98 %. 

4.2.4 Cell encapsulation in PEG fibrinogen microspheres 

Cell encapsulation in PF hydrogel microspheres was achieved through a custom developed 

microfluidic polydimethylsiloxane (PDMS) system. The PDMS mold was created with Sylgard 

184 silicone elastomer kit (Dow Corning) by pouring the mixture of base and cure component into 

a polystyrene dish containing the pre-assembled microfluidic channel mold. The mixture was 

subsequently degassed and heat-cured at 60 °C for 2 hours. After curing, the microfluidic channel 

mold was disassembled. The microfluidic PDMS mold was sonicated in 70 % ethanol before and 

after each use. 

Before cell encapsulation, hydrogel precursor solution was prepared including PF solution with 

the addition of 1 % (v/v) of 10 % (w/v) Pluronic F68 (Sigma) in PBS, 1 % (v/v) of 10 mM of 
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EosinY photoinitiator (Fisher Scientific) in PBS, 1.5 % (v/v) triethanolamine (Acros Organics), 

and 0.39 % (v/v) of N-vinylpyrrolidone (Sigma). Pluronic F68 is an amphiphilic block copolymer 

that is commonly used as a surfactant to stabilize the emulsion of microencapsulation which 

narrows the size distribution of the microspheres. It was also confirmed that the addition of low 

concentration of Pluronic will have negligible effect on the hydrogel degradation profile (Franco, 

Price, and West 2011). ECFCs were detached by trypsinization as described above, centrifuged, 

and resuspended in hydrogel precursor solution to a cell density of 10 million cells/mL. 

 
Figure 4.1 (A) Schematic of ECFC encapsulation in PF microspheres. (B) Timeline for in vitro, ex 

vivo, and in vivo study. 

Cells encapsulation and hydrogel photo-crosslinking (Figure 4.1) were conducted in a 

biosafety cabinet. The microfluidic device had two inlets and one outlet; the PF hydrogel precursor 

with suspended cells flowed from the top inlet, and mineral oil flowed from the bottom inlet using 

syringe pumps. When the two streams met at the junction, microspheres were formed due to 

emulsification, and the cell-encapsulated microspheres were crosslinked by a 2.7 W full spectrum 

visible light (Prior Lumen 200). A mirror was placed behind the microfluidic device near the outlet 

to aid the crosslinking by reflecting the light that passed through the device. The microspheres 
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were washed down from the outlet with pre-warmed Dulbecco’s Modified Eagle Medium 

(DMEM) by using a third syringe pump setting at 22 mL/hr. The microspheres were then washed 

twice with DMEM by centrifugation at 200 g for 3 minutes to remove the residual mineral oil and 

cultured in endothelial growth medium on a collagen coated well plate at 37 °C with 5 % CO2. 

4.2.5 Post-cell encapsulation cell viability assay 

Cell viability after encapsulation was assessed using Live/Dead viability/cytotoxicity 

(Invitrogen) kits for Live/Dead staining. Microspheres collected immediately after encapsulation 

were incubated for 30 minutes with calcein AM and ethidium homodimer-1, and then Z-stack-

images were acquired with fluorescence microscopy. Three regions with same size (250 × 250 

μm) were randomly selected on each microsphere using ImageJ and viability was then assessed by 

counting Live/Dead stained cells through the optical slices along the z-axis for the depth about 550 

μm. 

4.2.6 Microsphere geometry characterization 

The uniformity of the microspheres was evaluated by measuring their maximum diameter and 

roundness 1 and 3 days after cell encapsulation. Three batches of microspheres with at least 30 

microspheres per batch were measured, and the measurements were performed using ImageJ. 

4.2.7 Microsphere stiffness 

In order to measure the Young’s modulus of the hydrogel microspheres, they were subjected 

to compression testing under physiological conditions using the MicroSquisher (CellScale). 

Briefly, ECFCs encapsulated in microspheres were cultured for 1 or 3 days prior to mechanical 

testing. These microspheres were then loaded onto the MicroSquisher platform, maintained at 

37 °C in PBS, preconditioned for compression testing and made to undergo cycles of compression 

and relaxation at a rate of 2.5 μm/s with a minimum of 15 % strain. The force-displacement data 
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obtained from the stress were converted to stress-strain curves, and the lower portion of the curve 

(5-15 % strain) was used to estimate the Young’s moduli of microspheres. 

4.2.8 Outgrowth cells phenotypic characterization  

To assess the phenotype of the encapsulated cells, microspheres were cultured on collagen 

coated well-plates, and cells growing out from microspheres onto the well-plate were harvested 

and sub-cultured once to obtain sufficient cells for characterization. In order to ensure the ECFC 

phenotype was not impacted by the number of subcultures, ECFCs that had the same passage 

number in culture but did not go through encapsulation were used for comparison. 

Uptake of DiI-Ac-LDL 

The ability of ECFCs to take up 1,1'-Dioctadecyl-3,3,3',3'-tetramethylindocarbocyanine 

perchlorate-labeled acetylated low-density lipoprotein (DiI-Ac-LDL) was evaluated. 10 μg/mL of 

DiI-Ac-LDL (Biomedical Technologies) in pre-warmed medium was added to the ECFCs 

followed by incubation for 6 hours at 37 °C and 5 % CO2. After incubation, uptake of DiI-Ac-LDL 

by ECFCs was imaged using fluorescent microscopy.  

In vitro tubule formation assay 

ECFCs were seeded onto a 96-well plate (30,000 cells/well) containing Matrigel (Corning, 

50 μL/well), which had been incubated for 15 minutes before cell seeding. Tubule formation was 

assessed after 5 hours of incubation at 37 °C and 5 % CO2 by light microscopy. 

Immunofluorescence analysis 

Equine ECFCs pre- and post-encapsulation were evaluated for the expression of cell markers 

von Willebrand Factor (vWF), CD14, and CD105 with indirect immunofluorescence assay (IFA) 

as previously published (Salter et al. 2015). ECFCs were fixed with 4 % paraformaldehyde (PFA) 

solution and rinsed with PBS solution. For analysis of expression of the intracellular protein vWF, 
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ECFCs were permeabilized with PBS-T containing 0.2 % Triton X 100 (Sigma) in PBS for 30 

minutes, and then blocked with 3 % horse serum at 4 °C overnight. The fixed cells were then 

incubated at room temperature for 1 hour with primary antibodies diluted in 3 % horse serum as 

follows: rabbit anti-human vWF (Dako) at 1:100, mouse anti-horse CD14 at 1:200 (Wagner 

Laboratory, Cornell University, (Kabithe et al. 2010)), mouse anti-human CD105 at 1:200 (AbD 

Serotec). After incubation, cells were washed with PBS-T before the application of secondary 

antibodies. Secondary antibodies were diluted in 3 % horse serum and incubated with cells at room 

temperature in the dark for 1 hour as follows: Alexa Fluor 488-conjugated goat anti-rabbit IgG at 

1:400 for vWF and Alexa Fluor 488-conjugated goat anti-mouse IgG at 1:400 for CD14 and 

CD105. Cells were counter stained with DAPI, washed with PBS, mounted on glass slides with 

ProLong Gold antifade reagent (Life Technologies), and imaged with fluorescent microscopy. 

Flow cytometry 

To assess the influence of the encapsulation process on ECFC phenotype, flow cytometry was 

used to quantify expression of vWF, CD14, CD105, and uptake of DiI-Ac-LDL. For DiI-Ac-LDL 

uptake, cells were incubated with medium containing 10 μg/mL of DiI-Ac-LDL at 37 °C for 6 

hours. After incubation, cells were rinsed with medium and PBS, detached, centrifuged, and fixed 

in suspension with 4 % PFA for 20 minutes at room temperature, followed by a rinse with PBS. 

The cells were then stored in 3 % horse serum in PBS. 

For vWF staining, detached cells were fixed, permeabilized, and blocked with 10 % horse 

serum at 4 °C overnight. Then cells were incubated with primary antibodies at room temperature 

for 1 hour, rinsed with blocking solution, and incubated in secondary antibodies at room 

temperature for 1 hour in the dark. For CD14 and CD105 staining, detached cells were incubated 

with primary antibodies at 4 °C for 1 hour, rinsed with blocking solution, incubated in secondary 
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antibodies at room temperature for 1 hour in the dark, rinsed with blocking solution, and then 

fixed. The same concentrations of the primary and secondary antibodies were used as for IFA. 

Cells that were incubated with the secondary antibody only were used to measure the background 

staining. Cells were resuspended in 3 % horse serum in PBS and filtered using Flowmi tip strainers 

(Bel-Art) before flow analysis. A total of 10,000 events were collected for each sample which were 

analyzed using a BD Accuri C6 flow cytometer (BD Biosciences).  

4.2.9 Cell viability after injection through a syringe and needle  

To further assess the potential of the microspheres as vehicles for injectable cell delivery, the 

effect of shear stress during injection on cell viability was studied. Microspheres were suspended 

in cold equine serum, with a viscosity of 1.909 cP at 14 °C, loaded into 1 mL luer lock syringes, 

and sheared through 18 gauge, 20 gauge, and 23 gauge needles respectively at 1 mL/minute 

(Aguado et al. 2012). The XTT Cell Viability Assay Kit (Biotium) was then used to evaluate cell 

viability and proliferation. Following the injection simulation, microspheres containing ECFCs 

were aliquoted into a 96-well-plate with one microsphere per well. 100 μL of pre-warmed medium 

and 25 μL of XTT working solution were then added to each well. After incubation for 18 hours 

at 37 °C, absorbance signal of the sample was measured with a microplate reader (BioTek). Four 

separate trials were performed; viability was assessed for five microspheres per condition per trial 

and data for each trial normalized with respect to control optical density.  

4.2.10 Microspheres for subcutaneous injection 

Ex vivo cell delivery and survival of encapsulated ECFCs 

A cadaver limb from an adult horse collected immediately after euthanasia (for reasons 

unrelated to this study) was used to evaluate cell delivery ex vivo. The hair of the dorsomedial 

aspect of the metacarpus was clipped and two 6.25 cm2 square, full-thickness wounds were created 
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using a surgical template. Trypan blue stained PEGDA microspheres in saline or ECFCs 

encapsulated into PF microspheres in serum were injected (600 µL) subcutaneously at the wound 

edge. Injections were made through an 18-gauge x 1” needle on a 1 mL luer lock syringe. Trypan 

blue stained PEGDA microspheres were directly visualized. A full thickness section of skin and 

subcutaneous tissue surrounding the area of injection was removed using a scalpel blade and 

placed in cell culture media and incubated over night at 37 °C. Subcutaneous tissue was bluntly 

dissected at 24 hours and visualized with fluorescent and phase contrast microscopy.  

In vivo injection and cell tracking of autologous ECFCs encapsulated in PF microspheres 

Three adult horses were used to evaluate delivery of encapsulated, autologous ECFCs labeled 

with Qtracker 655 (Invitrogen) to full thickness wounds created on the distal limb. Autologous 

ECFCs were labeled with 4 µM Qtracker 655 according to the manufacturer’s instructions prior to 

encapsulation. The equine distal limb wound model was created in a similar manner to previous 

studies (Celeste et al. 2013, Celeste et al. 2011, Deschene et al. 2011). Horses were kept free in 

individual box stalls for the duration of the study and allowed ad libitum access to grass hay and 

water. For the surgical procedure, analgesia and sedation were provided with detomidine 

hydrocholoride (0.01 mg/kg; IV) and butorphanol tartrate (0.04 mg/kg; IV), and local anesthesia 

was performed using 2 % mepivacaine hydrochloride. The surgical sites were clipped and 

aseptically prepared, and two 6.25 cm2 square, full thickness wounds were created on the dorsal 

aspect of each metacarpus and metatarsus using a sterile wound template and a #15 scalpel blade. 

24 hours after surgery, the edges of 2 wounds per horse were injected subcutaneously using 18 

gauge 1” needles on 1 mL luer lock syringes with autologous ECFCs encapsulated in PF 

microspheres diluted into equine serum (600 μL). Each injection of cell-laden microspheres 

contained approximately 2 x 106 ECFCs in PF microspheres. All 4 edges of the wound were 
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injected for a total of 8 x 106 ECFCs in PF microspheres per wound. As the wound model was also 

being utilized for a larger, ongoing treatment trial with ECFCs, the remaining wounds were treated 

in duplicate with autologous ECFCs (2 x 106), PF microspheres, and equine serum only and 

evaluated weekly until complete healing (approximately 6 weeks). One week after injection, the 

horses were sedated, local anesthesia performed, and then the lateral leading edge of each was 

biopsied using a 6 mm punch biopsy instrument. One biopsy sample was placed in optimal cutting 

temperature (OCT) freezing media and snap frozen in liquid N2 cooled isopentane and the other 

sample was formalin fixed and paraffin embedded for immunohistochemical analysis as part of 

the wound healing study. Frozen tissues were cryosectioned (20 μm), placed on glass slides, fixed 

in 4 % PFA, stained with DAPI, and imaged with confocal microscopy.  

4.2.11 Statistical analysis 

Data are represented as means ± SD. All statistical analysis was performed using Minitab 17 

Statistical Software (Minitab Inc.). After verifying equal variances using the F-test, the Student’s 

t-test was used for comparisons between two groups. After checking for normality of distribution, 

one-way ANOVA followed by the Tukey-Kramer HSD test for multiple comparisons was used to 

evaluate statistical significance between multiple groups. Unless otherwise indicated, p < 0.05 was 

considered statistically significant. 

4.3 Results 

4.3.1 High cell viability and uniform microsphere geometry post-encapsulation 

Microspheres formed using the custom-built PDMS molded microfluidic device were highly 

uniform and provided a suitable microenvironment for cell proliferation and survival. Following 

microsphere encapsulation, ECFC viability was very high (96.8 ± 1.4 %) as shown in Figure 4.2A-

D. The microspheres produced were highly uniform in both size and roundness. The diameters 
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were 598 ± 45 μm on Day 1 and 584 ± 22 μm on Day 3; while the roundness was 0.95 ± 0.001 on 

Day 1 and 0.91 ± 0.001 on Day 3 as shown in Figure 4.2E-H.  

 
Figure 4.2 High microsphere uniformity and cell viability post-encapsulation. (A–D) Immediately 

post-encapsulation (day 0), ECFC viability was 96.8 % as quantified using Live (green)/Dead (red) 

staining (n = 3 separate encapsulations with >3 microspheres evaluated per encapsulation). (E, F) 

Phase-contrast images showing ECFC-encapsulated microspheres on days 1 and 3. Similar 

maximum diameter (G) and high roundness (H) of the microspheres on days 1 and 3 (n = 3 separate 

encapsulations with 30–100 microspheres evaluated per encapsulation). Roundness significantly 

decreased by day 3 (*p < 0.05). (I) Elastic modulus of microspheres significantly increased from 

days 1 to 3 (*p < 0.01, n ≥ 4 microspheres per condition). 

4.3.2 Increased elastic modulus and outgrowth from microspheres indicating cell 

proliferation post-encapsulation in PEG fibrinogen microspheres 

The stiffness of the microspheres was assessed in terms of elastic modulus. The elastic modulus 

of the microspheres with encapsulated ECFCs increased significantly from 141 ± 10 Pa on Day 1 

to 354 ± 62 Pa on Day 3 (Figure 4.2I). This increase was potentially a result of increased ECFC 

density and re-organization within the microspheres (Figure 4.2F).  



100 
 

 
Figure 4.3 Phase-contrast images showing ECFC migration, and proliferation phenotypes were 

maintained post-encapsulation. (A) By day 1, cells are aligning and covering the surface of the 

MS. (B) Outgrowth ECFCs from the MS forming a confluent monolayer on day 3. (C) Outgrowth 

ECFCs proliferating 1 day after transfer of MS to a new well plate. (D) ECFCs subcultured from 

the confluent monolayer of outgrowth ECFCs maintain a characteristic high proliferation rate. MS, 

microsphere. 

In addition to maintaining a high level of viability, the ECFCs also remained highly 

proliferative post-encapsulation. On Day 1, the encapsulated ECFCs were observed to align and 

cover the surface of the microspheres (Figure 4.3A). As ECFCs continued to remodel the 

microspheres, a confluent monolayer of ECFCs was observed on the bottom of the well plate by 

Day 3 indicating active cell migration and proliferation (Figure 4.3B). After the ECFCs and 
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microspheres were trypsinized and transferred to a new well plate, ECFCs were again observed on 

the bottom of the well plate around the re-plated microspheres after just one day (Figure 4.3C). In 

addition, the confluent monolayer of outgrowth ECFCs observed on Day 3 was passaged, and the 

passaged outgrowth ECFCs again formed a confluent monolayer at an equivalent rate to 

encapsulated control ECFCs, indicating that the ECFCs maintained their highly proliferative 

nature following microsphere encapsulation of the ECFCs (Figure 4.3D). 

4.3.3 Outgrowth ECFCs maintain their phenotype 

ECFCs have the same phenotypic characteristics pre- and post-encapsulation. Both outgrowth 

ECFCs and non-encapsulated ECFCs (only cultured on tissue culture polystyrene (TCPS) flasks) 

were able to form tubular networks on Matrigel, take up DiI-Ac-LDL, and express vWF as shown 

in Figure 4.4A-H. Endothelial function and expression of markers previously used to characterize 

equine ECFCs (Salter et al. 2015) were evaluated quantitatively in both groups of ECFCs using 

flow cytometry. For ECFCs that were only cultured on TCPS flasks (non-encapsulated), 98.6 ± 

1.4 % of cells demonstrated uptake of DiI-Ac-LDL, 99.8 ± 0.2 % of cells expressed vWF, 99.8 ± 

0.2 % expressed CD105, and 98.1 ± 1.5 % expressed CD14 (Figure 4.4I). In outgrowth ECFCs 

from the microspheres, 99.0 ± 1.6 % of cells demonstrated uptake of DiI-Ac-LDL, 99.3 ± 0.6 % 

of cells expressed vWF, 98.5 ± 1.7 % expressed CD105, and 98.4 ± 1.0 % expressed CD14 (Figure 

4.4I). No significant differences were found between the two groups. 
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Figure 4.4 ECFCs maintained their endothelial phenotype after encapsulation and culture in PF 

microspheres. Outgrowth ECFCs from microspheres showed similar endothelial phenotype 

compared to nonencapsulated ECFCs in terms of DiI-Ac-LDL uptake, vWF expression (A–F), and 

tubule formation (G, H). (I) No difference was found in expression of markers (vWF, CD105, and 

CD14) or DiI-Ac-LDL uptake between the outgrowth ECFCs from microspheres and 

nonencapsulated ECFCs (flow cytometry, n = 3 separate encapsulations). 
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4.3.4 Microspheres are retained and encapsulated cells are viable in tissue after 

subcutaneous injection and shear through different gauge needles 

To evaluate the potential of using hydrogel microspheres for cell injection therapy, the 

retention of microspheres in tissue and the viability of encapsulated ECFCs after shear through 

different needle gauges was examined ex vivo. There was no statistical difference in the viability 

of encapsulated ECFCs as quantified by XTT assay after shear through 18, 20, and 23 gauge 

needles (Figure 4.5A). Cell-free microspheres that were created with PEGDA and stained with 

trypan blue were injected subcutaneously into the edge of a wound created on an equine cadaver 

limb using 18 gauge 1” needles. The injected microspheres remained in the subcutaneous tissue at 

the wound edge without any visually obvious breakdown or deformation of the microspheres 

(Figure 4.5B).  

An ex vivo experiment was then performed to evaluate viability and migration from the 

microspheres of the encapsulated cells when injected into and surrounded by host tissue. After one 

day of ex vivo culture at 37 °C, subcutaneously injected microspheres remained present as a group 

within the tissue as indicated by the green autofluorescence of eosin Y (Figure 4.5C). Furthermore, 

encapsulated ECFCs became elongated and formed tubules along the surface of the microspheres 

(Figure 4.5D). This observation was similar compared to the in vitro study shown in Figure 4.3. 
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Figure 4.5 Injected microspheres supported cell delivery. (A) XTT assay indicated the 

encapsulated ECFCs (day 1) remained viable after shearing through different sizes of needles (n = 

4 separate encapsulations normalized to control). There is no statistical difference between 

conditions. (B) PEGDA microspheres (stained with trypan blue) remained localized in the tissues 

after subcutaneous injection at the edge of a wound in a cadaver limb from a horse. (C) Overlay 

image of the autofluorescence of ECFC-laden PF microspheres (green) in a horse subcutaneous 

tissue 1 day after ex vivo culture. (D) Phase-contrast image showing tubule formation (black arrow) 

of the encapsulated ECFCs on the surface of the microspheres in 

subcutaneous tissue 1 day after ex vivo culture. 
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4.3.5 PEG Fibrinogen encapsulated ECFCs are retained at the injection site and beginning 

to migrate out of PF 7 days after in vivo subcutaneous injection  

An in vivo study was performed in 3 horses to evaluate cell retention and outgrowth of the 

encapsulated ECFCs to the surrounding host tissue. Autologous ECFCs were labeled with Qtracker 

655 (red, Figure 4.6A) and then encapsulated at a concentration of 10 million cells per mL of PF 

precursor solution, which was necessary to achieve the desired dose of 2 million cells for each 

injection. For each horse, ECFCs were encapsulated for 4 injections per wound with two wounds 

per animal plus an in vitro control, meaning that 24 million cells were encapsulated. After 

microfluidic system setup, encapsulation took approximately 12 minutes per 2 million cell 

injection.  

 
Figure 4.6 Qtracker-labeled ECFCs remained visible for cell tracking post-encapsulation and 1 

week after in vivo injection. (A) Fluorescent microscopy showed the presence of Qtracker-labeled 

ECFCs (fluorescent red in color) encapsulated in microspheres before injection. (B) Encapsulated 

ECFCs (red) were found in cryosectioned biopsy 1 week after injection. Migration of ECFCs to 

host tissue was observed (white arrows). 

Following rinsing and resuspension, cell-laden microspheres were injected into the edges of 

distal limb wounds in 3 adult horses. One week post-injection of the microspheres into the edge of 



106 
 

a wound, the Qtracker labeled ECFCs (red) were identified in the biopsy of all 3 horses as shown 

in a representative biopsy sample in Figure 4.6B. The injected microspheres were still present in 

1 horse as shown by the green autofluorescence. There was evidence of migration of some ECFCs 

from the microspheres to the surrounding host tissue suggesting viable cells as indicated by the 

white arrows. The PF encapsulated ECFCs were verified to be retained at the injection site and 

demonstrating outgrowth 1 week after subcutaneous injection. 

4.4 Discussion 

For veterinary and human clinical applications, delivery of therapeutic cells by injection has 

the advantage of being minimally invasive. Here we demonstrate the rapid encapsulation of equine 

ECFCs in PF microspheres using a custom-built microfluidic encapsulation system, verify the 

uniformity of resulting microspheres and maintenance of cell viability, proliferative capacity, and 

phenotype, and establish the ability of these microspheres to be used for delivery of cells by 

injection for autologous cell therapy. 

Having employed the equine wound healing model, we have tested the ability of our cell 

encapsulation system to be used for the large numbers of cells (2 million cells per injection, 8 

million cells per wound) that are likely necessary to achieve therapeutic benefit. The achieved cell 

concentration of 10 million cells per mL of hydrogel precursor solution is substantially higher than 

what has been reported for other microencapsulation systems, which was necessary to maintain a 

reasonable injection volume (200 µL of microspheres suspended in serum for a total of 600 µL). 

Also, the time required for encapsulation is short, which was necessary to produce sufficient 

numbers of encapsulated cells within a reasonable timeframe for this large animal model and 

eventual clinical use. 
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Utilization of hydrogel technologies has received much attention for regeneration of 

vasculature and ultimately healing of a range of vascular diseases and disorders (Rufaihah and 

Seliktar 2016). Previous work has primarily focused on the formation of macroscopic tissues and 

polymerization of the cell/hydrogel precursor in situ, both of which would frequently require a 

surgical approach for many clinical applications (Klouda 2015, Hacker and Nawaz 2015). As an 

alternative approach, cell microencapsulation for the purpose of therapeutic cell delivery has been 

investigated as recently reviewed (Olabisi 2015, Barron and He 2017, Jiang et al. 2016). While 

technically challenging to produce, hydrogel microspheres have many advantages for use in cell 

delivery compared to cell/scaffold implantation methods. Microspheres are able to be more widely 

distributed across a wound or tissue than cell-supporting scaffolds with other geometries, while 

maintaining short diffusion distances from the host tissue, and microspheres can be injected at one 

or more sites which increases their flexibility for clinical use and reduce surgical trauma from 

implantation (Williams et al. 2005). Microfluidic systems have better control in producing 

microspheres with a narrow size distribution compared to traditional methods including bulk 

emulsification, electrostatic dripping, extrusion methods, and hydrodynamic dripping (Velasco, 

Tumarkin, and Kumacheva 2012). By utilizing an emulsification technique in microfluidic 

systems, hydrogel microspheres can be fabricated with various stream geometries, including flow-

focusing, T-junction, terrace-like, and co-flowing (Tumarkin and Kumacheva 2009). However, 

typical cell encapsulation in microspheres using microfluidic devices has been limited by low cell 

density which makes delivery of sufficient cell numbers in reasonable volumes for therapeutic 

applications challenging (Velasco, Tumarkin, and Kumacheva 2012). The microfluidic device 

presented here is capable of encapsulating ECFCs at a high cell density of 10 million cells/mL, 

which is essential for delivering a reasonable volume of microspheres while having an effective 
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number of cells for cell therapy. Besides, microfluidic devices are generally fabricated using 

photolithography which requires expensive microfabrication facilities. The channel height of the 

microfluidic devices is also restricted due to the limited thickness of the photoresist on wafer. In 

this study, the microfluidic device does not require expensive facilities for photolithography and 

can be used for encapsulating cells in hydrogel microspheres that are larger in size. In addition, 

the use of emulsification and the microfluidic system together achieved highly reproducible and 

tightly controllable microsphere size and geometry.  

We used an equine wound model to study in vivo cell delivery for this study. There are only a 

few studies using biomaterial scaffolds to optimize the function of stem cells in equine 

regenerative medicine, most of which have involved musculoskeletal disease (Ferris et al. 2012, 

Youngstrom et al. 2013, Watts, Ackerman-Yost, and Nixon 2013). This is the first study to use PF 

hydrogels for cell delivery/tissue healing/regenerative studies in veterinary medicine. The potential 

benefit of EPC treatment in other models of poor wound healing due to poor vascularization (Drela 

et al. 2012, Asai et al. 2013) prompted the use of autologous equine ECFCs for use in the current 

study.  

Promoting rapid vascularization is one of the biggest challenges in using engineered tissues 

for enhancing wound healing and treating disease (Moon et al. 2010). While ECFCs, or late EPCs, 

have been described in the literature as the only subtype of EPC that is responsible for building 

vessels, evidence has also shown that early EPCs promote angiogenesis through a paracrine 

mechanism (Urbich et al. 2005, Medina et al. 2017). Recent studies have also suggested that adult 

stem cell therapy provides a majority of benefits through paracrine effect rather than direct tissue 

replacement (Luo et al. 2017, Tang et al. 2017). Although assessing the use of ECFC alone to 

achieve rapid wound healing is beyond the scope of this study, the presented method of combining 
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ECFCs with engineered biomaterials allows the direct delivery and retention of ECFCs, as well as 

the appropriate growth factors and signaling molecules needed, in the area of interest. 

Encapsulation of ECFCs in PF hydrogels has great potential in tissue engineering and clinical 

applications. PF was developed to create a controllable, degradable, and biofunctional 3D scaffold 

for cell culture (Almany and Seliktar 2005). While PEG provides high biocompatibility and 

versatile physical structure, fibrinogen provides biological functionality including protease 

degradation capability (Werb 1997) and cell-adhesion motifs (Herrick et al. 1999). It is to our best 

knowledge that this is the first study of encapsulating autologous ECFC in PF that support ECFC 

survival, proliferation, and outgrowth migration for tissue regeneration application. Encapsulated 

ECFCs were observed to cover the surface of the microspheres by Day 3 showing that they are 

able to migrate through and remodel the PF hydrogel microsphere. Whereas microsphere size 

remained the same through Day 3, the modulus increased, indicating the microspheres supported 

cell growth. 

One of the most common challenges in cell therapy is the inability to benefit from all the 

injected therapeutic cells. Direct injection of cells alone is commonly used in human and veterinary 

regenerative medicine and may minimize the complexity of the delivery; however, the cells are 

not retained or do not migrate to the area of interest. Studies have shown that intracoronary delivery 

of cardiomyocytes by saline injection caused cells to appear in lung, liver, and spleen (Dow et al. 

2005). The loss of cells to other organs through the vascular system may also impose other 

complications. For instance, intravenous delivery of ECFCs may contribute to tumorigenesis, 

atherosclerosis or retinopathy, so this strategy should be followed clinically with the utmost 

caution (Rafii and Lyden 2003). In addition, ischemic areas may have a low blood supply, so 

intravenous delivery of ECFCs may not reach the site of injury. Therefore, local delivery of cells 
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that results in high retention is critical. By injecting the microspheres with labeled cells directly at 

the site of injury, we were able to verify the presence of cells 1 week after injection.  

4.5 Conclusions 

We developed a unique microfluidic system to encapsulate ECFCs in PF hydrogel 

microspheres. High concentrations of cells could be rapidly encapsulated making the system 

practical for use in cell encapsulation for large animal therapeutic cell delivery. The resulting cell-

laden microspheres were highly uniform in size and geometry with strong consistency between 

batches. The ECFCs had high viability and proliferation post-encapsulation. Outgrowth ECFCs 

from microspheres exhibited the same phenotype as ECFCs maintained in traditional monolayer 

culture. As a proof of concept, microspheres encapsulated with Qtracker labeled ECFCs were 

injected into an equine distal limb wound model, and cell retention at the injection site and 

migration of outgrowth ECFCs into the host tissue was observed one week after injection 

confirming that this is a feasible system for injectable cell delivery.   
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5. CHAPTER 5: Induction of Endothelial Colony Forming Cell Dynamic Adhesion Using 

Peptides 

5.1 Introduction 

A major cause of cardiovascular disease is atherosclerosis, where a plaque is formed within 

the artery wall. When severe atherosclerosis has developed, surgical treatments including coronary 

artery bypass graft or angioplasty are normally performed to restore blood flow to the ischemic 

region of heart. However, restenosis either on synthetic vascular graft or at the stent implantation 

region is one of the main long-term causes of failed surgery. Much research has been done on 

prevention of restenosis using strategies such as pharmacotherapy (Walter et al. 2002), growth 

factors (Asahara et al. 1995), and nitric oxide (Lipke and West 2005, Taite et al. 2008). Despite 

substantial progress made in artificial biocompatible surface technologies, the endothelium 

remains the ideal surface to prevent thrombogenesis and neointimal hyperplasia. 

The endothelium, which is the lining of the blood vessel, consists of a monolayer of ECs. 

ECFCs, a subtype of EPCs, are unipotent stem cells carrying a high proliferative capability and 

are able to differentiate into ECs, making them a promising cell source for rapid 

reendothelialization of vasculature (Medina et al. 2017). Much research is done to promote 

reendothelialization by capturing circulating ECFCs using various strategies, including cytokines 

(Kong et al. 2004), antibodies (Aoki et al. 2005), peptides (Jun and West 2004, Seeto, Tian, and 

Lipke 2013), magnetic molecules, oligosaccharides, and aptamers (Avci-Adali, Ziemer, and 

Wendel 2010). 
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Figure 5.1 Schematic of ECFC dynamic adhesion on a peptide grafted-hydrogel surface. 

Adhesion of cells to other cells and to extracellular matrix is a dynamic process and is crucial 

to biological functions such as immune response and tissue healing or remodeling (Springer 1995). 

During the rolling adhesion process, leukocytes, hematopoietic progenitors, and platelets are 

recruited to the site of infection or injury on the vascular surface under blood flow. Cells tether 

and roll along the vessel wall, decelerate, arrest, and migrate (McEver and Zhu 2010). Integrins 

are among the cell surface receptors that participate in the rolling process and mediate firm 

adhesion. They specifically bind to ligands represented on the vessel surface. By forming and 

breaking the bond rapidly, the cells will roll along the vessel wall. The dynamic adhesion of 

leukocytes mediated by cell surface receptors has been previously investigated (Ley et al. 2007, 

Vergnolle 1999, Chang, Tees, and Hammer 2000, Sperandio et al. 2003); however, relatively little 
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work has been done to study cell surface receptor-mediated, especially integrin-mediated, dynamic 

adhesion of ECFCs for reendothelialization (Angelos et al. 2010).  

In this study, novel peptides and peptide combinations containing integrin-binding sequences 

were designed to support dynamic adhesion of ECFCs (Figure 5.1). Compared to natural 

components like protein, peptides have advantages including the rapid synthesis process, minimal 

batch to batch variability, and precise structural control. To eliminate non-specific interactions, 

PEGDA hydrogels, which have been shown to resist protein adsorption and cell adhesion 

(Gombotz et al. 1991), have been used as substrate. Peptides are then grafted onto PEGDA 

hydrogels through photocrosslinking for assessment. The peptide REDV, which can bind 

specifically to α4β1 integrin (Massia and Hubbell 1992), has been demonstrated to reduce the 

velocity of the ECFCs while rolling but cannot support ECFCs adhesion (Seeto, Tian, and Lipke 

2013). Some other peptide sequences are able to support ECFCs adhesion, such as peptide RGDS 

(Koivunen, Wang, and Ruoslahti 1994, Mardilovich et al. 2006). The peptide RGDS has been 

found in various ECM proteins including fibronectin, vitronectin, laminin, and collagen. RGDS-

grafted PEGDA hydrogel has been shown to support ECFC rolling in vitro using a parallel flow 

chamber (Seeto, Tian, and Lipke 2013). Based on the mechanism of ECFCs dynamic adhesion, a 

combination of peptides might be more efficient in capturing the cells under shear flow. To verify 

this assumption, both novel peptides and their combinations were assessed on their ability to 

support ECFC tethering, rolling, and adhesion. 

5.2 Materials and Methods 

5.2.1 ECFC culture 

Human ECFCs were kindly provided by Dr. Mervin Yoder, School of Medicine, Indiana 

University. Cells were cultured on collagen (Type I; Corning)-coated polystyrene flasks (Greiner 
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Bio One) in EGM™-2 media (Lonza) supplemented with 10 % (v/v) fetal bovine serum (Atlanta 

Biologicals) and 1.5 % (v/v) Antibiotic-Antimycotic (100x; Gibco). When ECFCs reached 90 % 

confluency, TrypLE™ Express Enzyme (1x; Gibco) was added to detach the cells at 37 °C for 2.5 

minutes and then neutralized by ECFC media. Cells were collected by centrifugation at 200 g for 

5 minutes, resuspended in ECFC media, and subcultured at a ratio of 1:3 or used for experiments 

immediately. Cells between passage 6-13 were used for experiments. 

5.2.2 PEGDA synthesis and characterization 

PEGDA was synthesized through acrylation of PEG (6 kDa; Sigma) by following a method 

reported previously (DeLong, Moon, and West 2005). Briefly, lyophilized PEG was dissolved in 

anhydrous dichloromethane (Acros) and reacted with acryloyl chloride (0.4 M; Alfa Aesar) and 

triethylamine (0.2 M; Sigma) under argon overnight. After the reaction, K2CO3 solution (1.5 M; 

Fisher) was added and fully mixed with the product through vigorous shaking, and the mixture 

was allowed to separate. The organic phase was collected, and anhydrous MgSO4 (Fisher) was 

added to remove excess water and filtered out through vacuum filtration. PEGDA was precipitated 

with cold ethyl ether (J.T.Baker), collected through vacuum filtration, desiccated, and stored under 

argon at -20 °C. The acrylation percentage was quantified to be 96 % by nuclear magnetic 

resonance.  

5.2.3 PEGDA hydrogel formation 

The hydrogel precursor solution was prepared by dissolving PEGDA in phosphate buffer saline 

(PBS) to 200 mg mL-1. The photoinitiator solution was prepared by dissolving 2,2-dimethoxy-2-

phenylacetophenone (Acros) in N-vinylpyrrolidinone (Sigma) at 300 mg mL-1 and added to 

PEGDA solution at 10 µl mL-1. 



115 
 

To form PEGDA hydrogels, the precursor solution was sandwiched in between two pieces of 

clean glass slides separated by a 500-µm thick spacer and held together using binder clips. The 

hydrogels were then photocrosslinked under a 365 nm UV lamp (3 mW cm-2; Cole-Parmer) for 5 

minutes. After the PEGDA hydrogels were formed, they were either stored in sterile PBS to be 

used as control groups or grafted with peptides as described below. 

5.2.4 Peptide-grafting to PEGDA hydrogels 

Peptides, either synthesized or purchased (American Peptide), were first conjugated onto 

acryloyl-PEG-succinimidyl valerate (acryloyl-PEG-SVA, 3400Da; Laysan Bio) and then grafted 

onto PEGDA hydrogels. Peptides were dissolved in sodium bicarbonate buffer (50 mM, pH 8.5). 

Acryloyl-PEG-SVA was dissolved in 1 mL of sodium bicarbonate buffer in a brown vial for every 

10 mg of peptide. The molar ratio of peptide to acryloyl-PEG-SVA for reaction was 1.2:1. The 

peptide solution was then added dropwise to acryloyl-PEG-SVA solution. The mixture was reacted 

for at least 8 hours at room temperature. After the reaction, acryloyl-PEG-peptide was dialyzed 

(molecular weight cutoff 500-1,000; Spectrum Labs), lyophilized, and stored at -80 °C under argon. 

To prepare peptide-grafted PEGDA hydrogels, the acryloyl-PEG-peptide was dissolved in 

PBS to 0.7 mM, and the photoinitiator solution was added to 10 µl mL-1. After completion of 

PEGDA hydrogel photocrosslinking, the top glass slide was removed, and the 500-µm thick spacer 

was replaced by a 700-µm thick spacer. Peptide grafting solution was added on top of the PEGDA 

hydrogel, covered with a clean glass slide, and photocrosslinked under UV lamp for 7 minutes. 

The peptide-grafted hydrogels were stored in PBS overnight in fridge for swelling before 

experiments. 
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5.2.5 ECFC adhesion on peptide-grafted hydrogels 

The capability of peptide-grafted hydrogels to support cell adhesion under static conditions 

was tested. The pre-swelled peptide-grafted hydrogels were placed in a 6-well plate. ECFCs were 

seeded on the hydrogels at 15,000 cells cm-2 and incubated for 1 hour at 37 °C and 5 % CO2. After 

incubation, the hydrogels were gently rinsed with PBS, and the cell adhesion was assessed using 

microscopy. 

5.2.6 Dynamic adhesion of ECFC under shear condition 

The ECFC dynamic adhesion experiment was conducted using a parallel plate flow chamber 

system reported previously (Seeto, Tian, and Lipke 2013). ECFCs with 90 % confluency were 

detached from tissue culture flask and resuspended in pre-warmed media at 1 x 106 cells mL-1. The 

cell suspension was kept in a reservoir, which had a 37 °C water jacket, and stirred at 150 rpm 

between each run to diminish cell aggregation. The shear flow was created by withdrawing cell 

suspension from the cell reservoir through the parallel plate flow chamber (Glycotech), placed on 

top of the peptide-grafted hydrogel, with a syringe pump (KD Scientific). Movement of ECFCs on 

hydrogels was recorded using a 20x microscope objective (Nikon) and a high-speed camera 

(Andor Luca S) at 73 fps for 2 minutes. A custom-developed data analysis system was employed 

to track ECFCs and analyze ECFC velocity (Seeto and Lipke 2016). 

5.2.7 Statistical analysis 

All data were presented as mean ± standard deviation (SD). All statistical analysis was 

performed using Minitab 19 Statistical Software (Minitab Inc.) After checking for normality of 

distribution, one-way analysis of variance (ANOVA) followed by Tukey-Kramer honest 

significant difference (HSD) test was performed to evaluate statistical significance between 

multiple groups. Statistical significance was declared if p < 0.05. 
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5.3 Results and Discussion 

5.3.1 Set cutoff velocity for identifying tether event 

PEGDA hydrogels are used to set the cutoff velocity for identifying tether events during the 

cell rolling process. When rolling on peptide-grafted hydrogels, the cells experience rapid velocity 

fluctuation, including deceleration and acceleration. The deceleration is mainly a result of a tether 

force applied through the bond formed between cell surface receptors and the peptides, which is 

defined as the tether event here. During this process, the force from the flowing fluid also exerted 

on the cells, leading to the dissociation of the bond, resulting in cell acceleration. Besides the 

specific interaction, non-specific interactions such as friction can also contribute the deceleration. 

To eliminate the instantaneous velocity resulting from non-specific interaction, PEGDA hydrogels 

which have been shown to resist protein adsorption and cell adhesion were used as substrates 

(Gombotz et al. 1991). The velocity of ECFCs on PEGDA hydrogels in the absence of grafted 

peptides was first assessed. 

The average velocity of ECFCs on PEGDA hydrogels is shown in Figure 5.2A. The velocity 

increases as the shear rate increases from 20 s-1 to 120 s-1. For each shear rate, the instantaneous 

velocity of cells was plotted, and the average instantaneous velocity was calculated to be 208, 411, 

836, and 1165 µm/s, respectively (Figure 5.2B-E). The upper velocity limit for tether event was 

set as two standard deviations below the average instantaneous velocity (Ave-2SD), which was 

below the 95 % confidence interval. The cutoff velocity for identifying tether events was 168, 330, 

669, and 917 µm/s, respectively for each shear rate. When ECFC rolling on peptide-grafted 

hydrogels, instantaneous velocities lower than the cutoff velocity were defined as tether events 

which are shown in Figure 5.2F. The percentage of tether events in the whole rolling process is 

defined as the tether percentage. 
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Figure 5.2 Cutoff velocity for identifying tether events. (A) The average velocity of ECFCs on 

PEGDA hydrogels under different shear rates. Data represent Mean ± SD (n = 3 separately 

prepared experiments per shear rate). (B-E) Cutoff velocity for identifying tether event was set as 

two standard deviations below the average instantaneous velocity of ECFCs on PEGDA hydrogels 

(n = 5 cells per shear rate). (F) An example showing when ECFC rolling on peptide-grafted 

hydrogels at shear rate = 20 s-1, instantaneous velocities lower than the cutoff velocity were defined 

as tether events. 

5.3.2 Tether events on peptide-grafted hydrogels 

The dynamic adhesion of ECFCs consists of decelerating the cells through rolling and capture 

of the slow-downed cells. Peptides containing the REDV sequence can bind to α4β1 integrin and 
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have been shown to have the ability to slow down the rolling ECFCs but cannot support ECFCs 

adhesion (Seeto, Tian, and Lipke 2013). The peptide RGDS has also been shown to support ECFC 

adhesion and rolling (Seeto, Tian, and Lipke 2013). Besides REDV and RGDS peptides, other 

peptides were also assessed including PHSRNSGSGSGSGSGRGDSG (P_RGDS), 

CRRETAWAC, PHSRNSGSGSGSGSGREDVG (P_REDV), and 

KSSPHSRNSGSGSGSGSGREDVG (KSSP_REDV) as listed in Table 5.1. 

The peptide P_RGDS included RGDS and PHSRN sequences, which mimic the binding 

ligands of fibronectin for α5β1 integrin. The RGDS sequence worked as the primary binding ligand 

and the PHSRN sequence worked as synergy binding ligand (Kauf, Hough, and Bowditch 2001). 

In between these two peptide sequences was the (SG)5 sequence, whose role was as a linker to 

simulate the distance and the hydrophobicity/hydrophilicity between the PHSRN and RGDS 

sequences in the fibronectin molecule (Mardilovich et al. 2006, Mardilovich and Kokkoli 2004). 

The peptide P_RGDS has been demonstrated to support HUVECs adhesion and spreading. Having 

a high binding affinity and selectivity with α5β1 integrin, the peptide CRRETAWAC has the 

capability of supporting ECFCs adhesion (Koivunen, Wang, and Ruoslahti 1994). The cysteines 

on each side of the peptide were designed to form a disulfide bond, making the peptide cyclic. The 

REDV-containing peptides including P_REDV and KSSP_REDV were synthesized to match the 

length of P_RGDS peptide. 
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Table 5.1 Peptide sequences and their abbreviations. 

Integrin Peptide Abbreviation 

α5β1 

RGDSG RGDS 

PHSRNSGSGSGSGSGRGDSG P_RGDS 

CRRETAWAC CRRETAWAC 

α4β1 

REDVG REDV 

PHSRNSGSGSGSGSGREDVG P_REDV 

KSSPHSRNSGSGSGSGSGREDVG KSSP_REDV 
 

Based on the mechanism of ECFCs dynamic adhesion, peptide combinations were also tested 

as listed in Table 5.2. Unless mentioned otherwise, in order to maintain consistent grafting of 

peptides, the combination of acryloyl-PEG-peptides was mixed with an equal molar ratio to a final 

concentration of 0.7 µmol/mL, which was the same concentration for single peptide grafting. The 

tether percentage of all tested peptides are shown in Figure 5.3 and Figure 5.4.  

 

Table 5.2 List of peptide combinations. 

α5β1 α4β1 

RGDS REDV 

CRRETAWAC REDV 

P_RGDS REDV 

P_RGDS P_REDV 

P_RGDS KSSP_REDV 
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Figure 5.3 Tether percentage of peptide-grafted hydrogels. Peptides interacting with A) α5β1 

integrins and B) α4β1 integrins, and C) peptide combinations interacting with both integrins were 

assessed and compared at different shear rates. (D-F) The effect of different shear rates was 

compared for the same peptides and peptide combinations. Each dot represents the result of a 

single cell, and the bar stands for the average of all cells assessed under the same condition. (n > 

60 cells per condition) 
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Figure 5.4 Tether percentage of peptide-grafted hydrogels. (A-E) Single peptides (shown in blue 

and red) were compared to peptide combinations (shown in green) at different shear rates. Each 

dot represents the result of a single cell, and the bar stands for the average of all cells assessed 

under the same condition. (n > 60 cells per condition) 

5.3.3 Quantitative analysis of velocity fluctuation 

As mentioned previously, the homing of circulating ECFCs is a dynamic process consisting of 

tethering, rolling, and adhesion. The bond between cell surface receptors and peptides form and 

break rapidly, leading to velocity fluctuation. The level of fluctuation may vary with peptide type 
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as shown in Figure 5.5A. In order to better quantify and assess the velocity fluctuation, the Velocity 

Increase Rate (r) is calculated as shown below. 

𝑉𝑉2 = 𝑉𝑉1(1 + 𝑒𝑒) 

Where: 

V2 is the final instantaneous velocity; 

V1 is the original instantaneous velocity; 

r is the velocity increase rate. 

Then similar to calculating compound interest: 

𝑉𝑉2 = 𝑉𝑉1(1 +
𝑒𝑒
𝑅𝑅

)𝑃𝑃 

Where: 

n is the compounding frequency. 

When the frequency of compounding n gets to infinitely large, the formula will converge to a 

function as shown below. 

lim
𝑃𝑃→∞

�1 +
𝑒𝑒
𝑅𝑅
�
𝑃𝑃

= 𝑒𝑒𝐹𝐹 

Then: 

𝑉𝑉2
𝑉𝑉1

= 𝑒𝑒𝐹𝐹 

ln𝑉𝑉2 − ln𝑉𝑉1 = 𝑒𝑒 

Where: 

 ln𝑉𝑉2 and ln𝑉𝑉1 is the natural log-transformed instantaneous velocity; 

 r is the log difference for instantaneous velocity. 

The standard deviation of velocity increase rate, which indicates severity of velocity 

fluctuation, for all tested peptides are shown in Figure 5.5 and Figure 5.6. 
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Figure 5.5 Evaluating velocity fluctuation using the standard deviation of velocity increase rate, 

which is calculated by the SD(ln(velocity) difference). (A) Instantaneous velocities and the 

corresponding ln(velocity) difference from two different rolling ECFCs with different velocity 

profiles. Peptides interacting with B) α5β1 integrins and C) α4β1 integrins, and D) peptide 

combinations interacting with both integrins were assessed and compared at different shear rates. 

(E-G) The effect of different shear rates was compared for the same peptides and peptide 



125 
 

combinations. Each dot represents the result of a single cell, and the bar stands for the average of 

all cells assessed under the same condition. (n > 60 cells per condition) 

The result shows that when ECFCs were rolling under a higher shear rate, the cells would 

experience a less severe velocity fluctuation. One possible explanation is that when the shear rate 

was high, the cells would move faster. Faster cell velocity would shorten the contact time between 

peptides and cell surface receptors, thus affecting the efficiency of tethering (McEver and Zhu 

2010). When the shear rate was 20 s-1, the ECFCs had a relatively low rolling velocity and would 

experience a more efficient interaction with the peptides. It is found that the velocity fluctuated 

more severe for ECFCs rolling on the RGD-containing peptides, including peptide P_RGDS and 

RGDS. This is probably because the RGD-containing peptides could support both ECFC 

deceleration and adhesion, which could lead to pauses of cells during the rolling process. The 

pauses of cells would cause quick changes in rolling velocity. Besides the RGD-containing 

peptides, peptide P_REDV also produced a more severe velocity fluctuation, which indicated a 

stronger interaction between the peptides and cell surface receptors. So, peptide P_REDV might 

be a better option for tethering ECFCs compared to other REDV-containing peptides, including 

peptide REDV and KSSP_REDV. 
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Figure 5.6 Quantitative analysis of velocity fluctuation. (A-E) Single peptides (shown in blue and 

red) were compared to peptide combinations (shown in green) at different shear rates. Each dot 

represents the result of a single cell, and the bar stands for the average of all cells assessed under 

the same condition. (n > 60 cells per condition) 

Indicated by a higher level of velocity fluctuation, the combination of peptide CRRETAWAC 

and REDV showed a stronger interaction with ECFCs at the shear rate of 20 s-1 compared to other 

peptide combinations. Also, the CRRETAWAC+REDV combination had a better performance 

compared to peptide CRRETAWAC or REDV alone. For other combinations, P_RGDS+P_REDV 
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and P_RGDS+KSSP_REDV showed improved performance compared to the corresponding 

single peptides at the shear rate of 20 s-1 and 40 s-1, whereas other peptide combinations didn’t 

show the improvement. 

5.3.4 Cell capture on peptide-grafted hydrogels 

 
Figure 5.7 Cell capture on peptide-grafted hydrogels. (A) Velocity profile of cell capture. (B) 

Percentage of captured ECFCs with different peptide-grafted hydrogels under shear flow. All 

conditions were assessed at shear rate 20 s-1. The total concentration of peptides for grafting in 

each condition was 0.7 μmol/mL. Data represent mean ± SD (n=3). 

An instantaneous velocity profile of cell capture was found to be similar to the “landing state” 

previously reported by Caputo et al as shown in Figure 5.7A (Caputo and Hammer 2005). The cell 

started out rolling very fast but suddenly experienced a velocity drop and became firmly bound. 

This is different from the leukocyte rolling velocity profile, which is mediated by selectin 

(Ramachandran et al. 2004, Alon et al. 1997). 
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By using the peptide combination of CRRETAWAC and REDV, the percentage of captured 

ECFCs under shear increased significantly compared to CRRETAWAC and REDV along. This 

increased ECFC capture may be due to the contribution from REDV which has shown that it 

significantly reduces the rolling velocity. This theory is supported by the observation of lowering 

rolling velocity on REDV/CRRETAWAC-grafted hydrogels, although no significant difference 

was found between the rolling velocities on CRRETAWAC and REDV/CRRETAWAC at all 

tested shear rates. 

Compared to the low ECFC capture percentage on P_RGDS along, the peptide combination 

P_RGDS+P_REDV and P_RGDS+KSSP_REDV enhanced the capability of capturing ECFCs 

under shear flow. Also, they showed an increase in the percentage of captured ECFCs compared 

to the combination RGDS+REDV. But no significant difference was found. 

5.4 Conclusions 

Novel peptides and peptide combinations were evaluated for their ability in supporting ECFC 

tether and capture under shear condition. The velocity increase rate was defined to quantify the 

severity of velocity fluctuation on different peptide-grafted hydrogels. Peptide combinations 

CRRETAWAC+REDV, P_RGDS+REDV, and P_RGDS+KSSP_REDV showed improved ECFC 

capture at the shear rate of 20 s-1 compared to the corresponding single peptides. 
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6. Chapter 6: Summary and Conclusions 

This research focuses on the development of approaches for more efficient subcutaneous and 

intravascular ECFCs delivery with the aid of biomimetic PEG-based hydrogels. The findings of 

these studies can potentially be used for restoring blood flow to the ischemic tissues for CVD 

patients and can also be beneficial for other tissue engineering applications. The first part of the 

studies includes three projects: 1) development of a microfluidic encapsulation platform for rapid 

production of cell-laden hydrogel microspheres; 2) investigation of the underlying mechanism for 

controlling microspheroid geometric shape using the microfluidic platform; 3) a large animal study 

of injectable cell delivery using the ECFC-laden hydrogel microspheres produced by the 

microfluidic platform. The second part of the studies includes one project and focuses on delivery 

of ECFCs inside the blood vessel under a shear condition. 

This first project established a novel microfluidic platform for rapid encapsulation of cells at 

high densities in photocrosslinkable microspherical hydrogels including PEGDA, PF, and GelMA, 

enabled by a new molding technique for microfluidic device fabrication. Cell-laden hydrogel 

microspheres are advantageous for many applications from high-throughput drug screening to 

regenerative medicine. Employing microfluidic systems is considered the most efficient method 

for scale-up production of uniform microspheres. However, existing platforms have been 

constrained by traditional microfabrication techniques for microfluidic device fabrication, 

restricting microsphere diameter to below 200 µm and making iterative design changes time-

consuming and costly. Using the new molding technique, the microfluidic device employs a 

modified T-junction design with readily adjustable channel sizes, enabling production of highly 

uniform microspheres with high cell densities (10-60 million cells mL-1) and a wide range of 

diameters (300-1100 µm), which are critical for realizing downstream applications, through rapid 
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photocrosslinking (approximately 1 second per microsphere). Multiple cell types were 

encapsulated, were evenly distributed throughout the microspheres, and maintained high viability 

and appropriate cellular activities in long-term culture. This microfluidic encapsulation platform 

is a valuable and readily adoptable tool for numerous applications, including supporting injectable 

cell therapy, bioreactor-based cell expansion and differentiation, and high throughput tissue 

sphere-based drug testing assays. 

In the second project, the primary objective was to provide control over the geometric shape 

of microspheroids, such as diameter and axial ratio, for it is critical for their use in multiple 

applications. Building on the first project establishing a microfluidic platform for spherical 

hydrogel production, here the capabilities of this system to produce microspheroids with varying 

axial ratio (microrods) was extended and the underlying mechanisms controlling microspheroidal 

geometry were elucidated. This system produced microspheroids with radial diameters ranging 

from 300 to over 1000 µm and axial ratios from 1.3 to 3.6. This microfluidic platform employed a 

modified T-junction design fabricated using molding rather than photolithography, thereby 

overcoming the microspheroid upper size limitation imposed by traditional microfluidic devices, 

while maintaining high uniformity of geometric shape and high production throughput. The 

governing fundamental principles of this junction design for microspheroid geometric control was 

also explored. Two parameters including narrowing ratio (junction diameter over outlet diameter) 

and flow fraction (discrete phase flow rate over total flow rate) were found critical in adjusting the 

capillary number, enabling control over microspheroid diameter and axial ratio. This 

understanding of the relationships enhanced the ability to modulate microspheroid geometric shape 

by changing device design and experimental parameters. Finally, the applicability to tissue 

engineering was demonstrated through encapsulation of fibroblasts in hydrogel microspheroids 
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with different axial ratios. The microspheroids were highly uniform, and the encapsulated cells 

were able to maintain high viability for over one month. This microfluidic platform represents a 

new approach for scalable production of large microspheroids with desired geometric shape for 

various chemical and biomedical applications. 

In the third project, a large animal study was conducted. A common challenge in cell therapy 

is the inability to routinely maintain survival and localization of injected therapeutic cells. 

Delivering cells by direct injection increases the flexibility of clinical applications, but may cause 

low cell viability and retention rates due to the high shear force by the needle and mechanical wash 

out. In this project, the custom-built microfluidic device that was capable of encapsulating high 

numbers of ECFCs in PF hydrogel microspheres that were highly uniform in shape and size was 

used. The encapsulated ECFCs were shown to have >95 % viability and maintain a high 

proliferation rate. Expression of cell markers (vonWillebrand factor, CD105, and CD14), the 

ability to form tubules on basement membrane matrix, and the ability to take up low-density 

lipoprotein were similar between pre- and post-encapsulated cells. Viability of encapsulated 

ECFCs was maintained after shear through 18-23 gauge needles. Ex vivo and in vivo cell delivery 

studies were performed by encapsulating and injecting autologous equine ECFCs subcutaneously 

into distal limb full thickness wounds of adult horses. Injected ECFCs were visualized by labeling 

with fluorescent nanodots prior to encapsulation. One week after injection, confocal microscopy 

analysis of biopsies of the leading edges of the wounds showed that the encapsulated ECFCs 

migrated into the surrounding host tissue indicating successful retention and survival of the 

delivered ECFCs. Rapid, scalable cell encapsulation into PF microspheres is a clinically relevant 

method to maintain cell retention and survival after local injection. However, future work is needed 

to investigate the functionality of delivered ECFCs to form new vasculature. 
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The last project focused on delivery of ECFCs inside the blood vessel under a shear condition. 

For patients with coronary artery disease, restenosis is one of the main long-term causes of failed 

surgery. It is mainly due to thrombogenesis and neointimal hyperplasia within synthetic vascular 

grafts or at site of stent implantation. Despite substantial progress in the development of 

biocompatible surface technologies, endothelialization remains the single truly effective long-term 

means of preventing this undesirable narrowing of the vessel lumen. ECFCs are unipotent stem 

cells that carry high proliferative capability and can differentiate into ECs, making them a 

promising cell source for rapid reendothelialization of injured vasculature. Generally, recruitment 

of circulating ECFCs to a site of injury occurs through a dynamic adhesion process consisting of 

cell tethering, rolling, and firm adhesion. Bonds between certain cell surface receptors and their 

corresponding ligands rapidly form and then are broken. Currently only limited work has been 

done to study individual cell surface receptor-mediated, especially integrin-mediated, dynamic 

adhesion of ECFCs for endothelialization of biomaterials. This study investigated the ability of 

novel peptides, which work as the ligands here, to support dynamic adhesion of ECFCs under 

shear flow. Both single peptides and peptide combinations were tethered to PEGDA hydrogels and 

assessed for their capabilities to support deceleration, as well as firm adhesion of ECFCs. A 

parallel plate flow chamber was used to mimic the physiological fluid shear. The interaction of 

ECFCs with different peptides was recorded using a high-speed camera and assessed by an optical 

cell tracking analysis system. This study investigated the dynamic adhesion process of ECFCs on 

peptide-grafted hydrogels. In addition to this, future work is needed to study the functionality of 

captured ECFCs to form an endothelial layer under shear condition. 

Taken together, new approaches were developed for more efficient delivery of ECFCs by 

using knowledge in engineering and biology. A novel microfluidic encapsulation platform was 
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developed and investigated for its ability to rapidly produce engineered tissues. The results of this 

work provide great potential for minimally invasive delivery of not only ECFCs but also other 

therapeutic cell types, such as mesenchymal stem cells and hiPSCs for regeneration of cartilage, 

bone, heart, and neural tissue. When using non-degrading hydrogels for encapsulation, the 

delivered cells may remain at the site of injection, secreting therapeutic extracellular vesicles under 

the protection of the hydrogel scaffolds. Besides injectable cell delivery, the microspheroidal 

engineered tissues can also be used for disease modeling and drug discovery, such as high 

throughput and high content screening for testing the efficacy and cardiotoxicity of anticancer 

drugs. In addition, the hydrogel microspheroids can be a promising tool for 3D bioprinting and 

bioreactor-based cell production and differentiation. For the second part of the studies, novel 

peptides and peptide combinations were designed and examined for their capabilities to support 

dynamic adhesion of ECFCs, and findings of this project contribute to our knowledge of ECFC-

peptide interaction under shear condition and may assist in developing novel vascular grafts and 

stents. 
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